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Preface 


It has been over 40 years since the second edition of 
Esau’s Plant Anatomy was completed. The enormous 
expansion of biological knowledge that has taken place 
during this period is unprecedented. In 1965, electron 
microscopy was just beginning to have an impact on 
plant research at the cellular level. Since then, new 
approaches and techniques, particularly those used in 
molecular-genetic research, have resulted in emphasis 
and direction toward the molecular realm of life. Old 
concepts and principles are being challenged at virtu¬ 
ally every level, often, however, without a clear under¬ 
standing of the bases upon which those concepts and 
principles were established. 

A biologist, regardless of his or her line of specializa¬ 
tion, cannot afford to lose sight of the whole organism, 
if his or her goal is an understanding of the organic 
world. Knowledge of the grosser aspects of structure is 
basic for effective research and teaching at every level 
of specialization. The ever-increasing trend toward a 
reduction of emphasis on factual information in contem¬ 
porary teaching and the apparent diminution of plant 
anatomy and plant morphology courses at many col¬ 
leges and universities make a readily accessible source 
of basic information on plant structure more important 
than ever. One consequence of these phenomena is a 
less precise use of terminology and an inappropriate 
adoption of animal terms for plant structures. 


Research in plant structure has benefited greatly 
from the new approaches and techniques now available. 
Many plant anatomists are participating effectively in 
the interdisciplinary search for integrated concepts of 
growth and morphology. At the same time comparative 
plant anatomists continue to create new concepts on 
the relationships and evolution of plants and plant 
tissues with the aid of molecular data and cladistic analy¬ 
ses. The integration of ecological and systematic plant 
anatomy—ecophyletic anatomy—is bringing about a 
clearer understanding of the driving forces behind 
evolutionary diversifications of wood and of leaf 
attributes. 

A thorough knowledge of the structure and develop¬ 
ment of cells and tissues is essential for a realistic inter¬ 
pretation of plant function, whether the function 
concerned is photosynthesis, the movement of water, 
the transport of food, or the absorption of water and 
minerals by roots. A full understanding of the effects of 
pathogenetic organisms on the plant body can only be 
achieved if one knows the normal structure of the plant 
concerned. Such horticultural practices as grafting, 
pruning, vegetative propagation, and the associated 
phenomena of callus formation, wound healing, regen¬ 
eration, and development of adventitious roots and buds 
are more meaningful if the structural features underly¬ 
ing these phenomena are properly understood. 
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A common belief among students and many research¬ 
ers alike is that we know virtually all there is to know 
about the anatomy of plants. Nothing could be further 
from the truth. Although the study of plant anatomy 
dates back to the last part of the 1600s, most of our 
knowledge of plant structure is based on temperate, 
often agronomic, plants. The structural features of 
plants growing in subtropical and tropical environments 
are frequently characterized as exceptions or anomalies 
rather than as adaptations to different environments. 
With the great diversity of plant species in the tropics, 
there is a wealth of information to be discovered on the 
structure and development of such plants. In addition, 
as noted by Dr. Esau in the preface of the first edition 
of Anatomy of Seed Plants (John Wiley & Sons, I960) 
“ . . . plant anatomy is interesting for its own sake. It is 
a gratifying experience to follow the ontogenetic and 
evolutionary development of structural features and 
gain the realization of the high degree of complexity 
and the remarkable orderliness in the organization of 
the plant.” 

A major goal of this book is to provide a firm founda¬ 
tion in the meristems, cells, and tissues of the plant 
body, while at the same time nothing some of the many 
advances being made in our understanding of their 
function and development through molecular research. 
For example, in the chapter on apical meristems, which 
have been the object of considerable molecular-genetic 
research, a historical review of the concept of apical 
organization is presented to provide the reader with an 
understanding of how that concept has evolved with the 
availability of more sophisticated methodology. Through¬ 
out the book, greater emphasis is made on structure- 
function relationships than in the previous two editions. 
As in the previous editions, angiosperms are empha¬ 


sized, but some features of the vegetative parts of 
gymnosperms and seedless vascular plants are also 
considered. 

These are exciting times for plant biologists. This is 
reflected, in part, in the enormity of literature output. 
The references cited in this book represent but a frac¬ 
tion of the total number of articles read in preparation 
of the third edition. This is particularly true of the 
molecular-genetic literature, which is cited most selec¬ 
tively. It was important not to lose focus on the anatomy. 
A great many of the references cited in the second 
edition were read anew, in part to insure continuity 
between the second and third editions. A large number 
of selected references are listed to support descriptions 
and interpretations and to direct the interested person 
toward wider reading. Undoubtedly, some pertinent 
papers were inadvertently overlooked. A number of 
review articles, books, and chapters in books with 
helpful reference lists are included. Additional pertinent 
references are listed in the addendum. 

This book has been planned primarily for advanced 
students in various branches of plant science, for 
researchers (from molecular to whole plant), and for 
teachers of plant anatomy. At the same time, an effort 
has been made to attract the less-advanced student 
by presenting the subject in an inviting style, with 
numerous illustrations, and by explaining and analyzing 
terms and concepts as they appear in the text. It is my 
hope that this book will enlighten many and inspire 
numerous others to study plant structure and 
development. 

R. F. E. 

Madison, Wisconsin 
July, 2006 
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CHAPTER ONE 


Structure and Development uf the Plant 
Bodu—An Overview 


The complex multicellular body of a vascular plant is a 
result of evolutionary specialization of long duration— 
specialization that followed the transition of multicellu¬ 
lar organisms from an aquatic habitat to a terrestrial one 
(Niklas, 1997). The requirements of the new and harsher 
environments led to the establishment of morphological 
and physiological differences among the parts of the 
plant body so that they became more or less strongly 
specialized with reference to certain functions. The rec¬ 
ognition of these specializations by botanists became 
embodied in the concept of plant organs (Troll, 1937; 
Arber, 1950). At first, botanists visualized the existence 
of many organs, but later as the interrelationships 
among the plant parts came to be better understood, 
the number of vegetative organs was reduced to three: 
stem, leaf, and root (Eames, 1936). In this scheme, 
stem and leaf are commonly treated together as a mor¬ 
phological and functional unit, the shoot. 

Researchers in evolution postulate that the organiza¬ 
tion of the oldest vascular plants was extremely simple, 
perhaps resembling that of the leafless and rootless 
Devonian plant Rhynia (Gifford and Foster, 1989; 
Kenrick and Crane, 1997). If the seed plants have 
evolved from rhyniaceous types of plants, which con¬ 


sisted of dichotomously branched axes without append¬ 
ages, the leaf, the stem, and the root would be closely 
interrelated through phylogenetic origin (Stewart and 
Rothwell, 1993; Taylor and Taylor, 1993; Raven, J. A. and 
Edwards, 2001). The common origin of these three 
organs is even more obvious in their ontogeny (develop¬ 
ment of an individual entity), for they are initiated 
together in the embryo as the latter develops from the 
unicellular zygote into a multicellular organism. At the 
apex of the shoot the leaf and stem increments are 
formed as a unit. At maturity, too, the leaf and stem 
imperceptibly merge with one another both externally 
and internally. In addition, the root and the stem consti¬ 
tute a continuum—a continuous structure—and have 
many common features in form, anatomy, function, and 
method of growth. 

As the embryo grows and becomes a seedling, stem 
and root increasingly deviate from one another in their 
organization (Fig. 1.1). The root grows as a more or less 
branched cylindrical organ; the stem is composed 
of nodes and internodes, with leaves and branches 
attached at the nodes. Eventually the plant enters the 
reproductive stage when the shoot forms inflorescences 
and flowers (Fig. 1.2). The flower is sometimes called 
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Some stages in development of the flax (Linum usitatis- 
simum ) seedling. A, germinating seed. The taproot 
(below interrupted line) is the first structure to pene¬ 
trate the seed coat. B, the elongating hypocotyl (above 
interrupted line) has formed a hook, which subsequently 
will straighten out, pulling the cotyledons and shoot 
apex above ground. C, after emergence above ground, 
the cotyledons, which in flax persist for about 30 days, 
enlarge and thicken. The developing epicotyl—the 
stem-like axis or shoot above the cotyledons—is now 
apparent between the cotyledons. D, the developing 
epicotyl has given rise to several foliage leaves, and the 
taproot to several branch roots. (From Esau, 1977; drawn 
by Alva D. Grant.) 


Inflorescence and flowers of flax (Linum usitatissimuni). 
A, inflorescence, a panicle, with intact flowers showing 
sepals and petals. B, flower, from which the sepals and 
petals have been removed, to show the stamens and 
gynoecium. Flax flowers usually have five fertile stamens. 
The gynoecium consists of five united carpels, with five 
distinct styles and stigmas. C, mature fruit (capsule) and 
persistent sepals. (Drawn by Alva D. Grant.) 
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an organ, but the classical concept treats the flower as 
an assemblage of organs homologous with the shoot. 
This concept also implies that the floral parts—some of 
which are fertile (stamens and carpels) and others sterile 
(sepals and petals)—are homologous with the leaves. 
Both the leaves and the floral parts are thought to have 
originated from the kind of branch systems that charac¬ 
terized the early, leafless and rootless vascular plants 
(Gifford and Foster, 1989). 

Despite the overlapping and intergrading of charac¬ 
ters between plant parts, the division of the plant body 
into morphological categories of stem, leaf, root, and 
flower (where present) is commonly resorted to because 
it brings into focus the structural and the functional 
specialization of parts, the stem for support and conduc¬ 
tion, the leaf for photosynthesis, and the root for anchor¬ 
age and absorption. Such division must not be emphasized 
to the degree that it might obscure the essential unity 
of the plant body. This unity is clearly perceived if the 
plant is studied developmentally, an approach that 
reveals the gradual emergence of organs and tissues 
from a relatively undifferentiated body of the young 
embryo. 


I INTERNAL ORGANIZATION OF THE PLANT BODY 

The plant body consists of many different types of cell, 
each enclosed in its own cell wall and united with 
other cells by means of a cementing intercellular sub¬ 
stance. Within this united mass certain groupings of 
cells are distinct from others structurally or function¬ 
ally or both. These groupings are referred to as tissues. 
The structural variations of tissues are based on differ¬ 
ences in the component cells and their type of attach¬ 
ment to each other. Some tissues are structurally 
relatively simple in that they consist of one cell type; 
others, containing more than one cell type, are 
complex. 

The arrangement of tissues in the plant as a whole 
and in its major organs reveals a definite structural and 
functional organization. Tissues concerned with con¬ 
duction of food and water—the vascular tissues— 
form a coherent system extending continuously 
through each organ and the entire plant. These tissues 
connect places of water intake and food synthesis 
with regions of growth, development, and storage. 
The nonvascular tissues are similarly continuous, 
and their arrangements are indicative of specific inter¬ 
relations (e.g., between storage and vascular tissues) 
and of specialized functions (e.g., support or storage). 
To emphasize the organization of tissues into large 
entities showing topographic continuity, and reveal¬ 
ing the basic unity of the plant body, the expres¬ 
sion tissue system has been adopted (Sachs, 1875; 
Haberlandt, 1914; Foster, 1949). 


Although the classification of cells and tissues is a 
somewhat arbitrary matter, for purposes of orderly 
description of plant structure the establishment of cat¬ 
egories is necessary. Moreover, if the classifications 
issue from broad comparative studies, in which the vari¬ 
ability and the intergrading of characters are clearly 
revealed and properly interpreted, they not only are 
descriptively useful but also reflect the natural relation 
of the entities classified. 

The Body of a Vascular Plant Is Composed of Three 
Tissue Systems 

According to Sachs’s (1875) convenient classification 
based on topographic continuity of tissues, the body of 
a vascular plant is composed of three tissue systems, the 
dermal, the vascular, and the fundamental (or ground). 
The dermal tissue system comprises the epidermis, 
that is, the primary outer protective covering of the 
plant body, and the periderm, the protective tissue that 
supplants the epidermis, mainly in plants that undergo 
a secondary increase in thickness. The vascular tissue 
system contains two kinds of conducting tissues, the 
phloem (food conduction) and the xylem (water con¬ 
duction). The epidermis, periderm, phloem, and xylem 
are complex tissues. 

The fundamental tissue system (or ground tissue 
system) includes the simple tissues that, in a sense, 
form the ground substance of the plant but at the same 
time show various degrees of specialization. Paren¬ 
chyma is the most common of ground tissues. Paren¬ 
chyma cells are characteristically living cells, capable of 
growth and division. Modifications of parenchyma cells 
are found in the various secretory structures, which 
may occur in the ground tissue as individual cells or as 
smaller or larger cell complexes. Collenchyma is a 
living thick-walled tissue closely related to parenchyma; 
in fact, it is commonly regarded as a form of paren¬ 
chyma specialized as supporting tissue of young organs. 
The fundamental tissue system often contains highly 
specialized mechanical elements—with thick, hard, 
often lignihed walls—combined into coherent masses 
as sclerenchyma tissue or dispersed as individual or as 
small groups of sclerenchyma cells. 

Structurally Stem, Leaf, and Root Differ Primarily in 
the Relative Distribution of the Vascular and 
Ground Tissues 

Within the plant body the various tissues are distributed 
in characteristic patterns depending on plant part or 
plant taxon or both. Basically the patterns are alike in 
that the vascular tissue is embedded in ground tissue 
and the dermal tissue forms the outer covering. The 
principal differences in the structure of stem, leaf, and 
root lie in the relative distribution of the vascular and 
ground tissues (Fig. 1.3). In the stems of eudicotyledons 
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FIGURE 1.3 

Organization of a vascular plant. A, habit sketch of flax (Linum usitatissimum ) in vegetative state. Transverse sec¬ 
tions of stem at B, C, and of root at D, E. F, longitudinal section of terminal part of shoot with shoot apex and devel¬ 
oping leaves. G, transverse section of leaf blade. H, longitudinal section of terminal part of root with root apex 
(covered by rootcap) and subjacent root regions. (A, x 2 /5; B, E, F, H, x50; C, x32; D, x7; G, xl9. A, drawn by R. H. 
Miller.) 
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FIGURE 1.4 

Types of stem anatomy in angiosperms. A, transverse section of stem of Helianthus, a eudicot, with discrete vascular 
bundles forming a single ring around a pith. B, transverse section of stem of Zea , a monocot, with the vascular 
bundles scattered throughout the ground tissue. The bundles are more numerous near the periphery. (From Esau, 
1977.) 


(eudicots), for example, the vascular tissue forms a 
“hollow” cylinder, with some ground tissue enclosed 
by the cylinder (pith, or medulla) and some located 
between the vascular and dermal tissues (cortex) (Figs. 
1.3B, C and 1.4A). The primary vascular tissues may 
appear as a more or less continuous cylinder within the 
ground tissue or as a cylinder of discrete strands, or 
bundles, separated from one another by ground tissue. 
In the stems of most monocotyledons (monocots) the 
vascular bundles occur in more than one ring or appear 
scattered throughout the ground tissue (Fig. 1.4B). In 
the latter instance the ground tissue often cannot be 
distinguished as cortex and pith. In the leaf the vascular 
tissue forms an anastomosing system of veins, which 
thoroughly permeate the mesophyll, the ground 
tissue of the leaf that is specialized for photosynthesis 
(Fig. 1.3G). 

The pattern formed by the vascular bundles in the 
stem reflects the close structural and developmental 
relationship between the stem and its leaves. The term 
“shoot” serves not only as a collective term for these 
two vegetative organs but also as an expression of their 
intimate physical and developmental association. At 
each node one or more vascular bundles diverge from 
the strands in the stem and enter the leaf or leaves 
attached at that node in continuity with the vasculature 


of the leaf (Fig. 1.5). The extensions from the vascular 
system in the stem toward the leaves are called leaf 
traces, and the wide gaps or regions of ground tissue 
in the vascular cylinder located above the level where 
leaf traces diverge toward the leaves are called leaf 
trace gaps (Raven et al., 2005) or interfascicular 
regions (Beck et al., 1982). A leaf trace extends from 
its connection with a bundle in the stem (called a stem 
bundle, or an axial bundle), or with another leaf trace, 
to the level at which it enters the leaf (Beck et al., 
1982). 

Compared with the stem, the internal structure of 
the root is usually relatively simple and closer to that of 
the ancestral axis (Raven and Edwards, 2001). Its rela¬ 
tively simple structure is due in large part to the absence 
of leaves and the corresponding absence of nodes and 
internodes. The three tissue systems in the primary 
stage of root growth can be readily distinguished from 
one another. In most roots, the vascular tissues form a 
solid cylinder (Fig. 1.3E), but in some they form a hollow 
cylinder around a pith. The vascular cylinder comprises 
the vascular tissues and one or more layers of nonvas- 
cular cells, the pericycle, which in seed plants arises 
from the same part of the root apex as the vascular 
tissues. In most seed plants branch, or lateral, roots 
arise in the pericycle. A morphologically differentiated 
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FIGURE 1.5 



Diagrams illustrating primary vascular system in the stem of elm ( Ulmus ), a eudicot. A, transverse section of stem 
showing the discrete vascular bundles encircling the pith. B, longitudinal view showing the vascular cylinder as 
though cut through median leaf trace 5 and spread out in one plane. The transverse section (A) corresponds to the 
topmost view in B. The numbers in both views indicate leaf traces. Three leaf traces—a median and two lateral 
traces—connect the vascular system of the stem with that of the leaf. A stem bundle and its associated leaf traces 
are called a sympodium. (From Esau, 1977; after Smithson, 1954, with permission of the Council of the Leeds Philo¬ 
sophical and Literary Society.) 


endodermis (the innermost, and compactly arranged, 
layer of cells of the cortex in seed plants) typically sur¬ 
rounds the pericycle. In the absorbing region of the root 
the endodermis is characterized by the presence of Cas- 
parian strips in its anticlinal walls (the radial and trans¬ 
verse walls, which are perpendicular to the surface of 
the root) (Fig. 1.6). In many roots the outermost layer 
of cortical cells is differentiated as an exodermis, 
which also exhibits Casparian strips. The Casparian 
strip is not merely a wall thickening but an integral 
band-like portion of the wall and intercellular substance 
that is impregnated with suberin and sometimes lignin. 
The presence of this hydrophobic region precludes the 
passage of water and solutes across the endodermis and 
exodermis via the anticlinal walls (Lehmann et al., 
2000 ). 


I SUMMARY OF TYPES OF CELLS AND TISSUES 

As implied earlier in this chapter, separation of cells and 
tissues into categories is, in a sense, contrary to the fact 
that structural features vary and intergrade with each 
other. Cells and tissues do, however, acquire differential 


properties in relation to their positions in the plant body. 
Some cells undergo more profound changes than others. 
That is, cells become specialized to varied degrees. Cells 
that are relatively little specialized retain living proto¬ 
plasts and have the capacity to change in form and func¬ 
tion during their lifetimes (various kinds of parenchyma 
cells). More highly specialized cells may develop thick, 
rigid cell walls, become devoid of living protoplasts, and 
cease to be capable of structural and functional changes 
(tracheary elements and various kinds of sclerenchyma 
cells). Between these two extremes are cells at varying 
levels of metabolic activity and degrees of structural 
and functional specialization. Classifications of cells and 
tissues serve to deal with the phenomena of differentia¬ 
tion—and the resultant diversification of plant parts— 
in a manner that allows making generalizations about 
common and divergent features among related and unre¬ 
lated taxa. They make possible treating the phenomena 
of ontogenetic and phylogenetic specialization in a com¬ 
parative and systematic way. 

Table 1.1 summarizes information on the generally 
recognized categories of cells and tissues of seed plants 
without special regard to the problem of structural and 
functional intergrading of characteristics. The various 
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Casparian strip endodermis 




FIGURE 1.6 

Structure of endodermis. A, transverse section of part 
of a morning glory (Convolvulus arvensis) root showing 
position of the endodermis in relation to vascular cylin¬ 
der consisting of pericycle, primary xylem, and primary 
phloem. The endodermis is shown with transverse walls 
bearing Casparian strips in focus. B, diagram of three 
connected endodermal cells oriented as they are in A; 
Casparian strip occurs in transverse and radial walls 
(i.e., in all anticlinal walls) but is absent in tangential 
walls. (From Esau, 1977.) 


types of cells and tissues summarized in the table are 
considered in detail in Chapters 7 through 15. Secretory 
cells—cells that produce a variety of secretions—do not 
form clearly delimited tissues and therefore are not 
included in the table. They are the topics of Chapters 
16 and 17. 

Secretory cells occur within other tissues as single 
cells or as groups or series of cells, and also in more or 


less definitely organized formations on the surface of 
the plant. The principal secretory structures on plant 
surfaces are glandular epidermal cells, hairs, and various 
glands, such as floral and extrafloral nectaries, certain 
hydathodes, and digestive glands. The glands are usually 
differentiated into secretory cells on the surfaces and 
nonsecretory cells support the secretory. Internal secre¬ 
tory structures are secretory cells, intercellular cavities 
or canals lined with secretory cells (resin ducts, oil 
ducts), and secretory cavities resulting from disintegra¬ 
tion of secretory cells (oil cavities). Laticifers may be 
placed among the internal secretory structures. They 
are either single cells (nonarticulated laticifers) usually 
much branched, or series of cells united through partial 
dissolution of common walls (articulated laticifers). 
Laticifers contain a fluid called latex, which may be rich 
in rubber. Laticifer cells are commonly multinucleate. 

I DEVELOPMENT OF THE PLANT BDDV 

The Body Plan of the Plant Is Established 
during Embryogenesis 

The highly organized body of a seed plant represents 
the sporophyte phase of the life cycle. It begins its exis¬ 
tence with the product of gametic union, the unicellular 
zygote, which develops into an embryo by a process 
known as embryogenesis (Fig. 1.7). Embryogenesis 
establishes the body plan of the plant, consisting of two 
superimposed patterns: an apical-basal pattern along 
the main axis and a radial pattern of concentrically 
arranged tissue systems. Thus patterns are established 
in the distribution of cells, and the embryo as a whole 
assumes a specific, albeit relatively simple, form as con¬ 
trasted with the adult sporophyte. 

The initial stages of embryogenesis are essentially 
the same in eudicots and monocots. Formation of the 
embryo begins with division of the zygote within the 
embryo sac of the ovule. Typically the first division of 
the zygote is transverse and asymmetrical, with regard 
to the long axis of the cell, the division plane coinciding 
with the minimum dimension of the cell (Kaplan and 
Cooke, 1997). With this division the polarity of the 
embryo is established. The upper pole, consisting of a 
small apical cell (Fig. 1.7A), gives rise to most of the 
mature embryo. The lower pole, consisting of a larger 
basal cell (Fig. 1.7A), produces a stalk-like suspensor 
(Fig. 1.7B) that anchors the embryo at the micropyle, 
the opening in the ovule through which the pollen tube 
enters. Through a progression of divisions—in some 
species (e.g., Arabidopsis; West and Harada, 1993) quite 
orderly, in others (e.g., cotton and maize; Pollock and 
Jensen, 1964; Poethig et al., 1986) not obviously so—the 
embryo differentiates into a nearly spherical structure, 
the embryo proper and the suspensor. In some angio- 
sperrns polarity is already established in the egg cell and 





TABLE l.l ■ Tissues and Cell Types 


Tissues 


Cell Type 


Characteristics 


Location 


Function 


Dermal Epidermis 


Periderm 


Ground Parenchyma Parenchyma 


Collenchyma Collenchyma 


Sclerenchyma Fiber 


Sclereid 


Vascular Xylem Tracheid 


Vessel 

element 


Unspecialized cells; guard cells 
and cells forming trichomes; 
sclerenchyma cells 


Comprises cork tissue (phellem), 
cork cambium (phellogen), and 
phelloderm 


Shape: commonly polyhedral 
(many-sided); variable 
Cell wall: primary, or primary and 
secondary; may be lignified, 
suberized, or cutinized 
Living at maturity 


Shape: elongated 
Cell wall: unevenly thickened, 
primary only—nonlignified 
Living at maturity 


Shape: generally very long 
Cell wall: primary and thick 
secondary—often lignified 
Often (not always) dead at 
maturity 


Shape: variable; generally 
shorter than fibers 
Cell wall: primary and thick 
secondary—generally lignified 
May be living or dead at maturity 
Shape: elongated and tapering 
Cell wall: primary and secondary; 
lignified; contains pits but not 
perforations 
Dead at maturity 

Shape: elongated, generally not as 
long as tracheids; several vessel 
elements end-on-end constitute a 
vessel 

Cell wall: primary and secondary; 
lignified; contains pits and 
perforations 
Dead at maturity 


Outermost layer 
of cells of the 
primary plant 
body 

Initial periderm 
generally 
beneath 
epidermis; 
subsequently 
formed 
periderms 
deeper in bark 
Throughout the 
plant body, as 
parenchyma 
tissue in cortex, 
pith, pith rays, 
and mesophyll; 
in xylem and 
phloem 

On the periphery 
(beneath the 
epidermis) in 
young elongating 
stems; often as a 
cylinder of 
tissue or only in 
patches; in ribs 
along veins in 
some leaves 
Sometimes in 
cortex of stems, 
most often 
associated with 
xylem and 
phloem; in 
leaves of 
monocots 
Throughout the 
plant body 


Mechanical 

protection; minimizes 
water loss (cuticle); 
aeration of internal 
tissue via stomata 
Replaces epidermis as 
protective tissue in 
roots and stems; 
aeration of internal 
tissue via lenticels 


Such metabolic 
processes as 
respiration, digestion, 
and photosynthesis; 
storage and 
conduction; wound 
healing and 
regeneration 
Support in primary 
plant body 


Support; storage 


Mechanical; protective 


Xylem Chief water-conducting 

element in 
gymnosperms and 
seedless vascular 
plants; also found in 
angiosperms 

Xylem Chief water-conducting 

element in 
angiosperms 
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TABLE 1 

l.l ■ Continued 





Tissues 


Cell Type 

Characteristics 

Location 

Function 


Phloem 

Sieve cell 

Shape: elongated and tapering 

Phloem 

Food-conducting 




Cell wall: primary in most species; 


element in 




with sieve areas; callose often 
associated with wall and sieve 

pores 


gymnosperms 




Living at maturity; either lacks or 






contains remnants of a nucleus at 
maturity; lacks distinction between 
vacuole and cytosol; contains large 
amounts of tubular endoplasmic 
reticulum; lacks proteinaceous 
substance known as P-protein 





Strasburger 

Shape: generally elongated 

Phloem 

Plays a role in the 



cell 

Cell wall: primary 


delivery of substances 




Living at maturity; associated with 


to the sieve cell, 




sieve cell, but generally not 


including 




derived from same mother cell as 


informational 




sieve cell; has numerous 
plasmodesmatal connections with 
sieve cell 


molecules and ATP 



Sieve-tube 

Shape: elongated 

Phloem 

Food-conducting 



element 

Cell wall: primary, with sieve 


element in 




areas; sieve areas on end wall with 
much larger pores than those on 
side walls—this wall part is termed 
a sieve plate; callose often 
associated with walls and sieve 


angiosperms 




pores 

Living at maturity; either lacks a 






nucleus at maturity or contains 
only remnants of nucleus; lacks 
distinction between vacuole and 
cytosol; except for those of some 
monocots, contains a 
proteinaceous substance known as 
P-protein; several sieve-tube 
elements in a vertical series 

constitute a sieve tube 





Companion 

Shape: variable, generally 

Phloem 

Plays a role in the 



cell 

elongated 


delivery of substances 




Cell wall: primary 


to the sieve-tube 




Living at maturity; closely 


element, including 




associated with sieve-tube 


informational 




elements; derived from same 
mother cell as sieve-tube element; 
has numerous plasmodesmatal 
connections with sieve-tube 

element 


molecules and ATP 


Source: Raven et al., 2005. 
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embryo sac 


endosperm 


i!t , \\ ; Y' 20 pim ' 
suspensor with basal cell 


two-celled proembryo 



0 protoderm 


endosperm 


nucellar j 
tissue h 


suspensor with 
basal cell 


FIGURE 1.7 



emerging cotyledons 


procambium 


endosperm 


Some stages of embryogenesis in shepherd’s purse (Capsella bursa-pastoris, Brassicaceae), a eudicot, in longitudinal 
sections. A, two-celled stage, resulting from unequal transverse division of the zygote into an upper apical cell and 
a lower basal cell; B, six-celled proembryo, consisting of a stalk-like suspensor as distinct from the two terminal cells, 
which develop into the embryo proper. C, the embryo proper is globular and has a protoderm, the primary meristem 
that gives rise to the epidermis. D, the embryo at the so-called heart stage, when the cotyledons are emerging. (Note: 
The basal cell of the suspensor is not the basal cell of the two-celled proembryo.) 
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zygote, where the nucleus and most of the cytoplasmic 
organelles are located in the upper (chalazal) portion of 
the cell, and the lower (micropylar) portion is domi¬ 
nated by a large vacuole. 

Initially the embryo proper consists of a mass of 
relatively undifferentiated cells. Soon, however, cell 
divisions in the embryo proper and the concomitant 
differential growth and vacuolation of the resulting 
cells initiate the organization of the tissue systems (Fig. 
1.7C, D). The component tissues are still meristematic, 
but their position and cytologic characteristics indi¬ 
cate a relation to mature tissues appearing in the sub¬ 
sequently developing seedling. The future epidermis 
is represented by a meristematic surface layer, the 
protoderm. Beneath it the ground meristem of the 
future cortex is distinguishable by cell vacuolation, 
which is more pronounced here than it is in contigu¬ 
ous tissues. The centrally located, less vacuolate tissue 
extending through the apical-basal axis is the precur¬ 
sor of the future primary vascular system. This meri¬ 
stematic tissue is the procambium. Longitudinal 
divisions and elongation of cells impart a narrow, elon¬ 
gated form to the procambial cells. The protoderm, 
ground meristem, and procambium—the so-called 
primary meristems, or primary meristematic 
tissues —extend into other regions of the embryo as 
embryogenesis continues. 

During the early stages of embryogenesis, cell divi¬ 
sion takes place throughout the young sporophyte. As 
the embryo develops, however, the addition of new 
cells gradually becomes restricted to opposite ends of 
the axis, the apical meristems of future root and 
shoot (Aida and Tasaka, 2002). Meristems are embry¬ 
onic tissue regions in which the addition of new 
cells continues while other plant parts reach maturity 
(Chapters 5, 6). 

The mature embryo has a limited number of parts— 
frequently only a stem-like axis bearing one or more 
leaf-like appendages, the cotyledons (Fig. 1.8). Because 
of its location below the cotyledon(s), the stem-like axis 
is called hypocotyl. At its lower end (the root pole), 
the hypocotyl bears the incipient root, at its upper end 
(the shoot pole) the incipient shoot. The root may be 
represented by its meristem (apical meristem of the 
root) or by a primordial root, the radicle. Similarly the 
apical meristem of the shoot located at the shoot pole 
may or may not have initiated the development of a 
shoot. If a primordial shoot is present, it is called 
plumule. 


With Germination of the Seed, the Embryo Resumes 
Growth and Gradually Develops into an Adult Plant 

After the seed germinates, the apical meristem of the 
shoot forms, in regular sequence, leaves and nodes and 
internodes (Figs. 1.1D and 1.3A, F). Apical meristems in 



radicle 


root 

apical meristem 


FIGURE 1.8 


' 100pm' 
cotyledons 

basal cell 


shoot 

apical meristem 


hypocotyl 


Mature shepherd’s purse (Capsella bursa-pastoris) 
embryo in longitudinal section. The part of the embryo 
below the cotyledons is the hypocotyl. At the lower end 
of the hypocotyl is the embryonic root, or radicle. 


the axils of leaves produce axillary shoots (exogenous 
origin), which in turn have other axillary shoots. As a 
result of such activity, the plant bears a system of 
branches on the main stem. If the axillary meristems 
remain inactive, the shoot fails to branch as, for example, 
in many palms. The apical meristem of the root located 
at the tip of the hypocotyl—or of the radicle, as the case 
may be—forms the primary root (first root; Groff and 
Kaplan, 1988). In many plants the primary root pro¬ 
duces branch roots (secondary roots) (Figs. 1.1D and 
1.3A) from new apical meristems originating from the 
pericycle deep in the primary root (endogenous origin). 
The branch roots produce further branches in turn. 
Thus a much branched root system results. In some 
plants, notably monocots, the root systems of the adult 
plant develop from roots arising from the stem. 
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The growth outlined above constitutes the vegetative 
stage in the life of a seed plant. At an appropriate time, 
determined in part by an endogenous rhythm of growth 
and in part by environmental factors, especially light 
and temperature, the vegetative apical meristem of the 
shoot is changed into a reproductive apical meristem, 
that is, in angiosperms, into a floral apical meristem, 
which produces a flower or an inflorescence. The vege¬ 
tative stage in the life cycle of the plant is thus suc¬ 
ceeded by the reproductive stage. 

The plant organs originating from the apical meri- 
stems pass a period of expansion in length and width. 
The initial growth of the successively formed roots and 
shoots is commonly termed primary growth. The 
plant body resulting from this growth is the primary 
plant body which consists of primary tissues. In 
most seedless vascular plants and monocots, the entire 
life of the sporophyte is completed in a primary plant 
body. The gymnosperms and most angiosperms, includ¬ 
ing some monocots, show an increase in thickness of 
stem and root by means of secondary growth. 

The secondary growth may be a cambial secondary 
growth resulting from production of cells by a meri¬ 
stem called cambium. The principal cambium is the 
vascular cambium, which forms the secondary vas¬ 
cular tissues (secondary xylem and secondary phloem) 
and causes thereby an increase in thickness of the axis 
(Fig. 1.3C, D). This growth is usually accompanied by 
the activity of a cork cambium, or phellogen, which 
develops in the peripheral region of the expanding axis 
and gives rise to the periderm, a secondary protective 
tissue system replacing the epidermis. 

The secondary growth of the axis may be diffuse in 
that it occurs by overall cell division and cell enlarge¬ 
ment in ground parenchyma tissue without involving a 
special meristem restricted to a certain region of the 
axis. This kind of secondary growth has been desig¬ 
nated diffuse secondary growth (Tomlinson, 1961). 
It is characteristic of some monocots, notably the palms, 
and of some plants having tuberous organs. 

The tissues produced by the vascular cambium and 
the phellogen are more or less clearly delimited from 
the primary tissues and are referred to as secondary 
tissues and, in their entirely, as the secondary plant 
body. The secondary addition of vascular tissues and 
protective covering makes possible the development of 
large, much branched plant bodies, such as are charac¬ 
teristic of trees. 

Although it is appropriate to think of a plant as 
becoming “adult” or “mature,” in that it develops from 
a single cell into a complex but integrated structure 
capable of reproducing its own kind, an adult seed plant 
is a constantly changing organism. It maintains the 
capacity to add new increments to its body through the 
activity of apical meristems of shoots and roots and to 
increase the volume of its secondary tissues through the 


activity of lateral meristems. Growth and differentiation 
require synthesis and degradation of protoplasmic and 
cell wall materials and involve an exchange of organic 
and inorganic substances circulating by way of the con¬ 
ducting tissues and diffusing from cell to cell to their 
ultimate destinations. A variety of processes take place 
in specialized organs and tissue systems in providing 
organic substances for metabolic activities. An outstand¬ 
ing feature of the living state of a plant is that its per¬ 
petual changes are highly coordinated and occur in 
orderly sequences (Steeves and Sussex, 1989; Berleth 
and Sachs, 2001). Moreover, as do other living organ¬ 
isms, plants exhibit rhythmic phenomena, some of 
which clearly match environmental periodicities and 
indicate an ability to measure time (Simpson et al., 1999; 
Neff et al., 2000; Alabadi et al., 2001; Levy et al., 2002; 
Srivastava, 2002). 
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CHAPTER TWO 


The Protoplast: Plasma Membrane. 
Nucleus, and Cytoplasmic Organelles 


Cells represent the smallest structural and functional 
units of life (Sitte, 1992). Living organisms consist of 
single cells or of complexes of cells. Cells vary greatly 
in size, form, structure, and function. Some are mea¬ 
sured in micrometers, others in millimeters, and still 
others in centimeters (fibers in certain plants). Some 
cells perform a number of functions; others are special¬ 
ized in their activities. Despite the extraordinary diver¬ 
sity among cells they are remarkably similar to one 
another, both in their physical organization and in their 
biochemical properties. 

The concept that the cell is the basic unit of biologi¬ 
cal structure and function is based on the cell theory, 
which was formulated in the first half of the nineteenth 
century by Mathias Schleiden and Theodor Schwann. In 
1838, Schleiden concluded that all plant tissues are com¬ 
posed of cells. A year later, Schwann (1839) extended 
Schleiden’s observation to animal tissues and proposed 
a cellular basis for all life. In 1858, the idea that all living 
organisms are composed of one or more cells took on 
even broader significance when Rudolf Virchow gener¬ 
alized that all cells arise only from preexisting cells. In 
its classical form, the cell theory proposed that the 


bodies of all plants and animals are aggregates of indi¬ 
vidual, differentiated cells, and that the activities of the 
whole plant and animal might be considered the sum¬ 
mation of the activities of the individual constituent 
cells, with the individual cells of prime importance. 

By the latter half of the nineteenth century, an alter¬ 
native to the cell theory was formulated. Known as the 
organismal theory, it maintains that the entire organ¬ 
ism is not merely a group of independent units but 
rather a living unit subdivided into cells, which are con¬ 
nected and coordinated into a harmonious whole. An 
often quoted statement is that of Anton de Bary (1879), 
“It is the plant that forms cells, and not the cell that 
forms plants” (translation by Sitte, 1992). Since then 
substantial evidence has accumulated in favor of 
an organismal concept for plants (see Kaplan and 
Hagemann, 1991; Cooke and Lu, 1992; and Kaplan, 
1992; and literature cited therein). 

The organismal theory is especially applicable to 
plants, whose cells do not pinch apart during cell divi¬ 
sion, as do animal cells, but are partitioned initially by 
insertion of a cell plate (Chapter 4). The separation of 
plant cells is rarely complete. Contiguous plant cells 
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remain interconnected by cytoplasmic strands known 
as plasmodesmata, which traverse the walls and unite 
the entire plant body into an organic whole. Appropri¬ 
ately, plants have been characterized as supracellular 
organisms (Lucas et al., 1993). 

In its modern form the cell theory states simply that: 
(1) all organisms are composed of one or more cells, (2) 
the chemical reactions of a living organism, including 
its energy-related processes and its biosynthetic pro¬ 
cesses, occur within cells, (3) cells arise from other 
cells, and (4) cells contain the hereditary information of 
the organisms of which they are a part, and this informa¬ 
tion is passed on from parent to daughter cell. The cell 
and organismal theories are not mutually exclusive. 
Together, they provide a meaningful view of the struc¬ 
ture and function at cellular and organismal levels (Sitte, 
1992). 

The word cell, meaning “little room,” was introduced 
by Robert Hooke in the seventeenth century to describe 
the small cavities separated by cell walls in cork tissue. 
Later Hooke recognized that living cells in other plant 
tissues were filled with “juices.” Eventually the contents 
of cells were interpreted as living matter and received 
the name protoplasm. An important step toward rec¬ 
ognition of the complexity of protoplasm was the dis¬ 
covery of the nucleus by Robert Brown in 1831. This 
discovery was soon followed by reports of cell division. 
In 1846, Hugo von Mohl called attention to the distinc¬ 
tion between protoplasmic material and cell sap, and in 
1862, Albert von Kolliker used the term cytoplasm for 
the material surrounding the nucleus. The most con¬ 
spicuous inclusions in the cytoplasm, the plastids, were 
long considered to be merely condensations of proto¬ 
plasm. The concept of independent identity and conti¬ 
nuity of these organelles was established in the 
nineteenth century. In 1880, Johannes Hanstein intro¬ 
duced the term protoplast to designate the unit of 
protoplasm inside the cell wall. 

Every living cell has a means of isolating its contents 
from the external environment. A membrane called the 
plasma membrane, or plasmalemma, brings about 
this isolation. Plant cells have, in addition, a more or less 
rigid cellulosic cell wall (Chapter 4) deposited outside 
the plasma membrane. The plasma membrane controls 
the passage of materials into and out of the protoplast 
and so makes it possible for the cell to differ structurally 
and biochemically from its surroundings. Processes 
within a cell can release and transfer the energy neces¬ 
sary for growth and for the maintenance of metabolic 
processes. A cell is organized to retain and transfer 
information so that its development and that of its 
progeny can occur in an orderly manner. This way the 
integrity of the organism, of which the cells are a part, 
is maintained. 

In the three centuries since Hooke first observed the 
structure of cork through his rudimentary microscope, 


our capacity to see the cell and its contents has increased 
dramatically. With improvement of the light microscope, 
it became possible to observe objects with a diameter 
of 0.2 micrometer (about 200 nanometers), an improve¬ 
ment on the naked eye about 500 times. With the trans¬ 
mission electron microscope (TEM), the limit of 
resolution imposed by light was greatly reduced. Because 
of problems with specimen preparation, contrast, and 
radiation damage, however, the resolution of biological 
objects is more like 2 nanometers. Nonetheless, this is 
still 100 times better than the resolution of the light 
microscope. The TEM has distinct disadvantages, 
however: the specimen to be observed must be pre¬ 
served (dead) and cut into exceedingly thin, effectively 
two-dimensional slices. Optical microscopy using fluo¬ 
rescent dyes and various methods of illumination have 
enabled biologists to overcome these problems and to 
observe subcellular components in live plant cells 
(Fricker and Oparka, 1999; Cutler and Ehrhardt, 2000). 
Notable is the use of green fluorescent protein (GFP), 
from the jelly fish Aequorea victoria, as a fluorescent 
protein tag and of confocal microscopy to visualize the 
fluorescent probes in intact tissues (Hepler and Gunning, 
1998; Fricker and Oparka, 1999; Hawes et al., 2001). The 
observation of subcellular components in live plant cells 
is providing new and often unexpected insights into 
subcellular organization and dynamics. 


IPROHRRVQTIC AND EUHflRVOTIC CELLS 

Based on the degree of internal organization of their 
cells, two fundamentally distinct groups of organisms 
are now recognized: prokaryotes and eukaryotes. The 
prokaryotes (pro, before; karyon, nucleus) are repre¬ 
sented by the Archaea and Bacteria, including the cyano¬ 
bacteria, and the eukaryotes (eu, true; karyon, nucleus) 
by all other living organisms (Madigan et al., 2003). 

Prokaryotic cells differ most notably from eukaryotic 
cells in the organization of their genetic material. In 
prokaryotic cells, the genetic material is in the form of 
a large, circular molecule of deoxyribonucleic acid 
(DNA), with which a variety of proteins are loosely 
associated. This molecule, which is called the bacterial 
chromosome, is localized in a region of the cytoplasm 
called the nucleoid (Fig. 2.1). In eukaryotic cells, the 
nuclear DNA is linear and tightly bound to special pro¬ 
teins known as histones, forming a number of more 
complex chromosomes. These chromosomes are sur¬ 
rounded by a nuclear envelope, made up of two mem¬ 
branes, that separates them from the other cellular 
contents in a distinct nucleus (Fig. 2.2). Both prokary¬ 
otic cells and eukaryotic cells contain complexes of 
protein and ribonucleic acid (RNA), known as ribo¬ 
somes, that play a crucial role in the assembly of protein 
molecules from their amino acid subunits. 
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FIGURE 2.1 

Electron micrograph of the gram-negative bacterium, 
Azotobacter vinelanclii. The granular appearance of 
the cytoplasm is largely due to the presence of numer¬ 
ous ribosomes. The clearer DNA-containing regions 
constitute the nucleoid. (Courtesy of Jack L. Pate.) 


Eukaryotic cells are subdivided by membranes into 
distinct compartments that perform different functions. 
The cytoplasm of prokaryotic cells, by contrast, typi¬ 
cally is not compartmentalized by membranes. Notable 
exceptions are the extensive system of photosynthetic 
membranes (thylakoids) of the cyanobacteria (Madigan 
et al., 2003) and the membrane-bounded entities called 
acidocalcisomes found in a variety of bacteria, including 
Agrobacterium tumefaciens, the plant pathogen that 
causes crown gall (Seufferheld et al., 2003). 

The appearance of membranes under the electron 
microscope is remarkably similar in various organisms. 
When suitably preserved and stained, these membranes 
have a three-layered appearance, consisting of two dark 
layers separated by a lighter layer (Fig. 2.3). This type 
of membrane was named unit membrane by 


Robertson (1962) and interpreted as a bimolecular lipid 
layer covered on each side with a layer of protein. 
Although this model of membrane structure has been 
superseded by the fluid mosaic model (see below), the 
term unit membrane remains a useful designation for a 
visually definable three-ply membrane. 

Among the internal membranes of eukaryotic cells 
are those surrounding the nucleus, mitochondria, and 
plastids, which are characteristic components of plant 
cells. The cytoplasm of eukaryotic cells also contains 
systems of membranes (the endoplasmic reticulum and 
Golgi apparatus) and a complex network of nonmem- 
branous protein filaments (actin filaments and microtu¬ 
bules) called the cytoskeleton. A cytoskeleton is absent 
in prokaryotic cells. Plant cells also develop multifunc¬ 
tional organelles, called vacuoles, that are bound by a 
membrane called the tonoplast (Fig. 2.2). 

In addition to the plasma membrane, which controls 
the passage of substances into and out of the protoplast, 
the internal membranes control the passage of sub¬ 
stances among compartments within the cell. This way 
the cell can maintain the specialized chemical environ¬ 
ments necessary for the processes occurring in the dif¬ 
ferent cytoplasmic compartments. Membranes also 
permit differences in electrical potential, or voltage, to 
become established between the cell and its environ¬ 
ment and between adjacent compartments of the cell. 
Differences in the chemical concentration of various 
ions and molecules and the electric potential across 
membranes provide potential energy used to power 
many cellular processes. 

Compartmentation of cellular contents means divi¬ 
sion of labor at the subcellular level. In a multicellular 
organism a division of labor occurs also at the cellular 
level as the cells differentiate and become more or less 
specialized with reference to certain functions. Func¬ 
tional specialization finds its expression in morphologi¬ 
cal differences among cells, a feature that accounts 
for the complexity of structure in a multicellular 
organism. 


I CYTOPLASM 

As mentioned previously, the term cytoplasm was 
introduced to designate the protoplasmic material sur¬ 
rounding the nucleus. In time, discrete entities were 
discovered in this material, first only those that were 
within the resolving power of the light microscope; 
later, smaller entities were discovered with the electron 
microscope. Thus the concept of cytoplasm has under¬ 
gone an evolution; with new technologies the concept 
undoubtedly will continue to evolve. Most biologists 
today use the term cytoplasm, as originally introduced 
by Kolliker (1862), to designate all of the material sur¬ 
rounding the nucleus, and they refer to the cytoplasmic 
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Nicotiana tabacum (tobacco) root tip. Longitudinal section of young cells. Details: er, endoplasmic reticulum; m, 
mitochondrion; n, nucleus; ne, nuclear envelope; nu, nucleolus; o, oil body; p, plastid; v, vacuole; w, cell wall. (From 
Esau, 1977.) 


matrix, in which the nucleus, organelles, membrane substance and hyaloplasm are terms that commonly 

systems, and nonmembranous entities are suspended, have been used by plant cytologists to refer to the cyto- 

as the cytosol. As originally defined, however, the term plasmic matrix. Some biologists use the term cytoplasm 

cytosol was used to refer specifically “to the cytoplasm in the sense of cytosol. 

minus mitochondria and endoplasmic reticulum compo- In the living plant cell the cytoplasm is always in 

nents” in liver cells (Lardy, 1965). Cytoplasmic ground motion; the organelles and other entities suspended in 
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FIGURE 2.3 


Electron micrograph showing the three-layered appear¬ 
ance of the plasma membranes (pm) on either side of 
the common wall between two cells of an Allium cepa 
leaf. Microtubules (mt) in transectional view can be 
seen on both sides of the wall. 


the cytosol can be observed being swept along in an 
orderly fashion in the moving currents. This movement, 
which is known as cytoplasmic streaming, or cyclo- 
sis, results from an interaction between bundles of actin 
filaments and the so-called motor protein, myosin, a 
protein molecule with an ATPase-containing “head" that 
is activated by actin (Baskin, 2000; Reichelt and 
Kendrich-Jones, 2000). Cytoplasmic streaming, a costly 
energy-consuming process, undoubtedly facilitates the 
exchange of materials within the cell (Reuzeau et al., 
1997; Kost and Chua, 2002) and between the cell and 
its environment. 

The various components of the protoplast are consid¬ 
ered individually in the following paragraphs. Among 
those components are the entities called organelles. As 
with the term cytoplasm, the term organelle is used dif¬ 
ferently by different biologists. Whereas some restrict use 
of the term organelle to membrane-bound entities such 
as plastids and mitochondria, others use the term more 
broadly to refer also to the endoplasmic reticulum and 
Golgi bodies and to nonmembranous components such 
as microtubules and ribosomes. The term organelle is 
used in the restricted sense in this book (Table 2.1). 


TABLE 2.1 ■ An Inventory of Plant Cell Components 

Cell wall Middle lamella 

Primary wall 
Secondary wall 
Plasmodesmata 

Protoplast Nucleus Nuclear envelope 

Nucleoplasm 

Chromatin 

Nucleolus 

Cytoplasm Plasma membrane 

Cytosol (cytoplasmic 
ground substance, 
hyaloplasm) 

Organelles bounded by 
two membranes: 
Plastids 
Mitochondria 
Organelles bounded 
by one membrane: 
Peroxisomes 
Vacuoles, bounded 
by tonoplast 
Ribosomes 

Endomembrane system 
(major components): 
Endoplasmic reticulum 
Golgi apparatus 
Vesicles 
Cytoskeleton: 

Microtubules 
Actin filaments 


In this chapter only the plasma membrane, nucleus, and 
cytoplasmic organelles are considered. The remaining 
components of the protoplast are covered in Chapter 3- 


IPLHSMH MEMBRANE 

Among the various membranes of the cell, the plasma 
membrane typically has the clearest dark-light-dark or 
unit membrane appearance in electron micrographs 
(Fig. 2.3; Leonard and Hodges, 1980; Robinson, 1985). 
The plasma membrane has several important functions: 
(1) it mediates the transport of substances into and out 
of the protoplast, (2) it coordinates the synthesis and 
assembly of cell wall microfibrils (cellulose), and (3) it 
transduces hormonal and environmental signals involved 
in the control of cell growth and differentiation. 

The plasma membrane has the same basic structure 
as the internal membranes of the cell, consisting of a 
lipid bilayer in which are embedded globular proteins, 
many extending across the bilayer and protrude on 
either side (Fig. 2.4). The portion of these transmem¬ 
brane proteins embedded in the bilayer is 
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carbohydrate 



lipid 

bilayer 


FIGURE 2.4 

Fluid-mosaic model of membrane structure. The membrane is composed of a bilayer of lipid molecules—with their 
hydrophobic “tails” facing inward—and large protein molecules. Some of the proteins (transmembrane proteins) 
traverse the bilayer; others (peripheral proteins) are attached to the transmembrane proteins. Short carbohydrate 
chains are attached to most of the protruding transmembrane proteins on the outer surface of the plasma membrane. 
The whole structure is quite fluid; some of the transmembrane proteins float freely within the bilayer, and together 
with the lipid molecules move laterally within it, forming different patterns, or “mosaics,” and hence the proteins 
can be thought of as floating in a lipid “sea.” (From Raven et al., 1992.) 


hydrophobic, whereas the portion or portions exposed 
on either side of the membrane are hydrophilic. 

The inner and outer surfaces of a membrane differ 
considerably in chemical composition. For example, 
there are two major types of lipids in the plasma mem¬ 
brane of plant cells— phospholipids (the more abun¬ 
dant) and sterols (particularly stigmasterol)—and the 
two layers of the bilayer have different compositions of 
these. Moreover the transmembrane proteins have defi¬ 
nite orientations within the bilayer, and the portions 
protruding on either side have different amino acid 
compositions and tertiary structures. Other proteins are 
also associated with membranes, including the periph¬ 
eral proteins, so called because they lack discrete 
hydrophobic sequences and thus do not penetrate into 
the lipid bilayer. Transmembrane proteins and other 
lipid-bound proteins tightly bound to the membrane are 
called integral proteins. On the outer surface of the 
plasma membrane, short-chain carbohydrates (oligosac¬ 
charides) are attached to the protruding proteins, 
forming glycoproteins. The carbohydrates, which form 
a coat on the outer surface of the membranes of some 


eukaryotic cells, are believed to play important roles in 
cell-to-cell adhesion processes and in the “recognition” 
of molecules (e.g., hormones, viruses, and antibiotics) 
that interact with the cell. 

Whereas the lipid bilayer provides the basic structure 
and impermeable nature of cellular membranes, the pro¬ 
teins are responsible for most membrane functions. 
Most membranes are composed of 40% to 50% lipid (by 
weight) and 60% to 50% protein, but the amounts and 
types of proteins in a membrane reflect its function. 
Membranes involved with energy transduction, such as 
the internal membranes of mitochondria and chloro- 
plasts, consist of about 75% protein. Some of the pro¬ 
teins are enzymes that catalyze membrane-associated 
reactions, whereas others are transport proteins 
involved in the transfer of specific molecules into and 
out of the cell or organelle. Still others act as receptors 
for receiving and transducing chemical signals from the 
cell’s internal or external environment. Although some 
of the integral proteins appear to be anchored in place 
(perhaps to the cytoskeleton), the lipid bilayer is gener¬ 
ally quite fluid. Some of the proteins float more or less 
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freely in the bilayer, and they and the lipid molecules 
can move laterally within it, forming different patterns, 
or mosaics, that vary from time to time and place to 
place—hence the name fluid-mosaic for this model of 
membrane structure (Fig. 2.4; Singer and Nicolson, 
1972; Jacobson et al., 1995). 

Membranes contain different kinds of transport pro¬ 
teins (Logan et al., 1997; Chrispeels et al., 1999; 
Kjellbom et al., 1999; Delrot et al., 2001). Two of the 
types are carrier proteins and channel proteins, both of 
which permit the movement of a substance across a 
membrane only down the substance’s electrochemical 
gradient; that is, they are passive transporters. Carrier 
proteins bind the specific solute being transported and 
undergo a series of conformational changes in order to 
transport the solute across the membrane. Channel 
proteins form water-filled pores that extend across the 
membrane and, when open, allow specific solutes 
(usually inorganic ions, e.g., K + , Na + , Ca 2+ , CL) to pass 
through them. The channels are not open continuously; 
instead they have “gates” that open briefly and then 
close again, a process referred to as gating. 

The plasma membrane and tonoplast also contain 
water channel proteins called aquaporins that specifi¬ 
cally facilitate the passage of water through the 
membranes (Schaffner, 1998; Chrispeels et al., 1999; 
Maeshima, 2001; Javot and Maurel, 2002). Water passes 
relatively freely across the lipid bilayer of biological 
membranes, but the aquaporins allow water to diffuse 
more rapidly across the plasma membrane and tono¬ 
plast. Because the vacuole and cytosol must be in con¬ 
stant osmotic equilibrium, rapid movement of water is 
essential. It has been suggested that aquaporins facili¬ 
tate the rapid flow of water from the soil into root cells 
and to the xylem during periods of high transpiration. 
Aquaporins have been shown to block the influx of 
water into cells of the roots during periods of flooding 
(Tournaire-Roux et al., 2003) and to play a role in 
drought avoidance in rice (Lian et al., 2004). In addition 
evidence indicates that water movement through aqua¬ 
porins increases in response to certain environmental 
stimuli that induce cell expansion and growth; the 
cyclic expression of a plasma membrane aquaporin has 
been implicated in the leaf unfolding mechanism in 
tobacco (Siefritz et al., 2004). 

Carriers can be classified as uniporters and cotrans¬ 
porters according to how they function. Uniporters 
transport only one solute from one side of the mem¬ 
brane to another. With cotransporters, the transfer of 
one solute depends on the simultaneous or sequential 
transfer of a second solute. The second solute may be 
transported in the same direction, in which case the 
carrier protein is known as symporter, or in the oppo¬ 
site direction, as in the case of an antiporter. 

The transport of a substance against its electrochemi¬ 
cal gradient requires the input of energy, and is called 


active transport. In plants that energy is provided 
primarily by an ATP-powered proton pump, specifi¬ 
cally, a membrane-bound H + -ATPase (Sze et al., 1999; 
Palmgren, 2001). The enzyme generates a large gradient 
of protons (H + ions) across the membrane. This gradient 
provides the driving force for solute uptake by all proton- 
coupled cotransport systems. The tonoplast is unique 
among plant membranes in having two proton pumps, 
an H + -ATPase and an H + -pyrophosphatase (H + -PPase) 
(Maeshima, 2001), although some data indicate that H + - 
PPase may also be present in the plasma membrane of 
some tissues (Ratajczak et al., 1999; Maeshima, 2001). 

The transport of large molecules such as most pro¬ 
teins and polysaccharides cannot be accommodated by 
the transport proteins that ferry ions and small polar 
molecules across the plasma membrane. These large 
molecules are transported by means of vesicles or sac- 
like structures that bud off from or fuse with the plasma 
membrane, a process called vesicle-mediated trans¬ 
port (Battey et al., 1999). The transport of material into 
the cell by vesicles that bud off of the plasma membrane 
is called endocytosis and involves portions of the 
plasma membrane called coated pits (Fig. 2.5; Robinson 



FIGURE 2.5 


Endocytosis in maize (Zea mays ) rootcap cells that have 
been exposed to a solution containing lead nitrate. A, 
granular deposits containing lead can be seen in two 
coated pits. B, a coated vesicle with lead deposits. C, 
here, one of two coated vesicles has fused with a large 
Golgi vesicle where it will release its contents. This 
coated vesicle (dark structure) still contains lead depos¬ 
its, but it appears to have lost its coat, which is located 
just to the right of it. The coated vesicle to its left is 
clearly intact. (Courtesy of David G. Robinson.) 
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and Depta, 1988; Gaidarov et al., 1999). Coated pits are 
depressions in the plasma membrane containing spe¬ 
cific receptors (to which the molecules to be trans¬ 
ported into the cell must first bind) and coated on their 
cytoplasmic surface with clathrin, a protein composed 
of three large and three smaller polypeptide chains that 
together form a three-pronged structure, called a triske- 
lion. Invaginations of the coated pits pinch off to form 
coated vesicles. Within the cell the coated vesicles 
shed their coats and then fuse with some other mem¬ 
brane-bound structures (e.g., Golgi bodies or small vacu¬ 
oles). Transport by means of vesicles in the opposite 
direction is called exocytosis (Battey et al., 1999). 
During exocytosis, vesicles originating from within the 
cell fuse with the plasma membrane, expelling their 
contents to the outside. 

Relatively large invaginations, or infoldings, of the 
plasma membrane are frequently encountered in tissue 
prepared for electron microscopy. Some form pockets 
between the cell wall and protoplast, and may include 
tubules and vesicles. Some invaginations may push the 
tonoplast forward and intrude into the vacuole. Others, 
called multivesicular bodies, are often detached from 
the plasma membrane and embedded in the cytosol or 
appear suspended in the vacuole. Similar formations 
were first observed in fungi and named lomasomes 
(Clowes and Juniper, 1968). Multivesicular bodies in 
Nicotiana tabacum BY-2 cells have been identified as 
plant prevacuolar compartments that lie on the endo- 
cytic pathway to lytic vacuoles (see below; Tse et al., 
2004). 


I NUCLEUS 

Often the most prominent structure within the proto¬ 
plast of eukaryotic cells, the nucleus performs two 
important functions: (1) it controls the ongoing activi¬ 
ties of the cell by determining which RNA and protein 
molecules are produced by the cell and when they are 
produced, and (2) it is the repository of most of the cell’s 
genetic information, passing it on to the daughter cells 
in the course of cell division. The total genetic informa¬ 
tion stored in the nucleus is referred to as the nuclear 
genome. 

The nucleus is bounded by a pair of membranes 
called the nuclear envelope, with a perinuclear 
space between them (Figs. 2.2 and 2.6; Dingwall and 
Laskey, 1992; Gerace and Foisner, 1994; Gant and Wilson, 
1997; Rose et al., 2004). In various places the outer 
membrane of the envelope is continuous with the endo¬ 
plasmic reticulum, so that the perinuclear space is con¬ 
tinuous with the lumen of the endoplasmic reticulum. 
The nuclear envelope is considered a specialized, locally 
differentiated portion of the endoplasmic reticulum. 
The most distinctive feature of the nuclear envelope is 


the presence of a great many cylindrical nuclear pores, 
which provide direct contact between the cytosol and 
the ground substance, or nucleoplasm, of the nucleus 
(Fig. 2.6). The inner and outer membranes are joined 
around each pore, forming the margin of its opening. 
Structurally complicated nuclear pore complexes— 
the largest supramolecular complexes assembled in the 
eukaryotic cell—span the envelope at the nuclear pores 
(Heese-Peck and Raikhel, 1998; Talcott and Moore, 
1999; Lee, J.-Y., et al., 2000). The nuclear pore complex 
is roughly wheel-shaped, consisting in part of a cylindri¬ 
cal central channel (the hub) from which eight spokes 
project outwardly to an interlocking collar associated 
with the nuclear membrane lining the pore. The nuclear 
pore complexes allow relatively free passage of certain 
ions and small molecules through diffusion channels, 
which measure about 9 nanometers in diameter. The 
proteins and other macromolecules transported through 
the nuclear pore complexes greatly exceed this channel 
size. Their transport is mediated by a highly selective 



FIGURE 2.6 

Nuclear envelope (ne) in profile (A) and from the surface 
(B, central part) showing pores (po). The electron-dense 
material in the pores in A is shown, in B, to have a form 
of an annulus with a central granule. The clear space 
between the membranes in A is called the perinuclear 
space. From a parenchyma cell in Mimosa pudica 
petiole. (From Esau, 1977.) 
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active (energy-dependent) transport mechanism that 
takes place through the central channel. The central 
channel has a functional diameter of up to 26 nanome¬ 
ters (Hicks and Raikhel, 1995; Gorlich and Mattaj, 1996; 
Gorlich, 1997). 

In specially stained cells, thin threads and grains of 
chromatin can be distinguished from the nucleoplasm. 
Chromatin is made up of DNA combined with large 
amounts of proteins called histones. During the process 
of nuclear division, the chromatin becomes progres¬ 
sively more condensed until it takes the form of chro¬ 
mosomes. Chromosomes (chromatin) of nondividing, 
or interphase , nuclei are attached at one or more sites 
to the inner membrane of the nuclear envelope. Before 
DNA replication each chromosome is composed of a 
single, long DNA molecule, which carries the hereditary 
information. In most interphase nuclei the bulk of chro¬ 
matin is diffuse and lightly staining. This uncondensed 
chromatin, called euchromatin, is genetically active 
and associated with high rates of RNA synthesis. The 
remaining, condensed chromatin, called heterochro¬ 
matin , is genetically inactive; that is, it is not associated 
with RNA synthesis (Franklin and Cande, 1999). Overall, 
only a small percentage of the total chromosomal DNA 
codes for essential proteins or RNAs; apparently there 
is a substantial surplus of DNA in the genomes of higher 
organisms (Price, 1988). Nuclei may contain protein¬ 
aceous inclusions of unknown function in crystalline, 
fibrous, or amorphous form (Wergin et al., 1970), in 
addition to chromatin-containing “micropuffs” and 
coiled bodies composed of ribonucleoprotein (Martin 
et al., 1992). 

Different organisms vary in the number of chromo¬ 
somes present in their somatic (vegetative, or body) 
cells. Haplopappusgracilis, a desert annual, has 4 chro¬ 
mosomes per cell; Arabidopsis thatiana, 10; Viciafaba , 
broad bean, 12 ; Brassica oleracea, cabbage, 18, Aspara¬ 
gus officinalis, 20; Triticum vulgare, bread wheat, 42; 
and Cucurbita maxima, squash, 48. The reproductive 
cells, or gametes, have only half the number of chromo¬ 
somes that is characteristic of the somatic cells in an 
organism. The number of chromosomes in the gametes 
is referred to as the haploid (single set) number and 
designated as n, and that in the somatic cells is called 
the diploid (double set) number, which is designated 
as 2 n. Cells that have more than two sets of chromo¬ 
somes are said to be polyploid (in, An, in, or more). 

Often the only structures discernible within a nucleus 
with the light microscope are spherical structures 
known as nucleoli (singular: nucleolus) (Fig. 2.2; 
Scheer et al., 1993). The nucleolus contains high con¬ 
centrations of RNA and proteins, along with large loops 
of DNA emanating from several chromosomes. The 
loops of DNA, known ns nucleolar organizer regions, 
contain clusters of ribosomal RNA (rRNA) genes. At 
these sites, newly formed rRNAs are packaged with 


ribosomal proteins imported from the cytosol to form 
ribosomal subunits (large and small). The ribosomal 
subunits are then transferred, via the nuclear pores, to 
the cytosol where they are assembled to form ribo¬ 
somes. Although the nucleolus commonly is thought of 
as the site of ribosome manufacture, it is involved with 
only a part of the process. The very presence of a nucle¬ 
olus is due to the accumulation of the molecules being 
packaged to form ribosomal subunits. 

In many diploid organisms, the nucleus contains one 
nucleolus to each haploid set of chromosomes. The 
nucleoli may fuse and then appear as one large struc¬ 
ture. The size of a nucleolus is a reflection of the level 
of its activity. In addition to the DNA of the nucleolar 
organizer region, nucleoli contain a fibrillar component 
consisting of rRNA already associated with protein to 
form fibrils, and a granular component consisting of 
maturing ribosomal subunits. Active nucleoli also show 
lightly stained regions commonly referred to as vacu¬ 
oles. In living cultured cells these regions, which should 
not be confused with the membrane-bound vacuoles 
found in the cytosol, can be seen to be undergoing 
repeated contractions, a phenomenon that might be 
involved with RNA transport. 

Nuclear divisions are of two kinds: mitosis, during 
which a nucleus gives rise to two daughter nuclei, each 
morphologically and genetically equivalent to the other 
and to the parent nucleus; meiosis, during which the 
parent nucleus undergoes two divisions, one of which 
is a reduction division. By a precise mechanism, meiosis 
produces four daughter nuclei, each with one-half the 
number of chromosomes as the parent nucleus. In 
plants, mitosis gives rise to somatic cells and to gametes 
(sperm and egg), and meiosis to meiospores. In both 
kinds of division (with some exceptions) the nuclear 
envelope breaks into fragments, which become indistin¬ 
guishable from ER cisternae, and the nuclear pore com¬ 
plexes are disassembled. When new nuclei are assembled 
during telophase, ER vesicles join to form two nuclear 
envelopes, and new nuclear pore complexes are formed 
(Gerace and Foisner, 1994). The nucleoli disperse during 
late prophase (with some exceptions) and are newly 
organized during telophase. 


I CELL CYCLE 

Actively dividing somatic cells pass through a regular 
sequence of events known as the cell cycle. The cell 
cycle commonly is divided into interphase and mitosis 
(Fig. 2.7; Strange, 1992). Interphase precedes mitosis, 
and in most cells, mitosis is followed by cytokinesis, 
the division of the cytoplasmic portion of a cell and the 
separation of daughter nuclei into separate cells (Chapter 
4). Hence most plant cells are uninucleate. Certain spe¬ 
cialized cells may become multinucleate either only 




24 | Esau’s Plant Anatomy, Third Edition 



FIGURE 2.7 

The cell cycle. Cell division, which consists of mitosis (the division of the nucleus) and cytokinesis (the division of 
the cytoplasm), takes place after the completion of the three preparatory phases (G 1; S, and G 2 ) of interphase. Pro¬ 
gression of the cell cycle is mainly controlled at two checkpoints, one at the end of G, and the other at the end of 
G 2 . After the G 2 phase comes mitosis, which is usually followed by cytokinesis. Together, mitosis and cytokinesis 
constitute the M phase of the cell cycle. In cells of different species or of different tissues within the same organism, 
the various phases occupy different proportions of the total cycle. (From Raven et al., 2005.) 


during their development (e.g., nuclear endosperm) or 
for life (e.g., nonarticulated laticifers). Mitosis and cyto¬ 
kinesis together are referred to as the M phase of the 
cell cycle. 

Interphase can be divided into three phases, which 
are designated G 1; S, and G 2 . The G, phase (G stands for 
gap) occurs after mitosis. It is a period of intense bio¬ 
chemical activity, during which the cell increases in 
size, and the various organelles, internal membranes, 
and other cytoplasmic components increase in number. 
The S (synthesis) phase is the period of DNA replica¬ 
tion. At the onset of DNA replication, a diploid nucleus 
is said to have a 2C DNA value (C is the haploid DNA 
content); at completion of the S phase, the DNA value 
has doubled to 4C. During the S phase, many of the 
histones and other DNA-associated proteins are also syn¬ 
thesized. Following the S phase, the cell enters the G 2 


phase, which follows the S phase and precedes mitosis. 
The primary role of the S phase is to make sure chromo¬ 
some replication is complete and to allow for repair of 
damaged DNA. The microtubules of the preprophase 
band, a ring-like band of microtubules that borders the 
plasma membrane and encircles the nucleus in a plane 
corresponding to the plane of cell division, also develop 
during the G 2 phase (Chapter 4; Gunning and Sammut, 
1990). During mitosis the genetic material synthesized 
during the S phase is divided equally between two 
daughter nuclei, restoring the 2C DNA value. 

The nature of the control or controls that regulate 
the cell cycle apparently is basically similar in all eukary¬ 
otic cells. In the typical cell cycle, progression is 
controlled at crucial transition points, called check¬ 
points —first at the G r S phase transition and then at the 
G 2 -M transition (Boniotti and Griffith, 2002). The first 
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checkpoint determines whether or not the cell enters 
the S phase, the second whether or not mitosis is initi¬ 
ated. A third checkpoint, the metaphase checkpoint, 
delays anaphase if some chromosomes are not properly 
attached to the mitotic spindle. Progression through the 
cycle depends on the successful formation, activation, 
and subsequent inactivation of cyclin-dependent protein 
kinases (CDKs) at the checkpoints. These kinases consist 
of a catalytic CDK subunit and an activating cyclin 
subunit (Hemerly et ak, 1999; Huntley and Murray, 1999; 
Mironov et al., 1999; Potuschak and Doerner, 2001; Stals 
and Inze, 2001). Both auxins and cytokinins have been 
implicated in the control of the plant cell cycle 
(Jacqmard et ak, 1994; Ivanova and Rost, 1998; den Boer 
and Murray, 2000). 

Cells in the G, phase have several options. In the 
presence of sufficient stimuli they can commit to further 
cell division and progress into the S phase. They may 
pause in their progress through the cell cycle in response 
to environmental factors, as during winter dormancy, 
and resume dividing at a later time. This specialized 
resting, or dormant, state is often called the G 0 phase 
(G-zero phase). Other fates include differentiation and 
programmed cell death, a genetically determined 
program that can orchestrate death of the cell (Chapter 
5; kam et ak, 1999). 

Some cells feature only DNA replication and gap 
phases without subsequent nuclear division, a process 
known as endoreduplication (Chapter 5; D’Amato, 
1998; karkins et ak, 2001). The single nucleus then 
becomes polyploid (endopolyploidy, or endoploidy). 
Endoploidy may be part of the differentiation of single 
cells, as it is in the Arabidopsis trichome (Chapter 9), 
or that of any tissue or organ. A positive correlation 
exists between cell volume and the degree of polyploidy 
in most plant cells, indicating that polyploid nuclei 
might be required for the formation of large plant cells 
(Kondorosi et ak, 2000). 


IPLRSTIDS 

Together with vacuoles and cell walls, plastids are char¬ 
acteristic components of plant cells (Bowsher and Tobin, 
2001). Each plastid is surrounded by an envelope con¬ 
sisting of two membranes. Internally the plastid is dif¬ 
ferentiated into a more or less homogeneous matrix, the 
stroma, and a system of membranes called thylakoids. 
The principal permeability barrier between cytosol and 
plastid stroma is the inner membrane of the plastid 
envelope. The outer membrane, although a barrier to 
cytosolic proteins, has generally been assumed to be 
permeable to low molecular weight solutes (<600Da), 
an assumption that may be in need of re-evaluation 
(Bolter and Soli, 2001). Stroma-filled tubules have been 
observed emanating from the surfaces of some plastids. 


These so-called stromules can interconnect different 
plastids and have been shown to permit exchange of 
green fluorescent protein between plastids (Kohler 
et ak, 1997; Kohler and Hanson, 2000; Arimura et ak, 
2001; Gray et ak, 2001; Pyke and Howells, 2002; Kwok 
and Hanson, 2004). In a study of stromule biogenesis, 
increases in stromule length and frequency correlated 
with chromoplast differentiation; it was proposed that 
stromules enhance the specific metabolic activities of 
plastids (Waters et ak, 2004). 

Plastids are semiautonomous organelles widely ac¬ 
cepted to have evolved from free-living cyanobacteria 
through the process of endosymbiosis (Palmer and 
Delwiche, 1998; Martin, 1999; McFadden, 1999; 
Reumann and Keegstra, 1999; Stoebe and Maier, 2002). 
Indeed, plastids resemble bacteria in several ways. For 
example, plastids, like bacteria, contain nucleoids, 
which are regions containing DNA. The DNA of the 
plastid, like that of the bacterium, exists in circular form 
(Sugiura, 1989); moreover it is not associated with his¬ 
tones. During the course of evolution most of the DNA 
of the endosymbiont (the cyanobacterium) was gradu¬ 
ally transferred to the host nucleus; hence the genome 
of the modern plastid is quite small compared to the 
nuclear genome (Bruce, 2000; Rujan and Martin, 2001). 
Both plastids and bacteria contain ribosomes (70S ribo¬ 
somes) that are about two-thirds as large as the ribo¬ 
somes (80S ribosomes) found in the cytosol and 
associated with endoplasmic reticulum. (The S stands 
for Svedbergs, the units of the sedimentation coeffi¬ 
cient.) In addition the process of plastid division—binary 
fission—is morphologically similar to bacterial cell 
division. 

Chloroplasts Contain Chlorophyll and 
Carotenoid Pigments 

Mature plastids are commonly classified on the basis of 
the kinds of pigments they contain. Chloroplasts (Figs. 
2.8-2.10), the sites of photosynthesis, contain chloro¬ 
phyll and carotenoid pigments. The chlorophyll pig¬ 
ments are responsible for the green color of these 
plastids, which occur in green plant parts and are par¬ 
ticularly numerous and well differentiated in leaves. In 
seed plants, chloroplasts are usually disk-shaped and 
measure between 4 and 6 micrometers in diameter. The 
number of chloroplasts found in a single mesophyll 
(middle of the leaf) cell varies widely, depending on the 
species and the size of the cell (Gray, 1996). A single 
mesophyll cell of cocoa (Cacao theobroma) and Pep- 
eromia metallia leaves may contain as few as three 
chloroplasts, whereas as many as 300 chloroplasts occur 
in a single mesophyll cell of the radish (Raphanus 
sativus) leaf. The mesophyll cells of most leaves that 
have been examined for plastid development contain 50 
to 150 chloroplasts each. The chloroplasts are usually 
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FIGURE 2.8 

Three-dimensional structure of a chloroplast. Note that 
the internal membranes (thylakoids) are not connected 
with the plastid envelope. (From Raven et al., 1992.) 


found with their broad surfaces parallel to the cell wall, 
preferentially on cell surfaces bordering air spaces. 
They can reorient in the cell under the influence of 
light—for example, gathering along the walls parallel 
with the leaf surface under low or medium light inten¬ 
sity, thereby optimizing light utilization for photosyn¬ 
thesis (Trojan and Gabrys, 1996; Williams et al., 2003). 
Under potentially damaging high light intensity the 
chloroplasts can orient themselves along walls perpen¬ 
dicular to the leaf surface. The blue-UV region of the 
spectrum is the most effective stimulus for chloroplast 
movement (Trojan and Gabrys, 1996; Yatsuhashi, 1996; 
Kagawa and Wada, 2000, 2002). In the darkness the 
chloroplasts are distributed either randomly around all 
the cell walls or their arrangement depends on local 
factors inside the cells (Haupt and Scheuerlein, 1990). 
Presumably movement of the chloroplasts involves an 
actin-myosin-based system. 

The internal structure of the chloroplast is complex. 
The stroma is traversed by an elaborate system of thyla¬ 
koids, consisting of grana (singular: granum) —stacks 
of disk-like thylakoids that resemble a stack of coins— 
and stroma thylakoids (or intergrana thylakoids) that 
traverse the stroma between grana and interconnect 
them (Figs. 2.8-2.10). The grana and stroma thylakoids 
and their internal compartments are believed to consti¬ 
tute a single, interconnected system. The thylakoids are 
not physically connected with the plastid envelope but 
are completely embedded in the stroma. Chlorophylls 
and carotenoid pigments—both of which are involved 
in light harvesting—are embedded, along with proteins, 
in the thylakoid membranes in discrete units of organi¬ 
zation called photosystems. The principal function of 
the carotenoid pigments is that of an antioxidant, 


preventing photo-oxidative damage to the chlorophyll 
molecules (Cunningham and Gantt, 1998; Vishnevetsky 
et al., 1999; Niyogi, 2000). 

Chloroplasts often contain starch, phytoferritin (an 
iron compound) and lipid in the form of globules called 
plastoglobuli (singular: plastoglobule). The starch 
grains are temporary storage products and accumulate 
only when the plant is actively photosynthesizing. They 
may be lacking in the chloroplasts of plants kept in the 
dark for as little as 24 hours but often reappear after the 
plant has been in the light for only 3 or 4 hours. 

Mature chloroplasts contain numerous copies of a 
circular plastid DNA molecule and the machinery for 
the replication, transcription, and translation of that 
genetic material (Gray, J. C., 1996). With the limited 
coding capacity (approximately 100 proteins) of the 
chloroplast, however, the vast majority of proteins 
involved with chloroplast biogenesis and function are 
encoded by the nuclear genome (Fulgosi and Soil, 2001). 
These proteins, which are synthesized on ribosomes in 
the cytosol, are targeted into the chloroplast as precur¬ 
sor proteins with the aid of an amino-terminal exten¬ 
sion referred to as a transit peptide. Each protein 
imported into the chloroplast contains a specific transit 
peptide. The transit peptide both targets the protein to 
the chloroplast and mediates import into the stroma 
where it is cleaved off after import (Fliigge, 1990; 
Smeekens et al., 1990; Theg and Scott, 1993). Transport 
across a thylakoid membrane is mediated by a second 
transit peptide unmasked when the first one is cleaved 
off (Cline et al., 1993; Keegstra and Cline, 1999). Evi¬ 
dence indicates that part of the chloroplastic protein 
machinery is derived from the endosymbiotic cyanobac- 
terial ancestor of chloroplasts (Reumann and Keegstra, 
1999; Bruce, 2000). 

In addition to regulatory traffic from the nucleus to 
the chloroplast, the chloroplasts transmit signals to the 
nucleus to coordinate nuclear and chloroplast gene 
expression. Moreover plastid signals also regulate the 
expression of nuclear genes for nonplastid proteins and 
for the expression of mitochondrial genes (see refer¬ 
ences in Rodermel, 2001). Chloroplasts are not only 
sites of photosynthesis; they are also involved in amino 
acid synthesis and fatty acid synthesis and provide space 
for the temporary storage of starch. 

Chromoplasts Contain Only Carotenoid Pigments 

Chromoplasts ( chroma , color) are also pigmented 
plastids (Fig. 2.11). Of variable shape, they lack chloro¬ 
phyll but synthesize and retain carotenoid pigments, 
which are often responsible for the yellow, orange, or 
red colors of many flowers, old leaves, some fruits, and 
some roots. Chromoplasts are the most heterogeneous 
category of plastids and are classified entirely on the 
structure of the carotenoid-bearing components present 
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A, chloroplasts along the cell wall in a leaf cell of sheperd’s purse ( Capsella bursa-pastor is). Mitochondria (m) are 
closely associated spatially with the chloroplasts. B, chloroplast with grana seen in profile. From a leaf of tobacco 
(Nicotiana tabacum). (B, from Esau, 1977.) 


in the mature plastid (Sitte et al., 1980). Most belong to 
one of four types: (1) globular chromoplasts , with 
many carotenoid-bearing plastoglobuli (Fig. 2.11A). 
Remnants of thylakoids also may be present. The plas¬ 
toglobuli often are concentrated in the peripheral 
stroma beneath the envelope (petals of Ranunculus 
repens and yellow fruits of Capsicum, perianth of 
Tulipa, Citrus fruit); (2) membranous chromoplasts, 
which are characterized by a set of up to 20 concentric 
(double) carotenoid-containing membranes (Fig. 2.11B) 


(Narcissus and Citrus sinensis petals); (3) tubular 
chromoplasts , in which the carotenoids are incorpo¬ 
rated into filamentous lipoprotein “tubules” (Fig. 2.11C) 
(red fruits of Capsicum, rose hypanthium; Tropaeolum 
petals; Knoth et al., 1986); (4) crystalline chromo¬ 
plasts, which contain crystalline inclusions of pure 
carotene (Fig. 2.1 ID) ((3-carotene in Daucus, carrot, 
roots and lycopene in Solanum lycopersicum, tomato, 
fruit). Carotene crystals, commonly called pigment 
bodies, originate within thylakoids and remain 
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FIGURE 2.10 

Chloroplast structure. A, with the light microscope grana within chloroplasts appear as dots. These chloroplasts are 
from a cotyledon of Solatium lycopersicum. B, an electron micrograph of a chloroplast from a bundle-sheath cell of 
a Zea leaf showing grana from the surface. (A, from Hagemann, I960.) 


surrounded by the plastid envelope during all stages 
of development. Globular chromoplasts are the most 
common type and are regarded as the oldest and most 
primitive in evolutionary terms (Camara et al., 1995). 

Chromoplasts may develop from previously existing 
green chloroplasts by a transformation in which the 
chlorophyll and thylakoid membranes of the chloroplast 
disappear and masses of carotenoids accumulate, as 
occurs during the ripening of many fruits (Ziegler et al., 
1983; Kuntz et al., 1989; Marano and Carrillo, 1991, 
1992; Cheung et al., 1993; Ljubesicet al., 1996). Interest¬ 
ingly these changes apparently are accompanied by the 
disappearance of plastid ribosomes and rRNAs but 
not of the plastid DNA, which remains unchanged 
(Hansmann et al., 1987; Camara et al., 1989; Marano and 
Carrillo, 1991). With the loss of plastid ribosomes 
and rRNAs, protein synthesis can no longer occur in 
the chromoplast, indicating that it is necessary for 
chromoplast-specific proteins to be coded for in the 
nucleus and then imported into the developing chromo¬ 
plast. Chromoplast development is not an irreversible 
phenomenon, however. For example, the chromoplasts 
of citrus fruit (Goldschmidt, 1988) and of the carrot root 
(Gronegress, 1971) are capable of reverse differentiation 
into chloroplasts; they lose the carotene pigment and 
develop a thylakoid system, chlorophyll, and photosyn¬ 
thetic apparatus. 

The precise functions of chromoplasts are not well 
understood, although at times they act as attractants to 
insects and other animals with which they coevolved, 
playing an essential role in the cross-pollination of flow¬ 


ering plants and the dispersal of fruit and seeds (Raven 
et al., 2005). 

Leucoplasts Are Nonpigmented Plastids 

Structurally the least differentiated of mature plastids, 
leucoplasts (Fig. 2.12) generally have a uniform granu¬ 
lar stroma, several nucleoids, and, despite reports to the 
contrary, typical 70S ribosomes. They lack an elaborate 
system of inner membranes (Carde, 1984; Miernyk, 
1989). Some store starch ( amyloplasts ; Fig. 2.13), 
others store proteins (proteinoplasts ), fats ( elaio- 
plasts ), or combinations of these products. Amyloplasts 
are classified as simple or compound (Shannon, 1989). 
Simple amyloplasts, such as those of the potato tuber, 
contain a single starch grain, whereas compound amy¬ 
loplasts contain several often tightly packed starch 
grains as in the endosperm of oats and rice. The starch 
grains of the potato tuber may become so large that the 
envelope is ruptured (Kirk and Tilney-Bassett, 1978). 
The compound amyloplasts in rootcaps play an essential 
role in gravity perception (Sack and Kiss, 1989; Sack, 
1997). 

All Plastids Are Derived Initially from Proplastids 

Proplastids are small, colorless plastids found in undif¬ 
ferentiated regions of the plant body such as root and 
shoot apical meristems (Mullet, 1988). Zygotes contain 
proplastids that are the ultimate precursors of all plas¬ 
tids within an adult plant. In most angiosperms the 
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FIGURE 2.11 


Types of chromoplasts. A, globular chromoplasts from Tagetes (marigold) petal; B, membranous chromoplast of 
Narcissus pseudonarcissus flower; C, tubular chromoplast of Palisota barteri fruit; D, crystalline chromoplast of 
Solatium lycopersicum fruit. Details: cr, crystalloids; ob, oil body. (B, reprinted from Hansmann et al., 1987. © 1987, 
with permission from Elsevier.; C, from Knoth et al., 1986, Fig. 7. © 1986 Springer-Verlag; D, from Mohr, 1979, by 
permission of Oxford University Press.) 


proplastids of the zygote come exclusively from the 
cytoplasm of the egg cell (Nakamura et al., 1992). In 
conifers, however, the proplastids of the zygote are 
derived from those carried by the sperm cell. In either 
case the consequence is that the plastid genome of an 
individual plant typically is inherited from a single 


parent. Since all the plastids in an adult plant are derived 
from a single parent, all plastids (whether chloroplasts, 
chromoplasts, or leucoplasts) within an individual 
plant have identical genomes (dePamphilis and Palmer, 
1989). Each proplastid contains a single circular DNA 
molecule. 
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FIGURE 2.12 

Leucoplasts clustered around the nucleus in epidermal 
cells of a Zebrina leaf. (x620.) 



FIGURE 2.13 

Amyloplast, a type of leucoplast, from the embryo sac 
of soybean (Glycine max). The round, clear bodies are 
starch grains. The smaller, dense bodies are oil bodies. 
Amyloplasts are involved with the synthesis and long¬ 
term storage of starch in seeds and storage organs, such 
as potato tubers. (Courtesy of Roland R. Dute.) 


As mentioned previously, plastids reproduce by 
binary fission, the process of dividing into equal halves, 
which is characteristic of bacteria (Oross and 
Possingham, 1989). In meristematic cells the division of 
proplastids roughly keeps pace with cell division. The 



Dividing chloroplast in Beta vulgaris leaf. Had the divi¬ 
sion process continued, the two daughter plastids would 
have separated at the narrow constriction, or isthmus. 
Three peroxisomes can be seen to the right of the 
constriction. 


proplastids must divide before the cells divide. The 
plastid population of mature cells typically exceeds that 
of the original proplastid population. The greater pro¬ 
portion of the final plastid population may be derived 
from the division of mature plastids during the period 
of cell expansion. Although plastid division apparently 
is controlled by the nucleus (Possingham and Lawrence, 
1983), a close interaction exists between plastid DNA 
replication and plastid division. 

Plastid division is initiated by a constriction in the 
middle of the plastid (Fig. 2.14). With continued narrow¬ 
ing of the constriction, the two daughter plastids come 
to be joined by a narrow isthmus, which eventually 
breaks. The envelope membranes of the daughter plas¬ 
tids then reseal. The constriction process is caused by 
contractile rings referred to as plastid-divlding rings, 
which are discernible with the electron microscope as 
electron-dense bands. There are two concentric plastid- 
dividing rings, an outer ring on the cytosolic face of the 
plastid outer membrane and an inner ring on the stromal 
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prolamellar thylakoid envelope 
body 

FIGURE 2.15 

Etiolated chloroplast with a prolamellar body in a leaf 
cell of sugarcane (Saccharum offtcinarum). Ribosomes 
are conspicuous in the plastid. (Courtesy of W. M. 
Laetsch.) 


face of the plastid inner membrane. Prior to the appear¬ 
ance of the plastid-dividing rings, two cytoskeletal-like 
proteins, FtsZl and FtsZ2—homologs of the bacterial cell 
division FtsZ protein—assemble into a ring at the future 
division site in the stroma within the plastid envelope. 
It has been suggested that the FtsZ ring determines the 
division region (Kuroiwa et al., 2002). Molecular analysis 
of chloroplast division indicates that the mechanism of 
plastid division has evolved from bacterial cell divi¬ 
sion (Osteryoung and Pyke, 1998; Osteryoung and 
McAndrew, 2001; Miyagishima et al., 2001). 

If the development of a proplastid into a more highly 
differentiated form is arrested by the absence of light, 
it may form one or more prolamellar bodies (Fig. 
2.15), which are quasi-crystalline bodies composed of 
tubular membranes (Gunning, 2001). Plastids contain¬ 
ing prolamellar bodies are called etioplasts (Kirk and 
Tilney-Bassett, 1978). Etioplasts form in leaf cells of 
plants grown in the dark. During subsequent develop¬ 
ment of etioplasts into chloroplasts in the light, the 
membranes of the prolamellar bodies develop into thy- 
lakoids. Carotenoid synthesis has been demonstrated to 
be required for the formation of prolamellar bodies in 
etiolated seedlings of Arabidopsis (Park et al., 2002). In 
nature, the proplastids in the embryos of some seeds 
first develop into etioplasts; then, upon exposure to 
light, the etioplasts develop into chloroplasts. The 
various kinds of plastids are remarkable for the relative 
ease with which they can change from one type to 
another (Fig. 2.16). 
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FIGURE 2.16 


Plastid developmental cycle, beginning with the devel¬ 
opment of a chloroplast from a proplastid (A). Initially 
the proplastid contains few or no internal membranes. 
B-D, as the proplastid differentiates, flattened vesicles 
develop from the inner membrane of the plastid enve¬ 
lope and eventually align themselves into grana and 
stroma thylakoids. E, the thylakoid system of the mature 
chloroplast appears discontinuous with the envelope. 
F, G, proplastids may also develop into chromoplasts 
and leucoplasts. The leucoplast shown here is a starch- 
synthesizing amyloplast. Note that chromoplasts may be 
formed from proplastids, chloroplasts, or leucoplasts. 
The various kinds of plastids can change from one type 
to another (dashed arrows). (From Raven et al., 2005.) 


Mitochondria, like plastids, are bounded by two mem¬ 
branes (Figs. 2.17 and 2.18). The inner membrane is 
convoluted inwardly into numerous folds known as 
cristae (singular: crista), which greatly increase the 
surface area available to enzymes and the reactions asso¬ 
ciated with them. Mitochondria are generally smaller 
than plastids, measuring about half a micrometer in 
diameter and exhibiting great variation in length and 
shape. 

Mitochondria are the sites of respiration, a process 
involving the release of energy from organic molecules 
and its conversion to molecules of ATP (adenosine 
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FIGURE 2.17 

Three-dimensional structure of a mitochondrion. The 
inner of the two membranes bounding the mitochon¬ 
drion fold inward, forming the cristae. Many of the 
enzymes and electron carriers involved in respiration 
are present in the cristae. (From Raven et al., 2005.) 



FIGURE 2.18 


Mitochondria. A, in a leaf cell of tobacco (Nicotiana 
tabacum). The envelope consists of two membranes, 
and the cristae are embedded in a dense stroma. B, 
mitochondrion in a leaf cell of spinach (Spinacia olerci- 
cea), in a section revealing some strands of DNA in the 
nucleoid. Detail: cw, cell wall. 


triphosphate), the principal immediate energy source 
for the cell (Mackenzie and McIntosh, 1999; M 0 ller, 
2001; Bowsher and Tobin, 2001). Within the innermost 
compartment, surrounding the cristae, is the matrix, a 
dense solution containing enzymes, coenzymes, water, 
phosphate, and other molecules involved with respira¬ 
tion. Whereas the outer membrane is fairly permeable 
to most small molecules, the inner one is relatively 
impermeable, permitting the passage of only certain 
molecules, such as pyruvate and ATP, while preventing 
the passage of others. Some enzymes of the citric-acid 
cycle are found in solution in the matrix. Other citric 
acid-cycle enzymes and the components of the electron- 
transport chain are built into the surfaces of the cristae. 
Most plant cells contain hundreds of mitochondria, the 
number of mitochondria per cell being related to the 
cell’s demand for ATP. 

Mitochondria are in constant motion and appear to 
move freely in the streaming cytoplasm from one part 
of the cell to another; they also fuse and divide by binary 
fission (Arimura et al., 2004), involving dividing rings 
reminiscent of the plastid-dividing rings (Osteryoung, 
2000). Movement of mitochondria in cultured cells of 
tobacco (Nicotiana tabacum) has been shown to 
involve an actin-myosin-based system (Van Gestel et al., 
2002). Mitochondria tend to congregate where energy 
is required. In cells in which the plasma membrane is 
very active in transporting materials into or out of the 
cell, the mitochondria often can be found arrayed along 
the membrane surface. 

Mitochondria, like plastids, are semiautonomous 
organelles, containing the components necessary for 
the synthesis of some of their own proteins. One or 
more DNA-containing nucleoids and many 70S ribo¬ 
somes similar to those of bacteria are found in the 
matrix (Fig. 2.18). The DNA is not associated with his¬ 
tones. Thus in plant cells genetic information is found 
in three different compartments: nucleus, plastid, and 
mitochondrion. The mitochondrial genomes of plants 
are much larger (200-2400 kb) than those of animals 
(14-42kb), fungi (18-176kb), and plastids (120-200kb) 
(Backert et al., 1997; Giege and Brennicke, 2001). Their 
structural organization is not fully understood. Linear 
and circular DNA molecules of variable size as well as 
more complex DNA molecules are consistently present 
(Backert et al., 1997). 

Mitochondria are widely accepted to have evolved 
from free-living a-proteobacteria through the process 
of endosymbiosis (Gray, 1989). As with the chloroplast, 
in the course of evolution the DNA of the mitochondria 
was massively transferred to the nucleus (Adams et al., 
2000; Gray, 2000). Evidence also indicates that 
some genetic information has been transferred from 
chloroplasts to mitochondria over long periods of evo¬ 
lutionary time (Nugent and Palmer, 1988; Jukes and 
Osawa, 1990; Nakazono and Hirai, 1993) and possibly 
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from the nucleus to the mitochondria (Schuster and 
Brennicke, 1987; Marienfeld et al„ 1999). Only about 30 
proteins are encoded in plant mitochondrial genomes. 
By contrast, about 4000 proteins encoded in the nucleus 
are estimated to be imported from the cytosol. Nuclear 
encoded mitochondrial proteins contain signal peptides 
called presequences at their N-terminus to direct them 
into the mitochondria (Braun and Schmitz, 1999; Mack¬ 
enzie and McIntosh, 1999; Giege and Brennicke, 
2001). 

Genetic information found only in mitochondrial 
DNA may have an effect on cell development. Most 
notable is cytoplasmic male sterility, a maternally inher¬ 
ited (mitochondrial DNA is maternally inherited) trait 
that prevents the production of functional pollen but 
does not affect female fertility (Leaver and Gray, 1982). 
Because it prevents self-pollination, the cytoplasmic 
male sterility phenotype has been widely used in the 
commercial production of F! hybrid seed (e.g., in maize, 
onions, carrots, beets, and petunias). 

Mitochondria have come to be regarded as key play¬ 
ers in the regulation of programmed cell death, called 
apoptosis, in animal cells (Chapter 5; Desagher and 
Martinou, 2000; Ferri and Kroemer, 2001; Finkel, 2001). 
A primary cellular trigger for apoptosis is the release of 
cytochrome c from the mitochondrial intermembrane 
space. Release of the cytochrome c appears to be a 
critical event for the activation of catabolic proteases 
called caspases (apoptosis-specific cysteine proteases). 
Although mitochondria may play a role in plant pro¬ 
grammed cell death, it is unlikely that released cyto¬ 
chrome c is involved in that process (Jones, 2000; Xu 
and Hanson, 2000; Young and Gallie, 2000; Yu et al., 
2002; Balk et al., 2003; Yao et al., 2004). 


I PEROXISOMES 

Unlike plastids and mitochondria, which are bounded 
by two membranes, peroxisomes (also called micro¬ 
bodies) are spherical organelles bounded by a single 
membrane (Figs. 2.14 and 2.19; Frederick et al., 1975; 
Olsen, 1998). Peroxisomes differ most notably from 
plastids and mitochondria, however, in their lack of 
DNA and ribosomes. Consequently all peroxisomal pro¬ 
teins are nuclear-encoded, and at least the matrix pro¬ 
teins are synthesized on ribosomes in the cytosol and 
then transported into the peroxisome. A subset of per¬ 
oxisomal membrane proteins might be targeted first to 
the endoplasmic reticulum, and from there to the organ¬ 
elle by vesicle-mediated transport (Johnson and Olsen, 
2001). Peroxisomes range in size from 0.5 to 1.5 pm. 
They lack internal membranes and have a granular inte¬ 
rior, which sometimes contains an amorphous or crys¬ 
talline body composed of protein. According to the 
prevailing view, peroxisomes are self-replicating organ¬ 


elles, new peroxisomes arising from preexisting ones 
by division. The existence of a vesicle-mediated pathway 
from the endoplasmic reticulum to the peroxisomes has 
led some workers to speculate that these organelles may 
also be generated de novo (Kunau and Erdmann, 1998; 
Titorenko and Rachubinski, 1998; Mullen et al., 2001), 
a view strongly challenged by others (Purdue and 
Lazarow, 2001). Biochemically peroxisomes are char¬ 
acterized by the presence of at least one hydrogen 
peroxide-producing oxidase and catalase for the 
removal of the hydrogen peroxide (Tolbert, 1980; Olsen, 
1998). As noted by Corpas et al. (2001), an important 
property of peroxisomes is their “metabolic plasticity,” 
in that their enzymatic content can vary, depending on 
the organism, cell type or tissue type, and environmen¬ 
tal conditions. Peroxisomes perform a wide array of 
metabolic functions (Hu et al., 2002). 

Two very different types of peroxisome have been 
studied extensively in plants (Tolbert and Essner, 1981; 
Trelease, 1984; Kindi, 1992). One of them occurs in 
green leaves, where it plays an important role in glycolic 
acid metabolism, which is associated with photorespi¬ 
ration, a process that consumes oxygen and releases 
carbon dioxide. Photorespiration involves cooperative 
interaction among peroxisomes, mitochondria, and 
chloroplasts; hence these three organelles commonly 
are closely associated spatially with one another (Fig. 
2.19A). The biological function of photorespiration 
remains to be determined (Taiz and Zeiger, 2002). 

The second type of peroxisome is found in the endo¬ 
sperm or cotyledons of germinating seeds, where it 
plays an essential role in the conversion of fats to car¬ 
bohydrates by a series of reactions known as the glyox- 
ylate cycle. Appropriately these peroxisomes are also 
called glyoxysomes. The two types of peroxisome are 
interconvertible (Kindi, 1992; Nishimura et al., 1993, 
1998). For example, during the early stages of germina¬ 
tion the cotyledons of some seeds are essentially 
deprived of light. As the cotyledons gradually become 
exposed to light, they may become green. With the 
depletion of fat and the appearance of chloroplasts, the 
glyoxysomes are converted to leaf-type peroxisomes. 
Glyoxysomal properties may reappear as the tissues 
undergo senescence. 

Several studies have revealed that plant peroxisomes, 
like plastids and mitochondria, are motile organelles 
whose movement is actin dependent (Codings et al., 
2002; Jedd and Chua, 2002; Mano et al., 2002; Mathur 
et al., 2002). The peroxisomes in leek ( Alliumporruni) 
and Arabidopsis have been shown to undergo dynamic 
movements along bundles of actin filaments (Codings 
et al., 2002; Mano et al., 2002), those in Arabidopsis 
reaching peak velocities approaching lOpm-s 1 (Jedd 
and Chua, 2002). Moreover the peroxisomes in Arabi¬ 
dopsis have been shown to be driven by myosin motors 
(Jedd and Chua, 2002). 
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FIGURE 2.19 



Organelles in leaf cells of sugar beet (Beta vulgaris , A) and tobacco (Nicotiana tabacum, B). The unit membranes 
enclosing the peroxisomes may be contrasted with the double-membraned envelopes of the other organelles. The 
peroxisome in B contains a crystal. Some ribosomes are perceptible in the chloroplast in A and in the mitochondrion 
in B. (From Esau, 1977.) 


I VACUOLES 

Together with the presence of plastids and a cell wall, 
the vacuole is one of the three characteristics that dis¬ 
tinguish plant cells from animal cells. As mentioned 
previously, vacuoles are organelles bounded by a single 
membrane, the tonoplast, or vacuolar membrane 
(Fig. 2.2). They are multifunctional organelles and are 
widely diverse in form, size, content, and functional 
dynamics (Wink, 1993; Marty, 1999). A single cell may 
contain more than one kind of vacuole. Some vacuoles 
function primarily as storage organelles, others as lytic 
compartments. The two types of vacuole can be char¬ 
acterized by the presence of specific tonoplast integral 
(intrinsic) proteins (TIPs): for example, whereas a-TIP 
is associated with the tonoplasts of protein-storage vacu¬ 


oles, y-TIP localizes to the tonoplasts of lytic vacuoles. 
Both types of TIP may colocalize to the same tonoplast 
of large vacuoles, apparently the result of merger of the 
two types of vacuole during cell enlargement (Paris 
et al., 1996; Miller and Anderson, 1999). 

Many meristematic plant cells contain numerous 
small vacuoles. As the cell enlarges, the vacuoles increase 
in size and fuse into a single large vacuole (Fig. 2.20). 
Most of the increase in size of the cell in fact involves 
enlargement of the vacuoles. In the mature cell as much 
as 90% of the volume may be taken up by the vacuole, 
with the rest of the cytoplasm consisting of a thin 
peripheral layer closely pressed against the cell wall. 
By filling such a large proportion of the cell with “inex¬ 
pensive” (in terms of energy) vacuolar contents, plants 
not only save “expensive” nitrogen-rich cytoplasmic 
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FIGURE 2.20 


Parenchyma cell from a tobacco (Nicotiana tabacum ) 
leaf, with its nucleus “suspended” in the middle of the 
vacuole by dense strands of cytoplasm. The dense gran¬ 
ular substance in the nucleus is chromatin. 


material but also acquire a large surface area between 
the thin layer of nitrogen-rich cytoplasm and the 
protoplast’s external environment (Wiebe, 1978). Being 
a selectively permeable membrane, the tonoplast is 
involved with the regulation of osmotic phenomena 
associated with the vacuoles. A direct consequence of 
this strategy is the development of tissue rigidity, one 
of the principal roles of the vacuole and tonoplast. 

The principal component of the non-protein-storing 
vacuoles is water, with other components varying 
according to the type of plant, organ, and cell and their 
developmental and physiological state (Nakamura and 
Matsuoka, 1993; Wink, 1993). In addition to inorganic 
ions such as Ca 2+ , CP, K + , Na + , NO, , and PC), 2 , such 
vacuoles commonly contain sugars, organic acids, and 
amino acids, and the aqueous solution commonly is 
called cell sap. Sometimes the concentration of a par¬ 
ticular substance in the vacuole is sufficiently great for 
it to form crystals. Calcium oxalate crystals, which can 
assume different forms (Chapter 3), are especially 



FIGURE 2.21 


Tannin-containing vacuole in leaf cell of the sensitive 
plant (Mimosa pudicci). The electron-dense tannin liter¬ 
ally fills the central vacuole of this cell. 


common. In most cases vacuoles do not synthesize the 
molecules that they accumulate but must receive them 
from other parts of the cytoplasm. The transport of 
metabolites and inorganic ions across the tonoplast is 
strictly controlled to ensure optimal functioning of the 
cell (Martinoia, 1992; Nakamura and Matsuoka, 1993; 
Wink, 1993). 

Vacuoles are important storage compartments for 
various metabolites. Primary metabolites—substances 
that play a basic role in cell metabolism—such as sugars 
and organic acids are stored only temporarily in the 
vacuole. In photosynthesizing leaves of many species, 
for example, much of the sugar produced during the day 
is stored in the mesophyll cell vacuoles and then moved 
out of the vacuoles during the night for export to other 
parts of the plant. In CAM plants, malic acid is stored 
in the vacuoles during the night and released from the 
vacuoles and decarboxylated during the day, the C0 2 
then becoming assimilated by the Calvin cycle in the 
chloroplasts (Kluge et al., 1982; Smith, 1987). In seeds, 
vacuoles are a primary site for the storage of proteins 
(Herman and Larkins, 1999). 

Vacuoles also sequester toxic secondary metabolites, 
such as nicotine, an alkaloid, and tannins, phenolic com¬ 
pounds, from the rest of the cytoplasm (Fig. 2.21). Sec¬ 
ondary metabolites play no apparent role in the plant’s 
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primary metabolism. Such substances may be seques¬ 
tered permanently in the vacuoles. A great many of the 
secondary metabolites accumulated in the vacuoles are 
toxic not only to the plant itself but also to pathogens, 
parasites, and/or herbivores, and therefore they play an 
important role in plant defense. Some of the secondary 
metabolites stored in the vacuoles are nontoxic but are 
converted upon hydrolysis to such highly toxic deriva¬ 
tives as cyanide, mustard oils, and aglycones when the 
vacuoles are ruptured (Matile, 1982; Boiler and Wiemken, 
1986). Thus detoxification of the cytoplasm and the 
storage of defensive chemicals may be regarded as addi¬ 
tional functions of vacuoles. 

The vacuole is often the site of pigment deposition. 
The blue, violet, purple, dark red, and scarlet colors of 
plant cells are usually caused by a group of pigments 
known as the anthocyanins. These pigments fre¬ 
quently are confined to epidermal cells. Unlike most 
other plant pigments (e.g., chlorophylls, carotenoids), 
the anthocyanins are readily soluble in water and are 
found in solution in the vacuole. They are responsible 
for the red and blue colors of many fruits (grapes, plums, 
cherries) and vegetables (radishes, turnips, cabbages), 
and a host of flowers (geraniums, delphiniums, roses, 
petunias, peonies), and presumably serve to attract 
animals for pollination and seed dispersal. Anthocyanin 
has been implicated with the sequestration of molybde¬ 
num in vacuoles of peripheral cell layers of Brassica 
seedlings (Hale et al., 2001). In a restricted number of 
plant families, another class of water-soluble pigments, 
the nitrogen-containing betalains, is responsible for 
some of the yellow and red colors. These plants, all 
members of the order Chenopodiales, lack anthocya¬ 
nins. The red color of beets and Bougainvillea flowers 
is due to the presence of betacyanins (red betalains). 
The yellow betalains are called betaxanthins (Piattelli, 
1981). 

Anthocyanins are also responsible for the brilliant 
red colors of some leaves in autumn. These pigments 
form in response to cold, sunny weather, when leaves 
stop producing chlorophyll. As the chlorophyll that is 
present disintegrates, the newly formed anthocyanins 
are unmasked. In leaves that do not form anthocyanin 
pigments, the breakdown of chlorophyll in autumn may 
unmask the more stable yellow-to-orange carotenoid 
pigments already present it the chloroplasts. The most 
spectacular autumnal coloration develops in years when 
cool, clear weather prevails in the fall (Kozlowski and 
Pallardy, 1997). 

What role is played by anthocyanins found in leaves? 
In red-osier dogwood (Cornus stolonifera), anthocya¬ 
nins form a pigment layer in the palisade mesophyll 
layer in autumn, decreasing light capture by the chloro¬ 
plasts prior to leaf fall. It has been suggested that this 
optical masking of chlorophyll by the anthocyanins 
reduces the risk of photo-oxidative damage to the leaf 


cells as they senesce, damage that otherwise might 
lower the efficiency of nutrient retrieval from the senesc- 
ing leaves (Feild et al., 2001). In addition to protecting 
leaves from photo-oxidative damage, evidence indi¬ 
cates that anthocyanins protect against photoinhibition 
(Havaux and Kloppstech, 2001; Lee, D. W., and Gould, 
2002; Steyn et al., 2002), a decline in photosynthetic 
efficiency resulting from excess excitation arriving at 
the reaction center of photosystem II. Photoinhibition 
is common in understory plants and occurs when they 
are suddenly exposed to patches of full sunlight (sun- 
flecks) that pass through momentary openings in the 
upper canopy as the leaves flutter in the breeze (Pearcy, 
1990). 

As lytic compartments, vacuoles are involved with 
the breakdown of macromolecules and the recycling of 
components within the cell. Entire organelles, such as 
senescent plastids and mitochondria, may be engulfed 
and subsequently degraded by vacuoles containing large 
numbers of hydrolytic and oxidizing enzymes. The large 
central vacuole can sequester hydrolases, which upon 
breakdown of the tonoplast can result in complete autol¬ 
ysis of the cytoplasm, as during programmed cell death 
of differentiating tracheary elements (Chapter 10). 
Because of this digestive activity the so-called lytic vacu¬ 
oles are comparable in function with the organelles 
known as lysosomes in animal cells. 

New vacuoles have long been considered to arise 
from dilation of specialized regions of the smooth ER or 
from vesicles derived from the Golgi apparatus. Most 
evidence supports de novo formation of vacuoles from 
the ER (Robinson, 1985; Hortensteiner et al., 1992; 
Herman et al., 1994). 

■ RIBOSOMES 

Ribosomes are small particles, only about 17 to 23 
nanometers in diameter (Fig. 2.22), consisting of protein 
and RNA (Davies and Larkins, 1980). Although the 
number of protein molecules in ribosomes greatly 
exceeds the number of RNA molecules, RNA constitutes 
about 60% of the mass of a ribosome. They are the sites 
at which amino acids are linked together to form pro¬ 
teins and are abundant in the cytoplasm of metaboli- 
cally active cells (Lake, 1981). Each ribosome consists 
of two subunits, one small and the other large, com¬ 
posed of specific ribosomal RNA and protein molecules. 
Ribosomes occur both freely in the cytosol and attached 
to the endoplasmic reticulum and outer surface of the 
nuclear envelope. They are by far the most numerous of 
cellular structures and are also found in nuclei, plastids, 
and mitochondria. As mentioned previously, the ribo¬ 
somes of plastids and mitochondria are similar in size 
to those of bacteria. 

Ribosomes actively involved in protein synthesis 
occur in clusters or aggregates called polysomes, or 
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FIGURE 2.22 

Ribosomes. A, in bundle-sheath cell of a maize (Zea 
mays') leaf. Arrow points to a bundle of actin filaments. 
B, a polysome (polyribosome) attached to the surface 
of endoplasmic reticulum in a tobacco (Nicotiana 
tabacum) leaf cell. (B, from Esau, 1977.) 


polyribosomes (Fig. 2.22), united by the messenger 
RNA molecules carrying the genetic information from 
the nucleus. The amino acids from which the proteins 
are synthesized are brought to the polysomes by transfer 
RNAs located in the cytosol. The synthesis of protein, 
known as translation, consumes more energy than any 
other biosynthetic process. That energy is provided by 
the hydrolysis of guanosine triphosphate (GTP). 

The synthesis of polypeptides (proteins) encoded by 
nuclear genes is initiated on polysomes located in the 
cytosol and follows one of two divergent pathways. (1) 
Those polysomes involved in the synthesis of polypep¬ 
tides destined for the endoplasmic reticulum become 
associated with the endoplasmic reticulum early in the 
translational process. The polypeptides and their associ¬ 
ated polysomes are directed to the endoplasmic reticu¬ 
lum by a targeting signal, or signal peptide, located at 
the amino end of each polypeptide. The polypeptides 
are transferred across the membrane into the lumen of 
the ER (or are inserted into it, in the case of integral 
proteins) as polypeptide synthesis continues. (2) Those 
polysomes involved with the synthesis of polypeptides 
destined for the cytosol or for import into the nucleus, 


mitochondria, plastids, or peroxisomes remain free in 
the cytosol. The polypeptides released from the free 
polysomes either remain in the cytosol or are targeted 
to the appropriate cellular component by a targeting 
sequence (Holtzman, 1992). Membrane-bound and free 
ribosomes are both structurally and functionally identi¬ 
cal, differing from one another only in the proteins they 
are making at any given time. 
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CHAPTER THREE 


The Protoplast: Endomembrane System. 
Secretory Pathuiays. Cytosheleton. and 
Stored Compounds 


IENDOMEMBRRNE SVSTEM 

In the previous chapter various components of the pro¬ 
toplast were considered in isolation. With the exception 
of mitochondrial, plastid, and peroxisomal membranes, 
however, all cellular membranes—including plasma 
membrane, nuclear envelope, endoplasmic reticulum 
(ER), Golgi apparatus, tonoplast (vacuolar membrane), 
and various kinds of vesicles—constitute a continuous, 
interconnected system. This system is known as the 
endomembrane system (Fig. 3-1), whose ER is the 
initial source of membranes (Morre and Mollenhauer, 
1974; Mollenhauer and Morre, 1980). Transition vesicles 
derived from the ER transport new membrane material 
to the Golgi apparatus, and secretory vesicles derived 
from the Golgi apparatus contribute to the plasma mem¬ 
brane. The ER and Golgi apparatus therefore constitute 
a functional unit, in which the Golgi apparatus serves 
as the main vehicle for the transformation of ER-like 
membranes into plasma membrane-like membranes. 

Transition vesicles budding off ER membranes close 
to Golgi bodies are only rarely encountered because of 
the low volume of protein transport between the ER and 


the Golgi bodies in most plant cells. Transition vesicles 
are commonly encountered, however, in cells that 
produce large quantities of globulin-type storage pro¬ 
teins (as in legumes) or secretory proteins. In such cells 
proteins travel via vesicle budding with subsequent 
fusion from the ER through the Golgi apparatus to arrive 
at the storage vacuoles or at the surface of the plasma 
membrane (Staehelin, 1997; Vitale and Denecke, 
1999). 

The Endoplasmic Reticulum Is a Continuous, 
Three-dimensional Membrane System That 
Permeates the Entire Cytosol 

In profile the ER appears as two parallel membranes 
with a narrow space, or lumen, between them. This 
profile of ER should not be confused with a single unit 
membrane. Each of the parallel ER membranes is itself 
a unit membrane. The form and abundance of the ER 
varies greatly from cell to cell, depending on the cell 
type, its metabolic activity, and its stage of development. 
For example, cells that store or secrete large quantities 
of proteins have abundant rough ER, which consists of 
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FIGURE 3.1 

A diagrammatic representation of the endomembrane system, which includes all membranes except mitochondrial, 
plastid, and peroxisomal membranes. This drawing depicts 16 types of endoplasmic reticulum (ER) domains. Note 
the secretory pathway depicted here, involving the endoplasmic reticulum, the Golgi stack, and trans -Golgi network 
(TGN). Other details: TV, transport vesicle; SV, secretory vesicle. (From Staehelin, 1997. © Blackwell Publishing.) 


flattened sacs, or cisternae (singular: cisterna), with 
numerous ribosomes on their outer surface. In contrast, 
cells that produce large quantities of lipidic compounds 
have extensive systems of smooth ER, which lacks 
ribosomes and is largely tubular in form. Both rough and 
smooth forms of ER occur within the same cell and are 
physically continuous. Rough and smooth ER are illus¬ 
trated in Fig. 3-2A and B, respectively. 

The ER is a multifunctional membrane system. 
Staehelin (1997) recognized 16 types of functional ER 
domains, or subregions, in plant cells (Fig. 3-1). Among 
those domains are the nuclear pores; the nuclear 
envelope-ER gates (connections); the transitional ER 
domain in the vicinity of Golgi bodies; a rough ER domain 
that acts as the port of entry of proteins into the secretory 
pathway; a smooth ER domain involved with the syn¬ 
thesis of lipidic molecules, including glycerolipids, 
isoprenoids, and flavonoids; protein body-forming and oil 
body-forming domains; a vacuole-forming domain; and 
the plasmodesmata (Fig. 3-2B), which traverse the 


common walls between cells and play an important role 
in cell-to-cell communication (Chapter 4). This list will 
continue to expand as more cells are investigated by 
advanced techniques. In 2001 two more domains were 
added to Staehelin’s list, a ricinosome-forming domain 
(Gietl and Schmid, 2001) and the “nodal ER” domain, 
which is unique to gravisensing columella rootcap cells 
(Zheng and Staehelin, 2001). Discovered in senescing 
endosperm of germinating castor bean (Ricinus commu¬ 
nis) seeds, the ricinosomes bud off the ER at the begin¬ 
ning of programmed cell death and deliver large amounts 
of a papin-type cysteine endopeptidase to the cytosol in 
the final stages of cellular disintegration. 

An extensive two-dimensional network of ER, con¬ 
sisting of interconnected cisternae and tubules, is 
located just inside the plasma membrane in the periph¬ 
eral, or cortical, cytoplasm (Fig. 3 3; Hepler et al., 1990; 
Knebel et al., 1990; Lichtscheidl and Hepler, 1996; Ridge 
et al., 1999). The membranes of this cortical ER are 
continuous with those of the ER lying deeper within the 
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FIGURE 3.2 

Endoplasmic reticulum (ER) seen in profile in leaf cells of tobacco (Nicotiana tabacum, A) and sugar beet (Beta 
vulgaris , B). The ER is associated with numerous ribosomes (rough ER) in A, with fewer in B. The largely smooth 
ER in B is connected to the electron dense cores (desmotubules) of plasmodesmata (seen only in part). Plasma mem¬ 
brane lines the plasmodesmatal canals. Note the three-layered appearance of tonoplast and plasma membrane in B. 
(From Esau, 1977.) 


cytosol, including those in the transvacuolar strands of 
highly vacuolated cells. As mentioned previously, the 
outer nuclear membrane is also continuous with the ER. 
Thus the rough and smooth ER along with the nuclear 
envelope form a membrane continuum that encloses a 
single lumen and pervades the entire cytosol. 

It has been suggested that the network of cortical ER 
serves as a structural element that stabilizes or anchors 
the cytoskeleton of the cell (Lichtscheidl et al., 1990). 
The cortical ER may function in Ca 2+ regulation; if so, it 
could play a profound role in a host of developmental 


and physiological processes (Hepler and Wayne, 1985; 
Hepler et al., 1990; Lichtscheidl and Hepler, 1996). 

Insights into the dynamic nature of the ER have come 
from studies of living cells, utilizing vital fluorescent 
dyes such as dihexyloxacarbocyanine iodide (DiOC) 
(Quader and Schnepf, 1986; Quader et al., 1989; Knebel 
et al., 1990), which stains endomembranes and, more 
recently, constructs delivering green fluorescent protein 
to the ER (Ridge et al., 1999). These studies have revealed 
that the ER membranes are in continuous motion and 
are constantly changing their shape and distribution 





48 | Esau’s Plant Anatomy, Third Edition 



FIGURE 3.3 


Four confocal scanning light micrographs of cortical ER membranes of tobacco BY-2 cells. The cells were grown and 
imaged in suspension culture in the presence of 10 pg of rhodamine 123 per ml. These micrographs, taken at 1 minute 
intervals, illustrate the changes that have taken place to the organization of the ER during this period of time. (From 
Hepler and Gunning, 1998.) 


(Fig. 3 3). The ER deeper in the cell moves more actively 
than the cortical ER, which although constantly restruc¬ 
tured, does not move with the rest of the ER or the 
organelles of the deeper streaming cytoplasm. The 
mobility of the cortical ER is limited by its presumed 
anchorage at plasmodesmata and by its adhesion to the 
plasma membrane (Lichtscheidl and Hepler, 1996). 

The Golgi Apparatus Is a Highly Polarized Membrane 
System Involved in Secretion 

The term Golgi apparatus refers collectively to all of 
the Golgi body- trans -GoIgi network complexes of a 
cell. Golgi bodies are also called dictyosomes or simply 
Golgi stacks. 

Each Golgi body consists of five to eight stacks of 
flattened cisternae, which often have bulbous and fenes¬ 
trated margins (Fig. 3.4). The Golgi stacks are polarized 
structures. The opposite surfaces or poles of a stack are 
referred to as cis- and trans- faces. Three morphologi¬ 
cally distinct cisternae may be recognized across the 
stack: cis-, medial-, and trans-c isternae, which differ 
from one another both structurally and biochemically 
(Driouich and Staehelin, 1997; Andreeva et al., 1998). 
The trans-Golgi network (TGN), a tubular reticulum 
with clathrin-coated and noncoated budding vesicles, is 
associated with the trans -face of the Golgi stack (Fig. 
3.1). Each Golgi-TGN complex is embedded in and sur¬ 
rounded by a ribosome-free zone called the Golgi 
matrix. 

Unlike the centralized Golgi of mammalian cells, the 
Golgi apparatus of plant cells consists of many separate 
stacks that remain functionally active during mitosis 
and cytokinesis (Andreeva et al., 1998; Dupree and 



tonoplast Golgi body plasma membrane 



FIGURE 3.4 

Golgi bodies from a tobacco (Nicotiana tabacum ) leaf. 
A, Golgi body in profile with the fenestrated trans -face 
toward the cell wall. B, Golgi body is seen from its 
fenestrated trans-ince. Some of the vesicles to be pinched 
off are coated. Detail: er, endoplasmic reticulum. (From 
Esau, 1977.) 
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Sherrier, 1998). In living cells, stacks tagged with green 
fluorescent protein can be observed along bundles of 
actin filaments that match precisely the architecture of 
the ER network (Boevink et al., 1998). The stacks have 
been observed undergoing stop-and-go movements, 
oscillating rapidly between directed movement and 
random “wiggling." Nebenfiihr et al. (1999) have postu¬ 
lated that the stop-and-go motion of the Golgi-TGN com¬ 
plexes is regulated by “stop signals” produced by ER 
export sites and locally expanding cell wall domains to 
optimize ER to Golgi and Golgi to cell wall trafficking. 
During mitosis and cytokinesis, the Golgi stacks redis¬ 
tribute to specific locations as cytoplasmic streaming 
stops (Chapter 4; Nebenfiihr et al., 2000). Just prior to 
mitosis, the number of Golgi stacks doubles by cisternal 
fission, which takes place in a cis-to-trans direction 
(Garcia-Herdugo et al., 1988). 

In most plant cells the Golgi apparatus serves two 
major functions: the synthesis of noncellulosic cell wall 
polysaccharides (hemicelluloses and pectins; Chapter 
4) and protein glycosylation. Evidence obtained through 
the use of polyclonal antibodies indicates that different 
steps in polysaccharide synthesis occur in different cis- 
ternae of the Golgi body (Moore et al., 1991; Zhang and 
Staehelin, 1992; Driouich et al., 1993). The different 
polysaccharides are packaged in secretory vesicles, 
which migrate to and fuse with the plasma membrane 
(exocytosis). The vesicles then discharge their contents 
and the polysaccharides become part of the cell wall. 
In enlarging cells the vesicles contribute to growth of 
the plasma membrane. 

The initial stage of protein glycosylation occurs in 
the rough ER. These glycoproteins then are transferred 
from the ER to the o's-face of the Golgi body via transi¬ 
tion vesicles (Bednarek and Raikhel, 1992; Holtzman, 
1992; Schnepf, 1993). The glycoproteins proceed step¬ 
wise across the stack to the trans-face and then are 
sorted in the TGN for delivery to the vacuole or for 
secretion at the cell surface. Polysaccharides destined 
for secretion at the cell surface are also packaged into 
vesicles at the TGN. A given Golgi body can process 
polysaccharides and glycoproteins simultaneously. 

Glycoproteins and complex polysaccharides destined 
for secretion into the cell wall are packaged in non- 
coated, or smooth-surfaced, vesicles, whereas hydro¬ 
lytic enzymes and storage proteins (water-soluble 
globulins) destined for vacuoles are packaged at the 
TGN into clathrin-coated vesicles and smooth, electron- 
dense vesicles, respectively (Herman and Larkins, 1999; 
Miller and Anderson, 1999; Chrispeels and Herman, 
2000). The formation of Golgi-derived dense vesicles 
is not restricted to the TGN, but may also occur in the 
c/s-cisternae (Hillmer et al., 2001). 

Some types of storage proteins (alcohol-soluble pro- 
lamins) form aggregates and are packaged into vesicles 
in the ER from where they are transported directly to 


the protein storage vacuoles, bypassing the Golgi 
(Matsuoka and Bednarek, 1998; Herman and Larkins, 
1999). In wheat, for example, a considerable amount of 
the prolamin aggregates directly into protein bodies 
(aleurone grains) within the rough ER, and then the 
protein bodies are transported intact to the vacuoles 
without Golgi involvement (Levanony et al., 1992). In 
maize, sorghum, and rice similarly formed protein 
bodies remain within the ER and are bounded by ER 
membranes (Vitale et al., 1993). 

The delivery of secretory vesicles to the plasma mem¬ 
brane by exocytosis must be balanced by the equivalent 
recycling of membranes from the plasma membrane by 
clathrin-mediated endocytosis (Battey et al., 1999; Marty, 
1999; Sanderfoot and Raikhel, 1999). Recycling is es¬ 
sential to support a functional endomembrane system 
(Battey et al., 1999). 

ICYTOSKELETON 

The cytoskeleton is a dynamic, three-dimensional 
network of protein filaments that extends throughout 
the cytosol and is intimately involved in many cellular 
processes, including mitosis and cytokinesis, cell expan¬ 
sion and differentiation, cell-to-cell communication, and 
the movement of organelles and other cytoplasmic com¬ 
ponents from one location to another within the cell 
(Seagull, 1989; Derksen et al., 1990; Goddard et al., 
1994; Kost et al., 1999; Brown and Lemmon, 2001; Kost 
and Chua, 2002; Sheahan et al., 2004). In plant cells it 
consists of at least two types of protein filaments: micro¬ 
tubules and actin filaments. The presence of intermedi¬ 
ate filaments, which occur in animal cells, has not been 
unequivocally demonstrated in plant cells. Immunofluo¬ 
rescence microscopy and, more recently, the use of 
green fluorescent protein tags to cytoskeletal proteins 
and confocal microscopy, have made it possible to 
examine the three-dimensional organization of the cyto¬ 
skeleton in both fixed and living cells, and have contrib¬ 
uted greatly to our understanding of both cytoskeletal 
structure and function (Lloyd, 1987; Staiger and Schliwa, 
1987; Flanders et al., 1990; Marc, 1997; Collings et al., 
1998; Kost et al., 1999; Kost et al., 2000). 

Microtubules Are Cylindrical Structures Composed of 
Tubulin Subunits 

Microtubules are cylindrical structures about 24 nano¬ 
meters in diameter and of varying lengths (Fig. 3-5). The 
lengths of cortical microtubules, that is, of microtubules 
located in the peripheral cytoplasm just inside the 
plasma membrane, generally correspond to the cross- 
sectional width of the cell facet with which they are 
associated (Barlow and Baluska, 2000). Each microtu¬ 
bule is composed of two different types of protein 
molecules, alpha (a) tubulin and beta ((3) tubulin. These 
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FIGURE 3.5 


Cortical microtubules (mt) in Allium cepa root tip cells 
seen in transverse (A) and longitudinal (B) views. Other 
detail: cw, cell wall. 


subunits come together to form soluble dimers (“two 
parts”), which then self-assemble into insoluble tubules. 
The subunits are arranged in a helix to form 13 rows, 
or “protofilaments,” around the core of lightly contrasted 
material. Within each protofilament the subunits are 
oriented in the same direction, and all of the protofila¬ 
ments are aligned in parallel with the same polarity; 
consequently the microtubule is a polar structure for 
which there can be designated plus and minus ends. 
The plus ends grow faster than the minus ends, and the 
ends of the microtubules can alternate between growing 
and shrinking states, a behavior called dynamic insta¬ 
bility (Cassimeris et al., 1987). Indeed microtubules are 
dynamic structures that undergo regular sequences of 
breakdown, re-formation, and rearrangement into new 
configurations, or arrays, at specific points in the cell 
cycle and during differentiation (Hush et al., 1994; 
Vantard et al., 2000; Azimzadeh et al., 2001). The most 
prominent cell-cycle arrays are the interphase cortical 


array, the preprophase band, the mitotic spindle, and 
the phragmoplast, which is located between the two 
newly formed daughter nuclei (Fig. 3-6; Chapter 4; 
Baskin and Cande, 1990; Barlow and Baluska, 2000; 
Kumagai and Hasezawa, 2001). 

Microtubules have many functions (Wasteneys, 
2004). In enlarging and differentiating cells, the cortical 
microtubules control the alignment of cellulose micro- 
fibrils that are being added to the wall, and the direction 
of cell expansion is governed, in turn, by this alignment 
of cellulose microfibrils in the wall (Chapter 4; Mathur 
and Hiilskamp, 2002). In addition microtubules that 
make up the fibers of the mitotic spindle play a role in 
chromosome movement, and those forming the phrag¬ 
moplast, probably with the help of kinesin-like motor 
proteins (Otegui et al., 2001), are involved it the forma¬ 
tion of the cell plate (the initial partition between divid¬ 
ing cells). 

During most of the cell cycle (interphase) microtu¬ 
bules radiate from all over the nuclear surface, which is 
the primary “nucleating site,” or microtubular orga¬ 
nizing center (MTOC) in the plant cell. Secondary 
MTOCs are located at the plasma membrane where they 
organize arrays of cortical microtubules, which are 
essential for ordered cell wall synthesis and hence for 
cellular morphogenesis (Wymer and Lloyd, 1996; Wymer 
et al., 1996). It has been suggested that the material 
comprising the secondary MTOCs is translocated to the 
cell periphery by the microtubules organized and radiat¬ 
ing from the nuclear surface (the primary MTOC) 
(Baluska et al., 1997b, 1998). y-Tubulin, which is found 
in all MTOCs, is believed to be essential for microtubule 
nucleation (Marc, 1997). 

Actin Filaments Consist of Two Linear Chains of Actin 
Molecules in the Form of a Helix 

Actin filaments, also called microfilaments and fila¬ 
mentous actin (F actin), are, like microtubules, polar 
structures with distinct plus and minus ends. They are 
composed of actin monomers that self-assemble into 
filaments and resemble a double-stranded helix, with an 
average diameter of 7 nanometers (Meagher et al., 1999; 
Staiger, 2000). Actin filaments occur singly and in 
bundles (Fig. 3-7). Actin filaments constitute a cytoskel- 
eton system that can assemble and function indepen¬ 
dently of microtubules (e.g., actin filaments drive 
cytoplasmic streaming and Golgi dynamics). However, 
in some instances actin and microtubules can work 
together to perform specific functions. Some actin fila¬ 
ments are associated spatially with microtubules and, 
like microtubules, form new configurations, or arrays, 
at specific points in the cell cycle (Staiger and Schliwa, 
1987; Lloyd, 1988; Baluska et al., 1997a; Codings et al., 
1998). In cells of the transition region—a postmitotic 
zone interpolated between the meristem and the rapidly 
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Interphase Preprophase band and spindle Mitotic spindle at metaphase Phragmoplast at telophase 


FIGURE 3.6 



Actin filaments. A, a bundle of actin filaments as revealed in an electron micrograph of a leaf cell of maize (Zea 
mays). B, several bundles of actin filaments as revealed in a fluorescence micrograph of a stem hair of tomato 
(Solatium lycopersicum). (B, from Parthasarathy et al., 1985.) 
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elongating region—of growing maize root tips, the 
nuclear surface and the cortical cytoplasm associated 
with the two end walls have been identified as the prin¬ 
cipal organizing regions of bundles of actin filaments 
(Baluska et al., 1997a). 

The actin cytoskeleton has been implicated in a 
variety of roles in plant cells, in addition to the causative 
role it plays—in association with myosin motor proteins 
(Shimmen et al., 2000)—in cytoplasmic streaming and 
in the movement of plastids, vesicles (Jeng and Welch, 
2001), and other cytoplasmic components. Other dem¬ 
onstrated or proposed roles include establishing cell 
polarity, division plane determination (by positioning 
the preprophase band), cell signaling (Drobak et al., 
2004), tip growth of pollen tubes and root hairs (Kropf 
et al., 1998), control of plasmodesmal transport (White 
et al., 1994; Ding et al., 1996; Aaziz et al., 2001), and 
mechanosensation processes such as touch responses of 
leaves (Xu et al., 1996) and the grasping of support- 
gyrating tendrils (Engelberth et al., 1995). 

I STORED COMPOUNDS 

All compounds stored by plants are products of metabo¬ 
lism. Sometimes collectively referred to as ergastic sub¬ 
stances, these compounds may appear, disappear, and 
reappear at different times in the life of a cell. Most are 
storage products, some are involved in plant defenses, 
and a few have been characterized as waste products. 
In most instances they form structures that are visible 
in light and/or electron microscopes, including starch 
grains, protein bodies, oil bodies, tannin-filled vacuoles, 
and mineral matter in the form of crystals. These sub¬ 
stances are found in the cell wall, in the cytosol, and in 
organelles, including vacuoles. 

Starch Develops in the Form of Grains in Plastids 

Next to cellulose, starch is the most abundant carbohy¬ 
drate in the plant world. Moreover it is the principal 
storage polysaccharide in plants. During photosynthesis 
assimilatory starch is formed in chloroplasts (Fig. 3-8). 
Later it is broken down into sugars, transported to 
storage cells, and resynthesized as storage starch in amy- 
loplasts (Fig. 3-9). As mentioned previously, an amylo- 
plast may contain one (simple) or more (compound) 
starch grains. If several starch grains develop together, 
they may become enclosed in common outer layers, 
forming a complex starch grain (Ferri, 1974). 

Starch grains, or granules, are varied in shape and 
size and commonly show layering around a point, the 
hilum , which may be the center of the grain or to one 
side (Fig. 3-9A). Fractures, often radiating from the 
hilum, appear during dehydration of the grains. All 
grains consist of two types of molecules, unbranched 
amylose chains and branched amylopectin molecules 



FIGURE 3.8 


A chloroplast containing assimilatory starch (s), from a 
mesophyll cell of the pigweed (Amaranthus retro- 
flexus ) leaf. During periods of intense photosynthesis 
some of the carbohydrate is stored temporarily in the 
chloroplast as grains of assimilatory starch. At night 
sucrose is produced from the starch and exported from 
the leaf to other parts of the plant, where it is eventually 
used for the manufacture of other molecules needed by 
the plant. (From Fisher and Evert, 1982. © 1982 by The 
University of Chicago. All rights reserved.) 


(Martin and Smith, 1995). The layering of starch grains 
is attributed to an alternation of these two polysaccha¬ 
ride molecules. The layering is accentuated when the 
starch grain is placed in water because of differential 
swelling of the two substances: amylose is soluble in 
water, and amylopectin is not. Amylose appears to be 
the predominant component of starch found in the 
leaves of sorghum (Sorghum bicolor ) and maize (Zea 
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FIGURE 3.9 

Starch grains of potato (Solarium tuberosum ) tuber photographed with ordinary light (A) and with polarized light 
(B). Arrows point to the hilum of some starch grains in A. In B the starch grains show the figure of a Maltese cross. 
The amyloplasts in potato each contain a single starch grain. (A, B, x620.) 


mays'), whereas the seeds contain 70% to 90% amylo- 
pectin (Vickery and Vickery, 1981). In potato tuber 
starch their proportion is 22% amylose and 78% amylo- 
pectin (Frey-Wyssling, 1980). Starch grains are com¬ 
posed of amorphous and crystalline regions, whose 
chains are held together by hydrogen bonds. Under 
polarized light, starch grains show a figure of a Maltese 
cross (Fig. 3-9B) (Varriano-Marston, 1983). Starch com¬ 
monly stains bluish-black with iodine in potassium 
iodide (I 2 KI). 

Storage starch occurs widely in the plant body. It is 
found in parenchyma cells of the cortex, pith, and vas¬ 
cular tissues of roots and stems; in parenchyma cells of 
fleshy leaves (bulb scales), rhizomes, tubers, corms, 
fruits, and cotyledons; and in the endosperm of seeds. 
Commercial starches are obtained from various sources 
as, for example, the endosperm of cereals, fleshy roots 
of the tropical Manihot esculenta (tapioca starch), 
tubers of potato, tuberous rhizomes of Maranta arun- 
dinacea (arrowroot starch), and stems of Metroxylon 
sagu (sago starch). 

The Site of Protein Body Assembly Depends on 
Protein Composition 

Storage proteins may be formed in different ways, 
depending in part upon whether they are composed 
of salt-soluble globulins or alcohol-soluble prolamins 
(Chrispeels, 1991; Herman and Larkins, 1999; Chrispeels 


and Herman, 2000). Globulins are the major storage 
proteins in legumes, and prolamins in most cereals. Typi¬ 
cally globulins aggregate in protein storage vacuoles 
after having been transported there from the rough ER 
via the Golgi apparatus. However, as indicated previ¬ 
ously, the Golgi apparatus is not necessarily involved 
with prolamin transport to the vacuoles in cereals. In 
wheat, for example, a considerable part of the prolamins 
aggregate directly into protein bodies (aleurone grains) 
within the rough ER and then are transported in distinct 
vesicles to the vacuoles without Golgi involvement (Leva- 
nony et al., 1992). In other cereals, such as maize, 
sorghum, and rice, similarly formed protein bodies are 
not transported to vacuoles, but remain within the rough 
ER and bounded by ER membranes (ER domain 8, Fig. 
3-1) (Vitale et al., 1993). Upon germination the stored 
proteins are mobilized by hydrolysis to provide energy, 
nitrogenous compounds, and minerals needed by the 
growing seedling. At the same time the protein storage 
vacuoles may function as lysosomal compartments, or 
autophagic organelles (Herman et al., 1981), taking up 
and digesting portions of the cytoplasm. As germination 
continues, the numerous small vacuoles may fuse to 
form one large vacuole. Although protein bodies are 
most abundant in seeds, they also occur in roots, stems, 
leaves, flowers, and fruits. 

Structurally the simplest protein bodies consist of an 
amorphous proteinaceous matrix surrounded by a 
bounding membrane. Other protein bodies may contain 
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one or more nonproteinaceous globoids (Fig. 3-10) or 
one or more globoids and one or more protein crystal¬ 
loids, in addition to the proteinaceous matrix. Protein 
bodies also contain a large number of enzymes and fair 
amounts of phytic acid, a cation salt of myo-inositol 
hexaphosphoric acid, which usually is stored in the 
globoids. Phytic acid is an important source of phospho¬ 
rous during seedling development. Some protein bodies 
contain calcium oxalate crystals (Apiaceae). 

Proteins may occur in the form of crystalloids in the 
cytosol as, for example, in parenchyma cells of the potato 
tuber, among starch grains of Musa, and in the fruit 
parenchyma of Capsicum. In the potato tuber the cuboi- 
dal protein crystals typically are found in subphellogen 
cells. The crystals apparently are formed within vesicles 
from which they may or may not be released into the 
cytosol at maturity (Marinos, 1965; Lyshede, 1980). Pro¬ 
teinaceous crystalloids also occur in the nuclei. Such 
nuclear inclusions are widespread in occurrence among 
vascular plants (Wergin et al., 1970). 


Oil Bodies Bud from Smooth ER Membranes by an 
Oleosin-mediated Process 

Oil bodies are more or less spherical structures that 
impart a granular appearance to the cytoplasm of a 
plant cell when viewed with the light microscope. In 
electron micrographs the oil bodies have an amorphous 
appearance (Fig. 3-10). Oil bodies are widely distributed 
throughout the plant body but are most abundant in 
fruits and seeds. Approximately 45% of the weight of 
sunflower, peanut, flax, and sesame seed is composed 
of oil (Somerville and Browse, 1991). The oil provides 
energy and a source of carbon to the developing 
seedling. 

Oil bodies, also known as spherosomes or oleosomes, 
arise by the accumulation oitriacylglycerol molecules 
at specific sites (ER domain 9, Fig. 3-1) in the interior of 
the ER lipid bilayer (Wanner and Thelmer, 1978; 
Ohlrogge and Browse, 1995). These lipid-accumulation 
sites are defined by the presence of 16 to 25 kDa integral 
membrane proteins known as oleosins, thumbtack-like 



FIGURE 3.10 

Immature vascular bundle, surrounded by storage parenchyma cells, in cotyledon of Arabidopsis thaliana embryo. 
Oil bodies (ob) and globoid-containing protein bodies (pb) occupy most of the volume of the procambial cells and 
storage parenchyma cells. Other details: st, immature sieve tube; v, immature vessel. (From Busse and Evert, 1999- 
© 1999 by The University of Chicago. All rights reserved.) 
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molecules that cause the oil bodies to bud into the 
cytosol (Huang, 1996). Each oil body is bounded by a 
phospholipid monolayer in which the oleosins are 
embedded (Sommerville and Browse, 1991; Loer and 
Herman, 1993)- The oleosins and phospholipids stabi¬ 
lize the oil bodies and prevent them from coalescing 
(Tzen and Huang, 1992; Cummins et al., 1993)- Main¬ 
taining the oil bodies as small entities ensures ample 
surface area for the attachment of lipases and rapid 
mobilization of the triacylglycerols when necessary. 

Storage lipids occur in all plant taxa and are probably 
present in every cell, at least in small amounts (Kiister, 
1956). Usually they are found in liquid form as oil bodies. 
Crystalline forms are rare. An example was reported for 
the endosperm of the palm Elais, in which the cells 
were filled with short needle-shaped crystals of fat 
(Kiister, 1956). (The distinction between fats and oils is 
primarily physical, fats being solid at room temperature 
and oils liquid.) So-called essential oils are volatile oils 
that contribute to the essence, or odor, of plants. They 
are made by special cells and excreted into intercellular 
cavities (Chapter 17). Oils and fats may be identified 
by a reddish color when they are treated with Sudan III 
or IV. 

Mention should be made of waxes, long-chain lipid 
compounds, that occur as part of the protective coating 
(cuticle) on the epidermis of the aerial parts of the 
primary plant body and on the inner surface of the 
primary wall of cork cells in woody roots and stems. 
These waxes constitute a major barrier to water loss 
from the surface of the plant (Chapter 9). By reducing 
the wetability of leaves, they also reduce the ability of 
fungal spores to germinate and of bacteria to grow, 
thereby reducing the possibility of these agents to cause 
disease. Most plants contain too little wax to be valuable 
for commercial use. Exceptions are the palm Coperni- 
cia cerifera, which yields the carnauba wax of 
commerce, and Simmondia chinensis (jojoba), the cot¬ 
yledons of which contain a liquid wax similar in quality 
to the oil of the sperm whale (Rost et al., 1977; Rost and 
Paterson, 1978). 

Tannins Typically Occur in Vacuoles but Also Are 
Found in Cell Walls 

Tannins are a heterogeneous group of polyphenolic 
substances, important secondary metabolites, with an 
astringent taste and an ability to tan leather. They 
usually are divided into two categories, hydrolyzable 
and condensed. The hydrolyzable tannins can be hydro¬ 
lyzed with hot, dilute acid to form carbohydrates 
(mainly glucose) and phenolic acids. The condensed 
tannins cannot be hydrolyzed. In some of their forms, 
tannins are quite conspicuous in sectioned material. 
They appear as coarsely or finely granular material or 
as bodies of various sizes colored yellow, red, or brown. 


No tissue appears to lack tannins completely. Tannins 
are abundant in leaves of many plants, in vascular 
tissues, in the periderm, in unripe fruits, in seed coats, 
and in pathologic growths like galls (Kiister, 1956). 
Typically they occur in the vacuole (Fig. 2.21) but 
apparently originate in the ER (Zobel, 1985; Rao, 1988). 
Tannins may be present in many cells of a given tissue 
or isolated in specialized cells (tannin idioblasts) scat¬ 
tered throughout the tissue (Gonzalez, 1996; Yonemori 
et al., 1997). In addition they may be located in much 
enlarged cells called tannin sacs or in tube-like cells 
(Chapter 17). 

Most of the vegetable extracts used for tanning come 
from a few eudicotyledonous plants, in particular, from 
the wood, bark, leaves, and/or fruit of species in the 
Anacardiaceae, Fabaceae, and Fagaceae (Haslam, 1981). 
Apparently the primary function of tannins is protec¬ 
tive, their astringency serving as a repellent to predators 
and an impediment to the invasion of parasitic organ¬ 
isms by immobilizing extracellular enzymes. Plants that 
produce and secrete substantial quantities of polyphe¬ 
nols, including tannins, may exclude other plant species 
from growing under them or in their near vicinity, a 
phenomenon known as allelopathy. Tannins released 
from leaves decaying in water are known to be harmful 
against some insects (Ayres et al., 1997), including phy¬ 
tophagous lepidopteran larvae (Barbehenn and Martin, 
1994). They apparently play an important role in habitat 
selection among mosquito communities from Alpine 
hydrosystems (Rey et al., 2000). 

Phenolic compounds, mainly tannins, were synthe¬ 
sized in increased amounts in the leaves of beech trees 
(Fagus sylvatica ) in response to environmental stress 
(Bussotti et al., 1998). They initially accumulated in the 
vacuoles, especially in those of the upper epidermis 
and palisade parenchyma. At a later stage the tannins 
appeared to be solubilized in the cytosol and retranslo¬ 
cated, eventually impregnating the outer epidermal cell 
walls. The impregnation of the walls by the tannins has 
been interpreted as an impermeabilization mechanism 
associated with a reduction in cuticular transpiration. 
The browning associated with growing jack pine ( Pinus 
banksiana) and eucalypt ( Eucalyptus pilularis ) roots 
has been shown to be due to the deposition of con¬ 
densed tannins in the walls of all cells external to the 
vascular cylinder (McKenzie and Peterson, 1995a, b). 
The epidermal and cortical cells in the brown “tannin 
zone” of the roots are dead. Condensed tannins also 
have been found in the phi thickenings of Ceratonia 
siliqua roots (Pratikakis et al., 1998). Phi thickenings 
are reticulate or band-like wall thickenings on cortical 
cells of certain gymnosperms (Ginkgoaceae, Araucaria- 
ceae, Taxaceae, and Cupressaceae; Gerrath et al., 2002) 
and a few species of angiosperms such as Ceratonia 
siliqua , Pyrus malus (Mains domestica), and Pelargo¬ 
nium hortorum (Peterson et al., 1981). 
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FIGURE 3.11 

Calcium oxalate crystals seen in polarized light. A, prismatic crystals in phloem parenchyma of root of Abies. B, 
raphides in leaf of Vitis. C, druses in cortex of stem of Tilia. (A, x500; B, C, X750.) 


Crystals of Calcium Oxalate Usually Develop in 
Vacuoles but Also Are Found in the Cell Wall 
and Cuticle 

Inorganic deposits in plants consist mostly of calcium 
salts and anhydrides of silica. Among the calcium salts, 
the most common is calcium oxalate, which occurs in 
the majority of plant families, notable exceptions being 
the Cucurbitaceae and some families of Liliales, Poales, 
and all Alismatidae (Prychid and Rudall, 1999). Calcium 
oxalate occurs as mono- and dihydrate salts in many 
crystalline forms. The monohydrate is the more stable 
and is more commonly found in plants than is the dihy¬ 
drate. The most common forms of calcium oxalate crys¬ 
tals are (1) prismatic crystals (Fig. 3-11A), variously 
shaped prisms, usually one per cell; (2) raphides (Figs. 
3.11B and 3-12A), needle-shaped crystals that occur in 
bundles; (3) druses (Figs. 3-11C and 3-12B), spherical 
aggregates of prismatic crystals; (4) styloids, elongated 
crystals with pointed or ridged ends, one or two to a 
cell; and (5) crystal sand, very small crystals, usually 
in masses. In some tissues calcium oxalate crystals arise 
in cells that resemble adjacent, crystal-free cells. In 
others, the crystals are formed in cells— crystal idio- 
blasts —specialized to produce crystals. Crystal idio- 
blasts contain an abundance of ER and Golgi bodies. 
Most crystal cells are probably alive at maturity. The 
location and type of calcium oxalate crystals within a 
given taxon may be very consistent and, hence, useful 
in taxonomic classification (Kiister, 1956; Prychid and 
Rudall, 1999; Pennisi and McConnell, 2001). 

Calcium oxalate crystals usually develop in va¬ 
cuoles. The period of crystal cell differentiation may 



FIGURE 3.12 


Scanning electron micrographs (A) of raphide bundle 
isolated from grape (Vitis mustangensis) fruit and (B) 
druses from Cercis canadensis epidermal cells. (A, from 
Arnott and Webb, 2000. © 2000 by The University of 
Chicago. All rights reserved.; B, courtesy of Mary Alice 
Webb.) 
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correspond to that of neighboring cells, precede that of 
neighboring cells, or occur belatedly. The latter phe¬ 
nomenon is common in the nonconducting phloem in 
the bark of many trees and is associated with belated 
sclerification of many of the same cells (Chapter 14). 
Crystal formation commonly is preceded by the forma¬ 
tion of some type of membrane system, or complex, that 
arises de novo in the vacuole and forms one or more 
crystal chambers (Franceschi and Horner, 1980; Arnott, 
1982; Webb, 1999; Mazen et al., 2003). In raphide cells 
each crystal is included in an individual chamber (Fig. 
3.13; Kausch and Horner, 1984; Webb et al., 1995). In 
addition to the crystals the vacuoles may contain muci¬ 
lage (Kausch and Horner, 1983; Wang et al., 1994; Webb 
et al., 1995). A further stage of development may involve 
the deposition of a cell wall around the crystal, com¬ 
pletely isolating the crystal from the protoplast (Ilarslan 
et al., 2001). 

Horner and Wagner (1995) recognized two general 
systems of vacuolar crystal formation based in part on 
the presence or absence of membrane complexes in the 
vacuoles. System I, which is exemplified by the druses 
in Capsicum and Vitis, the raphides in Psychotria, and 
crystal sand in Beta, all eudicotyledons, is characterized 
by the presence of vacuolar membrane complexes and 
of organic paracrystalline bodies that display subunits 
with large periodicity. System II, which is characterized 
by the absence of vacuolar membrane complexes and 
the presence of paracrystalline bodies with closely 
spaced subunits, is exemplified by the raphide crystal 
idioblasts in Typha, Vanilla , Yucca (Horner and Wagner, 
1995), and Dracaena (Pennisi et al., 2001b), all 
monocots. 

Although uncommon in flowering plants, deposition 
of crystals in the cell wall and cuticle rather than in 


vacuoles is of frequent occurrence in conifers (Evert 
et al., 1970; Oladele, 1982). Among the angiosperms, 
calcium oxalate crystals have been reported in the 
cuticle of Causarina equisetifolia (Pant et al., 1975) and 
of some Aizoaceae (Oztig, 1940), between the primary 
epidermal cell wall and the cuticle in Dracaena (Pennisi 
et al., 2001a), and between the primary and secondary 
walls of the astrosclereids in Nymphaea and Nuphar 
(Arnott and Pautard, 1970; Kuo-Huang, 1990). In both 
the epidermal cells of Dracaena sanderiana (Pennisi 
et al., 2001a) and the crystal-forming sclereids of the 
Nymphaea tetragona leaf each “extracellular” crystal 
arises in a crystal chamber bounded by a sheath initially 
connected with the plasma membrane (Kuo-Huang, 
1992; Kuo-Huang and Chen, 1999). After the crystals are 
formed in the Nymphaea sclereids, a thick secondary 
wall is deposited and the crystals are embedded between 
the primary and secondary cell walls. 

Calcium oxalate formation has been shown to be 
a rapid and reversible process in Lemuel minor 
(Franceschi, 1989). With an increase in the exogenous 
calcium concentration, crystal bundles formed in cells 
of the root within 30 minutes of the induction stimulus. 
With the source of calcium limited, the recently formed 
crystal bundles dissolved over a period of three hours. 
Obviously calcium oxalate formation is not a “dead-end 
process.” The results of this study and of others (Kostman 
and Franceschi, 2000; Volk et al., 2002; Mazen et al., 
2003) indicate that crystal formation is a highly con¬ 
trolled process and may provide a mechanism for regu¬ 
lating calcium levels in plant organs. The raphide 
idioblasts of Pistia stratiotes have been shown to be 
enriched with the calcium-binding protein calreticu- 
lum, which occurs in subdomains of the ER (Quitadamo 
et al., 2000; Kostman et al., 2003; Nakata et al., 2003). 



FIGURE 3.13 

Crystal chambers in vacuole of a developing crystal cell in leaf of grape ( Vitis vulpina) as seen with transmission 
electron microscope. The holes seen here were each occupied by a raphide (r). Each raphide is surrounded by a 
crystal chamber membrane (arrow). (From Webb et al., 1995. © Blackwell Publishing.) 
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It has been proposed that the calreticulum is involved 
with keeping cytosolic calcium activity low, while 
allowing for a rapid accumulation of calcium used for 
calcium oxalate formation (Mazen et al., 2003; Nakata 
et al., 2003). Other functions attributed to the calcifica¬ 
tion process include the removal of oxalate in plants 
unable to metabolize oxalate, protection against her- 
bivory (Finley, 1999; Saltz and Ward, 2000; Molano- 
Flores, 2001), as a storage source of calcium (Ilarslan et 
al., 2001; Volk et al., 2002), the detoxification of heavy 
metals (see literature cited in Nakata, 2003), addition of 
mechanical strength, and addition of weight to the 
tissue. The weight added to tissue by calcium oxalate 
can be substantial. Eighty-five percent of the dry weight 
of some cacti reportedly consists of calcium oxalate 
(Cheavin, 1938). 

Two types of raphide idioblasts occur in the leaves 
of Colocasia esculenta (taro; Sunell and Healey, 1985) 
and Dieffenbachia maculata (dumbcane; Sakai and 
Nagao, 1980): defensive and nondefensive. The defen¬ 
sive raphide idioblasts forcibly eject their “needles” 
through thin-walled papillae at the ends of the cells 
when the aroids (Araceae) are eaten or handled fresh. 
The nondefensive raphide idioblasts are not involved in 
the irritative property of aroids. The acridity of raphides 
from the edible aroids, including taro, may be due to the 
dual action of the sharp raphides puncturing soft skin 
and the presence of an irritant (a protease) in the raph¬ 
ides that causes swelling and soreness (Bradbury and 
Nixon, 1998). Pauli et al. (1999) report, however, that 
the acridity is due entirely to an irritant (a 26 kDa 
protein, possibly a cysteine proteinase) found on the 
surface of the raphides. 

Calcium carbonate crystals are not common in 
seed plants. The best known calcium carbonate forma¬ 
tions are cystoliths ( kustis, bag; lithos, stone), which 
are formed in specialized enlarged cells called litho- 
cysts of the ground parenchyma and epidermis (Fig. 
3.14; Chapter 9). The cystolith develops outside the 
plasma membrane in association with the cell wall of 
the lithocyst. Callose, cellulose, silica, and pectic sub¬ 
stances also enter into the composition of cystoliths 
(Eschrich, 1954; Metcalfe, 1983), which are confined to 
a limited number (14) of plant families (Metcalfe and 
Chalk, 1983). 


Silica Most Commonly Is Deposited in Cell Walls 

Among the seed plants the heaviest and most character¬ 
istic deposits of silica occur in the grasses (Poaceae), 
where they may account for 5% to 20% of the shoot’s 
dry weight (Lewin and Reimann, 1969; Kaufman et al., 
1985; Epstein, 1999). A record high silica content (41% 
on a dry weight basis) has been reported in the leaves 
of Sasa veitchii (Bambusoideae), which accumulate 
silica continuously throughout their life of about 24 



FIGURE 3.14 


Calcium carbonate crystal. Transverse section of upper 
portion of rubber plant ( Ficus elasticd) leaf blade showing 
club-shaped cystolith in enlarged epidermal cell, the lith¬ 
ocyst. The cystolith consists mostly of calcium carbonate 
deposited on a cellulose stalk. (X155.) 


months (Motomura et al., 2002). Silica deposits also 
occur in the roots of grasses (Sangster, 1978). In general, 
monocots take up and deposit more silicon than eudi- 
cots. Silicon accumulation in plants contributes to the 
strength of stems and provides resistance to attack by 
pathogenic fungi and predaceous chewing insects and 
other herbivores (McNaughton and Tarrants, 1983). 
Silica often forms bodies, termed silica bodies or phy- 
toliths, within the lumen of the cell (Chapter 9). In the 
rind of Cucurbita fruits lignification and phytolith for¬ 
mation appear to be genetically linked, both being 
determined by a genetic locus called hard rind (Hr) 
(Piperno et al., 2002). Together with lignification of the 
rind, the production of phytoliths by the rind provides 
additional mechanical defense for the fruit. 
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CHAPTER FOUR 





The presence of a cell wall, above all other characteris¬ 
tics, distinguishes plant cells from animal cells. Its pres¬ 
ence is the basis of many of the characteristics of plants 
as organisms. The cell wall is rigid and therefore limits 
the size of the protoplast, preventing rupture of the 
plasma membrane when the protoplast enlarges follow¬ 
ing the uptake of water. The cell wall largely determines 
the size and shape of the cell, the texture of the tissue, 
and the final form of the plant organ. Cell types are 
often identified by the structure of their walls, reflecting 
the close relationship between cell wall structure and 
cell function. 

Once regarded as merely an outer, inactive product 
of the protoplast, the cell wall is now recognized as a 
metabolically dynamic compartment having specific 
and essential functions (Bolwell, 1993; Fry, 1995; Carpita 
and McCann, 2000). Accordingly the primary cell 
wall—the wall layers formed chiefly while the cell is 
increasing in size—has been variously characterized as 
a “vital" or “indispensable organelle" (Fry, 1988; Hoson, 
1991; McCann et al., 1990), a “special subcellular 
compartment outside the plasma membrane” (Satiat- 
Jeunemaitre, 1992), and a “vital extension of the cyto¬ 


plasm” (Carpita and Gibeaut, 1993). Cell walls contain 
a variety of enzymes and play important roles in absorp¬ 
tion, transport, and secretion of substances in plants. 
Experimental evidence indicates that molecules released 
from cell walls are involved in cell-to-cell signaling, 
influencing cellular differentiation (Fry et al., 1993; 
Mohnen and Hahn, 1993; Pennell, 1998; Braam, 1999; 
Liskova et al., 1999). 

In addition the cell wall may play a role in defense 
against bacterial and fungal pathogens by receiving and 
processing information from the surface of the patho¬ 
gen and transmitting this information to the plasma 
membrane of the host cell. Through gene-activated pro¬ 
cesses, the host cell may become resistant to attack 
through the production of phytoalexins —antibiotics 
that are toxic to the pathogens (Darvill and Albersheim, 
1984; Bradley et al., 1992; Hammerschmidt, 1999)—or 
through the deposition of substances such as lignins, 
suberin, or callose, which may act as passive barriers to 
invasion (Vance et al., 1980; Perry and Evert, 1983; 
Pearce, 1989; Thomson et al., 1995). 

Conceptually botanists long have considered the cell 
wall to be an integral part of the plant cell. However, 
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many plant cell biologists have adopted the terminology 
of animal cell biologists and refer to the cell wall as an 
“extracellular matrix,” indicating that the cell wall lies 
outside the plant cell (Staehelin, 1991; Roberts, 1994). 
There are many compelling reasons not to adopt the term 
extracellular matrix for the plant cell wall (Robinson, 
1991; Reuzeau and Pont-Lezica, 1995; Connolly and 
Berlyn, 1996). For example, the extracellular matrix of 
animal cells is completely different from the plant cell 
wall, the former relying on proteins for their matrix and 
the latter largely on polysaccharides; an animal cell is not 
defined by the extracellular matrix it shares with adjacent 
cells in the tissue, whereas the plant cell is defined by the 
wall made by its protoplast; animal cells are not fixed 
spatially but can move into a preexisting extracytoplas- 
mic milieu, whereas plant cells cannot change their posi¬ 
tion within a common “extracellular matrix”; the presence 
of a cell wall is prerequisite for plant cell division; for a 
plant cell to grow and divide, the wall must also grow 
and divide (Suzuki et al., 1998). Moreover, as noted by 
Connolly and Berlyn (1996), the term extracellular matrix 
leads to confusion that is avoided by the use of well- 
established cell wall terms (discussed in this chapter). 
The term cell wall will continue to be used in this book 
to refer to this distinctive cellulosic component of the 
plant cell. 


IMflCROMQLECULflR COMPONENTS OF THE CELL WALL 

Cellulose Is the Principal Component of Plant 
Cell Walls 

The principal component of plant cell walls is cellu¬ 
lose, a polysaccharide with the empirical formula 
(C 6 H 10 O 5 ) n . Its molecules are linear chains of (1—>4)(3- 
linked-D-glucan (repeating monomers of glucose 
attached end to end) (Fig. 4.1). These long, thin cellu¬ 
lose molecules tend to hydrogen bond together to form 
microfibrils. Considerable variation exists in the litera¬ 
ture with respect to the diameter of microfibrils. Most 
values are in the range of 4 to 10 nanometers, although 
values as small as 1 and 2 nanometers (Preston, 1974; 
Ha et al., 1998; Thimm et al., 2002) and as large as 25 
nanometers have been recorded (Thimm et al., 2000). 
The diameter of cellulose microfibrils apparently is 
highly dependent on the water content of the portion 
of wall being examined. Microfibrils of hydrated walls 
appear smaller than those of dehydrated walls (Thimm 
et al., 2000). Water, located mainly in the matrix (see 
below), makes up about two-thirds of the wall mass in 
growing tissues. 

The cellulose microfibrils wind together to form fine 
threads that coil around one another like strands in a 
cable. Each “cable,” or macrofibril, which is visible 
with a light microscope, measures about 0.5 micrometer 



FIGURE 4.1 


Detailed structure of cell walls. A, strand of fiber cells. 
B, transverse section of liber cells showing gross layer¬ 
ing: a layer of primary wall and three layers of second¬ 
ary wall. C, fragment from the middle layer of the 
secondary wall showing microhbrils (white) of cellulose 
and interfibrillar spaces (black), which are filled with 
noncellulosic materials. D, fragment of a macrofibril 
showing microhbrils (white), which may be seen in 
electron micrographs. The spaces among microhbrils 
(black) are filled with noncellulosic materials. E, struc¬ 
ture of microhbrils: chain-like molecules of cellulose, 
which in some parts of microhbrils are orderly arranged. 
These parts are the micelles. F, fragment of a micelle 
showing parts of chain-like cellulose molecules arranged 
in a space lattice. G, two glucose residues connected by 
an oxygen atom—a fragment of a cellulose molecule. 
(From Esau, 1977.) 

wide and can reach four to seven micrometers in length 
(Fig. 4.1). Cellulose molecules wound in this fashion 
have a tensile strength (breaking strength) approaching 
that of steel (50-160 kg/mm 2 ) (Frey-Wyssling, 1976). Cel¬ 
lulose microhbrils constitute 20% to 30% of the dry 
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weight of a typical primary wall and 40% to 60% of that 
of the secondary wall of wood cells. 

Cellulose has crystalline properties resulting from 
the orderly arrangement of cellulose molecules in the 
microfibrils (Smith, B. G., et al., 1998). Such arrange¬ 
ment is restricted to parts of the microfibrils that are 
referred to as micelles. Less regularly arranged glucose 
chains occur between and around the micelles and 
constitute the paracrystalline regions of the microfibril. 
The crystalline structure of cellulose makes the cell 
wall anisotropic and, consequently, doubly refractive 
(birefringent) when viewed with polarized light 
(Fig. 4.2). 

The Cellulose Microfibrils Are Embedded in a Matrix 
of Noncellulosic Molecules 

The cellulose microfibrils of the wall are embedded in 
a cross-linked matrix of noncellulosic molecules. These 
molecules are the polysaccharides known as hemicellu- 
loses and pectins, as well as the structural proteins 
called glycoproteins. 

Principal Hemicelluoses Hemicellulose is a general 
term for a heterogeneous group of noncrystalline 
glycans that are tightly bound in the cell wall. The 
hemicelluloses vary greatly in different cell types and 
among taxa. Generally, one hemicellulose dominates 
in most cell types, with others present in smaller 
amounts. 


Xyloglucans are the principal hemicelluloses of the 
primary cell walls of eudicots and about one-half of the 
monocots (Carpita and McCann, 2000), comprising 
about 20% to 25% of their dry weight (Kato and Matsuda, 
1985). The xyloglucans consist of linear chains of (1—» 
4)(3-D-glucan as in cellulose, with short side chains con¬ 
taining xylose, galactose, and often a terminal fucose 
(McNeil et al., 1984; Fry, 1989; Carpita and McCann, 
2000). Most of the xyloglucans apparently are tightly 
hydrogen-bonded with cellulose microfibrils (Moore 
and Staehelin, 1988; Hoson, 1991). Being tightly bound 
to the cellulose microfibrils, xyloglucan potentially 
limits the extensibility of the cell wall by tethering adja¬ 
cent microfibrils and, hence, may play a significant role 
in regulating cell enlargement (Levy and Staehelin, 
1992; Cosgrove, 1997, 1999). 

Degradative by-products of xyloglucans (xyloglucan- 
derived oligosaccharides) exert a hormone-like anti¬ 
auxin effect on cell growth (Fry, 1989; McDougall and 
Fry, 1990). In addition in the seeds of some eudicots, for 
example, nasturtium ( Tropaeolum ), Impatiens , and 
Annona , xyloglucans located in thick cell walls consti¬ 
tute the principal storage carbohydrate (Reid, 1985). 
Xyloglucans apparently are lacking in the secondary cell 
walls (wall layers deposited inside the primary wall) of 
xylem elements (Fry, 1989). 

Primary cell walls in which the principal hemicellu¬ 
loses are xyloglucans have been designated Type I 
walls (Carpita and Gibeaut, 1993; Darley et al., 2001). 



FIGURE 4.2 

Sclereid from the root cortex of fir (Abies'), as seen with nonpolarized (A) and polarized (B) light. Because of the 
crystalline nature of cellulose, the cell wall shows double refraction and appears bright in polarized light (B). The 
wall has concentric lamellation. (From Esau, 1977.) 
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The principal hemicelluloses in the primary cell walls 
of the commelinoid line of monocots (including the 
Poales, Zingiberales, Commelinales, and Arecales) are 
glucuronoarabinoxylans, which are characterized by 
a (1—>4)[3-D-xylose backbone. The glucuronoarabinox¬ 
ylans, like the xyloglucans, can hydrogen bond to cel¬ 
lulose and to each other. The primary walls of the Poales 
are distinguished from those of other commelinoid 
monocots by the presence of mixed-linked. (1—>3), (1 —> 
4)(3-D-glucans (Carpita, 1996; Buckeridge et al., 1999; 
Smith, B. G., and Harris, 1999; Trethewey and Harris, 
2002). The commelinoid cell walls have been desig¬ 
nated Type II walls (Carpita and Gibeaut, 1993; Darley 
et al., 2001). 

Xylans are the major noncellulosic polysaccharides 
of the secondary walls of all angiosperms (Bacic et al., 
1988; Awano et al., 2000; Awano et al., 2002). Gluco- 
mannans form the major hemicelluloses of the second¬ 
ary cell walls of gymnosperms (Brett and Waldron, 
1990). 

Pectins The pectins are probably the most chemi¬ 
cally diverse of the noncellulosic polysaccharides (Bacic 
et al., 1988; Levy and Staehelin, 1992; Willats et al., 
2001). They are characteristic of the primary walls of 
eudicots and to a lesser extent of monocots. Pectins may 
account for 30% to 50% of the dry weight of the primary 
walls of eudicots compared with only 2% to 3% that of 
monocots (Goldberg et al., 1989; Hayashi, 1991). The 
grasses often contain only trace amounts of pectin (Fry, 
1988). Pectins may be lacking from secondary walls 
entirely. 

Two fundamental constituents of pectins are polyga- 
lacturonic acid and rhamnogalacturonan. They and 
the other pectin constituents form a gel in which the 
cellulose-hemicellulose network is embedded (Roberts, 
1990; Carpita and Gibeaut, 1993). 

Pectins are highly hydrophilic and are best known 
for their ability to form gels. The water that is intro¬ 
duced into the wall by pectins imparts plastic proper¬ 
ties to the wall and modulates the ability of the wall to 
be stretched (Goldberg et al., 1989). The cell walls of 
meristems are especially low in Ca 2+ , but the amount 
increases markedly in the walls of meristem derivatives 
as they elongate and differentiate. Extensive Ca 2+ cross- 
linking of pectins occurs after cell elongation is com¬ 
pleted, precluding further stretching. Evidence also 
exists for boron cross-linking of pectin (Blevins and 
Lukaszewski, 1998; Matoh and Kobayashi, 1998; Ishii 
et al., 1999). 

It appears that the porosity of the cell wall is deter¬ 
mined largely by the organization of the pectins rather 
than by the cellulose or hemicelluloses (Baron-Epel 
et al., 1988). The diameters of pores range from about 
4.0 to 6.8 nanometers (Carpita et al., 1979; Carpita, 1982; 
Baron-Epel et al., 1988), which would allow the passage 


of substances such as salts, sugars, amino acids, and 
phytohormones. Molecules with diameters larger than 
those of the pores would be impeded in their ability to 
penetrate such walls. The wall is an effective physical 
barrier against most potentially pathogenic organisms. 
Its pores are too small to permit even viruses to pene¬ 
trate it to the protoplast (Brett and Waldron, 1990). 
Pectic breakdown fragments may play a role as signaling 
molecules (Aldington and Fry, 1993; Fry et al., 1993). 

Proteins In addition to the polysaccharides described 
above, the cell wall matrix may contain structural pro¬ 
teins (glycoproteins). Structural proteins make up about 
10% of the dry weight of many primary walls. Among 
the major classes of structural proteins are the hydroxy- 
proline-rich proteins (HRGPs), the proline-rich 
proteins (PRPs), and the glycine-rich proteins 
(GRPs). Structural proteins are highly specific for 
certain cell types and tissues (Ye and Varner, 1991; 
Keller, 1993; Cassab, 1998). Relatively little is known 
about their biological function. 

The best characterized structural proteins are the 
extensins, a family of HRGPs, so named because they 
were originally assumed to be involved with the cell 
wall’s extensibility, an idea that now has been aban¬ 
doned. It appears that extensin may play a structural 
role in development. For example, an extensin has been 
found in the palisade epidermal cells and hourglass cells 
that make up the outer two cell layers of the soybean 
seed coat (Cassab and Varner, 1987). Having relatively 
thick secondary walls, these cells provide mechanical 
protection for the enveloped embryo. A gene-encoding 
tobacco extensin was specifically expressed in one or 
two layers of cells located at the tips of emerging lateral 
roots. It has been suggested that the deposition of exten¬ 
sin might strengthen the walls and aid in the mechanical 
penetration of the cortex and epidermis (Keller and 
Lamb, 1989). 

All three of the structural cell wall proteins—HRGPs, 
PRPs, and GRPs—have been found in the vascular 
tissues of stems (Showalter, 1993; Cassab, 1998). HRGPs 
are mainly associated with phloem, cambium, and scle- 
renchyma, whereas PRPs and GRPs are most often local¬ 
ized to xylem. GRPs have been localized in the modified 
primary walls of early tracheary elements (protoxylem 
elements) (Ryser et al., 1997) (Chapter 10). Once 
believed to be associated with lignification in the xylem, 
the deposition of GRPs and lignification have been 
shown to be independent processes. In bean hypocotyls 
the GRP apparently is not produced by the tracheary 
elements but by xylem parenchyma cells, which export 
the protein to the primary walls of the protoxylem ele¬ 
ments (Ryser and Keller, 1992). PRPs have been impli¬ 
cated with lignification. Some PRPs constitute part of 
the nodule cell walls of legume roots and may play a 
role in nodule formation (Showalter, 1993). 
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Unlike the proteins listed above, arabinogalactan 
proteins (AGPs), which are widely distributed in the 
plant kingdom, do not have an apparent structural func¬ 
tion. AGPs are soluble and diffusible and occur in the 
plasma membrane, cell wall, and intercellular spaces 
(Serpe and Nothnagel, 1999); consequently they are 
good candidates to act as messengers in cell-cell inter¬ 
action during differentiation. AGPs have been found to 
be important for somatic embryogenesis of carrot 
(Daucus carotci) (Kreuger and van Holst, 1993), to play 
a role in the control of root epidermal cell expansion in 
Arabidopsis thaliana (Ding, L., and Zhu, 1997), and to 
be involved in tip growth of lily ( Lilium longiflorum) 
pollen tubes (Jauh and Lord, 1996). AGPs apparently 
play multiple roles in plant development (Majewska- 
Sawka and Nothnagel, 2000). Another class of cell wall 
protein, named expansin (Li et al., 2002), has been 
shown to function as a wall-loosening agent to promote 
cell expansion (see below). 

Numerous enzymes have been reported in primary 
cell walls, including peroxidases, laccases, phospha¬ 
tases, invertases, cellulases, pectinases, pectin methy- 
lesterases, malate dehydrogenase, chitinases, and (1—» 
3)p-glucanases (Fry, 1988; Varner and Lin, 1989). Some 
cell wall enzymes, such as the chitinases, (1—»3)p- 
glucanases, and peroxidases, may be involved in the 
defense mechanisms of plants. Peroxidases and lac¬ 
cases may also catalyze lignification (Czaninski et al., 
1993; O’Malley et al., 1993; 0stergaard et al., 2000). 
Cellulase and pectinase play major roles in cell wall 
degradation, notably during leaf abscission and forma¬ 
tion of the perforation plate in developing vessel 
elements. 

Most information on cell wall proteins comes from 
studies on the primary cell walls of eudicots. Little is 
known about the cell wall proteins in monocots and 
gymnosperms, although extensins (HRGPs) and PRPs 
apparently exist in both groups, and GRPs in monocots 
(Levy and Staehelin, 1992; Keller, 1993; Showalter, 
1993). Far less is known about the proteins in secondary 
cell walls. An extensin-like protein has been localized 
in the secondary cell walls of mature loblolly pine 
(Pinus taedci) wood (Bao et al., 1992). 

Callose Is a Widely Distributed Cell 
Wall Polysaccharide 

Callose, a linear (1—>3)(3-D-glucan, is deposited between 
the plasma membrane and the existing cellulosic cell 
wall (Stone and Clarke, 1992; Kauss, 1996). It is proba¬ 
bly best known in the sieve elements of angiosperm 
phloem, where it is associated with developing sieve 
pores (Fig. 4.3) and commonly found lining fully devel¬ 
oped pores (Chapter 13; Evert, 1990). Callose is depos¬ 
ited very rapidly in response to mechanical wounding 
and environmental- or pathogen-induced stress, sealing 



Callose (c) at developing sieve pores in wall between 
immature sieve elements of a Cucurbita root tip. A 
single plasmodesma traverses each pore site. A plasma 
membrane (pm) covers the wall including the callose at 
the pore sites. Endoplasmic reticulum (er) cisternae 
cover the pore sites. 


the plasmodesmata between contiguous cells (Radford 
et al., 1998) or forming cell wall appositions (“papillae”) 
opposite sites of attempted invasion of host cells by 
fungi (Perry and Evert, 1983). The callose associated 
with fully developed sieve pores may also be “wound” 
callose. 

In addition to its association with developing sieve 
pores, callose also occurs in the normal course of devel¬ 
opment in pollen tubes (Ferguson et al., 1998), in cotton 
fibers during the early stages of secondary wall synthe¬ 
sis (Maltby et al., 1979), and temporarily during micro- 
sporogenesis and megasporogenesis (Rodkiewicz, 1970; 
Horner and Rogers, 1974). Callose is also transiently 
associated with the cell plates of dividing cells (Samuels 
et al., 1995). Callose is characterized histologically by 
its staining reactions with either resorcin blue as dia- 
chrome or alkaline aniline as flurochrome (Eschrich 
and Currier, 1964; Kauss, 1989). In transmission elec¬ 
tron microscope sections, callose can be immunogold- 
labeled by using specific antibody probes (Benhamou, 
1992; Dahiya and Brewin, 2000). 

Lignins Are Phenolic Polymers Deposited Mainly in 
Cell Walls of Supporting and Conducting Tissues 

Lignins are phenolic polymers formed from the poly¬ 
merization of three main monomeric units, the monoli- 
gnols p-coumaryl, coniferyl, and sinapyl alcohols 
(Ros Barcelo, 1997; Whetten et al., 1998; Hatfield and 
Vermerris, 2001). Generally, lignins are classified as 
guaiacyl (formed predominately from coniferyl 
alcohol), guaiacyl-syringyl (copolymers of coniferyl 
and sinapyl alcohols), or guaiacyl-syringyl-p- 
hydroxyphenyl lignins (formed from all three 
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monomers), according to whether they are from gym- 
nosperms, woody angiosperms, or grasses, respectively. 
Caution must be taken, however, with such broad gen¬ 
eralization. The structures of "gymnosperm lignin” and 
“angiosperm lignin” hold at best only for lignins from 
the secondary xylem of the corresponding woods 
(Monties, 1989). Great variation exists in the mono¬ 
meric composition of lignins of different species, organs, 
tissues, and even cell wall fractions (Wu, 1993; 
Terashima et al„ 1998; Whetten et al., 1998; Sederoff et 
al., 1999; Griinwald et al., 2002). All lignins contain 
some /;-hyd roxyphenyl lignins, although they are gener¬ 
ally ignored. In addition both guaiacyl and guaiacyl- 
syringyl lignins are found in gymnosperms and 
angiosperms (Lewis and Yamamoto, 1990). 

Typically lignification begins in the intercellular sub¬ 
stance at the corners of the cells, and extends to the 
intercorner middle lamellae; it then spreads to the first- 
formed (primary) wall layers and finally to those (the 
secondary wall layers) formed last (Terashima et al., 
1993; Higuchi, 1997; Terashima, 2000; Griinwald et al., 
2002). Other patterns of lignification have been 
reported (Calvin, 1967; Vallet et al., 1996; Engels and 
Jung, 1998). Apparently the lignin is covalently linked 
to wall polysaccharides (Iiyama et al., 1994). Results of 
experiments in which the enzyme cinnamoyl GA reduc¬ 
tase was genetically down-regulated from the monolig- 
uol biosynthetic pathway during secondary wall 
formation in the fibers of tobacco and Arabidopsis 
thaliana suggest that the mode of lignin polymeriza¬ 
tion may play a significant role in determining the 
three-dimensional organization of the polysaccharide 
matrix (Ruel et al., 2002). 

Lignin is not restricted to the primary walls of cells 
that deposit secondary walls. For example, lignin has 
been reported to occur throughout the primary walls 
of rapidly expanding maize coleoptile parenchyma cells 
(Mtisel et al., 1997). In addition lignin commonly is 
deposited in the primary walls of parenchymatous ele¬ 
ments in response to wounding or to attack by parasites 
or pathogens (Walter, 1992). 

Lignification is an irreversible process and typically 
is preceded by the deposition of cellulose and noncel- 
lulosic matrix components (hemicelluloses, pectins, 
and structural proteins) (Terashima et al., 1993; Hafren 
et al., 1999; Lewis, 1999; Griinwald et al., 2002). Lignin 
is a hydrophobic filler that replaces the wall’s water 
(Fig. 4.4). In the intercellular substance, lignin 
functions as a binding agent imparting compressive 
strength and bending stiffness to the woody stem. 
Lignin has no effect on the wall’s tensile strength 
(Grisebach, 1981). 

By waterproofing the walls of the xylem, lignin limits 
lateral diffusion, thus facilitating longitudinal transport 
of water in conducting xylem. It has been suggested that 
this may have been a main function of lignin during 



FIGURE 4.4 


Structure of the S 2 wall layer of mature Pinus thunber- 
gii tracheids before (A) and after (B) delignification. 
Note the closed structure of the fully lignified S 2 wall in 
A. After delignification (B), cross-links (arrowheads) are 
visible between microfibrils; in addition pores (gaps) 
can be seen in the wall. A rapid-freezing deep-etching 
technique combined with transmission electron micro¬ 
scopy was used to obtain these images. (From Hafren 
et al., 1999, by permission of Oxford University Press.) 


plant evolution (Monties, 1989). The mechanical rigidity 
of lignin strengthens the xylem, enabling the tracheary 
elements to endure the negative pressure generated 
from transpiration without collapse of the tissue. Ligni¬ 
fied cell walls are resistant to microbial attack (Vance 
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et al., 1980; Nicholson and Hammerschmidt, 1992). 
Lignin may have first functioned as an antimicrobial 
agent and only later assumed a role in water transport 
and mechanical support in the evolution of land plants 
(Sederoff and Chang, 1991). 

Two tests, the Wiesner and Maule tests, are com¬ 
monly used for qualitative determination of lignin 
(Vance et al., 1980; Chen, 1991; Pomar et al., 2002). The 
Wiesner test is applicable to all lignins. In this test the 
cell walls of tissues containing lignin give a bright 
purple-red color when treated with phloroglucinol in 
concentrated hydrochloric acid. Predominantly syringyl 
lignins give only a weak reaction. The Maule test is 
specific for syringyl groups. In this test the cell walls of 
tissues containing syringyl lignin give a deep rose-red 
color when treated successively with aqueous perman¬ 
ganate, hydrochloric acid, and ammonia. Polyclonal 
lignin antibodies also are available for immunogold 
labeling of different lignin types (Ruel et al., 1994; 
Griinwald et al., 2002). 

Cutin and Suberin Are Insoluble Lipid Polymers 
Found Most Commonly in the Protective Surface 
Tissues of the Plant 

The major function of cutin and suberin is to form a 
matrix in which waxes —long-chain lipid compounds— 
are embedded (Post-Beittenmiller, 1996). Together 
the cutin-wax or suberin-wax combinations form bar¬ 
rier layers that help prevent the loss of water and 
other molecules from the aerial parts of the plant 
(Kolattukudy, 1980). 

Cutin, together with its embedded waxes, forms the 
cuticle, which covers the surface of the epidermis of all 
aerial parts. The cuticle consists of several layers having 
varying amounts of cutin, waxes, and cellulose (Chapter 
9). 

Suberin is a major component of the cell walls of 
the secondary protective tissue, cork, or phellem 
(Chapter 15), of the endodermal and exodermal cells of 
roots, and of the bundle sheath cells enclosing the leaf 
veins of many of the Cyperaceae, Juncaceae, and 
Poaceae. In addition to reducing the loss of water from 
the aerial parts of the plant, suberin restricts apoplastic 
(via the cell wall) movement of water and solutes and 
forms a barrier to microbial penetration. Cell wall 
suberin is characterized by the presence of two 
domains, a polyphenolic domain and a polyaliphatic 
domain (Bernards and Lewis, 1998; Bernards, 2002). 
The polyphenolic domain is incorporated within the 
primary wall and is covalently linked to the poly¬ 
aliphatic domain, which is deposited on the inner 
surface of the primary wall, that is, between the primary 
wall and the plasma membrane. As seen with the elec¬ 
tron microscope, the polyaliphatic domain has a lamel¬ 
lar, or layered, appearance, with light bands alternating 


FIGURE 4.5 

Electron micrograph showing suberin lamellae in the 
walls between two cork cells of a potato tuber (Solatium 
tuberosum). Note the alternating light and dark bands. 
Cork cells form the outermost layer of a protective cov¬ 
ering in plant parts such as potato tubers and woody 
stems and roots. (From Thomson et al., 1995.) 


with dark bands (Fig. 4.5). It has been proposed that 
the light bands comprise predominantly aliphatic zones 
and the darker bands phenolic rich zones, and that very 
long chain fatty acids and waxes likely span successive 
lamellar bands or intercalate within the polyester 
network of the polyaliphatic domain (Bernards, 2002). 
In times past, the light bands have been considered to 
be composed largely of waxes and the dark bands of 
suberin (Kolattukudy and Soliday, 1985). Some cuticles 
also have a lamellar appearance. 


I CELL WALL LAVERS 

Plant cell walls vary greatly in thickness, depending 
partly on the role the cells play and partly on the age of 
the individual cell. Generally, young cells have thinner 
walls than fully developed ones, but in some cells the 
wall does not thicken much after the cell ceases to grow. 
Each protoplast forms its wall from the outside inward 
so that the youngest layer of a given wall is in the inner¬ 
most position, next to the protoplast. The cellulosic 
layers formed first make up the primary wall. The 
region of union of the primary walls of adjacent cells is 
called the middle lamella, or intercellular substance. 
Many cells deposit additional wall layers; these form the 
secondary wall. Being deposited after the primary 
wall, the secondary wall is laid down by the protoplast 
of the cell on the inner surface of the primary wall 
(Fig. 4.1). 
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The Middle Lamella Frequently Is Difficult to 
Distinguish from the Primary Wall 

It is especially difficult to distinguish the middle lamella 
from the primary wall in cells that develop thick sec¬ 
ondary walls. In cells in which the distinction between 
the middle lamella and primary walls is obscured, the 
two adjacent primary walls and the middle lamella, and 
perhaps the first layer of the secondary wall, may be 
called compound middle lamella. Hence the term 
compound middle lamella would mean sometimes a 
three-ply, and other times a five-ply, structure (Kerr and 
Bailey, 1934). 

Electron microscopy rarely reveals the middle lamella 
as a well-delimited layer except along the corners of 
cells where the intercellular material is most abundant. 
Recognition of the middle lamella is based chiefly on 
microchemical tests and maceration techniques. The 
middle lamella is largely pectic in nature but often 
becomes lignified in cells with secondary walls. 

The Primary Wall Is Deposited While the Cell Is 
Increasing in Size 

The primary wall, composed of the first-formed wall 
layers, is deposited before and during the growth of the 
cell. Actively dividing cells commonly have only primary 
walls, as do most mature cells involved with such 
metabolic processes as photosynthesis, secretion, and 
storage. Such cells have relatively thin primary walls, 
and the primary wall is usually thin in cells having sec¬ 
ondary walls. The primary wall may attain considerable 
thickness, however, as in the collenchyma of stems and 
leaves and the endosperm of some seeds, although these 
wall thickenings are considered secondary by some 
(Frey-Wyssling, 1976). Thick primary walls may show 
layering, or a polylamellate texture, caused by variations 
in the orientation of the cellulose microfibrils, from one 
layer to the next (see below). Regardless of the thick¬ 
ness of the wall, living cells with only primary walls 
may remove the thickening previously acquired, lose 
their specialized cellular form, divide, and differentiate 
into new cell types. For this reason it is principally cells 
with only primary walls that are involved in wound 
healing and regeneration in plants. 

Current models of the architecture of the primary 
(growing) cell wall envision a network of cellulose 
microfibrils intertwined with hemicelluloses, such as 
xyloglucan, and embedded in a gel of pectins. In one 
model (Fig. 4.6A) the hemicelluloses coat the surface of 
the cellulose, to which they are noncovalently bonded, 
and form cross-links, or tethers, that bind the cellulose 
microfibrils together. It has been estimated that such a 
cellulose-xyloglucan network may contribute as much 
as 70% of the total strength to normal primary 
walls (Shedletzky et al., 1992). Evidence for cellulose- 
hemicellulose cross-links has been provided with the 


electron microscope (Fig. 4.7; McCann et al., 1990; 
Hafren et al., 1999; Fujino et al., 2000). Pauly et al. 
(1999) found three district xyloglucan fractions in the 
stem cell walls of Pisum sativum. Approximately 8% of 
the dry weight of the walls consisted of xyloglucan that 
can be solubilized by treatment with a xyloglucan- 
specific endoglucanase. This material corresponds to 
the xyloglucan domain proposed to form the cross-links 
between cellulose microfibrils. Briefly, a second domain 
(10% of the wall dry weight) consisted of xyloglucan 
proposed to be closely associated with the surface of 
the cellulose microfibrils, and a third (3% of the wall 
dry weight) of xyloglucan proposed to be entrapped 
within or between cellulose microfibrils. 

In an alternative model of the primary wall (Fig. 
4.6B), there are no direct microfibril-microfibril links. 
Instead, hemicelluloses tightly bound to the microfibrils 
are sheathed in a layer of less tightly bound hemicellu¬ 
loses, which in turn are embedded in the pectin matrix, 
filling the spaces between microfibrils (Talbott and Ray, 
1992). In this model, wall strength may depend in part 
on the presence of many noncovalent interactions 
between laterally aligned matrix molecules (Cosgrove, 
1999). It is pertinent to note that a study utilizing solid 
state 13 C nuclear magnetic resonance spectroscopy 
found little evidence for substantial interaction between 
cellulose and hemicelluloses in the primary cell walls 
of three monocots (Italian ryegrass, pineapple, and 
onion) and one eudicot (cabbage) (Smith, B. G., et al., 
1998). The authors suggested, however, that a relatively 
small number of hemicellulose molecules would be suf¬ 
ficient to cross-link the cellulose microfibrils. A similar 
finding was reported for the primary cell walls of Ara- 
bidopsis thaliana (Newman et al., 1996). The mean 
orientation of the cellulose microfibrils apparently is a 
key factor in determining the mechanical properties of 
the cell wall (Kerstens et al., 2001). 

The Secondary Wall Is Deposited inside the Primary 
Wall Largely, If Not Entirely, after the Primary Wall 
Has Stopped Increasing in Surface Area 

Although the secondary wall commonly is thought of as 
being deposited after the increase in surface area of the 
primary wall has ceased, evidence has long existed that 
the initial layer of secondary wall becomes slightly 
extended because its deposition begins somewhat 
before increase in surface of the wall ceases (Roelofsen, 
1959). That secondary wall deposition begins before 
cell expansion ceases has been reported for both conifer 
tracheids (Abe et al., 1997) and for the fibers in bamboo 
culms (MacAdam and Nelson, 2002; Gritsch and Murphy, 
2005). 

Secondary walls are particularly important in special¬ 
ized cells that have strengthening function and in those 
involved in the conduction of water; in these cells the 
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FIGURE 4.6 



Two models of the growing (primary) cell wall. In the model depicted in A, the mechanical strength of the wall is 
attributed to tethering of cellulose microfibrils by xyloglucans that are bonded noncovalently to the microfibril surface 
and entrapped within the microfibril. Pectins (not shown) form a co-extensive matrix in which the cellulose- 
xyloglucan network is embedded. The alternative model depicted in B differs from that depicted in A primarily by 
the lack of polymers that directly cross-link the microfibrils. Instead, the tightly bound hemicelluloses, such as xylo- 
glucan, are viewed as sheathed in a layer of less tightly bound polysaccharides. The latter in turn are embedded in 
the pectin matrix that fills the spaces between the microfibrils. Details: ml, middle lamella; pm, plasma membrane. 
(Adapted from Cosgrove, 1999- Reprinted, with permission, from the Annual Review of Plant Physiology and Plant 
Molecular Biology , vol. 50, © 1999 by Annual Reviews, www.annualreviews.org) 


protoplast often dies after the secondary wall has been 
deposited. Cellulose is more abundant in secondary 
walls than in primary walls, and pectic substances are 
lacking; the secondary wall is therefore rigid and not 
readily stretched. Structural proteins and enzymes, 
which are relatively abundant in primary cell walls, 
apparently are either absent or present in small amounts 
in secondary walls. As mentioned previously, an 
extensin-like protein has been localized in the second¬ 
ary walls of mature loblolly pine wood (Bao et al., 1992). 
Lignin is common in the secondary walls of cells found 
in wood. 


In thick-walled wood cells, three distinct layers— 
designated S 1; S 2 , and S 3 , for outer, middle, and inner 
layer, respectively—can frequently be distinguished in 
the secondary wall. The S 2 layer is the thickest. The S 3 
layer may be very thin or lacking entirely. Some wood 
anatomists consider the S 3 layer to be sufficiently distinct 
from the S! and S 2 layers to be called tertiary wall. 

The separation of the secondary wall into the three 
S layers results mainly from different orientations of 
microfibrils in the three layers (Frey-Wyssling, 1976). 
Typically the microfibrils are helically oriented in the 
various layers (Fig. 4.8). In S|, the fibrils run along 
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FIGURE 4.7 


Tangential view of a newly synthesized primary wall in 
the vascular cambium of Pinus thunbergii. Note the 
numerous cross-links (arrowheads) between microfi¬ 
brils. (From Hafren et al., 1999, by permission of Oxford 
University Press.) 



FIGURE 4.8 

The layers of secondary cell walls. Diagram showing the 
organization of the cellulose microfibrils and the three 
layers (S 1; S 2 , S 3 ) of the secondary wall. The different 
orientations of the three layers strengthen the second¬ 
ary wall. (From Raven et al., 2005.) 


crossed helices, which make a large angle with the long 
axis of the cell so that this layer is highly birefringent. 
In S 2 , the angle is small and the slope of the helix steep; 
hence the cellulose microfibrils in this layer do not 
show up with the polarizing microscope. In S 3 , the 
microfibrils are deposited as in Si, at a large angle to the 
long axis of the cell. In at least some wood fibers the S : 
and S 2 layers are interconnected by a transition zone 
with a helicoidal texture (Vian et al., 1986; Reis and 
Vian, 2004). The primary wall differs from the second¬ 
ary in having a rather random arrangement of microfi¬ 
brils. In fibers and tracheids of most woody species the 
inner surface of the S 3 layer is covered with a noncellu- 
losic film, often bearing lumps called warts. Once 
thought to be composed of cytoplasmic debris left over 
from remnants of a decomposed protoplast, the warts 
are now considered as outgrowths of the cell wall 
formed largely from lignin precursors (Frey-Wyssling, 
1976; Castro, 1991). 


■ PITS RND PRIMRRV PIT-FIELDS 

Secondary cell walls are commonly characterized by the 
presence of cavities called pits (Figs. 4.9B-D and 4.10B, 
C). A pit in a cell wall usually occurs opposite a pit in 
the wall of an adjoining cell, and the two opposing pits 
constitute a pit-pair. The middle lamella and the two 
primary walls between the two pit cavities are called 
the pit membrane. Pits arise during ontogeny of the 
cell and result from differential deposition of secondary 
wall material; none is deposited over the pit membrane 
so that the pits are actual discontinuities in the second¬ 
ary wall. 

Whereas secondary walls have pits, primary walls 
have primary pits, which are thin areas, not interrup¬ 
tions, in the primary wall (Figs. 4.9A and 4.10A). In this 
book the term primary pit-field is used to describe 
both a solitary primary pit and a cluster of primary pits. 
During the deposition of the secondary wall, the pits 
are formed over the primary pit-fields. Several pits may 
arise over one primary pit-field. 

Plasmodesmata (see below) are commonly aggre¬ 
gated in the primary pit-fields (Fig. 4.9A). When a sec¬ 
ondary wall develops, the plasmodesmata remain in the 
pit membrane as connections between the protoplasts 
of the adjoining cells. Plasmodesmata are not restricted 
to primary pit-fields. A scattering of plasmodesmata 
through a wall of uniform thickness is of common 
occurrence. Moreover in many instances the primary 
wall is thickened specifically where plasmodesmata 
occur. 

Pits vary in size and detailed structure (Chapters 8 
and 10), but two principal types are recognized in cells 
with secondary walls: simple pits and bordered pits 
(Fig. 4.9C, D). The basic difference between the two 
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FIGURE 4.9 

Primary pit-fields, pits, and plasmodesmata. A, parenchyma cell with primary walls and primary pit-fields, thin 
areas in the walls. As shown here, plasmodesmata commonly traverse the wall at the primary pit-fields. B, cells 
with secondary walls and numerous simple pits. C, a simple pit-pair. D, a bordered pit-pair. (From Raven et al., 
2005.) 



FIGURE 4.10 

Primary pit-fields and pits. Parenchyma cells from root cortex of Abies (A), xylem of Nicotiana (B), and Vitis (C). A, 
surface view of reticulum of cellulose; unstained meshes are thin places penetrated by plasmodesmata (not visible). 

B, pits in surface view and, C, in section. In C, pitted wall between parenchyma cell and vessel. (A, X930; B, xllOO; 

C, X1215.) 
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kinds of pit is that, in the bordered pit, the secondary 
wall arches over the pit cavity and narrows down its 
opening to the lumen of the cell. The overarching sec¬ 
ondary wall constitutes the border. In simple pits, no 
such overarching occurs. In bordered pits, the part of 
the cavity enclosed by the border is called the pit 
chamber, and the opening in the border is the 
aperture. 

A combination of simple pits is termed a simple pit- 
pair , and of two opposing bordered pits a bordered 
pit-pair. Combinations of simple pits and bordered pits, 
called half-bordered pit-pairs , are found in the xylern. 
A pit may have no complementary structure, for 
example, as when it occurs opposite an intercellular 
space. Such pits are called blind pits. In addition two 
or more pits may oppose a single pit in an adjoining cell, 
a combination that has been named unilaterally com¬ 
pound pitting. 

Simple pits are found in certain parenchyma cells, in 
extraxylary fibers, and in sclereids (Chapter 8). In a 
simple pit, the cavity may be uniform in width, or it may 
be slightly wider or slightly narrower toward the lumen 
of the cell. If it narrows down toward the lumen, the 
simple pit intergrades with the bordered pit in its struc¬ 
ture. Depending on the thickness of the secondary wall, 
the simple pit may be shallow or it may form a canal 
extending from the cell lumen toward the pit mem¬ 
brane. Pits may coalesce as the wall increases in thick¬ 
ness and form branched or ramiform (from the Latin 
ramus, branch) pits (Chapter 8). 

Both simple and bordered pits occur in the second¬ 
ary walls of tracheary elements (Chapters 10 and 11). In 
conifer tracheids the bordered pit-pairs have an espe¬ 
cially elaborate structure (Chapter 10). 

If the secondary wall is very thick, the pit border is 
correspondingly thick. The chamber of such a pit is 
rather small and is connected with the cell lumen 
through a narrow passage in the border, the pit canal. 
The canal has an outer aperture opening into the pit 
chamber and an inner aperture facing the lumen of 
the cell. In certain pits the pit canal resembles a com¬ 
pressed funnel, and its two apertures differ in size and 
form (Fig. 4.11). The outer aperture is small and circular, 
the inner extended and slitlike. In a pit-pair the inner 
apertures of the two pits are crossed with respect to 
each other (Chapter 10). This arrangement is related to 
the helical deposition of the microfibrils in the second¬ 
ary wall. 

I ORIGIN OF CELL HALL DURING CELL DIVISION 

Cytokinesis Occurs by the Formation of a 
Phragmoplast and Cell Plate 

During vegetative growth, cell division (cytokinesis) 
usually follows nuclear division (karyokinesis, or 



Diagram of a bordered pit with extended inner aperture 
and reduced border. (From Esau, 1977; after Record, 
1934.) 


mitosis). The mother cell divides, resulting in the for¬ 
mation of two daughter cells. Cytokinesis is initiated in 
late anaphase with the formation of the phragmoplast, 
an initially barrel-shaped system of microtubules— 
remnants of the mitotic spindle—that appears between 
the two sets of daughter chromosomes (Fig. 4.12A). The 
phragmoplast, like the mitotic spindle that preceded it, 
is composed of two opposing and overlapping sets of 
microtubules that form on either side of the division 
plane (not depicted in Fig. 4.12A). Actin filaments are 
also a prominent component of the phragmoplast, and 
they likewise are aligned perpendicular to the division 
plane. In contrast to the microtubules, the actin fila¬ 
ments, although organized into two opposing sets, do 
not overlap. 

The phragmoplast serves as the framework for the 
assembly of the cell plate, the initial partition between 
the daughter cells (Fig. 4.13). The cell plate is formed 
from the fusion of Golgi-derived vesicles apparently 
directed to the division plane by the phragmoplast micro¬ 
tubules, possibly with the help of motor proteins. The 
role of the actin filaments is less clear. When the cell plate 
is initiated, the phragmoplast does not extend to the 
walls of the dividing cell. During cell plate expansion, 
the phragmoplast microtubules depolymerized in the 
center and are successively repolymerized at the margins 
of the cell plate. The cell plate—preceded by the phrag¬ 
moplast (Fig. 4.12B, C)—grows outward (centrifugally) 
until it reaches the walls of the dividing cell, completing 
the separation of the two daughter cells. It is pertinent 
to note that, in addition to microtubules and actin fila- 











Formation of wall during cell division. A, formation of cell plate in the equatorial plane of phragmoplast at telophase. 
B, C, phragmoplast now appears along the margin of the circular cell plate (in side view in B; in surface view in C). 
D, cell division is completed and each sister cell has formed its own primary wall (stipples). E, sister cells have 
enlarged, their primary walls have thickened, and the mother cell wall has been torn along the vertical sides of the 
cells. (From Esau, 1977.) 


ments, some researchers include the Golgi-derived vesi- of numerous finger-like projections at the margins of the 

cles and endoplasmic reticulum early associated with cell plate that fuse with the plasma membrane of the 

the developing cell plate as part of the phragmoplast mother cell wall; (5) maturation of the cell plate into a 

(Staehelin and Hepler, 1996; Smith, L. G., 1999). new cell wall. The latter stage includes closing of the 

The actual process of cell-plate formation is rather fenestrae. At this time segments of tubular endoplasmic 

complex and consists of several stages (Fig. 4.14; Samuels reticulum are entrapped within the developing wall and 

et al., 1995; Staehelin and Hepler, 1996; Nebenfiihr plasmodesmata are formed. Soon after the phragmo- 

etal., 2000; Verrna, 2001): (1) the arrival of Golgi-derived plast cytoskeleton disappears and the new cell plate 

vesicles in the division plane; (2) the formation of 20- begins to mature in root cells of cress (Lepidium 

nanometer tubes (fusion tubes) that grow out of the sativum') and maize, myosin begins to localize in the 

vesicles and fuse with others, giving rise to a continu- newly formed plasmodesmata (Reichelt et al., 1999; 

ous, interwoven, tubulo-vesicular network, with a Baluska et al., 2000). At the same time bundles of 

dense fibrous coat; (3) transformation of the tubulo- actin filaments appear to become attached to the 

vesicular network into a tubular network and then plasmodesmata. 

into a fenestrated plate-like structure, during which A number of proteins have been implicated in cell- 

the dense membrane coat and the associated phragmo- plate formation (Heese et al., 1998; Smith, L. G., 1999; 

plast microtubules are disassembled; (4) the formation Harper et al., 2000; Lee, Y.-R. J., and Liu, 2000; Otegui 
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FIGURE 4.13 


Details of early cytokinesis in a tobacco (Nicotiana 
tabacum ) mesophyll cell. Cell plate is still composed of 
individual vesicles. Phragmoplast microtubules occur 
on both sides of the cell plate, some traversing the plate. 
Some chromosome material of one of the two future 
daughter nuclei is shown. (From Esau, 1977.) 


and Staehelin, 2000; Assaad, 2001). For example ,phrag- 
moplastin, a dynamin-like protein, fused with green 
fluorescence protein, has been localized to the develop¬ 
ing cell plate in tobacco BY-2 cells (Gu and Verma, 
1997). Phragmoplastin may be involved with the forma¬ 
tion of the fusion tubes and vesicle fusion at the cell 
plate. Overexpression of phragmoplastin in transgenic 
tobacco seedlings resulted in the accumulation of callose 
at the cell plate and arrested plant growth (Geisler-Lee 
et al., 2002). More direct functional evidence has been 
obtained for involvement of the Arabidopsis thaliana 
KNOLLE protein in cell-plate formation (Lukowitz et al., 


1996). A syntaxin-related protein, KNOLLE apparently 
serves as a docking receptor for vesicles that are trans¬ 
ported by the phragmoplast. In the absence of KNOLLE 
proteins the vesicles fail to fuse (Lauber et al., 1997). 

Initially Callose Is the Principal Cell Wall 
Polysaccharide Present in the Developing Cell Plate 

Callose begins to accumulate in the lumen of the devel¬ 
oping cell plate during the tubulo-vesicular stage but is 
most abundant during the conversion of the tubular 
network into the fenestrated sheet. It has been sug¬ 
gested that the callose may exert a spreading force on 
the membranes, facilitating their conversion into a plate¬ 
like structure (Samuels et al., 1995). 

The pattern of deposition of cellulose and matrix 
components and their eventual replacement of callose 
in the developing cell plate is not at all clear. In tobacco 
BY-2 cells, xyloglucans and pectins were localized 
beginning with the tubulo-vesicular stage, but their con¬ 
centrations only seemed to increase substantially after 
completion of the cell plate (Samuels et al., 1995). Cel¬ 
lulose began to be synthesized in significant amounts 
when the cell plate reached the fenestrated sheet stage. 
In root meristem cells of Phaseolus vulgaris, by con¬ 
trast, cellulose, hemicelluloses, and pectins reportedly 
were deposited simultaneously along the plate (Matar 
and Catesson, 1988). 

According to a long held view (Priestly and Scott, 
1939), fusion of the cell plate—which was regarded as 
a new middle lamella—with the mother cell walls occurs 
when the primary wall is broken opposite the cell plate 
during expansion of the daughter protoplasts. The new, 
centrifugally developing middle lamella then makes 
contact with the mother cell middle lamellae outside the 
stretched and broken mother cell walls. More recently 
it has been shown that the cell plate is not the middle 
lamella per se, and that the pectic middle lamella does 
not begin to develop until after the cell plate contacts 
the mother cell walls. The middle lamella then extends 
centripetally (from the outside toward the inside) 
within the cell plate from the junction with the mother 
cell walls (Matar and Catesson, 1988). This is preceded 
by formation of a buttress-like zone at that junction. The 
buttress-like zone is the starting point for a sequence of 
changes in fibrillar architecture leading to the fusion 
and continuity of the fibrillar skeleton of the two walls. 
The middle lamella of the mother cell wall then pro¬ 
duces a wedge-shaped protuberance that penetrates 
into the buttress and progresses toward the cell plate. 

The Preprophase Band Predicts the Plane of the 
Future Cell Plate 

Before the cell divides, the nucleus assumes a proper 
position for the event. If the cell about to divide is highly 
vacuolated, a layer of cytoplasm, the phragmosome, 




Fusion of Golgi-derived vesicles 


Tubulo-vesicular network (TVN) 



Stages of cell plate development. A, the fusion of Golgi-derived secretory vesicles (sv) at the equatorial zone, among 
phragmoplast microtubules (mt) and a cytoplasmic fuzzy matrix (fm). B, fused Golgi-derived vesicles give rise to 
tubulo-vesicular network covered by a “fuzzy coat.” C, a tubular network (TN) forms as the lumen of the tubulo- 
vesicular network (TVN) becomes filled with cell wall polysaccharides, especially callose. Fuzzy matrix surrounding 
the network and microtubules disappears, further distinguishing this stage from the tubulo-vesicular network. D, 
the tubule areas expand, forming an almost continuous sheet. Numerous finger-like projections extend from the 
margins of the cell plate and fuse with the plasma membrane (pm) of the parent cell wall (pew) at the site previously 
occupied by the preprophase band. E, maturation of the cell plate into a new cell wall. (After Samuels et al., 1995. 
Reproduced from The Journal of Cell Biology 1995, vol. 130, 1345-1357, by copyright permission of the Rockefeller 
University Press.) 


spreads across the future division plane and the nucleus 
becomes located in this layer (Fig. 4.15; Sinnott and 
Bloch, 1941; Gunning, 1982; Venverloo and Libbenga, 
1987). The phragmosome contains both microtubules 
and actin filaments (Goosen-de Roo et al., 1984), both 
of which apparently are involved with its development. 
In addition most vegetative cells display a preprophase 
band, a cortical belt of microtubules and actin fila¬ 


ments, that predicts the plane of the future cell plate 
(Gunning, 1982; Gunning and Wick, 1985; Vos et al., 
2004). Examination of dividing root-tip cells of Pinus 
brutia by confocal-laser-scanning microscopy, using 
immunolocalization techniques to identify microtubules 
and endoplasmic reticulum (ER), revealed that tubules 
of ER formed a dense ring-like formation at the site 
of the preprophase band (Zachariadis et al., 2001). 
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FIGURE 4.15 



Cell division in a highly vacuolated cell. A, initially, the nucleus lies along one wall of the cell, which contains a large 
central vacuole. B, strands of cytoplasm penetrate the vacuole, providing a pathway for the nucleus to migrate to the 
center of the cell. C, the nucleus has reached the center of the cell and is suspended there by numerous cytoplasmic 
strands. Some of the strands have begun to merge to form the phragmosome through which cell division will take 
place. D, the phragmosome, which forms a layer that bisects the cell, is fully formed. E, when mitosis is completed, 
the cell will divide in the plane occupied by the phragmosome. (Courtesy of W. H. Freeman; after Venverloo and 
Libbenga, 1987. © 1987, with permission from Elsevier.) 


Development of the “ER preprophase band” closely 
resembled that of the “microtubule preprophase band.” 
The preprophase band disappears after initiation of the 
mitotic spindle and breakdown of the nuclear envelope 
(Dixit and Cyr, 2002), long before the initiation of the 
cell plate, yet the developing cell plate fuses with the 
parent wall precisely at the zone demarcated earlier by 
the band. Actin filaments have been found bridging the 
gap between the leading edge of the phragmoplast-cell 
plate and a cortical actin network in the vicinity of this 
zone (Lloyd and Traas, 1988; Schmit and Lambert, 1988; 
Goodbody and Lloyd, 1990). These filaments probably 
aid in guiding cell plate growth, utilizing an acto-myosin- 
based mechanism (Molchan et al., 2002). In some vacu¬ 
olated cells the mitotic spindle and phragmoplast are 
laterally displaced, and the growing cell plate anchors 
on one side of the cell at an early stage of development, 
a mode of cytokinesis termed “polarized cytokinesis” by 
Cutler and Ehrhardt (2002). 

I GROWTH OF THE CELL WALL 

After completion of the cell plate, additional wall mate¬ 
rial is deposited on either side of it, resulting in an 
increase in thickness of the new partition. New wall 
material is deposited around each of the daughter pro¬ 
toplasts in a mosaic fashion, so that the new walls of 
meristematic cells are characterized by a heterogeneous 
distribution of polysaccharides (Matar and Catesson, 
1988 ). 


Matrix materials, including glycoproteins, are deliv¬ 
ered to the wall in Golgi vesicles. Cellulose microfibrils, 
by contrast, are synthesized by cellulose synthase 
complexes that appear as rings, or rosettes, of six hex- 
agonally arranged particles that span the plasma mem¬ 
brane (Fig. 4.16; Delrner and Stone, 1988; Hotchkiss, 
1989; Fujino and Itoh, 1998; Delrner, 1999; Hafren et al., 
1999; Kimura et al., 1999; Taylor et al., 2000). Each 
rosette synthesizes cellulose from the glucose derivative 
UDP-glucose (uridine diphosphate glucose). Two 
enzymes required for cellulose synthesis in Arabidopsis 
have been identified through the analysis of mutants, 
CesA glycosyltransferaces and KOR membrane- 
associated endo-l ,4-p-glucanases (Williamson et al., 
2002). CesA proteins are components of the cellulose 
synthase complex, which likely contains 18 to 36 such 
proteins. At least three CesA proteins are required for 
cellulose synthesis in the secondary cell wall of develop¬ 
ing Arabidopsis xylern vessels (Taylor et al., 2000, 2003). 
Moreover, all three CesAs are required for proper local¬ 
ization of these proteins to the regions of the plasma 
membrane associated with cell wall thickening (Gardiner 
et al., 2003b). The cortical microtubules assemble at the 
site of secondary cell wall formation before the latter 
begins and are required continually to maintain normal 
CesA protein localization (Gardiner et al., 2003b). 

During cellulose synthesis the rosettes, which move 
in the plane of the membrane, exude the microfibrils on 
the outer surface of the membrane. The rosettes, which 
are formed by the endoplasmic reticulum, are inserted 
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FIGURE 4.16 

Freeze fracture replicas of rosettes associated with cellulose microfibril biogenesis in a differentiating tracheary 
element of Zinnia elegans. The rosettes shown here exist in the leaflet of the plasma membrane bilayer that is nearest 
the cytoplasm (the PF face). Several rosettes are shown (surrounded by circles) in the main micrograph. The inset 
shows one rosette at higher magnification and after high resolution rotary shadowing at ultracold temperature with 
a minimum amount of platinum/carbon. (Courtesy of Mark J. Crimson and Candace H. Haigler.) 


into the plasma membrane via Golgi vesicles (Haigler 
and Brown, 1986) and apparently are pushed forward by 
the synthesis (polymerization) and crystallization forces 
of the cellulose microfibrils (Delmer and Amor, 1995). 

The orientation of the cellulose microfibrils in elon¬ 
gating plant cells and under the secondary wall thicken¬ 
ings of xylem vessels normally parallels that of the 
underlying cortical microtubules. This observation led 
to the widely accepted hypothesis—dubbed the align¬ 
ment hypothesis by Baskin (2001)—that the orienta¬ 
tion of the nascent cellulose microfibrils is determined 
by the underlying cortical microtubules (Abe et al., 
1995a, b; Wymer and Lloyd, 1996; Fisher, D. D., and Cyr, 
1998), which channel the rosettes through the plane of 
the plasma membrane (Herth, 1980; Giddings and Stae- 
helin, 1988). The alignment hypothesis seems inade¬ 
quate, however, to explain the deposition of walls in 
nonelongating plant cells in which the cortical microtu¬ 
bules do not parallel the nascent microfibrils (reviewed 
in Emons et al., 1992 and Baskin, 2001). In addition, 
studies using drugs and a temperature sensitive mutant 
( morl-1 ) of Arabidopsis showed that the disordering or 
complete loss of cortical microtubules did little to alter 
the parallel arrangement of cellulose microfibrils in 
expanding root cells (Himmelspach et al., 2003; 
Sugimoto et al., 2003). 

Other hypotheses have been proposed to explain the 
mechanism of cellulose microfibril deposition. One of 
these is the liquid crystalline self-assembly hypoth¬ 


esis. Noting the similarity of helicoidal cell walls (see 
below), the cellulose microfibrils of which do not match 
the cortical microtubules, and cholestric liquid crystals, 
Bouligand (1976) proposed that helicoidal wall struc¬ 
ture could arise from a liquid crystalline self-organizing 
principle. (See critique of this hypothesis by Emons and 
Mulder, 2000.) 

Baskin (2001) has proposed a template incorpora¬ 
tion mechanism , in which the nascent microfibrils can 
be oriented by microtubules or become incorporated 
into the cell wall by binding to a scaffold built and ori¬ 
ented around either already incorporated microfibrils or 
membrane proteins or both. In this model the cortical 
microtubules serve to bind and orient components of 
the scaffold at the plasma membrane. Microtubules are 
not required for cellulose synthesis or for the formation 
of cellulose microfibrils. 

A geometrical model for cellulose microfibril depo¬ 
sition has been formulated from extensive observations 
on the helicoidal (secondary) cell wall structure oiEqui- 
setum hyemale root hairs (Emons, 1994; Emons and 
Mulder, 1997, 1998, 2000, 2001). The model, which is 
purely mathematical, quantitatively relates the deposi¬ 
tion angle of cellulose microfibrils (with respect to the 
cell axis) to (1) the density of active synthases in the 
plasma membrane, (2) the distance between individual 
microfibrils within a lamella, and (3) the geometry of 
the cell. The crucial factor in the model is the coupling 
of the rosette trajectories, and hence the orientation of 
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the microfibrils being deposited, to the local number, 
or density, of active rosettes. This provides the cell with 
a route to manipulate the structure of the cell wall by 
creating controlled local variations of the number of 
active rosettes (Emons and Mulder, 2000; Mulder and 
Emons, 2001; Mulder et al., 2004). A feedback mecha¬ 
nism would preclude the density of rosettes to rise 
beyond a maximum dictated by the geometry of the 
cell. 

Electron microscopy has shown that cortical micro¬ 
tubules are linked to the inner leaflet of the plasma 
membrane by protein cross-bridges (Gunning and 
Hardham, 1982; Vesk et al., 1996). Studies on tobacco 
(Marc et al., 1996; Gardiner et al., 2001; Dhonukshe 
et al., 2003) and Arabidopsis (Gardiner et al., 2003a) 
plasma membranes indicate that this protein is a 90-kDa 
protein, phospholipaseD (PLD). It has been suggested 
that production of the signaling molecule phosphatidic 
acid (PA) by PLD may be required for normal micro¬ 
tubule organization and hence normal growth in Arabi¬ 
dopsis (Gardiner et al., 2003a). 

The Orientation of Cellulose Microfibrils within 
the Primary Wall Influences the Direction of 
Cell Expansion 

In cells that enlarge more or less uniformly in all direc¬ 
tions, the microfibrils are laid down in a random array 
(multidirectionally), forming an irregular network. Such 
cells are found in the pith of stems, in storage tissues, 
and in tissue cultures. In contrast, in many elongating 
cells, the microfibrils of the lateral, or side, walls are 
deposited at approximately right angles (transverse) to 
the axis of elongation. As the wall increases in surface 
area the orientation of the outer microfibrils becomes 
more nearly longitudinal, or parallel, to the long axis of 
the cell, as if passively reoriented by cell expansion 
(the multinet growth hypothesis) (Roelofsen, 1959; 
Preston, 1982). Longitudinal alignment of microfibrils 
encourages expansion primarily in a lateral direction 
(Abe et al., 1995b). 

The structure of primary cell walls is not always so 
simple as that of cells encompassed by the multinet 
growth hypothesis. In many cells the orientation of 
cellulose microfibril deposition changes rhythmically, 
resulting in a wall with helicoidal structure, which 
consists of cellulose microfibrils arranged in one micro- 
fibril-thick lamellae. The cellulose microfibrils within 
each lamella lie more or less parallel to each other in 
one plane and form helices around the cell. Between 
successive lamellae the angle of inclination is rotated 
with respect to that of the previous lamella (Satiat- 
Jeunemaitre et al., 1992; Vian et al., 1993; Wolters-Arts 
et al., 1993; Emons, 1994; Wymer and Lloyd, 1996). 

Also described as polylamellate, helicoidal-like wall 
texture is found in various primary and secondary walls. 


The most conspicuous helicoidal type of wall texture is 
found in secondary walls (Figs. 4.2 and 4.17; Roland 
et al., 1989; Emons and Mulder, 1998; Reis and Vian, 
2004). Polylamellate or helicoidal primary cell walls 
have been recorded for parenchyma (Deshpande, 1976b; 
Satiat-Jeunemaitre et al., 1992), collenchyma (Chafe, 
1970; Deshpande, 1976a; Vian et al., 1993), and epider¬ 
mal (Chafe and Wardrop, 1972; Satiat-Jeunemaitre et al., 
1992) cells, as well as the nacreous wall layer of sieve 
tubes (Deshpande, 1976c). The primary walls of collen¬ 
chyma cells usually are described as having a crossed 
polylamellate structure, in which lamellae having a 
generally transverse orientation of microfibrils alternate 
with lamellae having a generally longitudinal, or verti¬ 
cal, orientation. It is likely that these orientations repre¬ 
sent helices of shallow and steep pitch, respectively 
(Chafe and Wardrop, 1972). During cell expansion or 
elongation the helicoidal organization of the primary 
wall may become completely dispersed, changing pro¬ 
gressively from the helicoidal to a random pattern. 
When extension of collenchyma cells ceases, the heli- 



FIGURE 4.17 

Helicoidal pattern in the secondary wall of a stone cell 
of pear (Pyrus mains'). On oblique sections the lamellae 
appear as regular layers of arcs. Darker bands are regions 
in which microfibrils are oriented parallel to the section 
surface. (From Roland et al., 1987.) 





Cell Wall | 83 


coidal pattern of deposition typically continues to 
thicken the wall (Vian et al., 1993). 

The presence of helicoidal cell walls, with their suc¬ 
cessive layers of cellulose microfibrils at varying angles, 
makes it difficult to perceive microtubules undergoing 
such rapid reorientations. That the angle of the micro¬ 
tubule array does shift to match the angle of each new 
layer of microfibrils has been demonstrated for the tra- 
cheids of the conifer Abies sachalinensis (Japanese 
black pine) (Abe et al., 1995a, b) and the fibers in the 
secondary xylern of the angiosperm Aesculus hippocas- 
tanurn (horse chestnut) (Chaffey et al., 1999). More¬ 
over, during a study on microinjected epidermal cells of 
Pisum sativum , the change in alignment from trans¬ 
verse to longitudinal of some of the rhodamine-labeled 
microtubules was found to be as rapid as 40 minutes, a 
reflection of the dynamic properties of the microtubules 
(Yuan et al., 1994). In addition the half-time of turnover 
of cortical microtubules in Tradescantia stamen hair 
cells, as determined by the FRAP (fluorescence redistri¬ 
bution after photobleaching) technique, was only about 
60 seconds (Hush et al., 1994). 

When Considering the Mechanism of Wall Growth, It 
Is Necessary to Distinguish between Growth in 
Surface (Wall Expansion) and Growth in Thickness 

Growth in thickness is particularly obvious in second¬ 
ary walls, but it is common also in primary walls. As 
primary walls of growing cells expand, they typically 
maintain their thickness. According to the classical 
concept, increase in thickness of the wall occurs by two 
methods of deposition of wall material, apposition and 
intussusception. In apposition, the building units are 
placed one on top of the other; in intussusception, the 
units of new materials are inserted into the existing 
structure. Intussusception is probably the rule when 
lignin or cutin are incorporated into the wall. Both 
xylan and lignin have been shown to penetrate the dif¬ 
ferentiating secondary walls of Fagus crentata fibers 
simultaneously, accumulating on or around the recently 
deposited microfibrils (Awano et al., 2002). With regard 
to cellulose microfibrils, intussusception would result 
in an interweaving of the fibrils. In some walls micro¬ 
fibrils appear to be interwoven, but this is probably 
due to compression of the lamellae during cellulose 
deposition. 

I EXPANSION OF THE PRIMflRV CELL NALL 

Expansion, or extension, of the cell wall is a complex 
process that requires respiration, polysaccharide and 
protein synthesis, wall stress relaxation (loosening of 
wall structure), and turgor pressure (McQueen-Mason, 
1995; Cosgrove, 1997, 1998, 1999; Darley et al., 2001). 
Wall stress relaxation is crucial because it is the means 


by which the cell lowers its water potential, leading to 
the uptake of water by the protoplast and turgor-driven 
extension of the wall. The rate at which an individual 
cell will expand is controlled by (1) the amount of turgor 
pressure inside the cell pushing against the cell wall and 
(2) the extensibility of the wall. Extensibility, a physi¬ 
cal property of the wall, refers to the ability of the wall 
to expand or extend permanently when a force is applied 
to it.* The walls of growing cells exhibit a steady, 
long-term extension referred to as creep (Shieh and 
Cosgrove, 1998). 

During growth the primary wall must yield enough 
to allow an appropriate extent of expansion, while at 
the same time remaining strong enough to constrain the 
protoplast. A number of factors are capable of influenc¬ 
ing the extensibility of the wall. Among those factors 
are the plant hormones (Shibaoka, 199k Zandomeni and 
Schopfer, 1993). Although hormones can affect the 
extensibility of the cell wall, they have little if any direct 
influence on the turgor pressure. Auxin and gibberellins 
increase the extensibility of cell walls, whereas abscisic 
acid and ethylene decrease their extensibility. Some hor¬ 
mones influence the arrangement of the cortical micro¬ 
tubules. Gibberellins, for example, promote a transverse 
arrangement, resulting in greater elongation. 

The mechanisms by which hormones alter the exten¬ 
sibility of cell walls are not well understood. The most 
coherent explanation for the effect of a plant hormone 
on cell wall extensibility is the acid-growth hypothe¬ 
sis (Brett and Waldron, 1990; Kutschera, 1991), whereby 
auxin activates a proton-pumping ATPase in the plasma 
membrane. Protons are pumped from the cytosol into 
the cell wall. The resulting drop in pH is thought to 
cause a loosening of the cell wall structure, permitting 
turgor-driven extension of the wall polymer network. 
An alternative hypothesis is that auxin activates the 
expression of specific genes that influence the delivery 
of new wall materials in such a way as to affect cell wall 
extensibility (Takahashi et al., 1995; Abel and Theologis, 
1996). There is little experimental evidence in support 
of this second hypothesis. By contrast, there is no doubt 
that growing cell walls enlarge more rapidly at acidic 
pH (below 5.5) than at neutral pH. 

A novel class of wall proteins called expansins have 
been found to be the principal protein mediators of acid 
growth (Cosgrove, 1998, 1999, 2000, 2001; Shieh and 
Cosgrove, 1998; Li et al., 2002). Expansins apparently 
cause wall creep by loosening noncovalent associations 
between wall polysaccharides. Given the first model of 

* Heyn (1931, 1940) defined the term “extensibility" simply as the 
ability of the wall to undergo changes in length, and distinguished 
between plastic extensibility and elastic extensibility. Plastic exten¬ 
sibility (plasticity) is the ability of the wall to extend irreversibly; 
elastic extensibility (elasticity) denotes the capacity for reversible 
enlargement (Kutschera, 1996). 
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primary wall architecture described above, a logical 
target would be the interface between cellulose and one 
or more hemicelluloses. Beyond its role of cell wall 
loosening in growing tissues, expansin has been 
implicated in leaf initiation (Fleming et al., 1997, 1999; 
Reinhardt et al., 1998), leaf abscission (Cho and 
Cosgrove, 2000), fruit ripening (Rose and Bennett, 
1999; Catala et al., 2000; Rose et al., 2000; Brummell 
and Harpster, 2001), and growth of both pollen tubes 
(Cosgrove et al., 1997; Cosgrove, 1998) and cotton bbers 
(Shimizu et al., 1997). 

Cosgrove (1999) has proposed distinguishing between 
primary and secondary wall-loosening agents. He defines 
primary wall-loosening agents as those substances 
and processes that are competent and sufficient to 
induce extension of walls in vitro. Expansins are prime 
examples. Secondary wall-loosening agents , which 
do not possess such activity, are defined as those sub¬ 
stances and processes that modify wall structure to 
enhance the action of primary agents. Plant endogluca- 
nases, xyloglucan endotransglycoylases (XETs), and 
pectinases, as well as the secretion of specific wall poly¬ 
mers and the production of hydroxyl radicals, might 
function as secondary wall-loosening agents. XETs are 
of special interest because they can cut and rejoin xylo¬ 
glucan chains, allowing the cell wall to expand without 
undermining its structure (Campbell and Braam, 1999; 
Bourquin et al., 2002). 


I CESSATION OF WALL EXPANSION 

Cessation of growth during cell maturation is generally 
irreversible and is attributable to a loss of wall extensi¬ 
bility (plasticity). Growth cessation is not due to a 
decline in turgor pressure but rather to a mechanical 
stiffening, or rigidication, of the cell wall (Kutschera, 
1996). Several factors may contribute to the physical 
changes accompanying wall maturation. These include 
(1) a reduction in wall-loosening processes, (2) an 
increase in cross-linking of cell wall components, and 
(3) a change in wall composition, resulting in a more 
rigid structure or one less susceptible to wall loosening 
(Cosgrove, 1997). 

Cell walls lose their capacity for acid-induced 
extension as they approach maturity (Van Volkenburgh 
et al., 1985; Cosgrove, 1989), a condition that cannot 
be restored by application of exogenous expansin 
(McQueen-Mason, 1995). Thus cessation of wall expan¬ 
sion is associated with both the loss of expansin expres¬ 
sion and wall stiffening. A number of modifications may 
contribute to wall stiffening, including formation of 
tighter complexes between the hemicelluloses and cel¬ 
lulose, de-esterification of pectins, more extensive Ca 2+ 
cross-linkings of pectins, cross-linking of extensions, 
and lignification. 


I INTERCELLULAR SPACES 

A large volume of the plant body is occupied by a system 
of intercellular spaces, air spaces that are essential for 
the aeration of the internal tissues. Although the inter¬ 
cellular spaces are most characteristic of mature tissues, 
they also extend into meristematic tissues where the 
dividing cells are intensively respiring. Examples of 
tissues having large and well-interconnected intercellu¬ 
lar spaces are found in foliage leaves and submerged 
organs of water plants (Chapter 7). 

The most common intercellular spaces develop by 
separation of contiguous primary walls through the 
middle lamella (Fig. 4.18). The process typically starts 
at the junction of three or more cells and spreads to 
other wall parts. This type of intercellular space is called 
schizogenous, that is, arising by splitting, although it 
commonly is thought of as being initiated by enzymic 
removal of pectins. The middle lamella may or may not 
be directly involved in the initiation of the intercellular 
space. Wall separation may be preceded by the accumu¬ 
lation and subsequent degradation of an electron dense 
intra-wall material (Kolldffel and Linssen, 1984; Jeffree 
et al., 1986) or by a special “splitting layer," which is 
distinct from the pectic middle lamella (Roland, 1978). 
Cleavage of the splitting layer results in separation of 
the contiguous walls. Formation of the large schizoge¬ 
nous intercellular spaces in the mesophyll of leaves is 
directly related to cell morphogenesis. Local differences 
in wall extensibility, resulting from differential wall 
thickening, lead to the production of lobed cells and at 
the same time generate mechanical tensions that initiate 
the intercellular spaces (Jung and Wernicke, 1990; 
Apostolakos et al., 1991; Panteris et al., 1993). 


wall in surface view intercellular spaces 



FIGURE 4.18 

A thin-walled type of parenchyma, with regularly shaped 
cells and schizogenous intercellular spaces, from petiole 
of celery ( Apium ). (From Esau, 1977.) 
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Copious pectin formation may result in a pectic sol, 
which may partially or completely fill the smaller inter¬ 
cellular spaces. Some totally unexpected substances 
have been found in intercellular spaces, such as the 
threonine-rich hydroxyproline-rich glycoprotein found 
in filled intercellular spaces of maize root tips (Roberts, 
1990). Several kinds of intercellular pectic protuber¬ 
ances may develop with the formation of intercellular 
spaces during tissue expansion (Potgieter and Van Wyk, 
1992). 

Some intercellular spaces result from breakdown of 
entire cells and are called lysigenous (arising by disso¬ 
lution). Some roots have extensive lysigenous intercel¬ 
lular spaces. Intercellular spaces may also result from 
tearing or breaking of cells. Such spaces are called 
rhexigenous. Examples of rhexigenous intercellular 
spaces are the protoxylem lacunae that result from 
tearing of the first-formed primary xylern elements (pro¬ 
toxylem elements) during elongation of the plant part 
and the relatively large intercellular spaces found in the 
bark of some trees that arise during dilatation growth. 
Schizogeny, lysigeny, and/or rhexigeny may be com¬ 
bined in the formation of spaces. 


IPLRSMODESMRTR 

As mentioned previously, the protoplasts of adjacent 
plant cells are interconnected by narrow strands of 
cytoplasm called plasmodesmata (singular: plasmo- 
desma), which provide potential pathways for the 
passage of substances from cell to cell (van Bel and van 
Kesteren, 1999; Haywood et al., 2002). Although such 
structures have long been visible with the light micro¬ 
scope (Fig. 4.19)—they were first described by Tangl in 
1879—it was not until they could be observed with an 
electron microscope that their nature as cytoplasmic 
strands was confirmed. 

Plasmodesmata are the structural and functional 
analogs of the gap junctions found between animal 
cells (Robards and Lucas, 1990). At the gap junctions 
the plasma membranes of adjacent cells are associated 
in placques having narrow channels called “connex- 
ons,” through which the protoplasts of the two cells 
communicate. The presence of a cell wall precludes 
direct contact between the plasma membranes of adja¬ 
cent plant cells; consequently the plant body essentially 
is partitioned into two compartments, the symplast (or 
symplasm) and the apoplast (or apoplasm) (Munch, 
1930). The symplast is composed of the plasma 
membrane-bound protoplasts and their interconnec¬ 
tions, the plasmodesmata; the apoplast consists of the 
cell wall continuum and intercellular spaces. Accord¬ 
ingly the movement of substances from cell to cell by 
means of plasmodesmata is called symplastic trans¬ 
port (symplasmic transport), and the movement of sub¬ 



FIGURE 4.19 


Light micrograph of plasmodesmata in the thick primary 
walls of persimmon (Diospyros) endosperm, the nutri¬ 
tive tissues within the seed. The plasmodesmata appear 
as fine lines extending from cell to cell across the walls. 
(x620.) 


stances in the cell wall continuum is called apoplastic 
transport (apoplasmic transport). 

Plasmodesmata May Be Classified as Primary or 
Secondary According to Their Origin 

Many plasmodesmata are formed during cytokinesis 
as strands of tubular endoplasmic reticulum become 
entrapped within the developing cell plate (Fig. 4.20). 
The plasmodesmata formed during cytokinesis are 
called primary plasmodesmata. Plasmodesmata can 
also be formed de novo across existing cell walls. These 
postcytokinetically formed plasmodesmata are referred 
to as secondary plasmodesmata, and their formation 
is essential to establish communication between onto- 
genetically unrelated cells (Ding, B., and Lucas, 1996). 

The formation of secondary plasmodesmata occurs 
naturally between neighboring cells not derived from 
the same cell lineage or precursor cell. According to one 
proposed mechanism, secondary plasmodesmata devel¬ 
opment involves the activity of localized wall degrading 
enzymes—pectinases, hemicellulases, and possibly 
cellulases—that allow cytoplasmic strands to penetrate 
the otherwise intact wall. The control of these enzymes 
presumably is mediated by the plasma membrane (Jones, 
1976). Studies on cultures of regenerating protoplasts 
(Monzer, 1991; Ehlers and Kollmann, 1996) and graft 
interfaces (Kollmann and Glockmann, 1991) indicate, 
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however, that continuous secondary plasmodesmata 
arise from the fusion of opposite secondary half- 
plasmodesmata formed simultaneously by neighboring 
cells. At such sites a segment of endoplasmic reticulum 
becomes attached to the plasma membrane on both 
sides of the extremely narrow cell wall. With the removal 
of wall material at the site, the plasma membrane and 


FIGURE 4.20 

Progressive stages of cell plate formation in root cells of 
lettuce ( Lactuca sativa), showing association of the 
endoplasmic reticulum with the developing cell plate 
and the origin of plasmodesmata. A, a relatively early 
stage of cell plate formation, with numerous small, 
fusing Golgi vesicles and loosely arranged elements of 
tubular (smooth) endoplasmic reticulum. B, an advanced 
stage of cell plate formation, revealing a persistent close 
relationship between the endoplasmic reticulum and 
fusing vesicles. Strands of tubular endoplasmic reticu¬ 
lum become trapped during cell plate consolidation. C, 
mature plasmodesmata, which consist of a plasma 
membrane-lined channel and a tubule, the desmotu¬ 
bule, of the endoplasmic reticulum. (From Hepler, 
1982.) 

◄- 


associated endoplasmic reticulum of the two cells fuse, 
forming a continuous plasmodesma. A failure in coordi¬ 
nation between neighboring cells may result in forma¬ 
tion of a half-plasmodesma. Secondary plasmodesmata 
typically are branched, and many are characterized by 
the presence of a median cavity in the region of the 
middle lamella (Fig. 4.21). 

Primary plasmodesmata may also undergo branch¬ 
ing. A mechanism by which such branching may occur 
has been demonstrated by Ehlers and Kollmann (1996) 
(Fig. 4.22). Briefly, during normal wall thickening the 
primary plasmodesma, with its included tubule of 
endoplasmic reticulum, must elongate, requiring the 
addition of new parts to the original plasmodesmatal 
structure of the cell plate. If the original unbranched 
tubule of endoplasmic reticulum is connected to 
branched endoplasmic reticulum of the cytoplasm, 
enclosure of the branched endoplasmic reticulum by 
new wall material will lead to the formation of branched 
plasmodesmata. 

Primary plasmodesmata may also be modified into 
what appear as highly branched plasmodesmata through 
the lateral fusion of neighboring plasmodesmata in the 
region of the middle lamella. Notable examples of such 
plasmodesmata are found in developing leaves (Ding, B., 
et al., 1992a, 1993; Itaya et al., 1998; Oparka et al., 1999; 
Pickard and Beachy, 1999). Apparently some such 
“branched plasmodesmata" are further modified by the 
de novo formation of additional endoplasmic reticulum- 
containing strands across the cell wall. It has been sug¬ 
gested that plasmodesmatal aggregates such as these be 
referred to as “complex secondary plasmodesmata ” 
(Ding, B., 1998; Ding, B., et al., 1999). 

Both primary and secondary plasmodesmata may be 
unbranched or branched, and at times it is difficult to 
determine their origin, that is, whether they are primary 




Cell Wall | 87 



FIGURE 4.21 

Branched plasmodesmata in radial walls of ray paren¬ 
chyma cells in secondary phloem of white pine (Pinus 
strobus). Note the median cavities (me) in the region of 
the middle lamella. Other details: ob, oil body; pi, 
plastid. (From Murmanis and Evert, 1967, Fig. 10. © 
1967, Springer-Verlag.) 


or secondary. Under such circumstances they may 
simply be designated as “branched" or “unbranched” (or 
“single”). A detailed review on the structure, origin, and 
functioning of primary and secondary plasmodesmata 
is provided by Ehlers and Kollmann (2001). 

Plasmodesmata Contain Two Types of Membranes: 
Plasma Membrane and Desmotubule 

A plasmodesma is a plasma membrane-lined channel 
typically traversed by a tubular strand of tightly con¬ 
stricted endoplasmic reticulum called a desmotubule 
(Figs. 4.23 and 4.24). In most plasmodesmata the des¬ 
motubule does not resemble the adjoining endoplasmic 
reticulum. It is much smaller in diameter and contains 
a central, rod-like structure. Considerable controversy 
has centered on the interpretation of the central rod 
(Esau and Thorsch, 1985). Most investigators believe it 
represents the merger of the inner leaflets, or inner por¬ 




FIGURE 4.22 

Branching of primary plasmodesmata. Initially 
unbranched (A), branches develop from the enclosure 
of branched ER tubules within newly deposited wall 
material (B). Details: gb, Golgi body; gv, Golgi vesicle; 
ML, middle lamella; NW, subsequently formed new 
wall layers; PM, plasma membrane; W, first-formed wall 
layers. (From Ehlers and Kollmann, 1996, Fig. 35a,b. © 
1996, Springer-Verlag.) 


tions, of the bilayers of the endoplasmic reticulum 
forming the desmotubule. If this interpretation is 
correct, the desmotubule lacks a lumen, or opening, and 
the major pathway through which substances move 
from cell to cell via plasmodesmata is the region between 
the desmotubule and the plasma membrane. This region, 
called the cytoplasmic sleeve, is subdivided into 2.5- 
nanometer diameter microchannels by globular parti¬ 
cles embedded in both the plasma membrane and 
desmotubule and interconnected by spoke-like exten¬ 
sions (Tilney et al., 1990; Ding, B., et al., 1992b; Botha 
et al., 1993). Some plasmodesmata appear conspicu¬ 
ously narrower at their ends, or orifices, forming so- 
called neck constrictions. Neck constrictions can result, 
however, from the deposition of wound callose induced 
during tissue manipulation or fixation (Radford et al., 
1998). Most information on the architecture of plasmo¬ 
desmata comes from studies of unbranched primary 
plasmodesmata. Little is known about the substructure 
of secondary plasmodesmata. 
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FIGURE 4.23 

Diagrammatic representation of a primary plasmodesma 
in longitudinal (A) and transverse (B) views. Globular 
integral membrane proteins (g) are located in the inner 
and outer leaflets of the plasma membrane and desmotu- 
bule, respectively, and are interconnected by spoke-like 
extensions. Note that the cytoplasmic sleeve is divided 
into a number of microchannels. 


Desmotubules do not always appear completely con¬ 
stricted. In some plasmodesmata, such as those between 
mesophyll cells and between mesophyll cells and bundle 
sheath cells in maize (Evert et al., 1977) and sugarcane 
(Robinson-Beers and Evert, 1991) leaves, the desmotu¬ 
bules appear constricted only at the neck constrictions; 
between the neck constrictions they appear as open 
tubules (Fig. 4.25). The desmotubules in the trichome 
cell plasmodesmata of the Nicotiana clevelandii leaf 
appear open for their entire length (Waigmann et al., 
1997). 

Although an open desmotubule has at times been 
proposed as a pathway for transport (Gamalei et al., 
1994), there is no direct evidence in support of this. By 
contrast, it has been shown that osmotic treatment that 
enhances intercellular transport of sucrose via plasmo¬ 
desmata in pea root tips results from widening of the 
cytoplasmic sleeves, not from changes in the diameter 
of the desmotubules (Schulz, A., 1995). In addition, in 
Nicotiana tabacum leaves, green fluorescent protein 
targeted to the endoplasmic reticulum was confined to 
single cells, indicating that the desmotubule is not a 
functional pathway for green fluorescent protein traf¬ 
ficking through either single or branched plasmodes¬ 
mata (Oparka et al., 1999). Transport of lipid molecules 
can occur, however, via the lipid bilayers of the des¬ 
motubule (Grabski et al., 1993). 



FIGURE 4.24 

Plasmodesmata in cell walls of sugarcane ( Saccharum ) 
leaf in longitudinal (A) and transverse (B) views. Note 
connections (arrows) between endoplasmic reticulum 
(er) and desmotubules and the subtle neck constrictions 
in A. In B, the inner leaflet of the desmotubule appears 
as a centrally located dot (cr, the central rod). The cyto¬ 
plasmic sleeve appears somewhat mottled, in part, 
because of the presence of electron-opaque, spoke-like 
structures that extend from the outer leaflet of the des¬ 
motubule toward the inner leaflet of the plasma mem¬ 
brane (pm) and alternate with electron-lucent regions. 
(From Robinson-Beers and Evert, 1991, Figs. 14 and 15. 
© 1991, Springer-Verlag.) 


Plasmodesmata Enable Cells to Communicate 

The successful existence of multicellular organisms 
depends on the ability of individual cells to communi¬ 
cate with one another. Although cellular differentiation 
depends on the control of gene expression, the fate of 
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FIGURE 4.25 


Plasmodesmata in the common wall between two meso- 
phyll cells of a maize (Zea mays') leaf. Note the open 
appearance of the desmotubules (arrows). Details: er, 
endoplasmic reticulum; pm, plasma membrane. (From 
Evert et al., 1977, Fig. 8. © 1977, Springer-Verlag.) 


a plant cell—that is, what kind of cell it will become—is 
determined by its final position in the developing organ 
rather than on lineage relationships. Therefore one 
aspect of plant cell interaction is the communication, or 
signaling, of positional information from one cell to 
another. 

Early evidence for transport between cells via plasmo¬ 
desmata came from studies utilizing fluorescent dyes 
(Goodwin, 1983; Erwee and Goodwin, 1985; Tucker 
and Spanswick, 1985; Terry and Robards, 1987; Tucker 
et al., 1989) and electrical currents (Spanswick, 1976; 
Drake, 1979; Overall and Gunning, 1982). The passage 
of pulses of electric current from one cell to another can 
be monitored by means of receiver electrodes placed in 
neighboring cells. The magnitude of the electrical force 
varies with the frequency, or density, of plasmodesmata 
and with the number of cells and length of cells between 
the injection and receiver electrodes, indicating that 
plasmodesmata can serve as a path for electrical signal¬ 
ing between plant cells. 

In the dye-coupling experiments the dyes, which do 
not easily cross the plasma membrane, can be observed 
moving from the injected cells into the neighboring 
cells and beyond. Results of such studies early estab¬ 
lished the size of molecules free to flow by passive dif¬ 
fusion between such cells at approximately 1 kDa (1000 
daltons; a dalton is the weight of a single hydrogen 
atom). Such size exclusion limits allow sugars, amino 
acids, phytohormones, and nutrients to move freely 
across the plasmodesmata. More recent studies indicate 
that plasmodesmata in different cell types can have dif¬ 


ferent basal size exclusion limits. For example, fluores¬ 
cent dextrans of approximately 7 kDa can diffuse 
between leaf trichome cells of Nicotiana clevelandii 
(Waigmann and Zambryski, 1995), and dextrans of at 
least 10 kDa move through plasmodesmata connecting 
the sieve elements and companion cells in the stem 
phloem of Vida faba (Kempers and van Bel, 1997). 
Moreover plasmodesmata may fluctuate their size exclu¬ 
sion limits as a function of growth conditions (Crawford 
and Zambryski, 2001). 

It now is known that plasmodesmata also have the 
capacity to mediate the cell-to-cell transport of macro¬ 
molecules, including proteins and nucleic acids (Lucas 
et al., 1993; Mezitt and Lucas, 1996; Ding, 1997; Lucas, 
1999; Haywood et al., 2002). Based on these findings, 
Lucas and co-workers (Ding et al., 1993; Lucas et al., 
1993) have hypothesized that plants function as supra- 
cellular organisms , rather than multicellular organ¬ 
isms. Accordingly the dynamics of the plant body, 
including cell differentiation, tissue formation, organo¬ 
genesis, and specialized physiological functions, are 
subject to plasmodesmatal regulation. The plasmodes¬ 
mata presumably accomplish such regulatory roles by 
trafficking informational molecules that “orchestrate” 
both metabolic activity and gene expression. 

Initial insight into the dynamic function of plasmo¬ 
desmata came from studies on plant viruses, which have 
long been known to move relatively short distances 
from cell to cell via plasmodesmata (Fig. 4.26; Wolf 
et al., 1989; Robards and Lucas, 1990; Citovsky, 1993; 
Leisner and Turgeon, 1993). Such studies revealed that 
plant viruses encode for nonstructural proteins, called 
movement proteins, that function in the cell-to-cell 
spread of infectious material. When expressed in trans¬ 
genic plants, the movement proteins are targeted to 
plasmodesmata, bringing about an increase in their size 
exclusion limit. Considerable evidence has accumulated 
implicating both the endoplasmic reticulum and cyto- 
skeletal elements (microtubules and actin filaments) in 
the targeting of movement proteins, and presumably 
viral nucleic acid-protein complexes, to the plasmodes¬ 
mata (Reichel et al., 1999). 

Evidence for the involvement of plasmodesmata in the 
trafficking of endogenous proteins between plant cells 
comes from studies on phloem transport. More than 200 
proteins, ranging in molecular weight from 10 to 200 kDa 
have been found in phloem exudate (sieve-tube sap) 
(Fisher et al., 1992; Nakamura et al., 1993; Sakuth et al., 
1993; Ishiwatari et al., 1995; Schobert et al., 1995). Inas¬ 
much as mature sieve elements lack nuclei and ribo¬ 
somes (Evert, 1990), most, if not all, of the proteins are 
likely synthesized in the companion cells and then trans¬ 
ported into their associated sieve elements via the pore- 
plasmodesmata connections in their common walls 
(Chapter 13). Proteins found in sieve-tube sap have been 
shown to have the capacity to increase the size exclusion 
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FIGURE 4.26 


Beet yellows virus particles (arrows) in plasmodesmata, 
moving from a sieve-tube element of the phloem (above) 
to its sister cell, a companion cell (below) in sugar beet 
(Beta vulgaris ). 


limit of mesophyll plasmodesmata and to traffic from cell 
to cell (Balachandran et al., 1997; Ishiwatari et al., 1998). 
In pumpkin (Cucurbita maxima') all of the sieve- 
tube sap proteins, regardless of size, appear to induce a 
similar increase in plasmodesmatal size inclusion limit, 
approximately 25kDa (Balachandran et al., 1997). As 
some of these proteins range up to 200 kDa in size, it is 
likely that unfolding of the larger proteins is required for 
their transport through the plasmodesmata. Chaperones 
have been found in the sieve-tube sap of several plant 
species (Schobert et al., 1995, 1998), and they are 
believed to mediate the unfolding/refolding process of 
protein transport between companion cells and sieve 
elements (Crawford and Zambryski, 1999; Lee et al., 
2000 ). 

The concept that plasmodesmata play a role in devel¬ 
opment is supported by molecular, genetic, and micro¬ 
injection studies of the plant transcription factor called 
KNOTTED1 (KN1). In maize, KN1 is involved in main¬ 
taining the shoot apical meristem in an undifferentiated 
state (Sinha et al., 1993). During development the RNA 
encoding KN1 is found in all cell layers of the meristem 
except the outermost (LI) layer. The KN1 protein is 
present, however, in all layers, including the LI, indicat¬ 
ing that the KN1 protein produced in the inner layers 
traffics into the LI layer (Jackson et al., 1994). Microin¬ 


jection of KN1 protein into mesophyll cells of either 
maize or tobacco show that the KN1 protein can indeed 
traffic from cell to cell and increase the plasmodesmatal 
size exclusion limit from 1 kDa to greater than 40 kDa 
(Lucas et al., 1995). Two more recent studies, one using 
grafting experiments to investigate the autonomy of a 
dominant leaf mutant, called Mouse ears (Me), of tomato 
(Kim, M., et al., 2001) and a second on the role of the 
SHORT-ROOT (SHR) gene in patterning of the Arabi- 
dopsis root (Nakajima et al., 2001), provide further evi¬ 
dence for the role of plasmodesmata in development. 

At present little information is available concerning 
the mechanism by which the plasmodesmata dilate or 
undergo transient changes in conductivity (gating) 
(Schulz, A., 1999). Several factors have been shown to 
affect the size exclusion limit, including changes in 
cytoplasmic levels of Ca 2+ (Holdaway-Clarke et al., 2000) 
and ATPase (Cleland et al., 1994). Both actin and myosin 
have been localized at or in plasmodesmata (White 
et al., 1994; Radford and White, 1998; Overall et al., 
2000; Baluska et al., 2001), and both have been impli¬ 
cated in the control of plasmodesmatal permeability. 
With regard to actin, experimental evidence has been 
presented for the involvement of actin filaments in the 
control of plasmodesmatal permeability in tobacco 
mesophyll (Ding et al., 1996). Clearly, a close relation¬ 
ship exists between plasmodesmata and the cytoskele- 
ton (Aaziz et al., 2001). 

Regulation of plasmodesmatal permeability is 
thought to occur at the neck region (White et al., 1994; 
Blackman et al., 1999). Some investigators have pro¬ 
posed that sphincter-like structures at the neck region 
regulate plasmodesmatal transport in some species 
(Olesen, 1979; Olesen and Robards, 1990; Badelt et al., 
1994; Overall and Blackman, 1996). Functional parallels 
have been noted between plasmodesmatal transport of 
macromolecules and the transport of proteins and 
nucleic acids via the nuclear pore complexes permeat¬ 
ing the nuclear envelope (Lee et al., 2000). 

The Symplast Undergoes Reorganization throughout 
the Course of Plant Growth and Development 

Studies of plant embryos indicate that initially all of the 
cells of the young plant body are interconnected by 
plasmodesmata and integrated into a single symplast 
(Schulz and Jensen, 1968; Mansfield and Briarty, 1991; 
Kim et al., 2002). As the plant resumes growth and 
develops further, individual cells or groups of cells 
become more or less isolated symplastically so that the 
plant becomes divided into a mosaic of symplastic 
domains (Erwee and Goodwin, 1985). The establish¬ 
ment of symplastic domains is generally considered 
essential for subsets of cells to pursue specific develop¬ 
mental pathways and to function as distinct compart¬ 
ments within the plant body (Fisher and Oparka, 1996; 
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McLean et al., 1997; Kragler et al., 1998; Nelson and van 
Bel, 1998; Ding et al., 1999). 

Communication and transport between domains are 
closely linked to the frequency, distribution, and func¬ 
tion of plasmodesmata. Although plasmodesmatal fre¬ 
quency has often been used as an indicator of symplastic 
continuity at different interfaces, the use of such data 
is speculative because it is presumed that all of the 
plasmodesmata are capable of intercellular transport. 
Changes in symplastic continuity can occur by the isola¬ 
tion of cells initially connected symplastically with 
other cells, as in the case of guard cells (Palevitz and 
Hepler, 1985) and root hairs (Duckett et al., 1994), or by 
the establishment of new, secondary plasmodesmata, as 
during leaf maturation (Turgeon, 1996; Volk et al., 1996) 
and the union of the vascular tissues of lateral and 
parent roots (Oparka et al., 1995). 
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Mensfems and Differentiation 


IMERISTEMS 

Beginning with the division of the zygote, the vascular 
plant produces new cells and develops new organs, 
generally until it dies. In the early embryonic develop¬ 
ment, reproduction of cells occurs throughout the 
organism, but as the embryo becomes an independent 
plant, the addition of new cells is gradually restricted to 
certain of its regions. The now localized growing tissues, 
which remain embryonic in character, are maintained 
throughout the life of the plant so that its body is a 
composite of adult and juvenile tissues. These embry¬ 
onic tissue regions, primarily concerned with formation 
of new cells, are the meristems (Fig. 5.1; McManus and 
Veit, 2002). 

The restriction of cell reproduction to certain parts 
of the plant is a result of evolutionary specialization. In 
the most primitive (least specialized) plants all cells are 
essentially alike and all take part in such vital activities 
as cell multiplication, photosynthesis, secretion, storage, 
and transport. With progressive specialization of cells 
and tissues, the function of cell reproduction became 
largely confined to the meristems and their immediate 
derivatives. 


The term meristem (from the Greek merismos , divi¬ 
sion) emphasizes cell division activity as a characteristic 
of a meristematic tissue. Living tissues other than the 
meristems may be induced to produce new cells, but 
the meristems maintain such activity indefinitely, for 
they not only add cells to the plant body but also per¬ 
petuate themselves; that is, some of the products of cell 
division in the meristems do not develop into adult cells 
but remain meristematic. Those cells that maintain the 
meristem as a continuing source of new cells are referred 
to as the initiating cells, or meristematic initials, or 
simply initials. Their products, which after a variable 
number of cell divisions give rise to the body cells, are 
the derivatives of the initials. One can also say that a 
dividing cell is a precursor of derivatives. A given initial 
in a meristem is a precursor of two derivatives, one of 
which is a new initial and the other a precursor of body 
cells. 

The concept of initials and derivatives should include 
the qualification that the initials are not inherently dif¬ 
ferent from their derivatives. The concept of initials and 
derivatives is considered from various aspects in con¬ 
nection with the descriptions of the vascular cambium 
(Chapter 12) and the apical meristems of shoot and root 
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adult tissues and organs in the fully grown animal are 
maintained throughout life by populations of cells that 
reside within the tissue or organ. These cells, called 
stem cells (Weissman, 2000; Fuchs, E., and Segre, 
2000; Weissman et al., 2001; Lanza et al., 2004a, b), have 
been compared to the initials of plant meristems, and 
the term stem cell, for initial, has been adopted by a 
number of plant biologists. The term stem cell has not 
been adopted in this book. 

Although animal stem cells may be analogous to the 
initial cells of plant meristems, they are not equivalent to 
them. Initials are totipotent (from the Latin totus, entire); 
that is, they have the capacity to produce the entire spec¬ 
trum of cell types, even to develop into complete plants. 
In most animals only the zygote, or fertilized egg, is truly 
totipotent. Embryonic stem cells are very nearly totipo¬ 
tent, but early in ontogeny (soon after the blastocyst 
stage) they give rise to adult stem cells, which are plu- 
ripotent and restricted in the number of cell types they 
can produce—typically to those of the adult tissues and 
organs in which they reside (Lanza et al., 2004a, b). Some 
adult stem cells reportedly are able to migrate (a trait not 
shared by initials) from their original niches and assume 
the morphologies and functions typical of their new envi¬ 
ronment (Blau et al., 2001). 

Many living cells in a mature plant part remain devel- 
opmentally totipotent. Thus the development and orga¬ 
nization of a plant may be characterized as having 
plasticity (Pigliucci, 1998), a property that is inter¬ 
preted as an evolutionary response to the sessile form 
of life. Being stationary, the plant cannot escape from 
the environment in which it is growing and must adjust 
itself to adverse environmental conditions and preda¬ 
tion by not undergoing irreversible changes (Trewavas, 
1980 ). 


Shoot tip (A) and root tip (B) of seedling of flax (Linum 
usitatissimum ) in longitudinal sections. Both illustrate 
apical meristems and derivative primary meristematic 
tissues, protoderm, ground meristem, and procambium, 
the least determined part of which is called promeri¬ 
stem. A, primordia of leaves and axillary buds are 
present. B, the rootcap covers the apical meristem. Note 
the files, or lineages, of cells behind root apical 
meristem. (A, from Sass, 1958. © Blackwell Publishing; 
B, from Esau, 1977.) 


(Chapter 6). Suffice to point out here that, according to 
a common view, certain cells in the meristems act as 
initials mainly because they occupy the proper position 
for such activity. 

The retention of meristems and the ability to produce 
new organs distinguish the higher plant from the higher 
animal. In the latter a fixed number of organs is pro¬ 
duced during embryonic development, although the 


Classification of Meristems 

A Common Classification of Meristems Is Based on 
Their Position in the Plant Body There are apical meri¬ 
stems, that is, meristems located at the apices of main 
and lateral shoots and roots (Fig. 5.1), and lateral meri¬ 
stems, that is, meristems arranged parallel with the 
sides of the axis, usually that of stem and root. The vas¬ 
cular and cork cambia are lateral meristems. 

The third term based on the position of a meristem 
is intercalary meristem. This term refers to meriste¬ 
matic tissue derived from the apical meristem and con¬ 
tinuing meristematic activity some distance from that 
meristem. The word intercalary implies that the meri¬ 
stem is inserted (intercalated) between tissues that are 
no longer meristematic. The best known examples of 
intercalary meristems are those in internodes and leaf 
sheaths of monocots, particularly grasses (Fig. 5.2). 
These kinds of growth regions contain differentiated 
conducting tissue elements and eventually are trans¬ 
formed into mature tissues, although their parenchyma 







Meristems and Differentiation | 105 



Distribution of growth regions in a culm of rye plant. The plant has five internodes and a spike. The leaf sheaths are 
represented as extending upward from each node and terminating where leaf blades (shown only in part) diverge 
from them. The youngest tissue in internodes (intercalary meristems) is represented in black, somewhat older tissues 
is hatched, and the most mature is left white. Curves to the right indicate mechanical resistance of internodal tissues 
(solid lines) and of sheaths (broken lines) at the various levels of shoot. Resistance was equated with the pressure, 
expressed in grams, necessary to make a transverse cut through the internode or sheath. (After Prat, 1935. © Masson, 
Paris.) 


cells long retain the capacity to resume growth (Chapter 
7). As meristems, the intercalary meristems are not of 
the same rank as the apical and lateral meristems because 
they do not contain cells that can be called initials. 

In descriptions of primary differentiation in shoot 
and root tips, the initiating cells and their most recent 
derivatives are frequently distinguished from the partly 
differentiated but still meristematic subjacent tissues 
under the name of promeristem (or protomeristem; 
Jackson, 1953). The subjacent meristematic tissues are 
classified according to the tissue systems that are derived 


from them, namely into protoderm, which differenti¬ 
ates into the epidermis; procambium (also called pro- 
vascular tissue*), which gives rise to the primary 
vascular tissues; and the ground meristem, precursor 
of the fundamental or ground tissue system. If the term 

* Some workers distinguish between provascular cells and procam- 
bial cells, provascular cells being regarded as uncommitted but vas¬ 
cular-competent cells and procambial cells as cells that have already 
progressed toward differentiation into xylem and phloem (Clay and 
Nelson, 2002). 
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meristem is used broadly, protoderm, procambium, and 
ground meristem are referred to as the primary meri- 
stems (Haberlandt, 1914). In a more restricted sense of 
meristem (combination of initials and immediate deriva¬ 
tives), these three tissues constitute partly determined 
primary meristematic tissues. 

The terms protoderm, procambium, and ground mer¬ 
istem serve well for describing the pattern of tissue dif¬ 
ferentiation in plant organs, and they are correlated 
with the equally simple and convenient classification of 
mature tissues into the three tissue systems, epidermal, 
vascular, and fundamental, reviewed in the first chapter. 
It seems to be immaterial whether the protoderm, pro¬ 
cambium, and ground meristem are called meristems or 
meristematic tissues as long as it is understood that the 
future development of these tissues is at least partly 
determined. 

Meristems Are Also Classified According to the Nature 
of Cells That Give Origin to Their Initial Cells If the ini¬ 
tials are direct descendants of embryonic cells that 
never ceased to be concerned with meristematic activ¬ 
ity, the resulting meristem is called primary. If, 
however, the initials originate from cells that had dif¬ 
ferentiated, then resumed meristematic activity, the 
resulting meristem is called secondary. 

The cork cambium (phellogen) is a good example of 
a secondary meristem, for it arises from the epidermis 
or various parenchymatous tissues in the cortex and 
deeper layers of the bark. The vascular cambium has a 
more varied origin related to the organization of the 
primary vascular system. This system differentiates 
from the procambium, which is ultimately derived from 
an apical meristem. Commonly the procambium and the 
primary vascular tissues originating from it occur in 
bundles (fascicles) more or less already separated from 
each other by interfascicular parenchyma (Fig. 5.3A). At 
the end of primary growth, the remainder of the pro¬ 
cambium between the primary xylern and the primary 
phloem becomes the fascicular part of the cambium. 
This cambium is complemented by interfascicular 
cambium arising in the interfascicular parenchyma (Fig. 
5.3B). Thus a continuous cylinder of cambium (a ring in 
transections) is formed, partly fascicular and partly 
interfascicular in origin. According to the definition of 
primary and secondary meristems, the fascicular 
cambium is a primary meristem—a derivative of the 
apical meristem through the procambium—whereas the 
interfascicular cambium is a secondary meristem—a 
derivative of parenchyma tissue that secondarily 
resumed meristematic activity. 

In many woody plants the parts of the cambium 
originating in the two sites become indistinguishable in 
later secondary growth. Moreover, in view of the evi¬ 
dence obtained from tissue culture work that living 
plant cells long retain their potentiality for growth 


(Street, 1977), the appearance of cambial divisions in 
the interfascicular parenchyma does not indicate a 
major change in the character of the cells involved. Thus 
the grouping of the vascular cambium partly with the 
primary and partly with the secondary meristems is 
purely theoretical. This conclusion, however, does not 
detract from the value of the classification of mature 
tissues into primary and secondary as reviewed in 
Chapter 1. 

Characteristics of Meristematic Cells 

Meristematic cells are fundamentally similar to young 
parenchyma cells. During cell division the cells at the 
shoot apices are relatively thin-walled, rather poor in 
storage materials, and their plastids are in proplastid 
stages. The endoplasmic reticulum is small in amount 
and mitochondria have few cristae. Golgi bodies and 
microtubules are present as is characteristic of cells 
with growing cell walls. The vacuoles are small and 
dispersed. 

Deeper layers of apical meristems may be more highly 
vacuolated and contain starch (Steeves et al., 1969). In 
some taxa, notably ferns, conifers, and Ginkgo , con¬ 
spicuously vacuolated cells occur at the highest position 
in the apical dome (Chapter 6). Before seed germina¬ 
tion, the meristems of embryos contain storage 
materials. 

During periods of cell division, the vascular cambium 
cells are highly vacuolated, with one or two large vacu¬ 
oles limiting the dense cytoplasm to a thin parietal layer 
(Chapter 12), which contains rough endoplasmic reticu¬ 
lum and other cell components. During dormancy the 
vacuolar system assumes the form of numerous inter¬ 
connected vacuoles. Winter vacuoles sometimes contain 
polyphenols and protein bodies. At this time the endo¬ 
plasmic reticulum is smooth and the ribosomes are free 
in the cytosol. 

Meristematic cells are often described as having large 
nuclei. But the ratio of cell size to nuclear size—the 
cytonuclear ratio—varies considerably (Trombetta, 
1942). Generally, larger meristematic cells have smaller 
nuclei in proportion to cell size. 

The nuclei show characteristic structural variations 
during changes in mitotic activity (Cottignies, 1977). 
In the dormant cambium, for example, when the 
nucleus is blocked in the G! phase of the mitotic cycle, 
RNA synthesis is absent and the nucleolus is small, 
compact, and largely fibrillar in texture. When the cell 
is active and RNA synthesis is in progress, the nucleo¬ 
lus is large, and has prominent vacuoles and an exten¬ 
sive granular zone, which is intermingled with the 
fibrillar zone. 

The preceding review indicates that meristematic 
cells vary in size, shape, and cytoplasmic features. In 
recognition of this variability, the term eumeristem 
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Transverse sections of stems showing an earlier (A) and a later (B) stage in activity of fascicular and interfascicular 
cambia. A, Lotus corniculatus. B, Medicago sativa, alfalfa. (A, courtesy of J. E. Sass; B, from Sass, 1958. © Blackwell 
Publishing.) 


(true meristem) has been suggestsed for designating a 
meristem composed of small, approximately isodiamet- 
ric cells with thin walls and rich in cytoplasm (Kaplan, 
R-, 1937). For descriptive purposes this term is often 
convenient to use, but it should not imply that some 
cells are more typically meristematic than others. 

Growth Patterns in Meristems 

Meristems and meristematic tissues show varied arrange¬ 
ments of cells resulting from differences in patterns of 
cell division and enlargement. Apical meristems having 


only one initiating cell occupying the very apex ( Equi- 
setum and many ferns) have an orderly distribution of 
the recently formed, still meristematic cells (Chapter 6). 
In seed plants the pattern of cell division appears less 
precise. It is not random, however, for an apical meri¬ 
stem grows as an organized whole and the divisions and 
enlargement of individual cells are related to the inter¬ 
nal distribution of growth and to the external form of 
the apex. These correlative influences bring about a dif¬ 
ferentiation of distinctive zones in the meristems. In 
some parts of the meristem, the cells may divide slug¬ 
gishly and attain considerable dimensions; in others, 
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they may divide frequently and remain small. Some cell 
complexes divide in various planes (volume growth), 
and others only by walls at right angles to the surface 
of the meristem (anticlinal divisions, surface 
growth). 

The lateral meristems are particularly distinguished 
by divisions parallel with the nearest surface of the 
organ (Fig. 5.4A; periclinal divisions), which result in 
establishment of rows of cells parallel with the radii of 
the axes (radial seriation or alignment) and an increase 
in thickness of the organ. In cylindrical bodies, such as 
stems and roots, the term tangential division (or tan¬ 
gential longitudinal) is commonly used instead of peri¬ 
clinal division. If the anticlinal division occurs parallel 
with the radius of the cylinder, it is referred to as a 
radial anticlinal (or radial longitudinal) division (Fig. 
5.4B). If the new wall is laid down at right angles to the 



Diagrams illustrating planes of division in a cylindrical 
plant structure. A, periclinal (parallel with the surface). 
B, radial anticlinal (parallel with the radius). C, trans¬ 
verse (anticlinal division at right angles to the long 
axis). 


longitudinal axis of the cylinder, the anticlinal division 
is transverse (Fig. 5.4C). 

Organs arising at the same apical meristem may 
assume varied forms because the still-meristematic 
derivatives of the apical meristem (primary meristems) 
often exhibit distinct patterns of growth. Some of these 
patterns are so characteristic that the meristematic 
tissues showing them have received special names. 
These are mass meristem (or block meristem), rib meri¬ 
stem (or hie meristem), and plate meristem (Schiiepp, 
1926). The mass meristem grows by divisions in all 
planes and produces bodies that are isodiametric or 
spheroidal or have no definite shape. Such growth 
occurs, for example, during the formation of spores, 
sperms (in seedless vascular plants), and endosperm. 
Divisions in various planes are associated with the sphe¬ 
roidal shape of many angiosperm embryos at a certain 
stage of development. The rib meristem gives rise to 
a complex of parallel longitudinal hies (“ribs”) of cells 
by divisions at right angles to the longitudinal axis of 
the cell row. This pattern of growth occurs in elongat¬ 
ing cylindrical plant parts as illustrated by the cortex of 
roots and pith and cortex of stems (Fig. 5.1). The plate 
meristem shows chiehy anticlinal divisions so that the 
number of layers originally established in the young 
organ does not increase any further, and a plate-like 
structure is produced. The hat blades of angiosperm 
leaves exemplify the result of growth by a plate meri¬ 
stem (Fig. 5.5). The plate meristem and the rib meristem 
are growth forms that occur mainly in the ground meri¬ 
stem. They are associated with the two basic forms of 
the plant body, the thin spreading lamina (blade) of the 
leaf-like organs and the elongated cylindrical plant parts 
such as root, stem, and petiole. 

Meristematic Activity and Plant Growth 

Meristems and their meristematic derivatives are con¬ 
cerned with growth in the broad sense of the term, 
meaning irreversible increase in size, including volume 
and surface. In multicellular plants growth is based on 
two processes, cell division and cell enlargement. The 
recent derivatives of meristematic initials produce other 
derivatives by cell division, and the successive genera¬ 
tions of derivatives increase in size. Cell enlargement 
becomes dominant over cell division and, in time, 
replaces it entirely. When the derivatives farthest from 
the meristem initials cease to divide and to expand, they 
acquire the characteristic specific for the tissues in 
which they are located; that is, the cells differentiate 
and eventually mature. 

Although cell division as such does not contribute to 
the volume of the growing entity (Green, 1969, 1976), 
addition of cells is a primary requirement for growth of 
a multicellular organism. Cell division and cell expan¬ 
sion are different stages of the growth process, in which 
cell enlargement determines the final size of the plant 
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Diagrams illustrating meristematic activity at margins of 
Lupinus leaflets of two sizes: A, B, 600 jam long; C, D, 
8500 pm long. The short lines indicate equatorial planes 
or cell plates of dividing cells. The division figures were 
recorded in serial sections and assembled, with anticli¬ 
nal divisions in A and C and periclinal divisions in B and 
D. Periclinal divisions at margin establish the number 
of layers in the leaf. Anticlinal divisions extend the 
layers (plate-meristem activity). (From Esau, 1977; 
redrawn from Fuchs, 1968.) 


and its parts. As an integral step in cell ontogeny (devel¬ 
opment of an individual entity), the enlargement of a 
cell serves as the transition between the stages of divi¬ 
sion and maturation (Hanson and Trewavas, 1982). 

Cell division rarely occurs without being accompa¬ 
nied by cell enlargement, at least to the extent that the 
original cell size is maintained in the mass of dividing 
cells. Some angiosperm embryos are an exception in 
this regard. During the first two or three cycles of cell 
division in the zygote, developing into such an embryo, 
little or no cell expansion is detectable (Dyer, 1976). 
Cell division without an increase in size of the entity 
concerned occurs also in the formation of the male 
gametophyte within the microspore (pollen grain). 
Likewise cell division is not associated with cell enlarge¬ 
ment when a multinucleate endosperm is transformed 
into a cellular tissue. Commonly, however, growth may 
be approximately divided into two stages: growth by 
cell division and limited cell enlargement, and growth 
without cell division but with much cell enlargement. 



Diagram of a woody angiospermous plant illustrating 
branching of shoot and root, increase in thickness of 
stem and root by secondary growth, and development 
of periderm and bark on the thickened axis. The 
apices of main and lateral (axillary) shoots bear leaf 
primordia of various sizes. Root hairs occur some dis¬ 
tance from the apices of the main (taproot) and lateral 
roots. (From Esau, 1977; adapted from Rauh, 1950.) 


Since apical meristems occur at the apices of all 
shoots and roots, main and lateral, their number in a 
given plant is relatively large. Vascular plants that 
undergo secondary increase in thickness of stem and 
root (Fig. 5.6) possess additionally extensive meristems, 
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the vascular and cork cambia. The primary growth of 
the plant, initiated in the apical meristems, expands the 
plant body, determines its height, and through increase 
in its surface, the area of contact with air and soil. Even¬ 
tually primary growth also gives rise to the reproduc¬ 
tive organs. The secondary growth resulting from the 
activity of the cambia increases the volume of conduct¬ 
ing tissues and forms supportive and protective 
tissues. 

Usually not all of the apical meristems present on a 
plant are active simultaneously. Suppression of lateral 
bud growth while the terminal shoot is actively growing 
(apical dominance; Cline, 1997, 2000; Napoli et al., 
1999; Shimizu-Sato and Mori, 2001) is a common phe¬ 
nomenon. Then the activity of cambia varies in inten¬ 
sity, and both apical and lateral meristems may show 
seasonal fluctuations in meristematic activity, with a 
slowing down or a complete cessation of cell division 
during winter in temperate zones. 

I DIFFERENTIATION 

Terms and Concepts 

The development of a plant consists of the closely inter¬ 
related phenomena of growth, differentiation, and mor¬ 
phogenesis. Differentiation refers to the succession of 
changes in form, structure, and function of progenies 
of meristematic derivatives, and their organization into 
tissues and organs. One may speak of differentiation of 
a single cell, a tissue (histogenesis), an organ (organo¬ 
genesis), and the plant as a whole. Differentiation also 
refers to processes by which a fertilized egg cell pro¬ 
duces a progeny of cells showing increasing heterogene¬ 
ity, specialization, and patterned organization. The term 
is imprecise, especially if it is used to contrast differenti¬ 
ated from undifferentiated cells. A meristematic cell and 
an egg cell are cytologically complex and are them¬ 
selves products of differentiation. Describing such cells 
as undifferentiated is simply a convention (Harris, 
1974). 

The degree of differentiation and the attendant spe¬ 
cialization (structural adaptation to a particular func¬ 
tion) vary greatly (Fig. 5.7). Some cells diverge relatively 
little from their meristematic precursors and retain the 
power to divide (various parenchyma cells). Others are 
more profoundly modified and lose most, or all, of their 
meristematic potentialities (sieve elements, laticifers, 
tracheary elements, various sclereids). Thus cells dif¬ 
ferentiating in a multicellular body become different 
from their meristematic precursors, as well as from cells 
in other tissues of the same plant. 

The variously differentiated cells may be called 
mature in the sense that they have reached the kind of 
specialization and physiological stability that normally 
characterizes them as components of certain tissues of 


an adult plant. This definition of maturity must include 
the qualification that mature cells with complete proto¬ 
plasts may resume meristematic activity when properly 
stimulated. The stimulation can be induced by acciden¬ 
tal wounding, invasion by parasites, and infection with 
agents of diseases (Beers and McDowell, 2001). Normal 
internal stress causing a selective breakdown of tissues 
may elicit growth reactions resembling “repair reac¬ 
tions.” Such reactions are common in barks during the 
secondary expansion of the axis in width and in abscis¬ 
sion regions where leaves or other organs are normally 
severed from the plant. Stimulation of cells to resume 
growth by isolation from the plant followed by culture 
in vitro has been a particularly useful experimental 
approach to the study of meristematic potentialities of 
mature cells (Street, 1977). 

In studies on resumption of meristematic activity by 
nonmeristematic cells the terms dedifferentiation— 
loss of previously acquired characteristics—and redif¬ 
ferentiation — acquisition of new characteristics—are 
often used. The entire process is referred to as transdif¬ 
ferentiation. Like differentiation, dedifferentiation is 
not a precise term. Dedifferentiating cells do not revert 
to the status of a fertilized egg, or even to that of an 
embryonic cell, but they may lose some of the special¬ 
ized features and increase the amount of subcellular 
components involved in DNA and protein synthesis. 

Discussions of differentiation may include a refer¬ 
ence to determination (McDaniel, 1984a, b; Lyndon, 
1998), a phenomenon that may be regarded as one of 
the aspects of differentiation. Determination means 
progressive commitment to a specific course of develop¬ 
ment that brings about a weakening or loss of capacity 
to resume growth. Some cells are determined earlier 
and more completely than others and some maintain 
their totipotency after differentiation. Differentiation is 
associated with growth and both phenomena occur at 
all morphological levels from subcellular structures to 
the entire plant. Growth without differentiation is 
encountered in abnormal structures such as tumors. 
Callus tissue also may be induced to grow essentially 
without differentiation. 

The term competence appears frequently in discus¬ 
sions of differentiation. As defined by McDaniel (1984a, 
b), competence refers to the ability of a cell to develop 
in response to a specific signal, such as light. It implies 
that the competent cell is able to recognize the signal 
and translate it into a response. 

During its development, a plant assumes a specific 
form. Thus the plant undergoes morphogenesis (from 
Greek words for shape and origin). The term commonly 
is used with reference to both external form and inter¬ 
nal organization, and just like differentiation, morpho¬ 
genesis is revealed at all levels of organization, from 
cell components to whole plants. D. R. Kaplan and 
W. Hagemann (1991) emphasize, however, that although 
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FIGURE 5.7 

Diagram illustrating some of the cell types that may originate from a meristematic cell of the procambium or vascular 
cambium. The meristematic cell depicted here (at the center), with a single large vacuole, is typical of the meriste¬ 
matic cells of the vascular cambium. Procambial cells typically contain several small vacuoles. The meristematic cells 
or precursors of all these cells had identical genomes. The different cell types become distinct from one another 
because they express sets of genes not expressed by other cell types. Of the four cell types depicted here, the paren¬ 
chyma cells are the least specialized. Both the mature vessel element, which is specialized for the conduction of 
water, and the mature fiber, which is specialized for support, lack a protoplast. The mature sieve-tube element, which 
is specialized for the transport of sugars and other assimilates, retains a living protoplast but lacks a nucleus and 
vacuole. It depends on its sister cell, the companion cell, for life support. (From Raven et al., 2005.) 


some aspects of plant anatomy and morphology are cor¬ 
related, cell and tissue differentiation follows organo¬ 
genesis or morphogenesis. Noting a tendency among 
some plant biologists to confuse anatomical characters 
for morphological features in interpreting plant devel¬ 
opmental mechanisms, D. R. Kaplan (2001) further 
stresses “whereas the anatomy may be determined by 
the morphology. . . , the anatomy does not determine 
the morphology.” 

Senescence (Programmed Cell Death) 

The natural termination of life of a plant as a result of 
senescence may be regarded as a normal stage in plant 
development, a sequel to the events of differentiation 
and maturation (Leopold, 1978; Nooden and Leopold, 


1988; Greenberg, 1996). The term senescence specifi¬ 
cally refers to the series of changes in a living organism 
that lead to its death (Nooden and Thompson, 1985; 
Greenberg, 1996; Pennell and Lamb, 1997). Senescence 
may affect the whole organism or some of its organs, 
tissues, or cells. Annual plants that bloom only once in 
their lifetime (monocarpy: fruiting once only) senesce 
within one season. In deciduous trees the leaves com¬ 
monly senesce at the end of seasonal growth. Fruits 
ripen and senesce in a few weeks, isolated leaves and 
flowers in a few days. Senescing individual cells are 
rootcap cells, which are continuously shed from a 
growing root. Since senescence occurs in orderly 
sequences in the life of the plant and is an active degen¬ 
erative process, it is considered to be genetically con¬ 
trolled, or programmed—a process of programmed 
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cell death (Buchanan-Wollaston, 1997; Nooden et al., 
1997; Dangl et al., 2000; Kuriyama and Fukuda, 2002). 

Senescence can be controlled by chemicals, includ¬ 
ing growth substances, and by environmental condi¬ 
tions (Dangl et al., 2000). Treatment of soybean leaves 
with auxin and cytokinins, for example, prevented 
senescence normally induced by seed development 
(Thimann, 1978). The treated leaves maintained their 
photosynthetic activity and nitrogen assimilation instead 
of releasing the reserves to the reproductive structures 
and becoming senescent. In contrast, senescence can 
be induced by ethylene (Grbic and Bleecker, 1995), 
which stimulates the expression of an array of senes¬ 
cence-associated genes (SAGs; Lohman et al., 1994). 

Although the term senescence is derived from the 
Latin senesco, to grow old, it is not considered to be 
synonymous with the word aging (Leopold, 1978; 
Nooden and Thompson, 1985; Nooden, 1988). Like 
senescence, aging is an integral part of a life cycle of an 
individual organism and is not easily distinguishable 
from senescence. Aging is defined as an accumulation 
of changes that lower the vitality of a living entity 
without being lethal themselves. Aging, however, may 
lead into senescence. The ambiguity of the term aging 
has been enhanced by its use in experimental work to 
denote the practice of culturing slices of storage tissue 
in conditions that stimulate increased metabolic activ¬ 
ity. This kind of “aging" should be called rejuvenation 
(Beevers, 1976). 

Common changes in senescing cells of leaves are a 
decline of chlorophyll content, increase in amount of 
red (anthocyanin) and yellow (carotenoids) pigments, 
proteolysis and decrease in content of nucleic acids, and 
an increase in leakiness of cells (Leopold, 1978; Huang 
et al., 1997; Fink, 1999; Jing et al., 2003). The leakiness 
is associated with disorganization of membrane lipids 
(Simon, 1977; Thompson et al., 1997). In naturally 
senescing wheat leaves, chloroplasts accumulate lipids 
in the form of plastoglobuli, grana and intergrana lamel¬ 
lae become distended and break up into vesicles, the 
stroma disintegrates, and finally the plastid envelope 
breaks and releases the organelle contents (Hurkman, 
1979). During senescence much of the cell’s biochemi¬ 
cal processes are directed toward salvaging and redis¬ 
tributing metabolites and structural materials, especially 
reserves of nitrogen and phosphorous. Peroxisomes are 
converted to glyoxysomes, which convert lipids to 
sugars. In green cells most of the protein is represented 
by Rubisco, which is located in the stromal phase of the 
chloroplast. Thus far over 100 so-called senescence- 
associated genes—the expression levels of which are 
up-regulated during leaf senescence—have been identi¬ 
fied in diverse plant species (see literature cited in Jing 
et al., 2003). 

Other examples of programmed cell death in plants 
include the maturation of tracheary elements (Chapter 


10; Fukuda, 1997); the formation of aerenchyma tissue 
(Chapter 7) in roots in response to oxygen deficiency 
(hypoxia) brought about by flooding (Drew et al., 
2000); destruction of the suspensor during embryog- 
eny (Wredle et al., 2001); death of three of the four 
megaspores during megagametogenesis; death of cereal 
aleurone cells following their production of large 
amounts of a-amylases, which are required for the 
breakdown and mobilization of starch to provide an 
energy source for the developing seedling (Fath et al., 
2000; Richards et al., 2001); and the developmental 
remodeling of leaf shape (Gunawardena et al., 2004). 
Programmed cell death also plays an important role in 
resistance against pathogens (Mittler et al., 1997). The 
rapid cell death—known as the hypersensitive 
response or HR —that occurs in response to pathogen 
attack is closely related to active resistance (Greenberg, 
1997; Ponder et al., 1998; Lam et al., 2001; Loake, 2001). 
The exact process by which the HR resists pathogens 
is still problematic. It has been suggested that the HR 
directly kills the pathogen and/or limits its growth by 
interfering with its acquisition of nutrients (Heath, 
2000). 

Programmed cell death in plants is triggered by hor¬ 
monal signals, involves changes in cytosolic Ca 2+ con¬ 
centrations (He et al., 1996; Huang et al., 1997), and 
activation of hydrolytic enzymes sequestered in the 
vacuole. With collapse of the vacuole, the enzymes are 
released, allowing them to attack the nucleus and cyto¬ 
plasmic components of the protoplast. Ethylene induces 
programmed cell death and aerenchyma formation in 
roots following hypoxia and, as mentioned previously, 
promotes leaf senescence (He et al., 1996; Drew et al., 
2000). When added to tobacco TBY-2 cells that had just 
completed the S-phase, ethylene resulted in a substan¬ 
tial peak of mortality at the G 2 /M checkpoint of the cell 
cycle, lending support to the hypothesis that pro¬ 
grammed cell death can be tightly linked to cell cycle 
checkpoints (Herbert et al., 2001). Programmed cell 
death in aleurone cells is initiated by gibberellic acid 
(Fath et al., 2000), and brassinosteroids have been 
shown to induce programmed cell death in tracheary 
elements (Yamamoto et al., 2001). 

The terms programmed cell death and apoptosis are 
often used interchangeably. Apoptosis, however, was 
originally used to refer to particular features of pro¬ 
grammed cell death in animal cells (Chapter 2; Kerr 
et al., 1972; Kerr and Harmon, 1991). Those features 
include nuclear shrinkage, chromosome condensation, 
DNA fragmentation, cellular shrinkage, membrane bleb- 
bing, and the formation of membrane-bound “apoptotic 
bodies” that are engulfed and degraded by adjacent 
cells. Thus far, none of the programmed cell deaths 
recorded for plant cells possess all of the features char¬ 
acteristic of apoptosis (Lee and Chen, 2002; Watanabe 
et al., 2002; and literature cited therein). 
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Cellular Changes in Differentiation 

During differentiation, histologic diversity results from 
changes in the characteristics of individual cells and 
from alterations in intercellular relationships. The 
common features of more or less differentiated cells, 
including the structure and function of individual cell 
components, are described in Chapters 2 and 3- The 
changes in cell wall structure during cell differentiation 
are considered in Chapter 4. Differential increase in 
thickness of primary and secondary cell walls, changes 
in cell wall texture and chemistry, and development of 
special sculptural patterns introduce differences among 
cells. 

A Cytologic Phenomenon Commonly Observed in Dif¬ 
ferentiating Cells of Angiosperms Is Endopolyploidy 
Endopolyploidy refers to a condition that arises from 
a DNA replication cycle within the nuclear envelope and 
without spindle formation. Hence the newly formed 
strands of DNA remain in the same nucleus, and the 
nucleus becomes polyploid. This type of DNA replica¬ 
tion cycle is called an endocycle (Nagl, 1978, 1981). In 
some endocycles structural changes resembling those 
seen in mitosis occur, and the replicated strands of DNA 
become separate chromosomes (an endomitotic cycle). 
The most common endocycle in plants is the endo- 
reduplication, or endoreplication, cycle, in which 
no mitosis-like structural changes take place (D’Amato, 
1998; Traas et al., 1998; Joubes and Chevalier, 2000; 
Edgar and Orr-Weaver, 2001). During endoreduplica- 
tion, polytene chromosomes are formed. Such chromo¬ 
somes contain numerous strands of DNA attached side 
by side in the form of a cable. Polyteny thus results 
from the replication of DNA without separation of the 
sister chromosomes and hence without change in the 
chromosome number. 

Endocycles are sometimes interpreted as exceptional 
phenomena without functional significance. According 
to another view, growth involving endocycles has 
important advantages because it provides a mechanism 
to increase the level of gene expression (Nagl, 1981; 
Larkins et al., 2001). In addition, during an endocycle, 
RNA synthesis is not interrupted as it is during the 
mitotic cycle. Hence the cell has continuously high rates 
of RNA and protein syntheses, activities that promote 
rapid growth and an early entry into a functional state. 
In contrast, growing tissue, in which mitotic activity is 
taking place, show a delay in assuming mature physio¬ 
logical activity. While, for example, the embryo proper 
of Phaseolus still shows meristematic activity, the sus- 
pensor containing polytene chromosomes is a metaboli- 
cally highly active structure providing nutrients for the 
growing embryo. 

There is increasing evidence that a positive correla¬ 
tion exists between ploidy level and cell size (Kondorosi 
et al., 2000; Kudo and Kimura, 2002; Sugimoto-Shirasu 


et al., 2002). Endoreduplication therefore may be an 
important strategy of cell growth (Edgar and Orr-Weaver, 
2001). It may also be required for differentiation of spe¬ 
cific cell types. In Arabidopsis, for example, trichome 
initiation is closely linked with the onset of endoredu¬ 
plication (Chapter 9; Hulskamp et al., 1994). 

As noted by Nagl (1978), endocycles can be under¬ 
stood as an evolutionary strategy. Phyla with species 
having rather low basic nuclear DNA contents through¬ 
out always display endopolyploidy, whereas those with 
species having mainly high DNA values lack it. As pro¬ 
posed by Mizukami (2001), “presumably, endoreduplica¬ 
tion has evolved as a developmental means of providing 
differential gene expression in species with a small 
genome.” 

One of the Early Visible Changes in Differentiating 
Tissues Is the Unequal Increase in Cell Size Some cells 
continue to divide with small increase in size, whereas 
others cease dividing and enlarge considerably (Fig. 
5.8). Examples of differential growth in cell size are 
found in the elongation of procambial cells and lack of 
similar elongation in the adjacent parenchyma cells of 
pith and cortex; elongation of protophloem (first- 
formed) sieve elements in roots, in contrast to the adja¬ 
cent pericyclic cells that continue to divide transversely 
(Fig. 5.8A); widening of vessel elements in contrast to 
the surrounding cells that remain narrow (Fig. 5.8E). 
Size differences between two adjacent cells may result 
also from asymmetric, or unequal, cell divisions, which 
generate cells with different fates (Gallagher and Smith, 
1997; Scheres and Benfey, 1999). For example, during 
pollen formation, an asymmetric cell division produces 
a larger tube, or vegetative, cell and a smaller generative 
cell (Twell et al., 1998). In some plants, root hairs 
develop from cells that are the smaller of two sister cells 
formed by the asymmetric division of a protodermal cell 
(Fig. 5.8B, C; Chapter 9). Unequal divisions also occur 
in the formation of stomata (Chapter 9; Larkin et al., 
1997; Gallagher and Smith, 2000). 

The increase in cell size may be relatively uniform 
along all diameters, but frequently the cell enlarges 
more in one direction than in others. Such cells may 
become strikingly different in shape from their meriste¬ 
matic precursors (long primary phloem fibers, branched 
sclereids). Many, however, become modified in a more 
moderate manner by increasing the number of cell 
facets but retaining a polyhedral shape (Hulbary, 
1944). 

The predominant cell arrangement in a tissue may be 
determined by the growth form of its meristem (rib 
meristem, plate meristem). The relative position of walls 
in contiguous cell rows also gives a distinctive appear¬ 
ance to a tissue (Sinnott, I960). The walls at right angles 
to the cell row may alternate with one another in adja¬ 
cent rows or may occur in the same plane. 
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Intercellular adjustments during tissue differentiation. 
A, series of cells from the root tip of tobacco. Paren¬ 
chyma cells continued dividing; phloem cells ceased 
dividing and began elongating. B, C, development of 
root hair from the smaller of two sister cells resulting 
from transverse division of protodermal cells. C, the 
root-hair cell is extended at a right angle to the root but 
not in the direction of the root’s elongation. Apparently 
in the cell adjacent to the root hair, wall parts a and c 
continued to elongate, whereas part b ceased to elon¬ 
gate after the root-hair primordium was formed. D, E, 
the cambium and xylem that can develop from such 
cambium, both in tangential sections. E, shows the 
results of following developmental changes in the 
cambial derivatives: parenchyma cells were formed by 
transverse divisions of such derivatives, vessel elements 
expanded laterally, and the fiber elongated by apical 
intrusive growth. 


Intercellular Adjustment in Differentiating Tissue 
Involves Coordinated and Intrusive Growth Enlargement 
and change in shape of cells in a differentiating tissue are 
accompanied by more or less profound changes in the 
spatial relations between cells. A familiar phenomenon 
is the appearance of intercellular spaces along the line of 
union of three or more cells (Chapter 4). In some tissues, 
the formation of intercellular spaces does not change the 
general arrangement of cells; in others, it profoundly 
modifies the appearance of the tissue (Hulbary, 1944). 
The role of the cytoskeleton, particularly of micro¬ 
tubules and orientation of cellulose microfibrils in the 
shaping of cells, is considered in Chapter 4. 

With regard to the growth of cell walls during tissue 
differentiation, two kinds of intercellular adjustments 
are visualized: (1) contiguous growing wall layers 
belonging to two neighboring cells do not separate but 
expand jointly; (2) contiguous wall layers do separate 
and the growing cells intrude into the resulting spaces. 
The first method of growth, originally named symplastic 
growth (Priestley, 1930), is common in organs expand¬ 
ing during their primary growth. Whether all cells in a 
complex are dividing, or whether some have ceased to 
divide and are increasing in length and in width, the 
walls of contiguous cells appear to grow in unison 
without separation or buckling. In this coordinated 
growth it is possible that part of the common wall 
between two cells is expanding and another is not. 

The intercellular adjustment that involves an intru¬ 
sion of cells among others is called intrusive growth 
(Sinnott and Bloch, 1939) or interpositional growth 
(Schoch-Bodmer, 1945). The evidence for such growth 
is based on light-microscope observations (Bailey, 1944; 
Bannan, 1956; Bannan and Whalley, 1950; Schoch- 
Bodmer and Huber, 1951, 1952). It is common in elongat¬ 
ing cambial initials, primary and secondary fibers in 
vascular tissues, tracheids, laticifers, and some sclereids. 
Intrusive growth may be exceptionally intensive, as in 
certain woody Liliaceae in which the secondary tra¬ 
cheids become 15 to 40 times longer than their meriste- 
matic counterparts (Cheadle, 1937). The elongating 
cells grow at their apices (apical intrusive growth), 
usually at both ends. The localization of specific expan¬ 
sion gene expression to the ends of differentiating 
Zinnia xylem cells indicates that expansins may be 
involved in the elongation by intrusive growth of the 
primary cell walls of such cells (Im et al„ 2000). The 
intercellular material through which the elongating 
cells intrude is probably hydrolyzed in front of the 
advancing tip, and the primary walls of adjacent cells 
become separated from each other in the same manner 
as they do during the formation of intercellular spaces 
(Chapter 4). 

If plasmodesmata are present, they are probably rup¬ 
tured by the intrusion of the growing cell. The reported 
separation of members of pairs of primary pit-fields 
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(Neeff, 1914) indicates occurrence of such rupture. 
Pit-pairs later appear between pairs of cells that come 
in contact through intrusive growth (Bannan, 1950; 
Bannan and Whalley, 1950). Such pit-pairs are character¬ 
ized by the presence of secondary plasmodesmata 
(Chapter 4). Intrusive growth is associated also with the 
lateral expansion of cells that attain considerable width 
as do, for example, the vessel elements in the xylem 
(Chapter 10). 

Early botanists presumed that gliding (or sliding) 
growth occurred during differential elongation or lateral 
expansion of cells intruding among other cells. In 
gliding growth a section of wall of a growing cell was 
supposed to separate from and glide over the wall of 
the adjacent cell (Krabbe, 1886; Neeff, 1914). This 
concept was replaced by that of intrusive growth. 
Whether such localized cell extension involves some 
gliding of the new wall part over the old with which a 
new contact is made (Bannan, 1951), or whether the 
new wall is apposed along the free surfaces of the cells 
that were separated (interposition; Schoch-Bodmer, 
1945), remains uncertain. 

I CAUSAL FACTORS IN DIFFERENTIATION 

Studies on differentiation and morphogenesis include 
observations on plants developing normally and those 
the development of which is subjected to experimental 
manipulations. Examples of experimental treatments 
are use of growth-regulating chemicals, surgical proce¬ 
dures, exposure to radiation, confinement to controlled 
temperatures and light, interference with normal gravity 
effects, and growth under selected day length condi¬ 
tions. Considerable evidence has been gathered on 
effects of mechanical perturbations on plants. Slight 
rubbing or bending of stems causes marked retardation 
of growth in length and an increase in radial growth of 
all species tested. The response to mechanical interfer¬ 
ence is termed thigmomorphogenesis (Jaffe, 1980; 
Giridhar and Jaffe, 1988), thigm meaning touch in 
Greek. In nature, wind is apparently the environmental 
factor most responsible for thigmomorphogenesis. The 
molecular genetic approach to the study of differentia¬ 
tion and morphogenesis, involving the identification of 
mutations that perturb processes of interest, has con¬ 
tributed greatly to our understanding of factors regulat¬ 
ing various aspects of plant development (Zarsky and 
Cvrckova, 1999). 

Tissue Culture Techniques Have Been Useful for 
the Determination of Requirements for Growth 
and Differentiation 

Studies on intact plants and on those treated experimen¬ 
tally clearly showed that the organized patterned devel¬ 
opment of a higher plant depends on internal controlling 


mechanisms the action of which is modified to a small 
or larger degree by environmental factors (Steward 
et al., 1981). 

The demands of patterned differentiation in a plant 
place a restraint on the meristematic potentialities of 
cells. When this restraint is interrupted by excision 
from the organized body of the plant, living cells are 
able to resume growth. In research on tissue culture in 
vitro (outside a living organism) the release of cells from 
controlling mechanisms in the intact plant is utilized to 
explore conditions that favor meristematic activity or, 
to the contrary, induce differentiation and morphogen¬ 
esis (Gautheret, 1977; Street, 1977; Williams and 
Maheswaran, 1986; Vasil, 1991). Since the capacity of a 
cell to respond with growth to stimuli provided in a 
tissue culture is not necessarily predictable (Halperin, 
1969), much of the tissue culture research has dealt 
with testing of explants from different taxa and differ¬ 
ent parts of a plant for their meristematic potentialities. 
The other aim of this research has been the study of 
effects on the explant of the various constituents of the 
culture medium, particularly of the growth-regulating 
substances. Originally plant tissue culture served mainly 
in specialized botanical research. Later the technique 
came into wide use for propagation of economically 
important plants, obtaining disease-free plants, and cul¬ 
turing cells and tissues as sources of medicinal and 
other kinds of plant constituents (Murashige, 1979; 
Withers and Anderson, 1986; Jain et al., 1995; Ma et al., 
2003). The study of isolated Zinnia mesophyll cells in 
culture has provided valuable information on cell dif¬ 
ferentiation and programmed cell death in plants 
(Chapter 10). 

In early work in tissue culture, secondary phloem 
tissue from carrot root was popular experimental mate¬ 
rial (Fig. 5.9; Steward et al., 1964). Cultured in dissoci¬ 
ated state in a liquid medium containing coconut 
endosperm, the explants first developed into randomly 
proliferating callus tissue, then produced a more orderly 
type of growth: nodules with centrally located xylem 
and phloem outside the xylem (Esau, 1965, p. 97). The 
nodule eventually gave rise to roots, then to shoots 
opposite the roots. The resulting plantlets assumed the 
form of young carrot plants, which when transferred to 
soil formed typical tap roots and flowered. Isolated 
carrot cells can undergo morphogenesis in other ways 
than through callus (Jones, 1974). Often small, sparsely 
vacuolated cells become detached from primary explants 
and assume the form of embryoids, plantlets that 
resemble zygotic embryos in their development into 
plants. The process of initiation and development of 
embryoids from plant somatic cells is termed somatic 
embryogenesis (Griga, 1999). 

Refinements of techniques made possible the isola¬ 
tion of protoplasts by enzymic removal of the cell wall 
from single cells. Such protoplasts make the plasma 
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FIGURE 5.9 

Development of carrot plants from cells in tissue culture. Cultured cells are obtained from phloem of the carrot tap 
root. (Adapted, with permission, from F. C. Steward, M. O. Mapes, A. E. Kent, and R. D. Holsten. 1964. Growth and 
development of cultured plant cells. Science 143, 20-27. © 1964 AAAS.) 


membrane accessible for a wide range of experiments. 
Isolated protoplasts may be induced to fuse and produce 
somatic hybrids, a technique particularly valuable with 
plants for which plant breeding methods have limited 
success, for example, the potato plant (Shepard et al., 
1980). Isolated protoplasts eventually regenerate the 
cell wall and may undergo division and produce whole 
plants (Power and Cocking, 1971; Lorz et al., 1979). 
Today genetic engineering—the application of recombi¬ 
nant DNA technology—allows individual genes to be 
inserted into plant cells, with or without the wall 
removed, in a way that is both precise and simple (Slater 
et al., 2003; Pena, 2004; Poupin and Arce-Johnson, 2005; 
Vasil, 2005). In addition the species involved in the gene 
transfer do not have to be capable of hybridizing with 
one another. 

Much research in cell culture has been based on the 
use of anthers and pollen grains (Raghavan, 1976, 1986; 


Barany et al., 2005; Chanana et al., 2005; Maraschin 
et al., 2005). Under appropriate culture conditions, 
pollen grains enclosed in anthers can give rise to embry- 
oids, which are liberated when the anthers open. For 
isolated pollen cultures, anthers or whole flower buds 
are ground in a liquid medium, the suspension is filtered 
to isolate the pollen, which is then cultured in suspen¬ 
sion or on agar. 

In successful culture the pollen grain is diverted 
from the normal gametophytic development into vegeta¬ 
tive sporophytic development leading to embryoid for¬ 
mation, directly or through callus growth (Geier and 
Kohlenbach, 1973). This process is called androgene- 
sis. The common pathway is through the vegetative cell 
(Sunderland and Dunwell, 1977; Chapter 9 in Street, 
1977). 

Since a pollen grain possesses only one genome, 
haploid plants are obtained. These have many uses in 
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plant breeding and have been especially important in 
mutation research. Induced mutations are immediately 
expressed in the haploid phenotype, whereas in a diploid 
higher plant the normally recessive mutations are 
revealed only in the progeny of a mutagenized plant. 

The Analysis of Genetic Mosaics Can Reveal Patterns 
of Cell Division and Cell Fate in Developing Plants 

The term genetic mosaic refers to a plant in which 
cells of different genotypes occur. In flowering plants 
genetic mosaics, referred to as chimeras, occur in the 
shoot apical meristem (Fig. 5.10) (Tilney-Bassett, 1986; 
Poethig, 1987; Szymkowiak and Sussex, 1996; 
Marcotrigiano, 1997, 2001). In some apical meristems, 
entire parallel layers of cells are found that differ geneti¬ 
cally from one another. Such chimeras are called peri- 
clinal chimeras. In others, only part of a layer (or 
layers) is genetically different (mericlinal chimeras); 
in still others, a sharply defined boundary of genetically 
dissimilar cells extends through all layers (sectorial 
chimeras). The differences serve as markers that may 
be followed through continuous cell lineages to similar 
differences in the cell layers of the apical meristem. 
Some chimeras have combinations of layers with diploid 
and polyploid nuclei (cytochimeras). Polyploidization 



FIGURE 5.10 


Chimerical shoot apices. A, periclinal; B, mericlinal; C, 
sectorial. On the right, transverse sections are shown; 
on the left, longitudinal sections in the plane indicated 
by the line. 


of nuclei may be induced by treating shoot apices with 
colchicine (Fig. 5.11). As a result one or another layer in 
the apical meristem becomes populated with polyploid 
nuclei, and the change is propagated through the 
progeny of the layer in the differentiating plant body 
(Dermen, 1953). Periclinal chimeras are also available 
among mutants with defective, colorless plastids. As in 
the nuclear chimeras the deviating feature—the defec¬ 
tive plastids in this instance—can be traced by lineage 
between the apical meristem and the mature tissues 
(Stewart et al., 1974). Anthocyanin pigmentation is 
another common marker. 

Another type of genetic mosaic is one in which clones 
of genetically different cells are scattered about the 
plant body (Fig. 5.12). Simply referred to as genetic 
mosaics, such clones may be generated experimentally 
with ionizing radiation. The resulting chromosomal 
rearrangements allow the phenotypic expression of 
recessive cell-autonomous mutations. The cell lineages, 
or clones, derived from such cells are permanently 
marked and analysis of the clones can be used to gener¬ 
ate fate maps of cells from any region of the plant body. 
As noted by Poethig (1987), who has studied leaf devel¬ 
opment by clonal analysis (Poethig, 1984a; Poethig 
and Sussex, 1985; Poethig et al., 1986), this technique 
is not, however, a substitute for histological studies on 
plant development. To interpret clonal patterns accu¬ 
rately, “it is essential to have a clear understanding of 
the developmental histology and morphology of the 
system in question” (Poethig, 1987). 

Gene Technologies Have Dramatically Increased Our 
Understanding of Plant Development 

Ultimately it is the genes that determine the character¬ 
istics of the plant. Advances in DNA-sequencing technol¬ 
ogy has made it possible to sequence entire genomes 
and has given rise to the new science of genomics. 
Genomics encompasses the study of the content, orga¬ 
nization, and function of entire genomes (Grotewold, 
2004). The first plant genome sequenced in its entirety 
is that of Arabidopsis thaliana (Arabidopsis Genome 
Initiative, 2000). More recently, a highly accurate 
sequence of the rice (Oryza sativa) genome has been 
completed (International Rice Genome Sequencing 
Project, 2005). 

A broad aim of genomics is to identify genes, to deter¬ 
mine which genes are expressed (and under what condi¬ 
tions), and to determine their function or that of their 
protein products. How does one go about determining 
the function of a gene? A very successful procedure has 
been to uncover mutations that have a visible, or phe¬ 
notypic, effect on plant development. Large populations 
of mutagen-treated Arabidopsis plants have been 
screened for such mutations. Collections of mutants, in 
which genes have been inactivated by insertion of a 
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FIGURE 5.11 
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Shoot apices of Datura from a diploid plant (upper left) and from several periclinal cytochimeras. Chromosomal 
combinations are indicated by values given below each drawing. The first figure of each group of three refers to the 
first tunica layer; the second, to the second tunica layer; the third, to the initial layer of the corpus. The three layers 
commonly are designated LI, L2, and L3. Octoploid cells are the largest, and their nuclei are shown in black for 
emphasis; tetraploid cells are somewhat smaller, and their nuclei are stippled; diploid cells are the smallest, and their 
nuclei are shown by circles. Chromosomal characteristics of tunica layers are perpetuated only in these layers and 
their derivatives (anticlinal divisions in tunica); those of the initial layer of the corpus are immediately transmitted 
to the subjacent layers (divisions in various planes). (After Satina et al., 1940.) 



FIGURE 5.12 

Clones in the subepidermal layer of a tobacco ( Nicotiana 
tabacum ) leaf irradiated prior to the initiation of the 
blade (axis = 100pm). At this stage, clones are usually 
confined to either the upper (black) or lower (gray) sub- 
epidermal layer. None of the clones extend from the 
margin to the midrib. (Redrawn from Poethig, 1984b. In: 
Pattern Formation. Macmillan. © 1984. Reproduced 
with permission of McGraw-Hill Companies.) 


large piece of DNA such as the T-DNA of Agrobacterium 
tumefaciens also are being developed for a large number 
of genes (Bevan, 2002). These so-called knockout 
mutants, each with a different gene inactivated, are 
then screened for changes in their phenotype or how 
they function in a defined environment. Any of the 
changes identified are traced back to the specific 
sequence mutated. With regard to Arabidopsis , genes 
have been identified that are responsible for major 
events in embryogenesis (Laux and Jurgens, 1994), for 
the formation and maintenance of the shoot apical rneri- 
stem (Bowman and Eshed, 2000; Doerner, 2000b; 
Haecker and Laux, 2001), and for the control of flower 
formation and floral organ development (Theiben and 
Saedler, 1999). 

A series of processes intervene between the primary 
action of genes and their final expression. The explana¬ 
tion of the initial effect of genes on differentiation is 
sought at the molecular level. It is discussed in terms of 
gene activation and repression, transcription (the syn¬ 
thesis of messenger RNA from a portion of one strand 
of the double-stranded DNA helix), and translation (the 
synthesis of a polypeptide directed by the nucleotide 
sequence of mRNA). The difference between the many 
cell types of a multicellular organism is the result of 
selective gene expression —that is, only certain genes 
are expressed and transcribed into mRNA. As a result 
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the proteins that mediate cell differentiation are synthe¬ 
sized selectively. In a given cell some genes are expressed 
continuously, others only as their products are needed, 
and still others not at all. The mechanisms that control 
gene expression—that turn genes “on” and “off”—are 
collectively called gene regulation. 

Polarity Is a Key Component of Biological 
Pattern Formation and Is Related to the 
Phenomenon of Gradients 

Polarity refers to the orientation of activities in space. It 
is an essential component of biological pattern forma¬ 
tion (Sachs, 1991). Polarity manifests itself early in the 
life of the plant. It is displayed in the egg cell, in which 
the nucleus is located in the chalazal end and a large 
vacuole in the micropylar end, and in the bipolar devel¬ 
opment of the embryo from the zygote. It is later 
expressed in the organization of the plant into root and 
shoot and is also evident in various phenomena at the 
cellular level (Grebe et al., 2001). Transplantation studies 
(Gulline, I960) and tissue culture studies (Wetmore and 
Sorokin, 1955) indicate that polarity is exhibited not 
only by the plant as a whole but also by its parts, even 
if these are isolated from the plant. Polarity in stems is 
a familiar phenomenon. In plants that are propagated 
by stem cuttings, for example, roots will form at the 
lower end of the stem, leaves and buds at the upper end. 
Moreover polarity cannot be changed by reversing a 
stem cutting by planting it upside down. 

The stability of polarity has been clearly demon¬ 
strated in an experiment with centrifugation of differ¬ 
entiating fern spores (Bassel and Miller, 1982). The 
normal first division of the spore in Onoclea sensibilis 
is preceded by migration of the nucleus from the center 
of the ellipsoidal spore to one end of it. A highly asym¬ 
metric division follows. The large cell forms a proto- 
nerna, and the small cell develops into a rhizoid. 
Centrifugation of the spore does not change this pattern 
of division, even though the contents of the spore 
become displaced and stratified. Only when the cen¬ 
trifugation occurs immediately before or during mitosis 
or cytokinesis is the asymmetric division blocked. 

Polar behavior of individual cells in the intact plant 
is illustrated by unequal divisions that result in physio¬ 
logically, and often also morphologically, different 
daughter cells (Gallagher and Smith, 1997). In the epi¬ 
dermis of some roots, unequal divisions occur after 
which the smaller of the two products of division forms 
a root hair. Before the division most of the organelle-rich 
cytoplasm accumulates at either the proximal end (the 
end toward the root apex) or distal end of the cell. The 
nucleus migrates in the same direction and then divides. 
Cell-plate formation separates the small future root-hair 
cell from the longer epidermal cell that produces no 
root hair (Sinnott, I960). Biochemical differences 


between the two kinds of cell also become evident 
(Avers and Grimm, 1959). The common presumption is 
that unequal divisions depend on polarization of cyto¬ 
plasm, for there is no evidence of unequal distribution 
of chromosomal material (Stebbins and Jain, I960). 

Polarity is related to the phenomenon of gradients, 
since the differences between the two poles of the plant 
axis appear in graded series. There are physiological 
gradients, for example, those expressed in the rates of 
metabolic processes, in concentration of auxins, and in 
concentration of sugar in the conducting system; there 
are also gradients in anatomical differentiation and in 
the development of the external features (Prat, 1948, 
1951). The plant axis shows transitional anatomical and 
histological characteristics in the transition between 
root and stem. The differentiation of derivatives of meri¬ 
stems, in general, occurs in graded series, and adjacent 
but different tissues may show different gradients. 
Externally, graduated development is seen in the change 
in the form of the successive leaves along the axis, from 
the usually smaller and simpler juvenile form to the 
large and more elaborate adult form (Fig. 5.13). Subse¬ 
quently, after the reproductive state is induced, smaller 
leaves again are gradually produced, the series becom¬ 
ing completed with inflorescence bracts that support 
subdivisions of the inflorescence or the individual 
flowers. 

Plant Cells Differentiate According to Position 

Although cellular differentiation depends on the control 
of gene expression, the fate of a plant cell—that is, what 
kind of cell it will become—is determined by its final 
position in the developing organ. Even though distinct 
cell lineages may be established, such as those in a root, 
position not lineage determines cell fate. The concept 
that the function of a cell in a multicellular organism is 
early determined by its position in that organism goes 
back to the second half of the nineteenth century 
(Vochting, 1878, p. 241). It was not until the early 1970s, 
however, that occasional cell displacements, noted in 
chimeras, provided evidence that cell fate in stem and 
leaf was determined by position rather than by lineage, 
even at late stages of development (Stewart and Burk, 
1970). Since then conclusive evidence has accumulated 
through analysis of genetic mosaics that the position of 
a cell, not its clonal origin, determines its fate (Irish, 
1991; Szymkowiak and Sussex, 1996; Kidner et al., 
2000). If an undifferentiated cell is displaced from its 
original position, it will differentiate into a cell type 
appropriate to its new position, without any effect on 
the organization of the plant (Tilney-Bassett, 1986). 
Laser ablation experiments on Arabidopsis root tips 
(van den Berg et al., 1995) also have shown that ablated 
cells can be replaced by cells from other lineages, the 
“replacement cells” differentiating according to their 
new position. 
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FIGURE 5.13 

First 10 leaves from the main shoot of a potato plant (Solarium tuberosum ). The leaves undergo a transition from 
simple to pinnately compound. (xO.l. From McCauley and Evert, 1988.) 


Inasmuch as the fate of plant cells is dependent on 
their position within the plant, it is obvious that the 
cells must be able to communicate with each other, that 
is, to exchange positional information. Positional infor¬ 
mation has been shown to play a role in the differentia¬ 
tion of photosynthetic cell types in the maize leaf 
(Langdale et al., 1989), the spacing of trichomes in the 
leaf epidermis of Arabidopsis (Larkin et al., 1996), and 
in maintaining a balance of cell types in the shoot 
and root apical meristems of Arabidopsis (Scheres and 
Wolkenfelt, 1998; Fletcher and Meyerowitz, 2000; Irish 
and Jenik, 2001). The mechanistic basis of cell-to-cell 
signaling in plants remains to be elucidated. Some sig¬ 
naling processes in plants appear to be mediated by 
transmembrane receptor-like kinases (Irish and Jenik, 
2001); others employ plasmodesmata (Chapter 4; 
Zambryski and Crawford, 2000). 


I PLANT HORMONES 

Plant hormones, or phytohormones, are chemical 
signals that play a major role in regulating growth and 
development, and hence are briefly considered here 
(Davies, P. J., 2004; Taiz and Zeiger, 2002; Crozier et al., 
2000; Weyers and Paterson, 2001). The term hormone 


(from the Greek horman , meaning to set in motion) was 
adopted from animal physiology. The basic feature of 
animal hormones—that they are active at a distance 
from where they are synthesized—does not apply 
equally to plant hormones. Whereas some plant hor¬ 
mones are produced in one tissue and transported to 
another tissue, where they produce specific physiologi¬ 
cal responses, others act within the same tissue where 
they are produced. In both cases they help coordinate 
growth and development by acting as chemical mes¬ 
sengers, or signals, between cells. 

Plant hormones have multiple activities. Some, rather 
than acting as stimulators, have inhibitory influences. 
The response to a particular hormone depends not only 
on its chemical structure but on how it is “read" by its 
target tissue. A given hormone can elicit different 
responses in different tissues or at different stages of 
development of the same tissue. Some plant hormones 
are able to influence the biosynthesis of another or to 
interfere in the signal transduction of another. Tissues 
may require different amounts of hormones. Such dif¬ 
ferences are referred to as differences in sensitivity. 
Thus plant systems may vary the intensity of hormone 
signals by alternating hormone concentrations or by 
changing the sensitivity to hormones that are already 
present. 
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Traditionally five classes of plant hormones have 
received the most attention: auxins, cytokinins, ethyl¬ 
ene, abscisic acid, and gibberellins (Kende and Zeevaart, 
1997). It has become increasingly clear, however, that 
additional chemical signals are used by plants 
(Creelman and Mullet, 1997), including the brassino- 
steroids —a group of naturally occurring polyhydroxy 
steroids—that have been identified in many plants and 
appear to be required for normal growth of most plant 
tissues; salicylic acid —a phenolic compound with a 
structure similar to aspirin—the production of which is 
associated with disease resistance and has been linked 
to the hypersensitive response; the jasmonates —a 
class of compounds known as oxylipins—that play a 
role in the regulation of seed germination, root growth, 
storage-protein accumulation, and synthesis of defense 
proteins; systemin —an 18-amino acid polypeptide— 
that is secreted by wounded cells and then transported 
via the phloem to the upper, unwounded leaves to acti¬ 
vate chemical defenses against herbivores, a phen¬ 
omenon called systemic acquired resistance 
(Hammond-Kosack and Jones, 2000); thepolyamines — 
low molecular weight, strongly basic molecules—that 
are essential for growth and development and affect the 
processes of mitosis and meiosis; and the gas nitric 
oxide (NO) that has been found to serve as a signal in 
hormonal and defense responses. NO has been reported 
to repress the floral transition in Arabidopsis (He, Y., 
et al., 2004). In their multiple activities the hormones 
interact with one another; actually the interactions and 
balance among the growth substances, rather than the 
activity of a single substance, regulate normal growth 
and development. 

In the following paragraphs some salient features of 
each of the traditional groups of plant hormones are 
considered. 

Auxins 

The principal naturally occurring auxin is indole-3- 
acetic acid (IAA). IAA is synthesized primarily in leaf 
primordia and young leaves, and has been implicated in 
many aspects of plant development, including the 
overall polarity of the plant root-shoot axis, which is 
established during embryogenesis. This structural polar¬ 
ity is traceable to the polar, or unidirectional, transport 
of IAA in the plant. Polar auxin transport proceeds in a 
cell-to-cell fashion through the action of specific mem¬ 
brane-bound influx (AUX1) and efflux (PIN) carriers 
(Steinmann et al., 1999; Frirnl et al., 2002; Marchant et 
al., 2002; Frirnl, 2003; Volger and Kuhlemeier, 2003). 
The steady stream of auxin from the leaves and down¬ 
ward in the stem leads to the flow of auxin along narrow 
files of cells and results in the formation of continuous 
strands of vascular tissues (Aloni, 1995; Berleth and 
Mattsson, 2000; Berleth et al., 2000)— the canalization 
hypothesis of Sachs (1981). 


In both shoots and roots the polar transport is 
always basipetal —from the shoot tip and leaves down¬ 
ward in the stem, and from the root tip toward the base 
of the root (the root-shoot junction). The velocity of 
polar auxin transport—5 to 20 centimeters per hour—is 
faster than the rate of passive diffusion. In addition to 
the polar transport of auxin it has recently been recog¬ 
nized that most of the IAA synthesized in mature leaves 
apparently is transported throughout the plant over 
long distances nonpolarly via the phloem at rates con¬ 
siderably higher than those of polar transport. Relatively 
high concentrations of free IAA have been detected in 
the phloem (sieve tube) sap of Ricinus communis, indi¬ 
cating that auxin may be transported over long dis¬ 
tances in the phloem (Baker, 2000). Additional research 
indicates that in Arabidopsis the auxin influx carrier 
AUX1 is involved with phloem loading in the leaf and 
with phloem unloading in the root (Swarup et al., 2001; 
Marchant et al., 2002), lending further support for auxin 
transport in the phloem. In plants capable of secondary 
growth, auxin transport also occurs in the region of the 
vascular cambium (Sundberg et al., 2000). 

In an elegant study Aloni and co-workers (2003), uti¬ 
lizing a combination of molecular and localization pro¬ 
cedures, demonstrated the pattern of free auxin (IAA) 
production in developing Arabidopsis leaves (Fig. 5.14). 
The stipules are the first major sites of high free auxin 
production. In the developing blades the hydathodes are 
the primary sites of high free auxin production, first 
those in the blade tips and then, progressing basipetally, 
those along the margins. Trichomes and mesophyll cells 
are secondary sites of free auxin production. During 
blade development the sites and concentrations of free 
auxin production shift from the elongating tip basipe¬ 
tally along the expanding margins and finally to the 
central regions of the blade. The orderly shifts in the 
sites and concentrations of free auxin presumably control 
venation pattern formation and vascular differentiation 
in the leaf, the intense production of auxin in the hyda¬ 
thodes inducing differentiation of the midvein and the 
secondary bundles, and the low free auxin production 
in the lamina—particularly in association with the tri¬ 
chomes—inducing differentiation of the tertiary and 
quaternary veins and vein endings. The results of this 
study are in accord with the leaf-venation hypothesis 
proposed by Aloni (2001) to explain the hormonal 
control of vascular differentiation in leaves of eudicots. 

A gene, named VASCULAR HIGHWAY1 (VH1), the 
expression of which is provascular/procambial cell- 
specific, has been identified in developing leaves of Ara¬ 
bidopsis (Clay and Nelson, 2002). The expression pattern 
of VH1 corresponds to the pattern of vein formation in 
developing leaves and, as noted by Clay and Nelson 
(2002), is consistent with the canalization hypothesis of 
patterned vascular differentiation based on the produc¬ 
tion and distribution of auxin (Sachs, 1981). 
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FIGURE 5.14 



Gradual changes in sites (indicated by spots) and concentrations (indicated by spot sizes) of free-IAA production 
during leaf primordium development in Arabidopsis. Initial production of IAA occurs in the stipules (s) (A). Arrows 
show the direction of the basipetal polar IAA movement, in the blade, descending from the differentiating hydathodes 
(B-D); arrowheads show the location of secondary free-auxin production sites in the blade (D, E). Experimental 
evidence indicates that although the midvein develops acropetally (B), it is induced by the basipetal polar IAA flow. 
(From Aloni, 2004, Fig. 1. © 2004, with kind permission of Springer Science and Business Media.) 


Experimental evidence has also been provided for a 
role of polar auxin transport in vascular patterning in 
the rice (Oryza sativa) leaf (Scarpella et al., 2002). It 
has been proposed that the Oshoxl gene of rice, which 
is expressed in procambial cells (Scarpella et al., 2000), 
promotes fate commitment of procambial cells by in¬ 
creasing their auxin conductivity properties (Scarpella 
et al., 2002). 

Auxins provide signals that coordinate a multiplicity 
of developmental processes at many levels throughout 
the plant body (Berleth and Sachs, 2001). Auxin has 
been implicated in regulating the pattern of cell divi¬ 
sion, elongation, and differentiation (Chen, 2001; Ljung 
et al., 2001; Frirnl, 2003). In Arabidopsis leaves high 
levels of IAA are strongly correlated with high rates of 
cell division. Dividing mesophyll tissue contained ten¬ 
fold higher IAA levels than tissue growing solely by 
elongation. Although the youngest leaves exhibited the 
highest capacity to synthesize IAA, all other parts of the 
young Arabidopsis plant (including cotyledons, expand¬ 
ing leaves, and roots) showed a capacity to synthesize 
IAA de novo (Ljung et al., 2001). The gradient of auxin 
caused by its polar movement provides important devel¬ 
opmental signals during embryogenesis (Hobbie et al., 
2000; Berleth, 2001; Hamann, 2001), leaf vascular pat¬ 
terning (Mattsson et al., 1999; Aloni et al., 2003), and 
lateral organ formation in shoot and root (Reinhardt et 
al., 2000; Casimiro et al., 2001; Paquette and Benfey, 
2001; Scarpella et al., 2002; Bhalerao et al., 2002). Auxin 
has been implicated in both gravitropism and phototro- 
pism (Marchant et al., 1999; Rashotte et al., 2001; Muday, 
2001; Parry et al., 2001) and in organization and main¬ 


tenance of both shoot and root apical meristems (Sachs, 
1993; Sabatini et al., 1999; Doerner, 2000a, b; Kerk et 
al., 2000). Together with ethylene, auxin plays an impor¬ 
tant role in root-hair development in Arabidopsis 
(Rahman et al., 2002). Some other activities of auxin are 
the inhibition of axillary bud development as a part 
of apical dominance phenomenon and retardation of 
abscission. 

Cytokinins 

Cytokinins are so named because in conjunction with 
auxin, they promote cell division. Roots are rich sources 
of cytokinins, which are transported in the xylem from 
the root to the shoot (Letham, 1994). Among the regula¬ 
tory functions proposed for the root-synthesized cyto¬ 
kinins has been that of triggering the release of lateral 
buds from dormancy, acting counter to auxin, which 
inhibits lateral bud growth. The results of experiments 
with transgenic plants, in which systemic and local 
cytokinin syntheses are controllable (reviewed in 
Schmulling, 2002), indicate, however, that locally syn¬ 
thesized cytokinin, not root-derived cytokinin, is needed 
to release buds from dormancy. A more likely role for 
root-derived cytokinins appears to be one of carrying 
information about the nutritional status, particularly 
nitrogen nutrition, in root and shoot (Sakakibara et al., 
1998; Yong et al., 2000). Cytokinin produced in the 
rootcap has been implicated in the early response of 
Arabidopsis roots to gravity (Aloni et al., 2004). Cyto¬ 
kinins play on important role in formation of the pro- 
vascular tissue during embryogenesis (Mahonen et al., 
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2000) and in the control of meristem activity and organ 
growth during postembryonic development (Coenen 
and Lomax, 1997). Whereas they are promoters of shoot 
development, cytokinins are inhibitors of root develop¬ 
ment (Werner et al., 2001). 

Ethylene 

Ethylene, a simple hydrocarbon (H 2 C=CH 2 ), can be 
produced by virtually all parts of seed plants (Mattoo 
and Suttle, 1991). Being a gas, it moves by diffusion from 
its site of synthesis. The rate of ethylene production 
varies among plant tissues and depends on the stage of 
development. Shoot apices of seedlings are important 
sites of ethylene production, as are the nodal regions of 
stems, which produce considerably more ethylene than 
the internodes (on an equal tissue weight basis). 

Ethylene production increases during leaf abscission 
and during the ripening of some fruits. During the rip¬ 
ening of avocados, tomatoes, and pome fruits, such as 
apples and pears, there is a large increase in cellular 
respiration. This phase is known as the climacteric, 
and the fruits are called climacteric fruits. In climacteric 
fruits increased ethylene synthesis precedes and is 
responsible for many of the ripening processes. An 
increase in ethylene production also occurs in most 
tissues in response to both biotic (disease, insect 
damage) and abiotic (flooding, temperature, drought) 
stress (Lynch and Brown, 1997). As mentioned previ¬ 
ously, lysigenous aerenchyma formation is an ethylene- 
mediated response to flooding (Grichko and Glick, 

2001 ) . 

Ethylene often has effects opposite those of auxin. 
Whereas auxin prevents leaf abscission, ethylene pro¬ 
motes leaf abscission. Ethylene production in the abscis¬ 
sion zone is regulated by auxin. In most plant species 
ethylene has an inhibitory effect on cell elongation 
(Abeles et al., 1992); auxin promotes cell elongation. In 
some semiaquatic species (Ranunculus sceleratus, Cal- 
litricloe platycarpa, Nymphoides peltata, deepwater 
rice), however, ethylene elicits rapid stem growth. 

Abscisic Acid 

Abscislc Acid (ABA) is a misnomer for this compound. 
It was so named because originally it was thought to be 
involved with abscission, a process now known to be 
triggered by ethylene. ABA is synthesized in almost all 
cells containing amyloplasts or chloroplasts; hence it 
can be detected in living tissue from root tip to shoot 
tip (Milborrow, 1984). ABA is transported in both the 
xylem and the phloem, although it is generally much 
more abundant in the phloem. ABA synthesized in the 
roots in response to water stress is transported upward 
in the xylem to the leaves where it can induce closing 
of stomata (Chapter 9; Davies and Zhang, 1991). 

ABA levels increase during early seed development 
in many plant species, stimulating the production of 


seed storage proteins (Koornneef et al., 1989) and pre¬ 
venting premature germination. The breaking of dor¬ 
mancy in many seeds is correlated with declining ABA 
levels in the seed. 

Gibberellins 

Gibberellins (GAs) are tetracyclic diterpenoids. Over 
125 GAs have been identified, but only a few are known 
to be biologically active. Developing seeds and fruits 
exhibit the highest levels of GAs. Young, actively 
growing buds, leaves, and the upper internodes of pea 
seedlings have been identified as sites of GA synthesis 
(Coolbaugh, 1985; Sherriff et al., 1994). GAs synthesized 
in the shoot can be transported throughout the plant 
via the phloem. 

GAs have dramatic effects on stem and leaf elonga¬ 
tion by stimulating both cell division and cell elonga¬ 
tion. Their role in stem growth is most clearly 
demonstrated when they are applied to many dwarf 
plants. Under GA treatment such plants become indis¬ 
tinguishable from normal nonmutant plants, indicating 
that the mutants are unable to synthesize GA and that 
growth requires GA. The Arabidopsis gcd-3 dwarf 
mutant (Zeevaart and Talon, 1992) illustrates multiple 
effects of GA deficiency. In addition to being dwarfed, 
the plants are bushier and have darker leaves. Also gal-3 
flowering is delayed, gal-3 flowers are male sterile, and 
gal-3 seeds fail to germinate. All of the wild-type char¬ 
acters are restored to the mutant upon the addition of 
GA. Studies on tobacco and pea indicate that IAA from 
the apical bud is required for normal GA! biosynthesis 
in stems (Ross et al., 2002). GA! may be the only GA 
controlling stem elongation. GA r induced elongation is 
usually accompanied by an increase in IAA content. 

GAs control a wide array of plant developmental pro¬ 
cesses (Richards et al., 2001). They are important for 
normal root elongation in pea (Yaxley et al., 2001), for 
seed development, and for pollen tube growth in Ara¬ 
bidopsis (Singh et al., 2002), and they are essential 
for seed germination in a number of plant species 
(Yamaguchi and Kamiya, 2002). In many species of seed 
plants, GAs can substitute for the dormancy-breaking 
cold or light required for seeds to germinate. As men¬ 
tioned previously, in cereal grains GAs regulate the pro¬ 
duction and secretion of the enzyme (a-amylase), 
leading to hydrolysis of starch stored in the endosperm. 
GAs may also serve as long-day flowering signals (King 
et al., 2001). Application of GAs to long-day plants and 
biennials may cause bolting and flowering without 
appropriate cold or long-day exposure. 
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CHAPTER SIX 


Apical Merislems 


The term apical meristem refers to a group of meri- 
stematic cells at the apex of shoot and root that by cell 
division lay the foundation of the primary plant body. 
As indicated in Chapter 5, meristems are composed 
of initials, which perpetuate the meristems, and their 
derivatives. Also the derivatives usually divide and 
produce one or more generations of cells before the 
cytologic changes, denoting differentiation of specific 
cells and tissues, occur near the tip of the shoot or root. 
The divisions continue at all levels where such changes 
are already discernible. Therefore growth, in the sense 
of cell division, is not limited to the very tip of shoot 
or root but extends to levels considerably removed 
from the region usually called the apical meristem. In 
fact the divisions some distance from the apex are more 
abundant than at the apex (Buvat, 1952). In the shoot 
a more intensive meristematic activity is observed at 
levels where new leaves are initiated than at the tip, 
and during the elongation of the stem, cell division 
extends several internodes below the apical meristem 
(Sachs, 1965). The change from apical meristem to 
adult primary tissues is gradual and involves the inter¬ 
grading of the phenomena of cell division, cell enlarge¬ 


ment, and cell differentiation, so one cannot restrict the 
term meristem to the apex of shoot and root. The parts 
of shoot and root where future tissues and organs are 
already partly determined but where cell division and 
cell enlargement are still in progress are also 
meristematic. 

The profuse and inconsistent terminology in the 
voluminous literature on apical meristems (Wardlaw, 
1957; Clowes, 1961; Cutter, 1965; Gifford and Corson, 
1971; Medford, 1992; Lyndon, 1998) reflects the com¬ 
plexity of the subject matter. Most commonly the term 
apical meristem is used in a wider sense than merely the 
initials and their immediate derivatives; it also includes 
variable lengths of shoot and root proximal to the apex. 
Shoot apex and root apex often are employed as 
synonyms of apical meristem, although a distinction is 
sometimes made between the shoot apical meristem 
and the shoot apex: the apical meristem denotes only 
the part of the shoot lying distal to the youngest leaf 
primordium, whereas the shoot apex includes the apical 
meristem together with the subapical region bearing 
young leaf primordia (Cutter, 1965). When determina¬ 
tions of the dimensions of apices of shoots are made, 
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only the part above the youngest leaf primordium, or 
the youngest node, is measured. 

When it is important to differentiate the least deter¬ 
mined part of the apical meristem the term promeri- 
stem or protomeristem (Jackson, 1953) is used: it 
refers to the initials and their most recent derivatives, 
which exhibit no evidence of tissue differentiation and 
are presumed to be in the same physiological state as 
the initials (Sussex and Steeves, 1967; Steeves and 
Sussex, 1989). Johnson and Tolbert’s (I960) metameri- 
stem refers to the same group of cells as the promeri- 
stem (protomeristem). They define it specifically as “the 
central part of the shoot apex which maintains itself, 
contributes to the growth and organization of the apex, 
but exhibits little or no evidence of tissue separation.” 
Thus this least determined part of the apical meristem 
corresponds to the general area termed the central zone 
in shoot apices (see below). The promeristem of Clowes 
(1961), on the other hand, includes only the initials. 

I EVOLUTION OF THE CONCEPT OF flPICRL ORGRNIZRTION 

Apical Meristems Originally Were Envisioned as 
Having a Single Initial Cell 

Following Wolff’s (1759) recognition of the shoot apex 
as an undeveloped region from which growth of the 


plant proceeded and the discovery of a single, morpho¬ 
logically distinct initial cell at the apex of seedless vas¬ 
cular plants, the idea developed that such cells exist in 
seed plants as well. The apical cell (Fig. 6.1) was inter¬ 
preted as a consistent structural and functional unit 
of apical meristems governing the whole process of 
growth (the apical-cell theory). Subsequent research¬ 
ers refuted the assumption of a universal occurrence of 
single apical cells and replaced it by a concept of inde¬ 
pendent origin of different parts of the plant body. 

The Apical-Cell Theory Was Superseded by the 
Histogen Theory 

The histogen theory was developed by Hanstein (1868, 
1870) on the basis of extensive studies of angiosperm 
shoot apices and embryos. According to this theory the 
main body of the plant arises not from superficial cells 
but from a massive meristem of considerable depth com¬ 
prising three parts, the histogens, which may be dis¬ 
tinguished by their origin and course of development. 
The outermost part, the dermatogen (from the Greek 
words meaning skin and to bring forth), is the precursor 
of the epidermis; the second, the periblem (from the 
Greek, clothing), gives rise to the cortex; the third, the 
plerome (from the Greek, that which fills), constitutes 
the inner mass of the axis. The dermatogen, each layer 


FIGURE 6.1 



Shoot apices with apical cells. A, B, two forms of the apical cell, pyramidal, or four-sided, (A) and lenticular, or three- 
sided, (B). Cells are cut off from three faces of the pyramidal cell, from two in the lenticular. In both A and B a deriva¬ 
tive cell is shown attached to the right side of the apical cell. C, D, apical cells in longitudinal sections of shoot (C) 
and rhizome (D). In C, apical cells in leaf primordia; one of these (left) is dividing. Subdivided derivatives— 
merophytes—of the apical cell are indicated by slightly thicker walls. (C, D, x230. A, B, adapted from Schiiepp, 1926. 
www.schweizerbart.de) 
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of the periblem, and the plerome begin with one or 
several initials distributed in superposed tiers in the 
most distal part of the apical meristem. 

Hanstein’s “dermatogen” is not equivalent to Haber- 
landt’s (1914) “protoderm.” Haberlandt’s protoderm 
refers to the outermost layer of the apical meristem 
regardless of whether this layer arises from independent 
initials or not, and regardless of whether it gives rise to 
the epidermis or to some subepidermal tissue as well. 
In many apices the epidermis does originate from an 
independent layer in the apical meristem; in such apices 
the protoderm and dermatogen may coincide. The 
periblem and plerome in the sense of Hanstein are dis¬ 
cernible in many roots but are seldom delimited in 
shoots. Thus the subdivision into dermatogen, periblem, 
and plerome has no universal application. But the fatal 
flaw of Hanstein’s histogen theory is its presumption 
that the destinies of the different regions of the plant 
body are determined by the discrete origin of these 
regions in the apical meristem. 

The Tunica-Corpus Concept of Apical Organization 
Applies Largely to Angiosperms 

The apical-cell and histogen theories were developed 
with reference to both root and shoot apices. The third 
theory of apical structure, the tunica-corpus theory 
of A. Schmidt (1924), was an outcome of observations 
on angiosperm shoot apices. It states that the initial 
region of the apical meristem consists of (1) the tunica, 
one or more peripheral layers of cells that divide in 
planes perpendicular to the surface of the meristem 
(anticlinal divisions), and (2) the corpus, a body of cells 
several layers deep in which the cells divide in various 
planes (Fig. 6.2). Thus, whereas the corpus adds bulk 
to the apical meristem by increase in volume, the one 
or more layers of tunica maintain their continuity over 


the enlarging mass by surface growth. Each layer of 
tunica arises from a small group of separate initials, and 
the corpus has its own initials located beneath those of 
the tunica. In other words, the number of tiers of initials 
is equal to the number of tunica layers plus one, the tier 
of corpus initials. In contrast to the histogen theory, 
the tunica-corpus theory does not imply any relation 
between the configuration of cells at the apex and 
histogenesis below the apex. Although the epidermis 
usually arises from the outermost layer of tunica, which 
thus coincides with Hanstein’s dermatogen, the underly¬ 
ing tissues may have their origin in the tunica or corpus 
or both, depending on the plant species and the number 
of tunica layers. 

As more plants came to be examined, the tunica- 
corpus concept underwent some modifications, espe¬ 
cially with regard to the strictness of the definition of 
the tunica. According to one view, tunica should include 
only those layers that never show any periclinal divi¬ 
sions in the median position, that is, above the level of 
origin of leaf primordia (Jentsch, 1957). If the apex 
contains additional parallel layers that periodically 
divide periclinally, these layers are assigned to the 
corpus and the latter is characterized as being stratified 
(Sussex, 1955; Tolbert and Johnson, 1966). Other 
workers treat the tunica more loosely and describe it as 
fluctuating in number of layers: one or more of the inner 
layers of the tunica may divide periclinally and thus 
become part of the corpus (Clowes, 1961). Because of 
the differing usage of the term tunica, its usefulness in 
accurately describing growth relations at the shoot apex 
was questioned by Popham (1951), who proposed the 
term mantle to include “all layers at the summit of the 
apex in which anticlinal divisions are sufficiently 
frequent to result in the perpetuation of definite cell 
layers”; the mantle overarches a body of cells called the 
core. The term corpus was avoided. 


FIGURE 6.2 



Shoot apex of Pisum (pea). Cellular details in A, interpretative diagram in B. The pith meristem does not show typical 
rib-meristem form of growth. (From Esau, 1977.) 
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The Shoot Apices of Most Gymnosperms and 
Angiosperms Show a Cytohistological Zonation 

The tunica-corpus concept, which was developed with 
reference to angiosperm shoot apices, proved to be 
largely unsuitable for the characterization of the apical 
meristem of gymnosperms (Foster, 1938, 1941; Johnson, 
1951; Gifford and Corson, 1971; Cecich, 1980). With few 
exceptions ( Gnetum , Ephedra, and several species of 
conifers) the gymnosperms do not show a tunica-corpus 
organization in the shoot apex; that is, they do not have 
stable surface layers dividing only anticlinally. The outer¬ 
most layer of the apical meristem undergoes periclinal 
and anticlinal divisions and contributes cells to the 
peripheral and interior tissues of the shoot. The surface 
cells located in a median position in the apical meristem 
are interpreted as initials. Studies of gymnosperm apices 
led to the recognition of a zonation—termed a cytohis¬ 
tological zonation —based not only on planes of divi¬ 
sion but also on cytologic and histologic differentiation 
and the degree of meristematic activity of the compo¬ 
nent cell complexes (Fig. 6.3). Similar zonations, super¬ 
imposed on a tunica-corpus organization, have since 
been observed in most angiosperms (Clowes, 1961; 
Gifford and Corson, 1971). 

The cytologic zones that may be recognized in shoot 
apical meristems vary in degree of differentiation and 
in details of grouping of cells. The zonation may be suc¬ 
cinctly characterized by dividing the apical meristem 
into a central zone and two zones derived from it. One 
of these, the rib zone, or rib (pith) meristem, appears 
directly below the central zone and is centrally located 
in the apex. It usually becomes the pith after additional 
meristematic activity has occurred. The other, the 
peripheral zone, or peripheral meristem, encircles 
the other zones. The peripheral zone typically is the 
most meristematic of all three zones and has the densest 
protoplasts and the smallest cell dimensions. It may be 
described as a eumeristem. Leaf primordia and the 
procambium arise here, as well as the cortical ground 
tissue. In species with a tunica-corpus organization, the 
central zone corresponds to the corpus and the 
portion(s) of the tunica layer(s) overlying the corpus. 

I INQUIRIES INTO THE IDENTITY OF RPICRLINITIRLS 

The next development in the interpretation of the shoot 
apical meristem resulted from the efforts of French 
cytologists (Buvat, 1955a; Nougarede, 1967). Meriste¬ 
matic activity drew the chief attention of this work. 
Counts of mitoses, and cytological, histochemical, and 
ultrastructural studies served to formulate the theory 
that after the apical structure is organized in the embryo, 
the central zone of cells becomes the waiting meristem 
(Fig. 6.4; meristeme d’attente). The meristeme d’attente 
stays in a quiescent state until the reproductive stage is 




FIGURE 6.3 

Shoot tip of Pinus strobus in longitudinal view. Cellular 
details in A, interpretative diagram in B. Apical initials 
contribute cells to the surface layer by anticlinal divi¬ 
sions and to the central mother-cell zone by periclinal 
divisions. The mother-cell zone (cells with nuclei) con¬ 
tributes cells to the transitional zone composed of 
actively dividing cells arranged in a series radiating from 
the mother-cell zone. Products of these divisions form 
the rib meristem and the subsurface layers of the periph¬ 
eral zone. (A, xl39. A, as drawn from a slide by A. R. 
Spurr; B, from Esau, 1977.) 


reached and meristematic activity is resumed in the 
distal cells. During the vegetative stage, meristematic 
activity is centered in the initiating ring (anneau 
initial), corresponding to the peripheral zone, and in 
the medullary (pith) meristem (meristeme medul- 
laire). The concept of the inactive central zone in the 
apical meristem was extended from the shoots of angio¬ 
sperms to those of gymnosperms (Camefort, 1956; who 
called the central zone “zone apicale”) and the seedless 
vascular plants (Buvat, 1955b), and to roots (Buvat and 
Geneves, 1951; Buvat and Liard, 1953). The concept was 
later somewhat modified in that variations in degree of 
inactivity of the central zone in relation to the size of 
the apex and its stage of development came to be 
recognized (Catesson, 1953; Lance, 1957; Loiseau, 1959). 
With regard to root apices, the occurrence of an inactive 
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FIGURE 6.4 

Diagram of a shoot apex of Cheiranthus cheiri inter¬ 
preted according to the meristeme d’attente concept. 
Details: ai, anneau initial; ma, meristeme d’attente; mm, 
meristeme medullaire. (After Buvat, 1955a. © Masson, 
Paris.) 


center in the meristem found confirmation in many 
studies, resulting in the development of the concept of 
quiescent center by Clowes (1961). 

The revision of the concept of apical initials by 
the French workers served as a considerable stimulant 
for further research on apical meristems (Cutter, 1965; 
Nougarede, 1967; Gifford and Corson, 1971). Counts of 
mitoses in different regions of the shoot apex, feeding 
root tips with radiolabeled compounds to detect the 
location and synthesis of DNA, RNA, and protein, histo- 
chemical tests, experimental manipulations, and tracing 
of cell patterns in fixed and living shoot apices provided 
data that, in essence, corroborated the postulate of the 
relative infrequency of mitotic activity in the central 
zone (Table 6.1) (Davis et al., 1979; Lyndon, 1976, 
1998). 

Recognition of the relative infrequency of mitotic 
activity in the central zone has not led to an abandon¬ 
ment of the concept that the most distal cells are the 
true initials and the ultimate source of all body cells in 
the shoot. Considering the geometry of the apex, one 
can deduce a priori that in view of the exponential 
growth of the derivatives of the apical meristem, a few 
divisions in the distalmost cells would result in the 
propagation of any distinctive genome characteristic of 
these cells through large populations of cells. As noted 
earlier, the tunica-corpus theory postulated the pres¬ 
ence of a small group of initials in each layer of the 
apical meristem. Clonal analyses are often cited as pro¬ 


TABLE 6.1 ■ Cell Doubling Time (Mean Cell 
Generation Time) at the Summit and on the Flanks of 
Vegetative Shoot Apical Meristems of Angiosperms 



Cell Doubling Time (h) 

Species 

Summit c 

Flanks' 1 

Trifolium repens 

108 

69 

Pisum (probably P. sativum) 

69 

28 

Pisum (main apex) 

49 

31 

Pisum (axillary bud, initiated) 

127 

65 

Pisum (axillary bud, released) 

40 

33 

Oryza (rice) 

86 

II 

Rudbeckia bicolor 

>40 

30 

Solanum (potato) 

117 

74 

Datura stramonium 

76 

36 

Coleus blumei 

250 

130 

Sinapis alba 

288 

157 

Chrysanthemum 0 

144 

50 

Chrysanthemum b 

102 

32 

Chrysanthemum 

139 

48 

Chrysanthemum segetum 

140 

54 

Helianthus annuus 

83 

37 


Source: From Lyndon, 1998. 

° photon flux = 70|tmol/m 2 . 
b photon flux = 200|imol/m 2 . 
c Or central zone. 
d Or peripheral zone. 


viding evidence for one to three initials in each layer 
(Stewart and Dermen, 1970, 1979; Zagorska-Marek and 
Turzanska, 2000; Korn, 2001). 

The relation between the initials and the immediate 
derivatives in the apical meristem is flexible. A cell func¬ 
tions as an initial not because of any inherent properties 
but because of its position. (See the similar concept of 
initials in the vascular cambium, Chapter 12.) At the 
time of division of an initial it is impossible to predict 
which of the two daughter cells will “inherit” the initial 
function and which will become the derivative. It is also 
known that a given initial may be replaced by a cell that 
through prior history would be classified as a derivative 
of an initial (Soma and Ball, 1964; Ball, 1972; Ruth et al., 
1985; Hara, 1995; Zagorska-Marek and Turzanska, 
2000 ). 

Inasmuch as no cells are permanent initials, Newman 
(1965) maintained that in order to understand structure 
and functioning of a meristem, a distinction must be 
made between the “continuing meristematic residue”— 
that is, the source of cellular structure that functions as 
initials—and the “general meristem," a region of elabo¬ 
ration. Emergence of new cells from the continuing 
meristematic residue is a very slow, continuous process 
of long duration, whereas the passage of cells in the 
general meristem is a very rapid, continuous process of 
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only short duration. This concept is used in Newman’s 
classification of apical meristems designed for all groups 
of vascular plants: (1) monopodial, as in ferns—the 
residue is in the superficial layer and any kind of division 
contributes to growth in length and breadth; (2) 
simplex, as in gymnosperms—the residue is in a single, 
superficial layer and both anticlinal and periclinal divi¬ 
sions are needed for bulk growth; (3) duplex, as in 
angiosperms—the residue occurs in at least two surface 
layers with two contrasting modes of growth, anticlinal 
divisions near the surface and divisions in at least two 
planes deeper in the apical meristem. 

I VEGETATIVE SHOO! APEX 

The vegetative shoot apex is a dynamic structure that 
in addition to adding cells to the primary plant body, 
repetitively produces units, or modules, called phyto- 
meres (Fig. 6.5). Each phytomere consists of a node, 



FIGURE 6.5 

Diagram of a longitudinal section of a eudicot shoot tip. 
Activity of the apical meristem, which repetitively pro¬ 
duces leaf and bud primordia, results in a succession of 
repeated units called phytomeres. Each phytomere con¬ 
sists of a node, its attached leaf, the internode below 
that leaf, and the bud at the base of the internode. The 
boundaries of the phytomeres are indicated by the 
dashed lines. Note that the internodes are increasing in 
length the farther they are from the apical meristem. 
Internodal elongation accounts for most of the increase 
in length of the stem. 


with its attached leaf, a subjacent internode, and a bud 
at the base of the internode. The bud is located in the 
axil of the leaf of the next lower phytomere and may 
develop into a lateral shoot. In seed plants the apical 
meristem of the first shoot is organized in the embryo 
before or after the appearance of the cotyledon or coty¬ 
ledons (Saint-Come, 1966; Nougarede, 1967; Gregory 
and Romberger, 1972). 

Vegetative shoot apices vary in shape, size, cytologic 
zonation, and meristematic activity (Fig. 6.6). The shoot 
apices of conifers are commonly relatively narrow and 
conical in form; in Ginkgo and in the cycads they are 
rather broad and flat. The apical meristem of some 
monocots (grasses, Elodea ) and eudicots ( Hippuris ) is 



FIGURE 6.6 


Distinctive forms of shoot apices (sa): flat or slightly 
concave in Drimys (A) and conical but inserted on 
broad base bearing leaf primordia in Washingtonia 
palm (B). Longitudinal sections. The large cavities in 
the Drimys shoot apex are oil cells. Other detail: pr, 
procambium. (A, x90; B, xl9. A, slide by Ernest M. 
Gifford; B, from Ball, 1941.) 
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narrow and elongated, with the distal portion much 
elevated above the youngest node. In many eudicots, the 
distal portion barely rises above the leaf primordia, or 
even appears sunken (Gifford, 1950). In some plants the 
axis increases in width close to the apex and the periph¬ 
eral region bearing the leaf primordia becomes elevated 
above the apical meristem leaving the latter in a pit-like 
depression (Ball, 1941; rosette type of eudicots, Rauh 
and Rappert, 1954). Examples of widths of apices 
measured in micrometers at insertion of the youngest 
leaf primordia are: 280, Equisetum hiemale\ 1000, 
Dryopteris dilatata\ 2000 to 3300, Cycas revoluta ; 
280, Pinus mu go: 140, Taxus baccata; 400, Ginkgo 
biloba ; 288, Washingtoniafllifera\ 130, Zea mays', 500, 
Nuphar lutea (Clowes, 1961). At germination the 
shoot apical meristem of the Arabidopsis thaliana 
(Wassilewskija ecotype) embryo measures approximately 
35 by 55 micrometers (Medford et al., 1992). The shape 
and size of the apex change during the development of 
a plant from embryo to reproduction, between initiation 
of successive leaves, and in relation to seasonal changes. 
An example of change in width during growth is avail¬ 
able for Phoenix canariensis (Ball, 1941). The diameter 
in micrometers was found to be 80 in the embryo, 140 
in the seedling, and 528 in the adult plant. 

In the following paragraphs further aspects on the 
structure and function of the shoot apical meristems of 
each of the major groups of vascular plants are consid¬ 
ered. We begin with the seedless vascular plants. 

The Presence of an Apical Cell Is Characteristic of 
Shoot Apices in Seedless Vascular Plants 

In most seedless vascular plants—the leptosporangiate 
(more specialized) ferns, Osmunda —growth at the 
shoot apex proceeds from a superficial layer of large, 
highly vacuolated cells, with a more or less distinct 
apical cell, the initial cell, in the center. In some seedless 
vascular plants ( Equisetum, Psilotum, species of Selagi- 
nella ), the apical cell is enlarged and fairly conspicuous; 
in still others (eusporangiate ferns, Lycopodium, 
Isoetes ), distinctive apical cells are wanting, and the 
situation is less clear (Guttenberg, 1966). Both single 
apical cells and groups of apical initials have been 
reported in the same species of Lycopodium (Schiiepp, 
1926; Hartel, 1938) and of some eusporangiate ferns 
(Campbell, 1911; Bower, 1923; Bhambie and Puri, 1985). 
It is probable, however, that a single apical cell is present 
in the shoot apices of nearly all seedless vascular plants 
(Bierhorst, 1977; White, R. A., and Turner, 1995). 

Most commonly the apical cell is pyramidal (tetrahe¬ 
dral) in shape (Fig. 6.1A, C). The base of the pyramid is 
turned toward the free surface, and the other three sides 
downward. In apices with a tetrahedral apical cell, the 
derivative cells form an orderly pattern, which is initi¬ 
ated by the orderliness of divisions of the apical cells: 


the successive divisions follow one another in acropetal 
sequence along a helix. The term merophyte is used 
to refer to the immediate unicellular derivatives of an 
apical cell and also to the multicellular structural units 
derived from them (Gifford, 1983). Tetrahedral apical 
cells are found in Equisetum and most leptosporangiate 
ferns. 

Apical cells may be three-sided, with two sides along 
which new cells are cut off. Such apical cells are char¬ 
acteristic of bilaterally symmetrical shoots, as in the 
water ferns Salvinia, Marsilea, and Azolla (Guttenberg, 
1966; Croxdale, 1978, 1979; Schmidt, K. D., 1978; Lemon 
and Posluszny, 1997). The flattened rhizome apex of 
Pteridium also bears a three-sided apical cell (Fig. 6.IB, 
D; Gottlieb and Steeves, 1961). 

Some workers describe the shoot apices of ferns on 
a zonation basis (McAlpin and White, 1974; White, R. 
A., and Turner, 1995). According to this concept the 
promeristem is composed of two zones or layers of 
meristematic cells, a surface layer and a subsurface 
layer. Subjacent to the promeristem are distinct meriste¬ 
matic zones “transitional to the developing tissues of the 
cortex, stele, and pith” (White, R. A., and Turner, 1995). 
A second concept, developed in relation to the shoot 
apices of Matteuccia struthiopteris and Osmunda cin- 
namomea, considers the promeristem to consist of only 
the surface layer, which possesses a single apical cell 
(Ma and Steeves, 1994, 1995). Immediately below the 
surface layer is prestelar tissue consisting of provascular 
tissue (defined as tissue in the initial stage of vascular¬ 
ization and in which procambium is subsequently 
formed) and pith mother cells, which represent the 
initial differentiation of the pith. 

Although the apical cell at the tips of shoot and root 
apical meristems of seedless vascular plants was consid¬ 
ered by early plant morphologists to be the ultimate 
source of all cells in shoot and root, with the advent of 
the meristeme d’attente concept, a formative role for the 
apical cell began to be questioned. Some workers con¬ 
cluded that the apical cell is active mitotically only in 
very young plants and then becomes mitotically inactive 
and comprises a “quiescent center” comparable to the 
multicellular quiescent center in angiosperm roots. The 
apical cells of certain ferns were reported to be highly 
polyploid as a result of endoreduplication (Chapter 5), 
a condition that would support the contention that the 
apical cells are mitotically inactive (D’Amato, 1975). 
Subsequent studies involving the determination of the 
mitotic index, the duration of the cell cycle and of 
mitosis, and measurement of DNA content in shoot and 
root apices of certain ferns clearly indicate, however, 
that the apical cell remains mitotically active during 
active shoot and root growth (Gifford et al., 1979; Kurth, 
1981). No evidence of endoreduplication was found in 
the apical meristem during development. These studies, 
in addition to “rediscovery” of the merophyte as a single 




140 | Esau’s Plant Anatomy, Third Edition 


derivative of the apical cell (Bierhorst, 1977), reaffirmed 
the classical concept for the role of the apical cell. 

The Zonation Found in the Ginkgo Apex Has Served 
as a Basis for the Interpretation of Shoot Apices in 
Other Gymnosperms 

The presence of cytologic zones in the apical meristem 
was first recognized by Foster (1938) in the shoot apex 
of Ginkgo biloba (Fig. 6.7). In Ginkgo all cells of the 
apex are derived from a group of surface initials termed 
the apical initial group. The subjacent group of cells 
originating from the surface initials constitutes the 
central mother cell zone. This entire assemblage of 
cells, including the lateral derivatives of the apical initial 
group, is conspicuously vacuolated, a feature associated 
with a relatively low rate of mitotic activity. Moreover 
the central mother cell zone cells often have thickened 
and distinctly pitted walls. The apical surface initials 
and central mother cells constitute the promeristem. 
Surrounding the central mother cell zone is the periph¬ 
eral zone (peripheral meristem) and beneath it the 
rib, or pith, meristem. The peripheral zone originates 


in part from the lateral derivatives of the apical initials 
and in part from the central mother cells. The deriva¬ 
tives produced at the base of the mother cell zone 
become pith cells as they pass through the rib meristem 
form of growth. During active growth a cup-shaped 
region of orderly dividing cells, the transitional zone, 
delimits the mother cell zone and may extend to the 
surface of the apical zone. 

The details of the structural pattern just reviewed 
vary in the different groups of gymnosperms. The 
cycads have very wide apices with a large number of 
surface cells contributing derivatives to the deeper 
layers by periclinal divisions. Foster (1941, 1943) inter¬ 
preted this extended surface and its immediate deriva¬ 
tives as the initiation zone; others would confine 
the initials to a relatively small number of surface 
cells (Clowes, 1961; Guttenberg, 1961). The periclinal 
derivatives of the surface layer converge toward the 
mother cell zone, a pattern apparently characteristic 
of cycads. In other seed plants the cell layers typically 
diverge from the point of initiation. The convergent 
pattern results from numerous anticlinal divisions in 
the surface cells and their recent derivatives— 



FIGURE 6.7 

Longitudinal section of the shoot apex of Ginkgo biloba. Apical initial group (ai) contributes to surface layer by 
anticlinal division. It also adds cells by periclinal divisions to the central mother-cell group (me). Growth in volume 
is by cell enlargement, and occasional divisions in various planes characterize the central mother-cell zone. Outermost 
products of divisions in this zone become displaced toward the transitional zone (tr) where they divide by walls 
periclinal with reference to the mother-cell zone. Derivatives of these divisions form peripheral subsurface layers 
and prospective pith, the rib-meristem zone. (x430. From Foster, 1938.) 
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evidence of surface growth through a tissue of some 
depth. This growth appears to be associated with the 
large width of the apex. The mother cell group is rela¬ 
tively indistinct in cycads. The extensive peripheral 
zone arises from the immediate derivatives of the 
surface initials and from the mother cells. The rib 
meristem is more or less pronounced beneath the 
mother cell zone. 

Most conifers have periclinally dividing apical initials 
in the surface layer. A contrasting organization, with a 
cell layer dividing almost exclusively or predominantly 
by anticlinal walls, has been described in Araucaria, 
Cupressus, Thujopsis (Guttenberg, 1961), Agathis 
(Jackman, I960), and Juniperus (Ruth et al., 1985). In 
these plants the apices have been interpreted as having 
a tunica-corpus organization. The mother cell group 
may be well differentiated in conifers and a transitional 
zone may be present. In conifers with narrow apices, 
mother cells are few and may or may not be enlarged 
and vacuolated. In such apices a small mother cell group, 
three or four cells in depth, is abruptly succeeded below 
by highly vacuolated pith cells without the interposition 
of a rib meristem, and the peripheral zone is also only 
a few cells wide. 

Coniferous shoot apices have been studied with 
regard to seasonal variations in structure. In some 
species ( Pinus lambertiana and P. ponderosa , Sacher, 
1954; Abies concolor , Parke, 1959; C ephalotaxus dru- 
pacea, Singh, 1961) the basic zonation does not change, 
but the height of the apical dome above the youngest 
node is greater during growth than during rest, or dor¬ 
mancy (Fig. 6.8). Because of this difference the zones 
are differentially distributed in the two kinds of apices 
with regard to the youngest node: the rib meristem 
occurs below this node in resting apices and partly 
above it in active apices. This observation calls attention 
to a terminological problem. If the apical meristem is 
defined strictly, as the part of the apex above the young¬ 
est node, it must be interpreted as varying in its compo¬ 
sition during different growth phases (Parke, 1959). 
A loss of zonation and the appearance of a tunica- 
corpus-like structure has been reported for the dormant 
meristems in Tsuga heterophylla (Owens and Molder, 
1973) and Picea mariana (Riding, 1976). 

The Gnetophyta commonly have a definite separa¬ 
tion into a surface layer and an inner core derived from 
its own initials. Therefore the shoot apices of Ephedra 
and Gnetum have been described as having a tunica- 
corpus pattern of growth (Johnson, 1951; Seeliger, 
1954). The tunica is uniseriate, and the corpus is 
comparable to the central mother cell zone in its mor¬ 
phology and manner of division. The shoot apex of 
Welwitschia typically produces only one pair of foliage 
leaves and does not possess distinct zonation. Periclinal 
divisions have been observed in the surface layer (Rodin, 
1953). 



FIGURE 6.8 


Longitudinal sections of shoot tips of Abies during the 
first phase of seasonal growth (A) and during the winter 
rest phase (B). In A, scale primordia (sc) are being initi¬ 
ated, and the tannin content in the pith distinguishes 
this region from the apex and the peripheral zone (pz). 
Results of recent divisions are evident in the apex. B, 
zonation less distinctive than in A. Other details: ai, 
apical initial group; me, mother cells. (A, X270; B, x350. 
B, from Parke, 1959.) 


The Presence of a Zonation Superimposed on a 
Tunica-Corpus Configuration Is Characteristic of 
Angiosperm Shoot Apices 

As noted previously, the corpus and each layer of tunica 
are visualized as having their own initials. In the tunica 
the initials are disposed in the median axial position. By 
anticlinal divisions these cells form progenies of new 
cells, some of which remain at the summit as initials; 
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others function as derivatives that, by subsequent divi¬ 
sions, contribute cells to the peripheral part of the 
shoot. The initials of the corpus appear beneath those 
of the tunica. By periclinal divisions these initials give 
derivatives to the corpus below, the cells of which 
divide in various planes. Cells produced by divisions in 
the corpus are added to the center of the axis, that is, 
to the rib meristem, and also to the peripheral rneri- 
stem. Together the corpus and the tunica layer(s) overly¬ 
ing the corpus constitute the central zone or promeristem 
of the meristem. 

The initials of the corpus may form a well-defined 
layer, in contrast to the less orderly arranged cells in the 
mass of the corpus. When this pattern is present, the 
delimitation between the tunica and the corpus may be 
difficult to determine. However, if the apices are col¬ 
lected at different stages of development, the upper¬ 
most layer of the corpus will be found undergoing 
periodic periclinal divisions. After such a division a 
second orderly layer appears temporarily in the 
corpus. 

The number of tunica layers varies in angiosperms 
(Gifford and Corson, 1971). More than half of the species 
studied among eudicots have a two-layered tunica (Fig. 


6.9). The reports of higher numbers, four and five or 
more (Hara, 1962), are subject to the qualification that 
some workers include the innermost parallel layer or 
layers in the tunica, others in the corpus. One and two 
are the common numbers of tunica layers in the mono¬ 
cots. Two tunica layers are common in festucoid grasses 
and a single layer in panicoid grasses (Fig. 6.10) (Brown 
et al., 1957). An absence of tunica-corpus organization, 
with the outermost layer dividing periclinally, has also 
been observed ( Saccharum , Thielke, 1962). The number 
of parallel layers in the shoot apex may vary during the 
ontogeny of the plant (Mia, I960; Gifford and Tepper, 
1962) and under the influence of seasonal growth 
changes (Hara, 1962). There may also be periodic 
changes in stratification in relation to the initiation of 
leaves (Sussex, 1955). 

The view that the layers in the apical meristem with 
a tunica-corpus organization are clonally distinct cell 
layers is supported by observations on periclinal cyto- 
chimeras (Chapter 5). Most of the plants studied by ref¬ 
erence to cytochimeras are eudicots with a two-layered 
tunica. In these plants, periclinal cytochimeras have 
clearly revealed the existence of three independent 
layers (two layers of tunica and one of corpus initials) 
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FIGURE 6.9 


Longitudinal sections of shoot apices of potato (Solarium tuberosum ) showing tunica-corpus organization of the 
apical meristem and two stages in the initiation of a leaf primordium; leaf buttress stage in A, and beginning of 
upward growth in B. A procambial strand, which will differentiate upward into the developing leaf, can be seen 
beneath the leaf buttress. (From Sussex, 1955.) 
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FIGURE 6.10 


Longitudinal section of a shoot apex of maize (Zea 
mays'), a panicoid grass, with a one-layered tunica. Parts 
of each leaf occur on both sides of the axis because the 
leaves encircle the stem in their growth. (From Esau, 
1977.) 


in the apical meristem (Fig. 5.11; Satina et al., 1940). 
These three cell layers commonly are designated LI, L2, 
and L3, with the outermost layer being designated LI 
and the innermost L3. Some workers erroneously desig¬ 
nate the entire corpus L3, rather than just the initial 
layer of the corpus (e.g., Bowman and Eshed, 2000; 
Vernoux et al., 2000a; Clark, 2001). 

The stage of plant development at which zonation is 
established in the vegetative shoot apex can vary among 
species. In the Cactaceae, for example, zonation is 
already established at the time of germination in certain 
species, whereas in others only a tunica-corpus organi¬ 
zation is present at that time (Mauseth, 1978). In some 
cactus species zonation is not completed until more 
than 30 leaves have been produced. Similarly, in the 
shoot apex of Coleus, zonation is not completed until 
five pairs of leaves have been initiated (Saint-Come, 
1966). Thus, although zonation is a characteristic feature 
of these meristems, it is not essential for leaf production 
or for normal functioning of the meristem, in general. 
Sekhar and Sawhney (1985) were unable to recognize a 
zonation pattern in the shoot apices of tomato (Solatium 
ly copersicum). 


As indicated in Chapter 5, a number of plant 
biologists have adopted the term stem cell to refer to 
the initials and/or their recent derivatives in the apical 
meristem. Some workers confusingly use both terms in 
their descriptions of the shoot apical meristem. Follow¬ 
ing are some examples. “The stem cells are not perma¬ 
nent initial cells . . .” (Fletcher, 2004). “It is now generally 
accepted that the central zone acts as a population of 
stem cells . . . generating the initials for the other two 
zones whilst maintaining itself” (Vernoux et al., 2000a). 
“The central zone acts as a reservoir of stem cells, which 
replenish both the peripheral and rib zones, as well as 
maintaining the integrity of the central zone. It should 
be noted that these cells do not act as permanent ini¬ 
tials, but rather their behavior is governed in a position- 
dependent manner" (Bowman and Eshed, 2000). “It is 
now widely assumed that central cells function as stem 
cells and serve as initials or source cells for the two 
other zones of the shoot apical meristem” (Laufs et al., 
1998a). While characterizing the shoot apical meristem 
as “a group of stem cells,” another worker (Meyerowitz, 
1997) designated the central zone the “zone of 
initials.” 

Some workers have noted the ambiguity of the term 
stem cell with reference to plants and, for the most part, 
have avoided its use in their descriptions of the shoot 
apical meristem (Evans, M. M. S., and Barton, 1997). In 
order to avoid any confusion inherent in use of the term 
stem cell in plant biology, Barton (1998) adopted the 
term promeristem, which she noted conceptually con¬ 
sists of the apical initials and their recent derivatives, 
“to refer to the hypothetical population of cells that 
have not yet been specified as leaf or stem. . . .” This is 
entirely appropriate because the terms promeristem and 
central zone are essentially synonyms. As noted previ¬ 
ously, the term stem cell has not been adopted in this 
book. 

I THE VEGETATIVE SHOOT HPEX OF 

mmpsis mum 

The vegetative shoot apex of Arabidopsis has a two¬ 
layered tunica overlying a shallow corpus (Vaughn, 
1955; Medford et al., 1992). Superimposed on the tunica- 
corpus organization are the three zones characteristic 
of angiosperm shoot apices: a central zone about five 
cells deep and three to four cells wide, as seen in median 
longitudinal sections; a peripheral zone of deeply stain¬ 
ing cells; and a rib meristem. A morphometric study 
on the Arabidopsis shoot apex has shown the mitotic 
index (the percentage of nuclei in division at a given 
time) of the peripheral zone to be approximately 50% 
higher than that of the central zone (Laufs et al., 1998b). 
Invaluable information on the function of the shoot 
apical meristem has come from genetic and molecular 
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Formation of the shoot apical meristem (SAM) during Arabidopsis embryogenesis. The first indication of SAM devel¬ 
opment is the initiation of WUS expression at the 16-cell stage, long before the SAM is discernible. Subsequently STM 
and CLV1 expression is initiated. The onset of STM expression is independent of WUS activity, and the initiation of 
CLV1 expression is independent of STM. Bars denote the stages at which the mRNA for each of the genes is detected. 
Note that division of the zygote gives rise to a small apical cell and a larger basal cell. The apical cell is the precursor 
of the embryo proper. Vertical and transverse divisions of the apical cell result in an 8-celled proembryo. The upper 
four cells are the source of the apical meristem and cotyledons, the lower four of the hypocotyl. The uppermost cell 
of the filamentous suspensor divides transversely and the upper cell becomes the hypophysis. The hypophysis gives 
rise to the central cells of the root apical meristem and columella rootcap. The rest of the root meristem and lateral 
rootcap are derived from the embryo proper. (See Fig. 1.7.) (After Lenhard and Laux, 1999. © 1999, with permission 
from Elsevier.) 


studies of Arabidopsis thaliana. Results of only a few 
such studies will be considered here. 

The primary shoot apical meristem in Arabidopsis 
becomes apparent relatively late in embryogenesis, after 
the cotyledons are initiated (Fig. 6.11; Barton and 
Poethig, 1993). (See Kaplan and Cooke, 1997, for a dis¬ 
cussion on the origin of the shoot apical meristem and 
cotyledons during angiosperm embryogenesis.) Estab¬ 
lishment of the shoot apical meristem requires the activ¬ 
ity of the SHOOTMERISTEMLESS ( STM) gene, which is 
first expressed in one or two cells of the late globular 
stage embryo (Long et al., 1996; Long and Barton, 1998). 
Severe loss-of-function stm mutations result in seedlings 
having normal roots, hypocotyls, and cotyledons, but 
lacking shoot apical meristems (Barton and Poethig, 
1993). STM mRNA is present in the central and periph¬ 
eral zones of all vegetative shoot apices but is absent in 
developing leaf primordia (Long et al., 1996). 

Whereas the STM gene is required for establishment 
of the shoot apical meristem, the WUSCHEL (WUS) 
gene, in addition to the STM gene, is necessary for the 
maintenance of initial function. In was mutants, the 
initials undergo differentiation (Laux et al., 1996). WUS 
expression begins at the 16-cell stage of embryo devel¬ 
opment, in advance of STM expression, and long before 


the meristem is evident (Fig. 6.11). In the fully devel¬ 
oped meristem, WUS expression is restricted to a small 
group of central zone cells beneath the L3 layer (the 
initial layer of the corpus) and persists throughout shoot 
development (Mayer et al., 1998; Vernoux et al., 2000a). 
Thus WUS is not expressed within the initials, indicat¬ 
ing that signaling must occur between the two groups 
of cells (Gallois et al., 2002). 

In addition to meristem-promoting genes, such as 
STM and WUS, other genes regulate meristem size by 
repressing initial activity (Fig. 6.12). These are the 
CLAVATA (CLV) genes (CLV1, CLV2, CLV3), mutations in 
which cause an accumulation of undifferentiated cells 
in the central zone, bringing about an increase in size 
of the meristem (Clark et al., 1993, 1995; Kayes and 
Clark, 1998; Fletcher, 2002). The accumulation of cells 
apparently is due to a failure to promote cells in the 
peripheral zone toward differentiation. CLV3 expres¬ 
sion is primarily restricted to the LI and L2 layers and 
to a few L3 cells of the central zone, and probably marks 
the initials in these layers; the C/,V7-expressing cells 
underlie the LI and L2 layers (Fletcher et al., 1999). WUS 
is expressed in the deepest region of the meristem. 
It has been proposed that the VT'6'S-expressing cells act 
as an “organizing center,” which confers initial cell 
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FIGURE 6.12 


Diagram of the central zone of the Arabidopsis shoot 
apical meristem showing the approximate overlapping 
expression domains, CLV3, CLV1, and WUS. CLV3 
expression is primarily restricted to the LI and L2 layers 
and to a few L3 cells, CLV1 expression to cells underly¬ 
ing the LI and L2 layers. WUS is expressed by cells in 
the deepest regions of the meristem. (After Fletcher, 
2004. © 2004, with permission from Elsevier.) 


identity to the overlying neighboring cells, while signals 
from the CLV1/CLV3 regions act negatively to dampen 
such activity (Meyerowitz, 1997; Mayer et al., 1998; 
Fletcher et al., 1999). More specifically, it has been pro¬ 
posed that CLV3 protein secreted by the initials in the 
apex moves through the apoplast and binds to a CLV1/ 
CLV2 receptor complex at the plasma membrane of the 
underlying cells (Rojo et al., 2002). Signaling by CLV3 
through the CLV1/CLV2 receptor complex causes the 
down-regulation of WUS, maintaining the appropriate 
amount of initial activity throughout development. 
Thus, through this feedback loop, a balance is main¬ 
tained between the proliferation of promeristem cells 
and the loss of promeristem cells through differentia¬ 
tion and the initiation of lateral organs in the peripheral 
zone (Schoof et al., 2000; Simon, 2001; Fletcher, 
2004). 

■ ORIGIN OF LEAVES 

The shoot apex produces lateral organs, and therefore 
the structure and activity of the shoot apical meristem 
must be considered in relation to the origin of lateral 
organs, especially the leaves, which are initiated in the 
peripheral zone of the shoot apex. In this chapter only 
those features of leaf origin are considered that are 
related to the structure and activity of the apical 
meristem. 

Down-regulation of the KNOTTED1 class of homeo- 
box-containing plant genes—originally identified in 
maize—provides an early molecular marker of leaf initia¬ 
tion in the shoot apical meristem (Smith et al., 1992; 
Brutnell and Langdale, 1998; van Lijsebettens and Clarke, 
1998; Sinha, 1999). The KN1 gene in maize is specifi¬ 
cally down regulated at the site of leaf primordium ini¬ 
tiation. Down-regulation of the KNOTTEDl class genes 
KNAT1 and STM1 (Long and Barton, 2000) in Arabidop¬ 
sis also marks the sites of primordia initiation. The 
HBK1 gene, which is found in the shoot apical meristem 


of the conifer Picea abies, may play a role similar to the 
KNOTTED genes in angiosperms (Sundas-Larsson et al., 
1998). 

Throughout the Vegetative Period the Shoot Apical 
Meristem Produces Leaves in a Regular Order 

The order, or arrangement, of leaves on a stem is called 
phyllotaxis (or phyllotaxy; from the Greek phyllon, 
leaf, and taxis, arrangement; Schwabe, 1984; Jean, 
1994). The most common phyllotaxis is the spiral, with 
one leaf at each node and the leaves forming a helical 
pattern around the stem and with an angle of diver¬ 
gence between successive leaves of 137.5° (Quercus, 
Croton, Morns alba, Hectorella caespitosa). In other 
plants with a single leaf at each node, the leaves are 
disposed 180° apart in two opposite ranks, as in the 
grasses. This type of phyllotaxis is called distichous. In 
some plants the leaves are disposed 90° from each other 
in pairs at each node and the phyllotaxis is said to be 
opposite (Acer, Lonicerd). If each successive pair is at 
right angles to the previous pair the arrangement is 
termed decussate (Labiatae, including Coleus ). Plants 
with three or more leaves at each node (Nerium olean¬ 
der, Veronicastrum virginicum ) are said to have 
whorled phyllotaxis. 

The first histological events commonly associated 
with leaf initiation are changes in the rates and planes 
of cell division in the peripheral zone of the apical meri¬ 
stem, resulting in the formation of a protrusion (called 
a leaf buttress) on a side of the axis (Fig. 6.9). In shoots 
with a helical leaf arrangement the divisions alternate 
in different sectors around the circumference of the 
apical meristem, and the resulting periodic enlargement 
of the apex, as seen from above, is asymmetric. In shoots 
with decussate leaf arrangement, the enlargement is 
symmetrical because the intensified meristematic activ¬ 
ity occurs simultaneously on opposite sides (Fig. 6.13). 
Thus the initiation of leaves causes periodic changes in 
the size and form of the shoot apex. The period, or 
interval, between the initiation of two successive leaf 
primordia (or pairs or whorls of primordia with an 
opposite or whorled leaf arrangement) is designated 
plastochron. The changes in the morphology of the 
shoot apex occurring during one plastochron may be 
referred to as plastochronic changes. 

The term plastochron was originally formulated in a 
rather general sense for a time interval between two 
successive similar events occurring in a series of similar 
periodically repeated events (Askenasy, 1880). In this 
sense the term may be applied to the time interval 
between a variety of corresponding stages in the devel¬ 
opment of successive leaves, for example, the initiation 
of divisions in the sites of origin of primordia, the begin¬ 
ning of upward growth of the primordium from the 
buttress, and the initiation of the lamina. Plastochron 
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FIGURE 6.13 

Leaf initiation in shoot tip of Hypericum uralum, with a decussate (opposite, with the alternate leaf pairs at right 
angle to each other) leaf arrangement. Before the initiation of a new leaf primordium the apical meristem appears 
as a small rounded mound (A). It gradually widens (B, C). Then leaf buttresses are initiated on its sides (D). While 
the new leaf primordia grow upward from the buttresses, the apical meristem again assumes the appearance of a 
small mound (E). Early stage of leaf pair shown in black in A 1 , and ending shortly after emergence of leaf pair shown 
in black in E 1 . Sections are transverse in A'-E 1 , longitudinal in A 2 -E 2 and A 3 -E 3 . A 3 -E 3 , stippling indicates outer-bound- 
ary cells (initial layer) of corpus and their immediate derivatives. E 3 , four-sided figure, presumptive place of origin of 
axillary bud. (Adapted from Zimmermann, 1928.) 


may be used also with reference to the development of 
internodes and of axillary buds, to stages of vasculariza¬ 
tion of the shoot, and to the development of floral 
parts. 

The length of the plastochron is generally measured 
as the reciprocal of the rate of primordium initiation. 
Successive plastochrons may be of equal duration, at 
least during part of vegetative growth of genetically 
uniform material growing in a controlled environment 
(Stein and Stein, I960). The stage of development of the 


plant and environmental conditions are known to affect 
the length of the plastochrons. In Zea mays , for example, 
the successive plastochrons in the embryo lengthen 
from 3-5 to 13.5 days, whereas those in the seedling 
shorten from 3-6 to 0.5 days (Abbe and Phinney, 1951; 
Abbe and Stein, 1954). In Lonicera nitida the duration 
of plastochrons varied from 1.5 to 5.5 days, apparently 
in relation to changing temperature (Edgar, 1961). Tem¬ 
perature also affected the rate of primordium initiation 
in Glycine max (Snyder and Bunce, 1983) and Cucumis 
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sativus (Markovskaya et al., 1991). The rate of produc¬ 
tion of leaves is also affected by light (Mohr and Pinnig, 
1962; Snyder and Bunce, 1983; Nougarede et al., 1990; 
Schultz, 1993). The PLASTOCHRON1 ( PLA1 ) gene in 
rice has been implicated in regulation of the duration 
of the vegetative phase by controlling the rate of leaf 
production in the meristem (Itoh et al., 1998). 

A commonly used measurement of developmental 
time, in relation to the shoot apex, is the phyllochron, 
which refers specifically to the interval between the 
visible appearance or emergence of successive leaves in 
the intact plant, the inverse of which is the rate of leaf 
appearance (Lyndon, 1998). The durations of the plas- 
tochron and phyllochron do not necessarily correspond. 
The rate of primordium initiation and that of leaf emer¬ 
gence are similar only when the period between the 
two events is constant, which often is not the case. In 
Cyclamen persicum , for example, the rate of primor¬ 
dium initiation exceeds that of leaf emergence early in 
the growing season and primordia accumulate in the 
shoot apex; this trend is reversed late in the growing 
season (Sundberg, 1982). In Triticum aestivum and 
Hordeum vulgare the earlier leaves were found to 
emerge faster than the later ones, whereas in Brassica 
napus the opposite pattern was observed (Miralles 
et al., 2001). Possibly the greatest difference between 
the plastochron and phyllochron durations is exhibited 
by the conifers. In Picea sitchensis, for example, hun¬ 
dreds of needle primordia accumulate during bud-set in 
the autumn (Cannell and Cahalan, 1979). During bud- 
break, in the spring, the opposite happens as the leaves 
rapidly enlarge. 

If the shoot apex undergoes plastochronic changes 
in size, both its volume and surface area change. To 
designate these changes, the expressions maximal- 
area phase and minimal-area phase were introduced 
(Schmidt, A., 1924). For a shoot with decussate phyllo- 
taxy, the apex reaches its maximal-area phase just before 
the pair of leaf primordia emerge (Fig. 6.13B). As the 
leaf primordia become elevated, the apical meristem is 
decreased in width (Fig. 6.13E). The apex enters the 
minimal-area phase of plastochronic growth. Before a 
pair of new primordia is formed, the apex returns to the 
maximal phase. The extension now occurs perpendicu¬ 
lar to the longest diameter of the preceding maximal 
phase, but the enlargement of the apical meristem is 
evident also between the members of the pair of leaves 
the growth of which had previously caused the reduc¬ 
tion in the size of the apex. 

The relation between the growing leaf primordium 
and the apical meristem varies greatly in different 
species. Figure 6.14 illustrates one extreme in which the 
apical meristem almost vanishes between the enlarging 
leaf primordia (Fig. 6.14D). In another species, the apical 
meristem is affected much less (Fig. 6.9), and in species 
in which the apical meristem is elevated considerably 


above the organogenic region, the apex does not 
undergo plastochronic changes in size (Fig. 6.10). 

The Initiation of a Leaf Primordium Is Associated 
with an Increase in the Frequency of Periclinal 
Divisions at the Initiation Site 

In the eudicots and monocots with a two-layered tunica, 
the first periclinal divisions occur most frequently in 
the L2 layer, followed by similar divisions in the L3 layer 
and by anticlinal divisions in the LI layer (Guttenberg, 
I960; Steward and Dermen, 1979). In some monocots, 
leaf primordia are initiated by periclinal divisions in the 
LI layer. In both Triticum aestivum (Evans, L. S., and 
Berg, 1972) and Zea mays (Sharman, 1942; Scanlon and 
Freeling, 1998), the first periclinal divisions occur in 
the LI layer, followed by similar divisions in the L2 layer 
on one side of the meristem. Periclinal divisions then 
spread laterally in both layers, forming a ring that encir¬ 
cles the meristem. Since the initiation of leaves in angio- 
sperrns follows a relatively consistent pattern, whereas 
the depth of the tunica is variable, the tunica and the 
corpus are variously concerned with leaf formation, 
depending on their quantitative relationship in a given 
apex. Thus leaf primordia are initiated by groups of 
cells that span two or more cell layers in the meristem. 
The total number of cells involved has been estimated 
at about 100 in cotton (Dolan and Poethig, 1991, 1998), 
tobacco (Poethig and Sussex, 1985a, b), and Impatiens 
(Battey and Lyndon, 1988), 100 to 250 in maize (Poethig, 
1984; McDaniel and Poethig, 1988), and 30in Arabi- 
dopsis (Hall and Langdale, 1996). These cells—the 
immediate precursors of the leaf primordia—are 
referred to by some workers as founder cells (some¬ 
times inappropriately called “anlagen," which means 
primordium). 

Either concomitant with or preceding the periclinal 
divisions associated with initiation of a leaf primordium, 
one or more procambial strands (leaf traces), which will 
differentiate upward into the developing leaf, may 
already be present at the base of the leaf site (Fig. 6.9). 
Precocious procambial strands have been observed in 
both eudicots {Garrya elliptica, Reeve, 1942; Linum 
usitatissimum, Girolami, 1953, 1954; Xanthium chi- 
nense, McGahan, 1955 , Acerpseudoplatanus, White, D. 
J. B., 1955; Xanthium pennsylvanicum, Millington and 
Fisk, 1956; Michelia fuscata, Tucker, 1962; Populus 
deltoides, Larson, 1975; Arabidopsis thaliana, Lynn 
et al., 1999) and monocots {Alstroemeria, Priestly et al., 
1935; Andropogon gerardii, Maze, 1977). In Arabidop¬ 
sis, the precocious leaf trace was detected as a high- 
density region of PINHEAD (PNH) expression (Lynn et 
al., 1999). Expression of the PNH preceded down- 
regulation of STM at the leaf site and hence may be 
regarded as an earlier marker of leaf formation than the 
loss of STM expression. 
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FIGURE 6.14 

Outlines of developing leaf primordia of Kalanchoe from longitudinal (A-E) and transverse (F) sections of shoots 
sampled during the initiation and development of the eighth leaf pair. A, after plastochron 7; apex in maximal phase. 
B, early plastochron 8; leaf pair 8 has been initiated. C, leaves of pair 8 somewhat elongated. D, midphase of plasto¬ 
chron 8; apex in minimal phase. E, early plastochron 9; the primordia of pair 9 alternate with those of pair 8 and 
therefore do not appear in the plane of figure E; the enlarging apex between the two primordia 8 is visible. F, early 
plastochron 8, phase similar to that in B. (From Esau, 1977; after photomicrographs in Stein and Stein, I960.) 


In the gymnosperms the leaves also arise in the 
peripheral zone. According to Owens (1968) the first 
indication of leaf initiation in Douglas fir ( Pseudotsuga 
menziesii ) is the differentiation of a procambial strand 
in the peripheral zone “to supply the presumptive pri- 
mordium." Precocious procambial strands have been 
observed in other gymnosperms ( Sequoia sempervi- 
rens, Crafts, 1943; Ginkgo biloba, Gunckel and 
Wet-more, 1946; Pseudotsuga taxifolia, Sterling, 1947). 
The divisions associated with initiation of the leaf 
primordia in gymnosperms commonly occur in the 
second or third layer from the surface. The surface layer 
may contribute cells to the internal tissue of the primor- 
dium by periclinal and other divisions (Guttenberg, 
1961; Owens, 1968). In the seedless vascular plants the 
leaves arise from either single superficial cells or groups 
of cells, one of which enlarges and becomes the con¬ 
spicuous apical cell of the primordium (White and 
Turner, 1995). 

It is pertinent to note that although changes in the 
rates and planes of cell division long have been associ¬ 
ated with the initiation of leaf primordia, evidence indi¬ 


cates that new primordia can be initiated in the absence 
of cell division (Foard, 1971). In addition it has been 
demonstrated that already existing leaves with down- 
regulated cell cycle activity (Hemerly et al., 1995) and 
ones with a mutation that interferes with correct cell 
plate orientation (Smith et al., 1996) can develop almost 
normal shapes. These observations support the concept 
that during plant development shape is acquired inde¬ 
pendently from the patterns of cell division (Kaplan and 
Hagemann, 1991). Apparently it is the regulation of cell 
expansion rather than the pattern of cell division that 
is responsible for primordium initiation and the final 
shape and size of the plant and its organs (Reinhardt 
et al., 1998). 

Initiation of a leaf primordium is accompanied by 
changes in the orientation and patterning of the cellu¬ 
lose microfibrils in the outer epidermal cell walls, as the 
epidermis shifts cellulose reinforcement to accommo¬ 
date formation of the new organ (Green and Brooks, 
1978; Green, 1985, 1989; Selker et al., 1992; Lyndon, 
1994). The orientation of the microfibrils can be visual¬ 
ized with polarized light in thin sections made parallel 
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to the apex surface (Green, 1980). In Graptopetalum 
the newly oriented microfibrils are arranged in circular 
arrays, marking the sites at which the new pair of leaf 
primordia will emerge (Green and Brooks, 1978). Other 
vegetative apices have also been examined to follow the 
changes in microfibril orientation that accompany leaf 
initiation, including Vinca (Green, 1985; Sakaguchi 
etal., 1988; Jesuthasan and Green, 1989) and Kalanchoe 
(Nelson, 1990), both of which exhibit decussate phyl- 
lotaxis, and Ribes (Green, 1985) and Anacharis (Green, 
1986) with spiral phyllotaxis. Regardless of the type of 
phyllotaxis, the leaves arise from specific fields of cel¬ 
lulose reinforcement on the surface of the shoot apex 
(Green, 1986). 

Leaf Primordia Arise at Sites That Are Correlated 
with the Phyllotaxis of the Shoot 

The mechanisms underlying the orderly initiation of 
leaves around the circumference of the apical meristem 
have been of interest to botanists for a long time. An 
early view—based on the results of surgical manipula¬ 
tions—was that a new leaf primordium arises in “the 
first available space”; that is, a new primordium arises 
when sufficient width and distance from the summit of 
the apex are attained (Snow and Snow, 1932). While 
confirming these earlier observations, Wardlaw (1949) 
proposed “the physiological field theory." As each new 
leaf is initiated, it is surrounded by a physiological field 
within which the initiation of new primordia are inhib¬ 
ited. Not until the position for the next leaf primordium 
comes to lie outside the existing fields can a new pri¬ 
mordium be initiated. More recently it has been sug¬ 
gested that “biophysical forces” in the growing apex 
determine leaf initiation sites (Green, 1986). In this 
hypothesis, a leaf primordium is initiated when a region 
of the tunica surface bulges or buckles, a condition 
brought about in part by a localized reduction in the 
surface layer’s ability to resist pressure from the tissues 
below (Jesuthasan and Green, 1989; Green, 1999). It has 
been suggested that local stress variations created by the 
buckling trigger the periclinal divisions commonly asso¬ 
ciated with lateral organ formation (Green and Selker, 
1991; Dumais and Steele, 2000). 

Support for the biophysical forces hypothesis comes 
in part from studies in which the localized application 
of expansin to the shoot apical meristem of tomato 
induced the formation of leaf-like outgrowths (Fleming 
et al., 1997, 1999). Apparently the expansin promoted 
cell wall extensibility in the outer cell layer of the tunica 
resulting in outward bulging of the tissue. In situ hybrid¬ 
ization analyses have shown that expansin genes are 
specifically expressed at the site of primordium initia¬ 
tion in both tomato (Fleming et al., 1997; Reinhardt 
et al., 1998; Pien et al., 2001) and rice (Cho and Kende, 
1997). Moreover expansin expressed in transformed 


plants induced primordia capable of developing into 
normal leaves (Pien et al., 2001). These studies further 
support the view that the primary event in morphogen¬ 
esis is the expansion of tissue, which then is subdivided 
into smaller units by cell division (Reinhardt et al., 1998; 
Fleming et al., 1999). 

Several studies have implicated auxin in the regula¬ 
tion of phyllotaxis (Cleland, 2001). In one such study, 
when vegetative tomato shoot apices were cultured on 
a synthetic medium containing a specific inhibitor of 
auxin transport, leaf production was completely sup¬ 
pressed, resulting in the formation of pin-like naked 
stems with otherwise normal meristems at the tips 
(Reinhardt et al., 2000). Microapplication of IAA to the 
surface of such apices restored leaf formation. Exoge¬ 
nous IAA also induced flower formation on Arabidopsis 
pin-formedl ('pint ) inflorescence apices. Flower forma¬ 
tion is blocked in pin! apices because of a mutation in 
a putative auxin transport protein. PIN1 itself is up- 
regulated in developing leaf primordia (Vernoux et al., 
2000b), indicating that a sufficient amount of auxin 
must accumulate to initiate cell expansion and leaf pri¬ 
mordium formation. For auxin to accumulate at that site, 
it must be transported there from preexisting leaf pri¬ 
mordia and developing leaves, the sources of the auxin. 
A model has been proposed in which auxin efflux car¬ 
riers control the delivery of auxin to the shoot apical 
meristem, while influx and efflux carriers regulate its 
distribution within the meristem (Stieger et al., 2002). 
Whereas the efflux carrier plays a role in the redistribu¬ 
tion of auxin within the meristem, the influx carrier 
presumably is required for correct leaf positioning, or 
phyllotaxy. 

The arrangement of leaves is correlated with the 
architecture of the vascular system in the stem so that 
the spatial relation of the leaves to one another is part 
of an overall pattern in shoot organization (Esau, 1965; 
Larson, 1975; Kirchoff, 1984; Jean, 1989). The develop¬ 
mental relationship between the leaves and the leaf 
traces in the stem suggests that the procambial strands 
(leaf traces) associated with the prospective primor¬ 
dium sites provide a transport pathway for auxin or 
some other substance that promotes primordium initia¬ 
tion (the “procambial strand hypothesis,” Larson, 1983). 
Obviously, multiple factors and events are involved with 
the orderly initiation of leaves, and they are not neces¬ 
sarily limited to the apical region. 


I ORIGIN OF BRUNCHES 

In seedless vascular plants, such as Psilotum, Lycopo¬ 
dium, Selagineila, and certain ferns, branching occurs 
at the apex, without reference to the leaves (Gifford and 
Foster, 1989). The original apical meristem undergoes 
a median division into two equal parts, each of which 
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forms a shoot. This type or process of branching is 
described as dichotomous. When a branch arises later¬ 
ally at the apex, the branching is termed monopodial. 
Monopodial branching is the prevalent type of branch¬ 
ing in seed plants. The branches commonly originate as 
buds in the axils of leaves, and in their nascent state are 
referred to as axillary buds. Judged from most investi¬ 
gations the term axillary is somewhat inaccurate because 
the buds generally arise on the stem (Figs. 6.13E and 
6.15) but become displaced closer to the leaf base, or 
even onto the leaf itself, by subsequent growth readjust¬ 
ments. Such relationships have been observed in ferns 
(Wardlaw, 1943), eudicots (Koch, 1893; Garrison, 1949a, 
1955; Gifford, 1951), and Poaceae (Evans and Grover, 
1940; Sharman, 1942, 1945; McDaniel and Poethig, 
1988). In the grasses, the lack of developmental relation 
between the bud and the subtending (axillant) leaf is 
particularly clear. The bud originates close to the leaf 
located above it (Fig. 6.16). Later the bud becomes sepa¬ 
rated from the leaf by the interpolation of an internode 
between it and the leaf. A rather similar origin of lateral 
buds has been observed in other monocots ( Tradescan- 
tia, Guttenberg, I960; Musa, Barker and Steward, 1962). 
In the conifers, bud development resembles that in 
eudicots. 

In Most Seed Plants Axillary Meristems Originate 
from Detached Meristems 

Axillary buds arise at variable plastochronic distances 
from the apical meristem, most frequently in the axil of 


the second or third leaf from the apex; hence they are 
commonly initiated somewhat later than the leaves sub¬ 
tending them. In some seed plants the buds are initiated 
in the apical meristem itself immediately following incep¬ 
tion of the axillant leaf, so that the bud is formed in 
continuity with the apical meristem (Garrison, 1955; 
Cutter, 1964). In most seed plants, however, the axillary 
buds are initiated at a later time in meristematic tissue 
derived from the apical meristem but separated from it 
by vacuolated cells (Garrison, 1949a, b; Gifford, 1951; 
Sussex, 1955; Bieniek and Millington, 1967; Shah and 
Unnikrishnan, 1969, 1971; Remphrey and Steeves, 1984; 
Tian and Marcotrigiano, 1994). These pockets of meri¬ 
stematic cells, which remain spatially associated with 
the leaf axil, are called detached meristems. Less com¬ 
monly, buds have been reported to develop from some¬ 
what differentiated, vacuolated cells that dedifferentiate 
and renew meristematic activity (Koch, 1893; Majumdar 
and Datta, 1946). In a few cases the axillary meristems 
appear to arise from the adaxial (upper) surface of the 
leaf primordia; that is, they apparently are foliar in origin 
( Heracleum, Leonurus , Majumdar, 1942; Majumdar 
and Datta, 1946; Arabidopsis, Furner and Pumfrey, 
1992; Irish and Sussex, 1992; Talbert et al., 1995; Evans 
and Barton, 1997; Long and Barton, 2000). 

Even though different populations of meristematic 
cells may give rise to the axillary buds and to their 
axillant leaves, experimental evidence indicates that an 
axillary bud is determined by its leaf (Snow and Snow, 
1942). If, for instance, a leaf primordium is surgically 


FIGURE 6.15 
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Origin of axillary bud in Hypericum uralum. It is formed by derivatives of three outer layers of tunica of the main 
shoot. Two outer layers divide anticlinally and maintain their individuality as two outer layers of tunica of the 
bud (A-C). The third layer divides periclinally and otherwise and gives rise to third and fourth layers of tunica and 
to the corpus of bud. Third tunica layer is evident in bud in C; the fourth appears later. C, second pair of leaf 
primordia is being initiated. The first pair is orientated in a plane perpendicular to surface of drawing. (Adapted 
from Zimmermann, 1928.) 
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FIGURE 6.16 




100 pm 



Development of lateral bud in Agropyron repens (quackgrass). Median longitudinal sections. A, low-power view of the 
shoot tip with several leaf primordia. The stippled part indicates the position of bud. It is formed by derivatives of the 
two-layered tunica and the corpus. B-G, derivatives of the second layer of tunica are stippled, and those of the corpus 
are indicated by a single dot in each cell. The bud is initiated by periclinal divisions in corpus derivatives (B, C). 
Anticlinal divisions occur in tunica derivatives. Bud emerges above the surface of the stem (D). By rib- 
meristem growth the corpus derivatives elongate the core of the bud (E-G). They also organize its corpus. Tunica 
derivatives remain in a biseriate arrangement at the apex of bud and form its two-layered tunica (E, G). Leaf 
primordia arise on bud (E-G). (Adapted from Sharman, 1945. © 1945 by The University of Chicago. All rights 
reserved.) 


removed before its bud is initiated, the bud will fail to 
develop. On the other hand, if only an extremely small 
portion of the leaf base remains, it is often adequate to 
promote bud formation (Snow and Snow, 1932). Further 
evidence for an inductive relationship between leaf and 
axillary bud development is provided by the Arabidop- 
sis phabulosa-ld (phb-ld ) mutation. In Arabidopsis, 
the axillary meristems normally develop in close asso¬ 
ciation with the adaxial surface of the leaf base. In phb- 
ld, abaxial (lower) leaf fate is transformed into adaxial 
fate, resulting in the formation of ectopic axillary meri¬ 
stems on the undersides of leaves (McConnell and 
Barton, 1998). Apparently the adaxial basal leaf fate 
plays an important role in promoting axillary bud 
development. 

Buds do not always develop in the axil of every foliage 
leaf (Cutter, 1964; Cannell and Bowler, 1978; Wildeman 
and Steeves, 1982); in rare instances buds are absent 
altogether (Champagnat et al., 1963; Rees, 1964). In 


Stellaria media the first pair of foliage leaves often lack 
axillary buds and in later-formed leaf pairs generally 
only one leaf of a pair has a bud (Tepper, 1992). Applica¬ 
tion of benzyladenine to the shoot tips of five- to seven- 
day old Stellaria seedlings promoted axillary bud 
development in the normally empty axils, implicating 
cytokinins in the initiation of axillary buds during 
normal plant development (Tepper, 1992). 

Whereas the axils of some leaves have one bud and 
others none, it is not uncommon for multiple buds 
(accessory buds, in addition to the axillary bud) to exist 
in association with a single leaf in certain species 
(Wardlaw, 1968). In some species, the origin of the first 
accessory-bud meristem is from the axillary bud and the 
second accessory bud originates from the first one (Shah 
and Unnikrishnan, 1969, 1971). In others, both the axil¬ 
lary and accessory buds originate from the same group 
of meristematic cells, which are of apical meristem 
origin (Garrison, 1955). 
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When a bud is formed, periclinal and anticlinal divi¬ 
sions occur in a variable number of cell layers in the leaf 
axil, the bud meristem is elevated above the surface, and 
the apical meristem of the bud is organized (Figs. 6.15, 
6.16, and 6.17B). In many plants orderly divisions occur 
along the basal and lateral limits of the incipient bud 
and form a zone of parallel curving layers (Figs. 6.16C 
and 6.17A) referred to as the shell zone because of its 
shell-like shape (Schmidt, A., 1924; Shah and Patel, 
1972). In some plants the shell zone appears later, after 
the bud has undergone some development. Whereas 
some investigators consider the shell zone to be an 
integral part of the developing bud, others do not 
(Remphrey and Steeves, 1984). The shell zone disap¬ 
pears at various stages of bud development in different 
species. In many species the incipient bud is connected 
to the vascular system of the main axis by two strands 
of procambial cells, the bud traces, providing potential 
conducting channels to the bud early in its development 
(Garrison, 1949a, b, 1955; Shah and Unnikrishnan, 1969; 
Larson and Pizzolato, 1977; Remphrey and Steeves, 
1984). If the axillary bud is not dormant, its upward 
growth is followed by the initiation of leaf primordia, 
beginning with the prophylls. 

Shoots May Develop from Adventitious Buds 

Adventitious buds arise with no direct relation to the 
apical meristem. Adventitious buds may develop on 
roots, stems, hypocotyls, and leaves. They originate in 
callus tissue of cuttings or near wounds, in the vascular 
cambium or on the periphery of the vascular cylinder. 
The epidermis may produce adventitious buds. Depend¬ 
ing on the depth of the initiating tissue, the buds are 
described as having an exogenous origin (from rela¬ 
tively superficial tissues) or an endogenous origin 
(from tissues deep within the parent axis) (Priestley and 
Swingle, 1929). If the adventitious buds arise in mature 
tissues, their initiation involves the phenomenon of 
dedifferentiation. 

I ROOT RPEX 

In contrast to the apical meristem of the shoot, that of 
the root produces cells not only toward the axis but also 
away from it, for it initiates the rootcap. Because of the 
presence of the rootcap the distal part of the apical 
meristem of the root is not terminal but subterminal in 
position, in the sense that it is located beneath the 
rootcap. The root apex further differs from the shoot 
meristem in that it forms no lateral appendages compa¬ 
rable to the leaves and no branches. The root branches 
are usually initiated beyond the region of most active 
growth and arise endogenously. Because of the absence 
of leaves the root apex shows no periodic changes in 
shape and structure such as commonly occur in shoot 


subtending leaf 



0.1 mm 

FIGURE 6.17 

Origin of axillary buds in potato (Solatium tuberosum). 
Longitudinal sections of nodes showing an earlier (A) 
and a later (B) stage of bud development. (From Sussex, 
1955.) 


apices in relation to leaf initiation. The root also pro¬ 
duces no nodes and internodes and therefore grows 
more uniformly in length than the shoot, in which 
the internodes elongate much more than the nodes. The 
rib-meristem type of growth is characteristic of the 
elongating root cortex. 

The distal part of the apical meristem of the root, like 
that of the shoot, may be termed promeristem and, as 
such, contrasted with the subjacent primary meriste- 
matic tissues. The young root axis is more or less clearly 
separated into the future central cylinder and cortex. In 
their meristematic state the tissues of these two regions 
consist of procambium and ground meristem, respec¬ 
tively. The term procambium may be applied to the 
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entire central cylinder of the root if this cylinder eventu¬ 
ally differentiates into a solid vascular core. Many roots, 
however, have a pith in the center. This region is often 
interpreted as potential vascular tissue that, in the 
course of evolution, ceased to differentiate as such. In 
this context the pith is regarded as part of the vascular 
cylinder originating from the procambium. The con¬ 
trary view is that the pith in the root is ground tissue 
similar to that of the pith in stems and differentiating 
from a ground meristem. The term protoderm, if used 
to designate the surface layer regardless of its develop¬ 
mental relation to other tissues, may be applied to the 
outer layer of the young root (Chapter 9). Usually the 
root protoderm does not arise from a separate layer of 
the promeristem. It has a common origin with either 
the cortex or the rootcap. 

Apical Organization in Roots May Be either Open 
or Closed 

The architecture, or cellular configuration, of the apical 
meristems of roots has been studied most often for the 
purpose of revealing the origin of the tissue systems, 
and has served for the establishment of the so-called 
types (Schirepp, 1926; Popharn, 1966) and for discus¬ 
sions of the trends in the evolution of root apical orga¬ 
nization (Voronine, 1956; Voronkina, 1975). By analyzing 
the patterns of cells in an apical meristem, it is possible 
to trace out planes of cell division and the direction of 
growth. In one type of analysis the differentiating tissues 
are followed to the apex of the root in order to deter¬ 
mine whether there are specific cells that appear to be 
the source of one or more of the discrete tissues. Thus 
the implication is made that a spatial correlation of 
tissues with certain cells or groups of cells at the apex 
indicates an ontogenetic relation between the two, in 
other words, that the apical cells function as initials. 

The analysis of origin of root tissues in terms of dis¬ 
tinct initials at the apex corresponds to the approach 
used by Hanstein (1868, 1870) when he formulated the 
histogen theory. As discussed earlier in this chapter, 
Hanstein considered the body of the plant to arise from 
a massive meristem comprising three precursors of 
tissue regions, the histogens, each beginning with one 
to several initials at the apex arranged in superposed 
tiers. The histogens are the dermatogen (precursor of 
epidermis), the plerome (precursor of the central vas¬ 
cular cylinder), and the periblem (precursor of the 
cortex). Although the subdivision into the three histo¬ 
gens does not have universal application—it is seldom 
discernible in shoots, and many roots lack a dermatogen 
in the sense of Hanstein (1870), that is, an independent 
layer that gives rise to the epidermis—it has often been 
used for descriptions of tissue regions in the root. 

Figure 6.18 depicts the principal patterns of spatial 
relation between tissue regions and cells at the apex of 


the root. In the majority of ferns and Equisetum , all 
tissues are derived from a single apical cell (Fig. 6.18A, 
B; Gifford, 1983, 1993). These plants usually have the 
same structure in both the root and the shoot. In some 
gymnosperms and angiosperms, all tissue regions of the 
root or all except the central cylinder appear to arise 
from a common meristematic group of cells (Fig. 6.18C, 
D); in others, one or more of these regions can be traced 
to separate initials (Fig. 6.18E-H). The two kinds of orga¬ 
nization are classified as the open and the closed, 
respectively (Guttenberg, I960). The distinction between 
open and closed meristems is not always clear-cut (Seago 
and Heimsch, 1969; Clowes, 1994). Both types of meri¬ 
stem have been reported to originate from the closed 
pattern in the embryonic root or the primordium of a 
lateral or adventitious root. During later elongation of the 
root the closed pattern may be retained or replaced by 
an open one (Guttenberg, I960; Seago and Heimsch, 
1969; Byrne and Heimsch, 1970; Armstrong and Heimsch, 
1976; Vallade et al., 1983; Verdaguer and Molinas, 1999; 
Baum et al., 2002; Chapman et al., 2003). In pea ( Pisum 
sativum) both embryonic and adult roots have open 
meristems (Clowes, 1978b). 

In most ferns the apical cell is tetrahedral (Gifford, 
1983, 1991). It cuts off segments, or merophytes, on 
the three lateral (proximal) faces and thus produces the 
tissues of the main body of the root (Fig. 6.18A, B). The 
rootcap has its origin either from the fourth (distal) face 
of the apical cell ( Marsilea, Vallade et al., 1983; Asple- 
nium , Gifford, 1991) or from a separate meristem formed 
early in root development ( Azolla , Nitayangkura et al., 
1980). The tetrahedral apical cell of the Equisetum root 
contributes both to the main body of the root and to the 
rootcap, but early root development in Equisetum is 
markedly different from that of most ferns (Gifford, 
1993). Inasmuch as the rootcap in Azolla is discrete 
from the rest of the root, the apical meristem of the 
Azolla root is classified as closed. Conversely, the root 
apices of Equisetum and ferns with apical cells that cut 
off cells from all four faces are classified as open (Clowes, 
1984). 

Another approach to an analysis of the relationship 
between cell patterns and growth in root tips is that 
represented by the body-cap (Korper-Kappe) concept of 
Schiiepp (1917), which emphasizes the planes of those 
divisions that are responsible for the increase in number 
of vertical cell files in the meristematic region of the 
root. Many of the files divide in two, and where they do 
so, a cell divides transversely; then one of the two new 
cells divides longitudinally and each daughter cell of 
this division becomes the source of a new hie. The 
combination of the transverse and the longitudinal divi¬ 
sion results in an approximately T- (or Y-) shaped wall 
pattern, and therefore such divisions have been named 
T divisions. The direction of the top stroke (horizontal 
bar) of the T varies in different root parts. In the cap it 
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Apical meristem and derivative regions in roots. A, B, horsetail (Equisetum). A single apical cell (black triangle) is 
the source of all parts of the root and rootcap. Heavier lines in B outline merophyte boundaries. The innermost 
boundaries of older merophytes are difficult to determine. C, D, spruce ( Picea ). All regions of root arise from one 
group of initials. The rootcap has a central columella of transversely dividing cells. The columella also gives off 
derivatives laterally. E, F, radish ( Raphanus ). Three layers of initials. The epidermis has common origin with the 
rootcap and becomes delimited on the sides of the root by periclinal walls (arrows in F). G, H, grass ( Stipa ). Three 
layers of initials, those of rootcap forming a calyptrogen. The epidermis has common origin with the cortex. (B, after 
Gifford, 1993; C-H, from Esau, 1977.) 


is directed toward the base of the root, in the body 
toward the apex (Fig. 6.19). Whereas a clear boundary 
exists between the body and the cap in some roots 
(those with separate rootcap initials), in others the 
boundary is not sharply delimited (e.g., in Fagus syl- 
vatica where the transition between body and cap is 
very gradual; Clowes, 1950). 


The two types of apical organization in angiosperms, 
the closed and the open, require separate consideration. 
The closed pattern is often characterized by the pres¬ 
ence of three tiers or layers of initials (Fig. 6.20). One 
tier appears at the apex of the central cylinder, the 
second terminates the cortex, and the third gives rise 
to the rootcap. The three-tiered meristems may be 
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grouped according to the origin of the epidermis (rhi- Brassicaceae, Scrophulariaceae, and Asteraceae; 

zodermis of some authors; Chapter 9; Clowes, 1994). In Schiiepp, 1926). Roots with a calyptrogen are character- 

one group, the epidermis has common origin with the istic of monocots (Poaceae, Zingiberaceae, some Palmae; 

rootcap and becomes distinct as such after a series of T Guttenberg, I960; Hagemann, 1957; Pillai et al., 1961). 

divisions along the periphery of the root (Figs. 6.18E, F, Sometimes the epidermis appears to terminate in the 

6.19C, and 6.21A). In the second, the epidermis and distal zone with its own initials (Shimabuku, I960). In 

cortex have common initials (Figs. 6.18G, H, and 6.21B), some aquatic monocots (Hydrocharis and Stratiotes in 

whereas the rootcap arises from its own initials that the Hydrocharitaceae, Pistia in the Avaceae, Lenina 

constitute the rootcap meristem, or calyptrogen in the Lemnaceae) the epidermis is regularly indepen- 

(frorn the Greek calyptra , veil, and tenos, offspring; dent from the cortex and rootcap (Clowes, 1990, 1994). 

Janczewski, 1874). If the rootcap and the epidermis An analysis of root meristems on the basis of the 

have common origin, the cell layer concerned is called body-cap concept reveals the difference in origin of 

dermatocalyptrogen (Guttenberg, I960). As sue- the epidermis. In the root with a calyptrogen the cap 

cinctly put by Clowes (1994), “Where there is a discrete includes only the rootcap (Fig. 6.19A), in one with a 

region of meristem producing either cap cells alone or dermatocalyptrogen the cap extends into the epidermis 

cap and epidermal cells the meristem is called closed.” (Fig. 6.19C). The body-cap configurations show other 

Roots with a dermatocalyptrogen are common in variations that elucidate patterns of growth of roots. In 

eudicots (representatives of Rosaceae, Solanaceae, some roots the central core of the rootcap is distinct 
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Interpretations of root apices of Zea (A), Allium (B), 
and Nicotiana (C) in terms of body-cap concept. Body, 
upper stroke of T points toward apex; cap, upper stroke 
of T points toward base of root. Protoderm is stippled. 
It is part of the body in A, and probably in B, and part 
of the cap in C. All three rootcaps have a distinct core, 
or columella. 


from the peripheral part in having few or no longitudi¬ 
nal divisions. If conspicuous enough, such a core is 
referred to as columella (Fig. 6.19) (Clowes, 1961). The 
few T divisions that occur in the columella may be ori¬ 
ented according to the body pattern; then only the 
peripheral parts of the rootcap show the cap patterns. 
In the Arabidopsis root, which has a dermatocalyptro- 
gen layer, the columella portion of the rootcap arises 
from so-called columella initials and the peripheral 
portion of the rootcap and the protoderm from so-called 
rootcap/protoderm initials, which form a collar around 
the columella initials (Baum and Rost, 1996; Wenzel and 
Rost, 2001). Cell divisions in the columella and rootcap/ 
protoderm initials and their daughter cells occur in a 
highly coordinated pattern (Wenzel and Rost, 2001). 


Apices with an open type of organization are difficult 
to analyze (Figs. 6.18C, D, 6.19B, and 6.22). One common 
interpretation is that such roots have a transversal, or 
transverse, meristem without any boundaries with 
reference to the derivative regions of the root (Popham, 
1955). The other view is that the central cylinder has its 
own initials. In some such roots, the central cylinder 
appears to abut the central hies of cap cells, whereas in 
others of the same species, one or more tiers of cortical 
cells occurs between the “stelar pole” and the discern¬ 
ible central hies of the cap (Clowes, 1994). Clowes 
(1981) attributes this difference in cell pattern to an 
instability in the boundary between the cap and the rest 
of the root resulting from the cells in this region being 
only transiently quiescent. Analysis of body-cap configu¬ 
rations indicates that the open meristems of monocots 
show closer affinity between epidermis and cortex, and 
those of eudicots between epidermis and cap (Clowes, 
1994). The latter condition is exemplihed by the open 
apical meristem of the Trifolium repens root (Wenzel 
et al., 2001). 

Groot et al. (2004) distinguish between two types of 
open root apical meristems in eudicots, basic-open and 
intermediate-open. In the basic-open meristem, the cell 
hies terminate apically in a relatively large region of 
initials, and the fate of the initials’ derivatives are not 
immediately evident. In the intermediate-open meri¬ 
stem, the initial region is much shorter than in the 
basic-open type, so the fate of a derivative is usually 
evident immediately after it has been cut off its initial 
cell. The cell hies in intermediate-open meristems 
appear to converge on the initial region, but the initials 
are shared between the rootcap and both the cortex and 
the vascular cylinder. Mapping root apical meristem 
organization on a phylogenetic tree, Groot et al. (2004) 
determined that the intermediate-open meristem is 
ancestral and the basic-open and closed types are 
derived. 

The root apical meristems of gymnosperms, with 
their open organization (Fig. 6.18C, D), lack an epider¬ 
mis per se (Guttenberg, 1961; Clowes, 1994). That is 
because no individualized progenitor of an epidermis 
(dermatogen or protoderm) exists in the meristem. 
Instead, what serves as an epidermis is whatever tissue 
is exposed by sloughing of the outer cells of the cortex/ 
rootcap complex, as in Pseudotsuga (Allen, 1947; 
Vallade et al., 1983), Abies (Wilcox, 1954), Ephedra 
(Peterson and Vermeer, 1980), and Pinus (Clowes, 
1994). 

Apical meristems with no separate initials for the 
root regions have been described in eudicots (represen¬ 
tatives of Musaceae, Palmae; Pillai and Pillai, 1961a, b), 
and some gymnosperms (Guttenberg, 1961; Wilcox, 
1954). In some gymnosperm roots only the central 
cylinder appears to have a separate initial layer (Vallade 
et al., 1983). 
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Longitudinal sections of root apical meristems of Nicoticina tabacum (A) and Zea mays (B). These apices have a 
closed organization with three distinct tiers or layers of initials, designated a, b, and c in A. In Nicotiana (A), the 
epidermis and rootcap have common initials (c); a gives rise to the central cylinder and b to the cortex. In Zea (B), 
the epidermis and cortex have common initials (b) and the rootcap arises from a calyptrogen; a designates the initial 
layer of the central cylinder. (See Fig. 6.21.) (A, x455; B, X280. B, slide by Ernest M. Gifford.) 


The Quiescent Center Is Not Completely Devoid of 
Divisions under Normal Conditions 

By means of analyses of the organization of root tips in 
terms of the histogen and the body-cap concepts, infor¬ 
mation is obtained about growth that already has taken 
place and has produced the pattern now discernible. The 
discovery by Clowes (1954, 1956) of a quiescent center 
in the root apex brought about a fundamental change of 
view about the behavior of root meristems. Extensive 
research on normally developing roots and on those 
treated surgically, also on irradiated roots and on roots 


that were fed labeled compounds involved with DNA 
synthesis, has shown that, as a general phenomenon, the 
initials that are responsible for the original cell pattern— 
the minimal constructional center of Clowes (1954) — 
largely cease to be mitotically active during the later 
growth of the root (Fig. 6.23) (Clowes, 1961, 1967, 1969). 
They are supplanted in this activity by cells on the margin 
of the relatively inactive region, or quiescent center. 

A quiescent center arises twice in primary roots, first 
during embryogeny and then again during the early 
stages of germination of the seed. At the time of emer¬ 
gence from the seed the root is without a quiescent 
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Longitudinal section of apical meristem of Allium sativum root. This apex has an open organization; the tissue 
regions merge in a common initial (i) group. (x600. From Mann, 1952. Hilgardia 21 (8), 195-251. © 1952 Regents, 
University of California.) 
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Longitudinal sections of root tips of Nicotiana tabacum (A) and Zea mays (B), illustrating two contrasting methods 
of origin of epidermis. A, epidermis separates from the rootcap by periclinal divisions. B, epidermis arose from same 
initials as the cortex through periclinal division in a recent derivative of a cortical initial. The densely stippled area 
in B indicates the gelatinized wall between the rootcap and protoderm. (A, X285; B, X210.) 


FIGURE 6.21 


FIGURE 6.22 
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FIGURE 6.23 

Quiescent center. Autoradiograph of an Allium sativum 
root tip, as seen in longitudinal section, fed with triti- 
ated thymidine for 48 hours. In the rapidly dividing cells 
around the quiescent center, the radioactive material 
was quickly incorporated into the nuclear DNA. (From 
Thompson and Clowes, 1968, by permission of Oxford 
University Press.) 


center (Jones, 1977; Clowes, 1978a, b; Feldman, 1984). 
In lateral root primordia of Zea mays a quiescent center 
also appears twice, first while the primordium is still 
embedded in the cortex and then either before or after 
emergence from the parent root (Clowes, 1978a). 

The quiescent center excludes the initials of the 
rootcap, is hemispherical or discoid in shape, and in 
some species studied contains as few as four cells 
(Petunia hybrida, Vallade et al., 1978; Arabidopsis 
thaliana , Benfey and Scheres, 2000) and in others over 
a thousand ( Zea mays, Feldman and Torrey, 1976). The 
quiescent center is variable in volume apparently in 
relation to root size, for it is smaller or entirely absent 
in thin roots (Clowes, 1984). In the root system of 
Euphorbia esula the vigorous perennial long roots have 
distinctive quiescent centers, whereas the determinate 
laterals (short roots) lack such centers throughout their 
brief development (Raju et al., 1964, 1976). Seedless 
vascular plants with tetrahedral apical cells lack quies- 


TABLE 6.2 ■ Average Duration of Mitotic Cycle in 
Hours Calculated from Metaphase Accumulations in 
Dividing Nuclei in Root Meristems Treated with 
Inhibitors Blocking Mitosis 

Central Cylinder 


Species 

Quiescent 

Center 

Rootcap 

Initials 

Just 

above 0 

QC b 

200-250(tm 

above 0 

QC b 

Zea mays 

174 

12 

28 

29 

Vicia faba 

292 

44 

37 

26 

Sinapis alba 

520 

35 

32 

25 

Allium sativum 

173 

33 

35 

26 


Source: From Esau, 1977; adapted from Clowes, 1969. 
° Toward the base of root. 
b Quiescent center. 


cent centers (Gunning et al., 1978; Kurth, 1981; Gifford 
and Kurth, 1982; Gifford, 1991). 

The relatively inactive state of the quiescent center 
cells does not mean that they have become permanently 
nonfunctional. Quiescent center cells do divide occa¬ 
sionally and serve to renew the more actively dividing 
regions around them, the cells of which are unstable 
and displaced from time to time (Barlow, 1976; Kidner 
et al., 2000). The quiescent center in the long roots of 
Euphorbia esula apparently undergo a seasonal fluctua¬ 
tion in cell production (Raju et al., 1976). At the height 
of the growing season, they exhibit a well-developed 
quiescent center, but during reactivation of growth 
early in the growing season, a quiescent center is not 
discernible. In roots injured experimentally by radiation 
or surgical treatments the quiescent center is able to 
repopulate the meristem (Clowes, 1976). It also resumes 
division during recovery from a period of dormancy 
induced by cold (Clowes and Stewart, 1967; Barlow and 
Rathfelder, 1985). When the rootcap is removed, the 
cells of the quiescent center begin to grow and undergo 
a controlled sequence of divisions that regenerate the 
rootcap (Barlow, 1973; Barlow and Hines, 1982). 

By labeling nuclei with tritiated thymidine and by 
blocking the cell cycle at metaphase with inhibitors, one 
can obtain quantitative data on the duration of the 
mitotic cycle in different regions of the root meristem 
(Clowes, 1969). These data indicate that the cells of the 
quiescent center divide approximately 10 times slower 
than the adjacent cells (Table 6.2). Pulse labeling with 
thymidine has shown moreover that the differences 
in the duration of mitotic cycles are largely caused by 
differences in the duration of G 1; the phase between 
the end of mitosis and the beginning of DNA synthesis. 

The paucity of mitotic activity in the quiescent center 
led Clowes (1954, 1961) to suggest that the initials of the 
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root apex are located just outside the quiescent center 
along its margin, and he designated this group of cells 
the promeristem of the root. Barlow (1978) and Steeves 
and Sussex (1989) noted that it is more realistic, however, 
to consider the slowly dividing cells of the quiescent 
center—cells that could act as the ultimate source of 
cells for the whole root—as the true initials, and more 
actively dividing cells immediately surrounding them as 
their derivatives, a view advanced earlier by Guttenberg 
(1964). Adopting that view, the quiescent center of the 
root is strikingly similar to the central zone, or promeri¬ 
stem, of the shoot, and it may be regarded as the prom¬ 
eristem of the root. Some workers consider the root 
promeristem as comprising the quiescent center and its 
immediate, actively dividing derivatives (Kuras, 1978; 
Vallade et al., 1983). In the seedless vascular plants the 
promeristem would consist of the apical cell only. Today 
there is no uniformity in the use of terms to describe 
the slowly dividing region and its actively dividing deriv¬ 
atives in the roots of seed plants. More often the actively 
dividing cells bordering the quiescent center are referred 
to as initials and the cells of the quiescent center simply 
as quiescent-center cells. 

Many views have been expressed on possible causes 
of the appearance of a quiescent center in a growing 
root. According to a proposal based on the analyses of 
growth patterns in root tips, quiescence in the particu¬ 
lar location of the root meristem results from antagonis¬ 
tic directions of cell growth in various parts of the 
meristem (Clowes, 1972, 1984; Barlow, 1973), the 
rootcap or rootcap meristem being particularly impor¬ 
tant in the suppression of growth. During embryogene- 
sis the appearance of the quiescent center coincides 
with the appearance of the rootcap meristem (Clowes, 
1978a, b). Moreover, as mentioned previously, if the cap 
is damaged or removed, the quiescent center activates 
and gives rise to a new rootcap meristem, which in turn 
produces a new cap; quiescence then resumes. This 
behavior prompted Barlow and Adam (1989) to suggest 
that activation of the quiescent center, after damage or 
removal of the cap, results from an interruption or modi¬ 
fication of signaling—possibly by hormones—between 
the rootcap or its initials and the quiescent center. A 
likely candidate for that hormone is auxin, which has 
been implicated in formation of the root pole during 
embryogenesis and maintenance of tissue organization 
in the seedling root in Arabidopsis (Sabatini et al., 1999; 
Costa and Dolan, 2000). It has been hypothesized that 
the origin and maintenance of the quiescent center in 
maize root tips are a consequence of the polar auxin 
supply, and that the rootcap initials play an important 
role in regulating polar auxin movements toward the 
root tip (Kerk and Feldman, 1994). High levels of auxin 
bring about elevated levels of ascorbic acid oxidase 
(AAO) and the resultant depletion of ascorbic acid 
within the quiescent center. Inasmuch as ascorbic acid 


is necessary for the C, to S transition in the cell cycle in 
root tips (Liso et al., 1984, 1988), Kerk and Feldman 
(1995) have proposed that the depletion of ascorbic acid 
in root tips may be responsible for the formation and 
maintenance of the quiescent center. More recently 
Kerk et al. (2000) reported that AAO also oxidatively 
decarboxylates auxin in maize root tips, thereby provid¬ 
ing another mechanism for regulating auxin levels 
within the quiescent center and other root tissues. An 
intact rootcap must be present for this metabolic process 
to occur. 


HUE ROOT APEX OF HHHBIOOPSISIHHLIHNH 

The apical meristem of the Arabidopsis root has a closed 
organization with three layers of initials (Fig. 6.24). The 
lower layer, a dermatocalyptrogen, consists of columella 
rootcap initials and the initials of the lateral rootcap 
cells and epidermis. The middle layer consists of the 
initials of the cortex (from which the parenchymatous 
and endodermal cortical cells are derived), and the 
upper layer of initials of the vascular cylinder (pericycle 
and vascular tissue), sometimes erroneously referred to 
as a vascular bundle (van den Berg et al., 1998; Burgeff 
et al., 2002). At the center of the middle layer is a set of 
four cells that rarely divide during early root develop¬ 
ment. Several terms have been used to describe these 
centrally located cells, including “central cells” (Costa 
and Dolan, 2000; Kidner et al., 2000), “quiescent-center 
cells” (Dolan et al., 1993; van den Berg et al., 1998; 
Scheres and Heidstra, 2000), “central ground meristem 
initial cells” (Baum and Rost, 1997), “central cortex 
initials” (Zhu et al., 1998a), and “central initials” (Baum 
et al., 2002). 

The embryonic origin of the primary root of Arabi¬ 
dopsis is well documented (Scheres et al., 1994). Briefly, 
embryogenesis begins with an asymmetric transverse 
division of the zygote, giving rise to a small apical cell 
and a larger basal cell. The apical cell gives rise to the 
embryo proper and the basal cell to a stalk-like suspen- 
sor, the uppermost cell of which is called the hypophy¬ 
sis, or hypophyseal cell (Fig. 6.11). At the early heart 
stage (triangular stage) of embryogenesis the hypophy¬ 
sis divides to form a lens-shaped cell, which is the 
progenitor of the four central cells. The lower hypophy- 
seal-cell derivative gives rise to the initials for the central 
portion (columella) of the rootcap. All other initials of 
the meristem are derived from the embryo proper and 
are recognizable at the late heart stage. 

Laser ablation experiments have clearly demonstrated 
that positional information rather than cell lineage rela¬ 
tionships plays the most important role in the determi¬ 
nation of cell fate in the Arabidopsis root (van den Berg 
et al., 1995, 1997a; Scheres and Wolkenfelt, 1998). In 
these experiments specific cells were ablated with a 
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A, median longitudinal section of an Arabidopsis root tip. B, drawing of the promeristem showing the relationships 
of the layers of initials to the tissue regions of the root. The upper layer consists of the initials of the vascular cylin¬ 
der, the middle layer of the central cells (asterisks) and initials of the cortex, and the lower layer of columella rootcap 
initials and initials of the lateral rootcap cells and epidermis. The dashed lines indicate the planes of cell division in 
the cortical initials and in the lateral rootcap/epidermal initials. (Reprinted with permission; A, from, B, after Schiefel- 
bein et al., 1997. © American Society of Plant Biologists.) 
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laser and the effect on neighboring cells observed. For 
example, when all four quiescent-center cells were 
ablated, they were replaced by the initials of the vascu¬ 
lar cylinder. Ablated cortical initials were replaced by 
pericycle cells, which then switched fate and behaved 
as cortical initials. 

Ablation of a single quiescent-center cell resulted in 
cessation of cell division and the progression of differ¬ 
entiation in the columella and cortical cell initials with 
which it was in contact. These results indicated that a 
major role of the quiescent-center cells is to inhibit dif¬ 
ferentiation of the contacting initial cells through signals 
that act at the single-cell range (van den Berg et al., 
1997b; Scheres and Wolkenfelt, 1998; van den Berg 
et al., 1998). Ablation of a single daughter cell of a corti¬ 
cal initial had no effect on subsequent divisions occur¬ 
ring in that initial, which was in contact with other 
cortical daughter cells of neighboring cortical initials. 
When all cortical daughter cells bordering a cortical 
initial were ablated, however, that initial was unable to 
generate files of parenchymatous and endodermal corti¬ 
cal cells. Apparently the cortical initials—perhaps all 
initials—depend on positional information from more 
mature daughter cells within the same cell layer. In 
other words, the initials of the root apical meristem 
apparently lack intrinsic pattern-generating information 
(van den Berg et al., 1995, 1997b). This is contrary to 
the traditional view of meristems as autonomous pattern¬ 
generating machines. 

During growth of the Arabidopsis primary root the 
once quiescent central cells become mitotically active, 
and they and the initial cells become disorganized and 
vacuolated, as the apex is transformed from a closed to 
open organization (Baum et al., 2002). As noted by 
Baum et al. (2002), these changes, in addition to the 
accompanying decrease in the number of plasmodes- 
mata (Zhu et al., 1998a), are phenomena associated with 
root determinacy, the final developmental stage of root 
growth. The presence of determinate primary roots is 
not unique to Arabidopsis. Determinate root growth 
associated with the transformation of the apical meri¬ 
stem from a closed organization to an open one appar¬ 
ently is a common phenomenon (Chapman et al., 
2003). 


■ GROWTH OF THE ROOT TIP 

The region of actively dividing cells—the apical meri¬ 
stem—extends for a considerable distance basipetally 
from the apex, that is, toward the older part of the root. 
At one level of organization both the rootcap and the 
root proper may be envisioned as consisting of files of 
cells that emanate from the promeristem. Relatively 
close to the promeristem some files divide longitudi¬ 
nally—either radially or periclinally—by T divisions to 


generate new hies of cells. Such divisions are called 
formative divisions because they are important in 
determining pattern formation (Gunning et al., 1978). 
The radial divisions increase the number of cells in an 
individual cell layer, whereas the periclinal divisions 
increase the number of layers and, hence, the diameter 
of the root. By dividing transversely, the numbers of 
cells in each hie is increased. The transverse divisions, 
called proliferative divisions, determine the extent of 
the meristem. In some roots, groups of cells of common 
ancestry, called cell packets, have been recognized in 
the hies (Fig. 6.25; Barlow, 1983, 1987). The packets are 
each derived from a single mother cell and are useful in 
the study of cell division in the root. 

Although the traditional model of root structure 
divides the root tip into three more or less distinct 
regions—cell division (the meristem), elongation, and 
maturation (Ivanov, 1983)—at the same level of the root, 
these processes overlap not only in different tissue 



FIGURE 6.25 

Patterns of growth in the root apex of Petunia hybrida. 
The numbers indicate the sequence of formation of cells 
via transverse divisions (proliferative divisions) in colu¬ 
mella of the rootcap and in the cortex, where cells of 
common ancestry occur in packets. The arrows indicate 
the growth of the lateral rootcap-epidermis complex. 
Details: qc, quiescent center; i, initial. (From Vallade 
et al., 1983.) 
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regions but also in the different cell files of the same 
tissue region, and even in individual cells. Typically the 
meristematic cortex vacuolates and develops intercellu¬ 
lar spaces close to the apex, where the central-cylinder 
meristem (procambium) still appears dense. In the 
central cylinder, the precursors of the innermost xylem 
vessels (metaxylem vessels) cease dividing, enlarge, and 
vacuolate considerably in advance of the other precur¬ 
sors, and the first sieve tubes commonly mature in the 
part of the root where cell division is still in progress. 
In individual cells, division, elongation, and vacuolation 
are combined. 

As indicated, the level at which transverse divisions 
cease along the axis of the root differs among tissues. 
In the barley ( Hordeum vulgare ) root tip, for example, 
cells of the central metaxylem stopped dividing at a 
distance of 300 to 350 micrometers from the initials and 
those of the epidermis at 600 to 750 micrometers. The 
pericycle exhibited the longest duration of cell division, 
dividing up to a distance of 1000 to 1150 micrometers, 
the longest opposite the xylem poles (Luxova, 1975). In 
the Vicia faba root the pericycle also divided the longest 
but the cells of the protophloem (first-formed phloem) 
were the first to cease dividing. Mature protophloem 
sieve tubes were found at a distance of 600 to 700 
micrometers from the apex (Luxova and Murin, 1973). 

In the Pisum sativum root the distribution patterns 
of cell division were found to correspond to the tissue 
differentiation patterns in corresponding cylinders and 
vascular tissue sectors (Fig. 6.26; Rost et al., 1988). At 
approximately the 350 to 500 micrometers level from 
the root proper/cap junction, the tracheary elements of 
the xylem and the parenchyma cells of the pith and 
middle cortex had stopped dividing. At this level cell 
division was essentially restricted to two cylinders, an 
“outer cortical cylinder” (composed of the inner rootcap, 
the epidermis, and the outer cortex) and an “inner 
cortex cylinder” (composed of the inner cortex, the 
pericycle, and the vascular tissue). With maturation of 
the protophloem, all cells in the phloem sector of the 
“inner cortical cylinder,” including the one layer of peri¬ 
cycle there, the endodermis, and the phloem paren¬ 
chyma had stopped dividing. In the xylem sectors, the 
3 to 4-layered pericycle continued to divide until about 
the 10 millimeter level, following maturation of the pro- 
toxylem tracheary elements. Inasmuch as proliferative 
divisions in the various tissues or cell files do not stop 
at exactly the same distance from the root apex, the 
basal boundary of the meristem, or region of cell divi¬ 
sion, is not clearly defined (Webster and MacLeod, 
1980). Rost and Baum (1988) used the term “relative 
meristem height” for this diffuse boundary in Pisum 
sativum. 

Studies using the kinematic method—by which local 
rates of cell division and cell expansion can be mea¬ 
sured simultaneously (Baskin, 2000)—have clearly 


established that although different tissues or cell files 
stop dividing at different distances from the apex, while 
they divide, cells in all tissues divide at about the same 
rate. In contrast to the constancy of the cell division 
rate, the number of dividing cells in the meristem varies 
widely, indicating that the root must control exit from 
the cell cycle at the base of the meristem (Baskin, 2000). 
In addition it is now clearly established that cell division 
continues well into the region where cell length 
increases rapidly (Ivanov and Dubrovsky, 1997; Sacks 
et al., 1997; Beemster and Baskin, 1998). Thus a transi¬ 
tion zone (Baluska et al., 1996) apparently exists in the 
basal part of the meristem and the region where cells 
expand rapidly or, to be more exacting, “where cells are 
undergoing their final division as well as expanding 
rapidly” (Beemster and Baskin, 1998). It has been 
hypothesized that the division and elongation regions 
are coupled and may actually constitute one develop¬ 
mental zone (Scheres and Heidstra, 2000). 

The control of cell division and the coordination of 
development between tissues and cell files in the root, 
as elsewhere in the plant body, require cell-to-cell com¬ 
munication, and very likely involve directional move¬ 
ment of position-dependent signals, such as transcription 
factors or hormones (Barlow, 1984; Lucas, 1995; van den 
Berg et al., 1995; Zhu et al., 1998a). A potential pathway 
for the movement of such putative positional signals are 
the plasmodesmata, which link the cells symplastically. 
In the Arabidopsis root the initial cells, although uni¬ 
formly interconnected, had fewer plasmodesmata in 
their common walls than in the walls between them and 
their derivatives (Zhu et al., 1998a, b). The frequency of 
plasmodesmata was greatest across the transverse walls 
of the cell files (primary plasmodesmata). The longitu¬ 
dinal walls between cell files and the common walls 
between neighboring tissues were traversed by second¬ 
ary plasmodesmata. Not surprisingly, small symplasti¬ 
cally mobile fluorescent dyes were found to diffuse 
preferentially across transverse walls of ground meri¬ 
stem cells and their progeny cortical cells (Zhu et al., 
1998a). 

With increasing age of the Arabidopsis root, the fre¬ 
quency of all plasmodesmata decreases (Zhu et al., 
1998b), a phenomenon associated with the programmed 
cell death of the outer rootcap cells (Zhu and Rost, 
2000). Earlier Gunning (1978) suggested that the limited 
life span of the determinate root of Azolla pinnata is 
due to a programmed senescence associated with the 
progressive diminution in the frequency of plasmodes¬ 
mata between the apical cell and its lateral derivatives. 
The reduction in plasmodesmatal frequency begins at 
about the thirty-fifth cell division and ultimately results 
in the symplastic isolation of the apical cell, which no 
longer divides. 

The tip of the root does not grow continuously at the 
same rate, especially in perennial plants (Kozlowski and 
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FIGURE 6.26 



A 






Transverse sections of the Pisum sativum root showing the developmental cylinder and sector changes at different 
levels. Details: c, middle cortex; e, epidermis; icc, inner cortex/pericycle/vascular tissue cylinder; mx, mature meta- 
xylem; occ, rootcap/epidermis/outer cortex cylinder; p, phloem sector; pi, pith; pp, mature protophloem; px, mature 
protoxylem; rc, rootcap; x, xylem sector. (From Rost et al., 1988.) 


Pallardy, 1997). In noble fir {Abiesprocera), for example, 
the roots show periodic deceleration of growth and 
have periods of dormancy (Wilcox, 1954). Dormancy is 
preceded by lignification of cell walls and by a deposi¬ 
tion of suberin—a double process called metacutiza- 
tion —in the cortex and rootcap throughout a layer of 
cells that is continuous with the endodermis and com¬ 
pletely covers the apical meristem. The latter thus 


becomes sealed off by a protective layer on all sides 
except toward the base of the root. Externally such root 
tips appear brown. When growth is resumed, the brown 
covering is broken and the root tip pushes beyond it. 
Studies on excised roots indicate that roots may have a 
growth rhythm not dependent on seasonal changes but 
determined by internal factors (Street and Roberts, 
1952). 
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CHAPTER SEVEN 


Parenchyma and Collenchpa 


I PARENCHYMA 

The term parenchyma refers to a tissue composed of 
living cells variable in their morphology and physiology, 
but generally having thin walls and a polyhedral shape 
(Fig. 7.1), and concerned with vegetative activities of the 
plant. The individual cells of such a tissue are paren¬ 
chyma cells. The word parenchyma is derived from the 
Greek para , beside, and en-chein, to pour, a combina¬ 
tion of words that expresses the ancient concept of 
parenchyma as a semiliquid substance “poured beside” 
other tissues that are formed earlier and are more 
solid. 

Parenchyma is often spoken of as the fundamental or 
ground tissue. It fits this definition from morphological as 
well as physiological aspects. In the plant body as a whole 
or in its organs parenchyma appears as a ground sub¬ 
stance in which other tissues, notably the vascular, are 
embedded. It is the foundation of the plant in the sense 
that the reproductive cells (spores and gametes) are par¬ 
enchymatous in nature. Inasmuch as the presumed ances¬ 
tors of plants consisted entirely of parenchymatous cells 


(Graham, 1993), parenchyma may be considered the 
phylogenetic precursor of all other tissues. 

This tissue is the principal seat of such essential activ¬ 
ities as photosynthesis, assimilation, respiration, storage, 
secretion, and excretion—in short, activities depending 
on the presence of complete living protoplasts. Paren¬ 
chyma cells that occur in the xylem and phloem play 
an important role in the movement of water and the 
transport of food substances. 

Developmentally, parenchyma cells are relatively 
undifferentiated. They are unspecialized morphologi¬ 
cally and physiologically, compared with such cells as 
sieve elements, tracheids, and fibers because, in contrast 
to these three examples of cell categories, parenchyma 
cells may change functions or combine several different 
ones. However, parenchyma cells may also be distinctly 
specialized, for example, with reference to photosyn¬ 
thesis, storage of specific substances, or deposition of 
materials that are in excess in the plant body. Whether 
they are specialized or not, parenchyma cells are highly 
complex physiologically because they possess living 
protoplasts. 
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FIGURE 7.1 


Parenchyma from tomato (Solanum lycopersicum ) 
stem. Details: arrows point to intercellular spaces; w, 
walls in surface view. (x49.) 


Characteristically living at maturity, parenchyma 
cells are able to resume meristematic activity: to dedif¬ 
ferentiate, divide, and redifferentiate. Because of this 
ability, parenchyma cells with only primary walls play 
an important role in wound healing, regeneration, 
the formation of adventitious roots and shoots, and the 
union of grafts. Furthermore single parenchyma cells, 
having all the genes present in the fertilized egg, or 
zygote, have the ability to become embryonic cells and 
then, given proper conditions for growth and develop¬ 
ment, to develop into an entire plant. Such cells are said 
to be totipotent (Chapter 5). The goal of workers 
involved with plant multiplication, utilizing tissue 
culture methods, or micropropagation, is to induce indi¬ 
vidual cells to express their totipotency (Bengochea and 
Dodds, 1986). 

Parenchyma Cells May Occur in Continuous Masses as 
Parenchyma Tissue or Be Associated with Other Cell 
Types in Morphologically Heterogeneous Tissues 

Examples of plant parts consisting largely or entirely of 
parenchyma cells are the pith and cortex of stems and 
roots, the photosynthetic tissue (mesophyll) of leaves 


(see Fig. 7.3A), the flesh of succulent fruits, and the 
endosperm of seeds. As components of heterogeneous, 
or complex, tissues, parenchyma cells form the vascular 
rays and the vertical files of living cells in the xylern 
(Chapters 10 and 11) and the phloem (Chapters 13 and 
14). Sometimes an essentially parenchymatous tissue 
contains parenchymatous or nonparenchymatous cells 
or groups of cells, morphologically or physiologically 
distinct from the main mass of cells in the tissue. Scler- 
eids, for example, may be found in the leaf mesophyll 
and in the pith and cortical parenchyma (Chapter 8). 
Laticifers occur in various parenchymatous regions of 
the plant containing latex (Chapter 17). Sieve tubes tra¬ 
verse the cortical parenchyma of certain plants (Chapter 
13). 

The parenchyma tissue of the primary plant body, 
that is, the parenchyma of the cortex and pith, of the 
mesophyll of leaves, and of flower parts, differentiates 
from the ground meristem. The parenchyma cells asso¬ 
ciated with the primary and secondary vascular tissues 
are formed by the procambium and the vascular 
cambium, respectively. Parenchyma may also arise from 
the phellogen in the form of phelloderm, and it may be 
increased in amount by diffuse secondary growth. 

The variable structure of parenchyma tissue (Fig. 7.2) 
and the distribution of parenchyma cells in the plant 
body clearly illustrate the problems involved in the 
proper definition and classification of a tissue. On the 
one hand, parenchyma may fit the most restricted defini¬ 
tion of a tissue as a group of cells having a common 
origin, essentially the same structure, and the same 
function. On the other hand the homogeneity of a 
parenchyma tissue may be broken by the presence of 
varying numbers of nonparenchymatous cells, or paren¬ 
chyma cells may occur as one of many cell categories 
in a complex tissue. 

Thus the spatial delimitation of the parenchyma as a 
tissue is not precise in the plant body. Furthermore 
parenchyma cells may intergrade with cells that are 
distinctly nonparenchymatous. Parenchyma cells may 
be more or less elongated and have thick walls, a com¬ 
bination of characters suggesting specialization with 
regard to support. A certain category of parenchyma 
cells is so distinctly differentiated as a supporting tissue 
that it is designated by the special name of collenchyma, 
considered later in this chapter. Parenchyma cells may 
develop relatively thick lignified walls and assume some 
of the characteristics of sclerenchyma cells (Chapter 8). 
Tannin may be found in ordinary parenchyma cells and 
also in cells basically parenchymatous but of such 
distinct form (vesicles, sacs, or tubes) that they are 
designated as idioblasts. Similarly certain secretory cells 
differ from other parenchyma cells mainly in their func¬ 
tion; others are so much modified that they are com¬ 
monly treated as a special category of elements (laticifers; 
Chapter 17). 
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FIGURE 7.2 

Shape and wall structure of parenchyma cells. (Cell contents are omitted.) A, B, parenchyma from the stem pith of 
birch (Betula). In younger stem (A), the cells have only primary walls; in older stem (B), secondary walls also occur. 
C, D, parenchyma of the aerenchyma type (C), which occurs in lacunae of petioles and midribs (D) of Canna leaves. 
The cells have many “arms.” E, long “armed” cell from the mesophyll of a disc flower of Gaillardia. (From Esau, 
1977.) 


This chapter is restricted to a consideration of paren¬ 
chyma concerned with the most ordinary vegetative 
activities of plants, excluding the meristematic. The 
parenchyma cells of the xylem and phloem are described 
in chapters dealing with these two tissues, and the 
general characteristics of the protoplasts of parenchyma 
cells are discussed in Chapters 2 and 3- Much of the 
discussion in Chapters 2 and 3 is relevant to the next 
topic. 

The Contents of Parenchyma Cells Are a Reflection of 
the Activities of the Cells 

Parenchyma tissue specialized for photosynthesis con¬ 
tains numerous chloroplasts and is called chloren- 
chyma. The greatest expression of chlorenchyma is 
represented by the mesophyll of leaves (Fig. 7.3A), but 
chloroplasts may be abundant also in the cortex of a 
stem (Fig. 7.3B). Chloroplasts may occur in deeper stem 
tissues, including the secondary xylem and even the 
pith. Typically photosynthesizing cells are conspicu¬ 
ously vacuolated, and the tissue is permeated by an 
extensive system of intercellular spaces. In contrast, 


secretory types of parenchyma cells have dense proto¬ 
plasts, especially rich in ribosomes, and have either 
numerous Golgi bodies or a massively developed endo¬ 
plasmic reticulum, depending on the type of secretory 
product formed (Chapter 16). 

Parenchyma cells may assume distinctive character¬ 
istics by accumulating specific kinds of substances. In 
starch-storing cells such as those of the potato tuber 
(Fig. 3 9), the endosperm of cereals, and the cotyledons 
of many embryos, the abundant starch-containing amy- 
loplasts may virtually obscure all other cytoplasmic 
components. In many seeds the storage parenchyma 
cells are characterized by an abundance of protein and/ 
or oil bodies (Fig. 3-10). Parenchyma cells of flowers and 
fruits often contain chromoplasts (Fig. 2.11). In various 
parts of the plant, parenchyma cells may become con¬ 
spicuous by accumulating anthocyanins or tannins in 
their vacuoles (Fig. 2.21) or by depositing crystals of one 
or another form (Figs. 3-11-3-14). 

Water is abundant in all active vacuolated paren¬ 
chyma cells so that the parenchyma plays a major role 
as a water reservoir. In a study of a species of bamboo 
the variations in moisture content of the different parts 
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FIGURE 7.3 

A, transverse section of pear ( Pyrus ) leaf. The two vas¬ 
cular bundles (veins) seen here are embedded in meso- 
phyll. With its numerous chloroplasts, the mesophyll of 
leaves is the principal photosynthetic tissue of the plant. 
The veins are separated from the mesophyll by paren¬ 
chymatous bundle sheaths (sh). Bundle-sheath exten¬ 
sions (one at she) connect the sheath of the larger vein 
with both epidermal layers. B, transverse section of 
Asparagus stem showing epidermis and some cortex. 
Chlorenchyma beneath epidermis and substomatal 
chamber beneath guard cells. (A, X280; B, X760.) 


of culms were found to be clearly associated with the 
proportions of parenchyma cells in the tissue system 
(Liese and Grover, 1961). 

Parenchyma may be rather specialized as a water- 
storage tissue. Many succulent plants, such as the 
Cactaceae, Aloe , Agave, Sansevieria (Koller and Rost, 
1988a, b), Mesembryanthemum , and Peperomia (Fig. 
7.4), contain in their photosynthetic organs chlorophyll- 
free parenchyma cells full of water. This water tissue 
consists of living cells of particularly large size and 
usually with thin walls. The cells are often in rows and 


mesophyll vein stoma 

FIGURE 7.4 

Transverse section of leaf blade of Peperomia. The very 
thick multiple epidermis visible on its upper surface 
presumably functions as water-storage tissue. (XllO.) 

may be elongated like palisade cells. Each has a thin 
layer of relatively dense parietal cytoplasm, a nucleus, 
and a large vacuole with watery or somewhat mucilagi¬ 
nous contents. The mucilages seem to increase the 
capacity of the cells to absorb and to retain water and 
may occur in the protoplasts and in the walls. 

In the underground storage organs there is usually 
no separate water-storing tissue, but the cells contain¬ 
ing starch and other food materials have a high water 
content. Potato tubers may start shoot growth in air and 
provide the growing parts with moisture for the initial 
growth (Netolitzky, 1935). A high water content is char¬ 
acteristic not only of underground storage organs, such 
as tubers and bulbs, but also of buds and of fleshy 
enlargements on aerial stems. In all these structures the 
storage of water is combined with that of the storage of 
food reserves. 

The Cell Walls of Parenchyma Cells May Be 
Thick or Thin 

Parenchyma cells, including chlorenchyma and most 
storage cells, typically have thin, nonlignilied primary 
walls (Figs. 7.1 and 7.2). Plasmodesmata are common in 
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such walls, sometimes aggregated in primary pit-fields 
or in thickened wall portions, sometimes distributed 
throughout walls of uniform thickness. Some storage 
parenchyma develop remarkably thick walls (Bailey, 
1938). As mentioned previously, xyloglucans located in 
such walls constitute the principal storage carbohydrate 
(Chapter 4). Thick walls occur, for example, in the 
endosperm of the date palm ( Phoenix dactylifera ), per¬ 
simmon ( Diospyros ; Fig. 4.19), Asparagus, and Coffea 
arabica. They become thinner during germination. 
Relatively thick and often lignified secondary walls also 
occur in parenchyma cells of the wood (secondary 
xylem) and the pith, making it difficult to distinguish 
between such sclerified parenchyma cells and typical 
sclerenchyma cells. 

The mechanical strength of typical parenchyma 
tissue is derived largely from the hydraulic property of 
its cells (Romberger et al., 1993). Consisting of cells 
with thin, nonlignified primary walls, parenchyma is 
rigid only when its cells are near or at full turgor. As 
noted by Niklas (1992), the degree to which paren¬ 
chyma is utilized for mechanical support also depends 
on how closely its cells are packed together. In that 
regard aerenchyma tissue, with its large volume of 
intercellular space, might be expected to provide little 
mechanical support to the organs. It has been suggested, 
however, that aerenchyma with a honeycomb-like 
system of intercellular spaces is structurally efficient, 
providing the necessary strength with the smallest 
amount of tissue (Williams and Barber, 1961). 

Some Parenchyma Cells—Transfer Cells—Contain 
Wall Ingrowths 

Transfer cells are specialized parenchyma cells con¬ 
taining cell wall ingrowths, which often greatly increase 
the surface area of the plasma membrane (Fig. 7.5). The 
ingrowths develop relatively late in cell maturation and 
are deposited on the original primary wall; hence they 
may be considered a specialized form of secondary wall 
(Pate and Gunning, 1972). Transfer cells play an impor¬ 
tant role in the transfer of solutes over short distances 
(Gunning, 1977). Their presence is generally correlated 
with the existence of intensive solute fluxes—in either 
inward (uptake) or outward (secretion) directions— 
across the plasma membrane. The wall ingrowths form 
just as intensive transport begins and are best developed 
on the cell surfaces presumably most actively involved 
with solute transport (Gunning and Pate, 1969). The 
plasma membrane closely follows the contours of the 
wall ingrowths however tortuous they may be, forming 
a so-called wall-membrane apparatus, which is bordered 
by numerous mitochondria and conspicuous endoplas¬ 
mic reticulum. 

High densities of a plasma membrane H + -ATPase and 
sucrose transport proteins have been co-localized to the 



FIGURE 7.5 


Longitudinal section of a portion of the phloem from a 
small vein of a Sonchus deraceus (sow thistle) leaf. The 
cell, with the dense cytoplasm, in the center of this 
electron micrograph is a companion cell. Phloem paren¬ 
chyma cells occur on both sides of the companion cell. 
All three cells contain wall ingrowths (arrows); all three 
cells are transfer cells. 


wall ingrowths of the seed coat and cotyledon transfer 
cells at the maternal/filial interface in developing Vida 
faba seed (Harrington et al., 1997a, b), indicating that 
these transfer cells are the sites of membrane transport of 
sucrose to and from the seed apoplast. The transport of 
sucrose across the membrane involves a proton/sucrose 
cotransport mechanism (McDonald et al., 1996a, b). 

Morphologically two categories of wall ingrowths 
can be recognized for most transfer cells: reticulate and 
flange (Fig. 7.6; Talbot et al., 2002). Reticulate-type wall 
ingrowths originate as small, randomly distributed 
papillae from the underlying wall. The papillae then 
branch and fuse laterally to form a complex labyrinth of 
variable morphology. Flange-type ingrowths arise as 
curvilinear, rib-shaped projections that are in contact 
with the underlying wall along their length. The 






A, reticulate wall ingrowths in xylem parenchyma transfer cells in root nodule of Vicia faba. Arrowheads point to 
new wall ingrowths deposited on the most recently formed layer of wall ingrowth. B, flange wall ingrowth in xylem 
parenchyma transfer cells (tc) of longitudinally fractured vegetative nodes of Triticum aestivum. Flange ingrowths 
are roughly parallel, long bar-like thickenings (arrowheads) that are similar but much thinner than wall thickenings 
of the adjacent tracheary element (te). (From Talbot et al., 2002.) 


projections become variously elaborated in different 
transfer cell types. Some transfer cells exhibit both 
reticulate and flange-like wall ingrowths; some others 
have wall ingrowths that fit neither category. 

Transfer cells occur in a wide range of locations in 
the plant body: in the xylem and phloem of small, or 
minor, veins in cotyledons and foliage leaves of many 
herbaceous eudicots (Pate and Gunning, 1969; van Bel 
et al., 1993); in association with the xylem and phloem 
of leaf traces at the nodes of both eudicots and monocots 
(Gunning et al., 1970); in various tissues of reproductive 
structures (placentae, embryo sacs, aleurone cells, endo¬ 
sperm; Rost and Lersten, 1970; Pate and Gunning, 1972; 
Wang and Xi, 1992; Diane et al., 2002; Gomez et al., 
2002); in root nodules (Joshi et al., 1993); and in various 
glandular structures (nectaries, salt glands, the glands of 


carnivorous plants; Pate and Gunning, 1972; Ponzi and 
Pizzolongo, 1992). Each of these locations is a potential 
site of intensive short-distance solute transfer. Transfer 
cells can also be induced to form by external stimuli, 
such as by nematode infection (Sharma and Tiagi, 1989; 
Dorhout et al., 1993), in a plant that does not normally 
develop such cells. 

Presumably the greater the surface area of the wall- 
membrane apparatus, the greater the total flux possible 
across it. In one study designed to test this hypothesis 
(Wimmers and Turgeon, 1991), the size and number of 
wall ingrowths in minor-vein phloem transfer cells of 
Pisurn sativum leaves were increased significantly by 
growing the plants under a relatively high photon flux 
density. Remarkably, a resultant 47% increase in surface 
area of the plasma membrane of high-light leaves over 
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low-light leaves was paralleled by a 47% increase in the 
flux of exogenous sucrose into the transfer cells and 
their associated sieve elements. 

Wall ingrowths are not a prerequisite for solute trans¬ 
port across the plasma membrane. Cells without such 
modification may be similarly concerned with the trans¬ 
fer of substances between cells. 

Parenchyma Cells Vary Greatly in Shape 
and Arrangement 

Parenchyma cells are commonly described as having a 
polyhedral shape, that is, as having many sides, or 
facets, but they vary greatly in shape even in the same 
plant (Figs. 7.2 and 7.7). Typically the ground tissue 
parenchyma consists of cells that are not much longer 
than wide and may be nearly isodiametric . In con¬ 
trast, parenchyma cells may be more or less elongated 
or variously lobed or branched. In relatively homoge¬ 
neous parenchyma the number of facets tends to 
approach 14. A geometrically perfect 14-sided figure is 
a polyhedron with 8 hexagonal and 6 quadrilateral 
facets (Fig. 7.7A) (orthic tetrakaidecahedron). Plant 
cells rarely approach this ideal form (Fig. 7.7B; Matzke, 
1940) and show variable numbers of facets even in such 
homogeneous parenchyma as is often found in the pith 



FIGURE 7.7 


The shape of parenchyma cells. A, diagram of the orthic 
tetrakaidecahedron, a 14-sided polyhedron. B, diagram 
of a cell from the pith of Ailanthus. It has 1 heptagonal, 
4 hexagonal, 5 pentagonal, and 4 quadrilateral faces, a 
total of 14 faces. An example of a cell approximating an 
orthic tetrakaihedron. C-F, diagrams of pith cells of 
Eupatorium. The numbers of facets are 10 (C), 9 (D), 
16 (E), and 20 (F). (From Esau, 1977; A, B, after Matzke, 
1940; C-F, after Marvin, 1944.) 


of stems (Fig. 7.7C-F). The occurrence of smaller and 
larger cells in the same tissue, the development of inter¬ 
cellular spaces, and the change of cells from nearly 
isodiametric to some other shape are factors that deter¬ 
mine the number of facets per cell (Matzke and Duffy, 
1956). Small cells have fewer than 14 facets and large 
cells more than 14. The presence of intercellular spaces, 
particularly of large ones, reduces the number of con¬ 
tacts (Hulbary, 1944). 

Pressure and surface tension have long been consid¬ 
ered as factors influencing the shapes and sizes of cells. 
During differentiation of the “armed,” or “stellate,” 
parenchyma cells of the mesophyll of Canna leaves and 
the pith of Juncus, lateral tension appears to be one of 
the factors determining the final shape (Maas Geestera- 
nus, 1941). The arms evidently elongate through their 
entire length. Korn (1980) has suggested that the shapes 
and sizes of cells are the result of three cellular pro¬ 
cesses: (1) the rate of wall expansion, (2) the duration 
of the cell cycle, and (3) the placement of the cell plate 
usually near the center of the longest wall, thus avoid¬ 
ing the intersection of existing partitions between adja¬ 
cent cells and providing for nearly equal cell division. 
Subcellular factors influencing cell expansion and 
the formation of intercellular spaces are discussed in 
Chapter 4. 

The arrangement of cells varies in different kinds of 
parenchyma. Storage parenchyma of fleshy roots and 
stems has abundant intercellular spaces, but the endo¬ 
sperm of seeds is usually a compact tissue, with small 
intercellular spaces at most. The extensive development 
of intercellular spaces in the leaf mesophyll, and in 
chlorenchyma in general, obviously is associated with 
the gaseous exchange in a photosynthetic tissue. 
Throughout the plant body, however, the ground tissue 
typically is permeated by a less conspicuous labyrinth 
of intercellular spaces, which also is essential for the 
diffusion-dependent flow of gases (Prat et al., 1997). In 
herbaceous species the labyrinth of intercellular spaces 
may extend from the substomatal chambers of the leaves 
to within a very short distance of the rootcap, via the 
cortical parenchyma of stem and root (Armstrong, W., 
1979). 

The intercellular spaces in the various tissues just 
described are commonly of schizogenous origin 
(Chapter 4). Such spaces can become very large if the 
cells separate along a considerable area of their contact 
with other cells. The separation is combined with an 
expansion of the tissue as a whole. In the growing tissue 
the cells maintain their limited connection with one 
another by differential growth and assume a lobed or 
“armed” form (Fig. 7.2C, E; Kaul, 1971). In some species 
the cells not only grow but also divide next to the inter¬ 
cellular spaces. In these divisions the new walls are 
formed perpendicular to the walls outlining the spaces 
(Hulbary, 1944). 
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Some Parenchyma Tissue—Aerenchyma—Contains 
Particularly Large Intercellular Spaces 

Air spaces are particularly well developed in angio- 
sperms growing in aquatic and semi-aquatic habitats or 
waterlogged soils (Armstrong, W., 1979; Kozlowski, 
1984; Bacanamwo and Purcell, 1999; Drew et al., 2000). 
Because of the prominence of intercellular spaces, the 
tissue is called aerenchyma, a term originally used for 
a phellogen-derived, nonsuberized cork (phellem) tissue 
containing numerous air chambers (Schenck, 1889). 
Aerenchyma development in the roots of some species 
occurs entirely by the enlargement of schizogenous 
intercellular spaces; in others, aerenchyma develop¬ 
ment involves various degrees of lysigeny (Smirnoff and 
Crawford, 1983; Justin and Armstrong, 1987; Armstrong 
and Armstrong, 1994). Interestingly, regardless of the 
degree of lysigeny, the cortical cells surrounding lateral 
roots always remain intact, indicating that aerenchyma 
formation is a controlled process. Ethylene has been 
implicated in the lysigenous development of aerenchyma 
in the roots of waterlogged plants (Kawase, 1981; 
Kozlowski, 1984; Justin and Armstrong, 1991; Drew, 
1992). As mentioned previously (Chapter 5), the defi¬ 
ciency of oxygen in such plants triggers the production 
of ethylene, which in turn induces programmed cell 
death and aerenchyma development. Aerenchyma for¬ 
mation occurs naturally (constitutively) in the roots of 
some species, that is, apparently without any require¬ 
ment for an external stimulus. Most notable among 
these are the roots of rice (Oryza sativa ) (Fig. 7.8; Webb 
and Jackson, 1986). 

The aerenchyma found in leaves and stems of aquatic 
plants generally differs structurally from that found in 
the roots (Armstrong, W., 1979). The tissue occurs as 
large longitudinal air spaces, or lacunae, sometimes 
containing stellate cells and often intersected at regular 
intervals by thin, transversely oriented plates of cells, 
called diaphragms , typically with intercellular spaces 
(Fig. 7.9; Kaul, 1971, 1973, 1974; Matsukura et al., 2000). 
In the shoots of some species all diaphragms are alike; 
in others, two or three types of diaphragm are pro¬ 
duced. In the leaves of Typha latifolia, for example, 
diaphragms consisting entirely of stellate cells alternate 
with ones that are vascularized (Kaul, 1974). Despite 
suggestions that aerenchymatous tissue is often water- 
or fluid-filled (Canny, 1995), there is substantial evidence 
that the lacunae are usually gas-filled (Constable et al., 
1992; Drew, 1997). The presence of aerenchyma, which 
is continuous from shoots to roots, enhances the diffu¬ 
sion of air from the leaves to the roots and enables 
wetland and waterlogged plants to maintain levels of 
oxygen sufficient to support respiration. Oxygen in 
excess of that consumed by respiring cells often diffuses 
from the roots into the soil atmosphere (Hook et al., 
1971). This benefits the plant by creating a locally 





FIGURE 7.8 


Scanning electron micrograph of rice (Oryza sativa ) 
root, in transverse section, showing aerenchyma tissue. 
(x80. Courtesy of P. Dayanandan.) 
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FIGURE 7.9 


A, B, two stages in aerenchyma formation in midribs of 
leaf sheath of rice (Oryza sativa ). Diaphragms remain 
intact between lacunae. (Both, X190. From Kaufman, 
1959.) 
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aerobic rhizosphere in an otherwise anaerobic soil 
(Topa and McLeod, 1986). 

Other developmental phenomena associated with 
flooding are the development of adventitious roots 
(Visser et al., 1996; Shiba and Daimon, 2003) and the 
formation of lenticels at the base of the stem and on 
older roots (Hook, 1984). In some woody species, an 
aerenchymatous phellem may provide an alternative 
pathway for gaseous exchange between the roots and 
the shoots following destruction of the cortical aeren- 
chyma with secondary growth (Stevens et al., 2002). 

ICOLLENCHYMA 

Collenchyma is a living tissue composed of more or 
less elongated cells with thickened primary walls (Fig. 
7.10). It is a simple tissue, for it consists of a single cell 
type, the collenchyma cell. Collenchyma cells and 
parenchyma cells are similar to one another both physi¬ 
ologically and structurally. Both have complete proto¬ 
plasts capable of resuming meristematic activity, and 
their cell walls are typically primary and nonlignified. 


The difference between the two lies chiefly in the 
thicker walls of collenchyma cells; in addition the more 
highly specialized collenchyma cells are longer than 
most kinds of parenchyma cells. Where collenchyma 
cells and parenchyma cells lie next to each other, they 
intergrade both in wall thickness and form. The walls 
of parenchyma cells abutting collenchyma may be 
thickened—“collenchymatously thickened”—like those 
of the collenchyma cells. Both cell types contain chlo- 
roplasts (Maksymowych et al., 1993). Chloroplasts are 
most numerous in collenchyma cells that approach 
parenchyma cells in form. Long, narrow collenchyma 
cells contain only a few small chloroplasts or none at 
all. Because of the similarities between the two tissues 
and the structural and functional variability of paren¬ 
chyma, collenchyma commonly is considered as a thick- 
walled kind of parenchyma structurally specialized as a 
supporting tissue. The terms parenchyma and collen¬ 
chyma are also related, but in the latter the first 
part of the word, derived from the Greek colla, glue, 
refers to the thick glistening wall characteristic of 
collenchyma. 



FIGURE 7.10 

Collenchyma (col) of sugar beet {Beta} petiole in transverse section (A) and of grapevine {Vitis} stem in longitudinal 
section (B). Other detail: par, parenchyma. (X285.) 
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Collenchyma differs from the other representative 
supporting tissue, sclerenchyma (Chapter 8), in wall 
structure and condition of the protoplast. Collenchyma 
has relatively soft, pliable, nonlignified primary walls, 
whereas sclerenchyma has hard, more or less rigid, 
secondary walls, which commonly are lignified. Col¬ 
lenchyma cells retain active protoplasts capable of 
removing the wall thickenings when the cells are 
induced to resume meristematic activity, as in formation 
of a cork cambium (Chapter 15) or in response to wound¬ 
ing. Sclerenchyma walls are more permanent than those 
of collenchyma. They are not readily removed even if 
the protoplast is retained in the cell. Many sclerenchyma 
cells lack protoplasts at maturity. In some collenchyma 
cells, the products of transverse division remain 
together, enclosed by the common mother-cell wall 
(Majumdar, 1941; Majumdar and Preston, 1941). Such 
cell complexes resemble septate fibers. 

The Structure of the Cell Walls of Collenchyma Is the 
Most Distinctive Characteristic of This Tissue 

The walls of collenchyma cells are thick and glistening 
in fresh sections (Fig. 7.11), and often the thickening is 
unevenly distributed. They contain, in addition to cel¬ 
lulose, large amounts of pectins and hemicelluloses and 
no lignin (Roelofsen, 1959; Jarvis and Apperley, 1990). 



FIGURE 7.11 


Transverse section of collenchyma tissue from a petiole 
in rhubarb ( Rheum rhabarbarum). In fresh tissue like 
this, the unevenly thickened collenchyma cell walls 
have a glistening appearance. (x400.) 


In some species, collenchyma walls have an alternation 
of layers rich in cellulose and poor in pectins with layers 
that are rich in pectins and poor in cellulose (Beer and 
Setterfield, 1958; Preston, 1974; Dayanandan et al., 
1976). Since the pectins are hydrophilic, collenchyma 
walls are rich in water (Jarvis and Apperley, 1990). This 
feature can be demonstrated by treating fresh sections 
of collenchyma with alcohol. The dehydrating action of 
alcohol causes a noticeable shrinkage of collenchyma 
walls. Ultrastructurally collenchyma walls of various 
types have been described as having a crossed polyla- 
mellate (Wardrop, 1969; Chafe, 1970; Deshpande, 1976; 
Lloyd, 1984) or helicoidal structure (Chapter 4; Vian 
et al., 1993). Primary pit-fields are often present in col¬ 
lenchyma walls, especially in those that are rather 
uniform in thickness (Duchaigne, 1955). 

The distribution of wall thickening in collenchyma 
shows several patterns (Fig. 7.12; Chafe, 1970). If the 
wall is unevenly thickened, it attains its greatest thick¬ 
ness either in the corners of the cell or on two opposite 
walls, the inner and the outer tangential walls (walls 
parallel with the surface of the plant part). Collenchyma 
with the thickenings on the tangential walls is called 
lamellar, or plate, collenchyma (Fig. 7.12A). Lamellar 
collenchyma is especially well developed in the stem 
cortex of Sambucus nigra. They may also be found in 
the stem cortex of Sanguisorba, Rheum , and Eupato- 
rium and the petiole of Cochlearia armoracia. Collen¬ 
chyma with wall thickenings localized in the corners 
commonly is called angular collenchyma (Fig. 7.12B). 
Examples of angular collenchyma are found in the stems 
of Atropa belladonna and Solarium tuberosum and 
petioles of Begonia, Beta, Coleus, Cucurbita, Morus, 
Ricinus, and Vitis. 

Collenchyma may or may not contain intercellular 
spaces. If spaces are present in the angular type of col¬ 
lenchyma, the thickened walls occur next to the inter¬ 
cellular spaces. Collenchyma with such distribution of 
wall thickening is sometimes classified as a special type, 
the lacunar, or lacunate, collenchyma (Fig. 7.12C). 
When collenchyma develops no intercellular spaces, the 
corners where several cells meet show a thickened 
middle lamella. Such thickening is sometimes exagger¬ 
ated by an accumulation of intercellular material in the 
potential intercellular spaces. The rate of this accumula¬ 
tion apparently varies, for intercellular spaces may arise 
in early stages of development, only to be closed later 
by pectic substances. Where the intercellular spaces are 
large, the pectic substances fail to fill them and form 
crests or wartlike accumulations protruding into the 
intercellular spaces (Duchaigne, 1955; Carlquist, 1956). 
The presence of intercellular spaces is not universally 
accepted as a valid criterion for a distinct type of col¬ 
lenchyma. What could be interpreted as lacunar collen¬ 
chyma can be found in the stem cortex of Brunellia and 
Salvia, and of various Asteraceae and Malvaceae. 
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FIGURE 7.12 

Collenchyma in stems (transverse sections). In all drawings the epidermal layer is to the left. A, Sambucus; thicken¬ 
ings mainly on tangential walls (lamellar collenchyma). B, Cucurbita; thickenings in the angles (angular collen¬ 
chyma). C, Lactuca; numerous intercellular spaces (indicated by arrows) and the most prominent thickenings located 
next to these spaces (lacunar collenchyma). Thick cuticle (shown in black) in A. (All, X320.) 


A fourth type of collenchyma, annular collen¬ 
chyma, is recognized by some plant anatomists 
(Metcalfe, 1979). Such collenchyma is characterized by 
cell walls that are more uniformly thickened and lumina 
that are more of less circular in outline, as seen in trans¬ 
verse sections. The distinction between annular and 
angular collenchyma is not clear-cut because the degree 
of restriction of wall thickenings to the corners of the 
angular collenchyma varies in relation to the amount of 
wall thickening present on other parts of the wall. If the 
general wall thickening becomes massive, the thicken¬ 
ing in the corners is obscured and the lumen assumes 
a circular outline, instead of an angular one (Duchaigne, 
1955; Vian et al„ 1993). 

Collenchyma walls are generally regarded as exem¬ 
plifying thick primary walls, the thickening being 
deposited while the cell is growing. In other words, the 
cell wall increases simultaneously in surface area and in 
thickness. How much, if any, of the thickening is depos¬ 
ited after cells have stopped growing is generally impos¬ 
sible to determine, so it is generally impossible to delimit 
primary from secondary wall layers in such cells. 

Collenchyma walls may become modified in older 
plant parts. In woody species with secondary growth, 
collenchyma follows, at least for a time, the increase in 
circumference of the axis by active growth with reten¬ 
tion of the original characteristics. In some plants ( Tilia, 
Acer, Aesculus) collenchyma cells enlarge and their 
walls become thinner (de Bary, 1884). Apparently it is 


not known whether this reduction in wall thickness 
results from a removal of wall material or from stretch¬ 
ing and dehydration. Collenchyma may change into 
sclerenchyma by a deposition of lignified secondary 
walls bearing simple pits (Duchaigne, 1955; Wardrop, 
1969; Calvin and Null, 1977). 

Collenchyma Characteristically Occurs in a 
Peripheral Position 

Collenchyma is the typical supporting tissue, first, of 
growing organs and, second, of those mature herba¬ 
ceous organs that are only slightly modified by second¬ 
ary growth or lack such growth entirely. It is the first 
supporting tissue in stems, leaves, and floral parts, and 
it is the main supporting tissue in many mature eudicot 
leaves and some green stems. Roots rarely have collen¬ 
chyma but collenchyma may occur in the cortex 
(Guttenberg, 1940), particularly if the root is exposed 
to light (Van Fleet, 1950). Collenchyma is absent in 
stems and leaves of many of the monocots that early 
develop sclerenchyma (Falkenberg, 1876; Giltay, 1882). 
Collenchymatous tissue typically replaces sclerenchyma 
at the junction of the blade and sheath (the blade joint) 
and in the pulvinus of grass leaves (Percival, 1921; Esau, 
1965; Dayanandan et al., 1977; Paiva and Machado, 
2003). Massive collenchymatous bundle caps differenti¬ 
ate in connection with the leaf sheath bundles. 

The peripheral position of collenchyma is highly 
characteristic (Fig. 7.13). It may be present immediately 
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FIGURE 7.13 

Distribution of collenchyma (crosshatched) and vascular tissues in various plant parts. Transverse sections. (A, B, 
xl9; C-F, x9.5.) 


beneath the epidermis or it may be separated from the 
epidermis by one or more layers of parenchyma. It has 
its origin in the ground meristem. If collenchyma is 
located next to the epidermis, the inner tangential walls 
of the epidermis may be thickened like the walls of 
collenchyma. Sometimes the entire epidermal cells are 
collenchymatous. In stems, collenchyma frequently 
forms a continuous layer around the circumference of 
the axis (Fig. 7.13C). Sometimes it occurs in strands, 
often within externally visible ridges (ribs) found in 
many herbaceous stems and in those of woody stems 
that have not yet undergone secondary growth (Fig. 
7.13D, E). The distribution of collenchyma in the peti¬ 
oles shows patterns similar to those encountered in the 
stems (Fig. 7.13A, F). In the leaf blade, collenchyma 
occurs in the ribs accompanying the larger vascular 
bundles (major veins), sometimes on both sides of the 
rib (Fig. 7.13B) and sometimes on one side only, usually 


the lower. Collenchyma also differentiates along the 
margins of the leaf blade. 

In many plants the parenchyma that occurs in the 
outermost (phloem-side) or innermost (xylem-side) part 
of a vascular bundle, or completely surrounds a bundle, 
consists of long cells with thick primary walls. The wall 
thickening may resemble that of collenchyma, espe¬ 
cially the annular type (Esau, 1936; Dayanandan et al., 
1976). This tissue is often called collenchyma, but 
because of its association with the vascular tissues, it 
has a history of development somewhat different from 
that of the independent collenchyma, which originates 
in the ground meristem. It is preferable therefore to 
refer to such elongated, vascular bundle-associated cells 
with thick primary cell walls as collenchymatous paren¬ 
chyma cells or collenchymatously thickened paren¬ 
chyma, if their resemblance to collenchyma cells must 
be stressed. This designation may be applied to 
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parenchyma resembling collenchyma in any location in 
the plant. 

Collenchyma Appears to Be Particularly Well Adapted 
for Support of Growing Leaves and Stems 

Collenchyma walls begin to thicken early during the 
development of the shoot and, because the cells are 
capable of increasing simultaneously the surface and 
thickness of their walls, they can develop and maintain 
thick walls while the organ is still elongating. In addi¬ 
tion, because the wall thickenings are plastic and capable 
of extension, they do not hinder the elongation of stem 
and leaf. In celery petioles the collenchyma cells length¬ 
ened by a factor of about 30 while the walls strongly 
increased simultaneously in thickness and surface 
area (Frey-Wyssling and Miihlethaler, 1965). In a more 
advanced state of development collenchyma continues 
to be a supporting tissue in plant parts (many leaves, 
herbaceous stems) that do not develop much scleren- 
chyma. With regard to the supporting role of collen¬ 
chyma, it is of interest that in developing plant parts 
subjected to mechanical stresses (by exposure to wind, 
attachment of weights to inclined shoots), the wall 
thickening in collenchyma begins earlier than in plants 
not subjected to such stresses (Venning, 1949; Razdor- 
skii, 1955; Walker, I960). In addition stressed shoots 
may exhibit a significantly greater proportion of collen¬ 
chyma (Patterson, 1992). Such stresses do not affect the 
type of collenchyma formed. In addition to its role as a 
supporting tissue, collenchyma has also been implicated 
in the resistance of oaks to mistletoe colonization (Hariri 
et al., 1992) and to stem feeding by insects (Oghiakhe 
et al., 1993). 

A comparison of collenchyma with fibers is particu¬ 
larly interesting. In one study, the collenchyma strands 
elongated from 2% to 2.5% before breaking, whereas the 
fiber strands extended less than 1.5% before breaking 
(Ambronn, 1881). The collenchyma strands were capable 
of supporting 10 to 12 kg per mm 2 , and the fiber strands 
15 to 20kg per mm 2 . The fiber strands regained their 
original length even after they had been subjected to a 
tension of 15 to 20kg per mm 2 , whereas the collen¬ 
chyma strands remained permanently extended after 
they had been made to support only 1.5 to 2 kg per mm 2 . 
In other words, the tensile strength of collenchyma 
compares favorably with that of fibers, but collenchyma 
is plastic and sclerenchyma elastic. If fibers were to 
develop in growing plant parts, they would hinder elon¬ 
gation because of their tendency to regain their original 
length when stretched. Collenchyma, on the other hand, 
would remain extended under the same conditions. The 
importance of the plasticity of collenchyma cell walls is 
further emphasized by the observation that much inter- 
nodal elongation occurs after the collenchyma cells 
have thickened their walls. In the celery petiole, wall 


thickening continues for some time after cessation of 
growth (Vian et al., 1993). 

Mature collenchyma is a strong, flexible tissue 
consisting of long overlapping cells (in the center of 
the strands some may reach 2 millimeters in length; 
Duchaigne, 1955) with thick, nonlignified walls. In old 
plant parts collenchyma may harden and become less 
plastic than in younger parts, or as mentioned previ¬ 
ously, it may change into sclerenchyma by the deposi¬ 
tion of lignilied secondary walls. The loss of the capacity 
for extension growth by mature celery collenchyma has 
been attributed to both the net longitudinal orientation 
of its microfibrils and the relative lack of methylated 
pectins (Fenwick et al., 1997). Cross-linking of pectins 
and hemicelluloses may also serve to rigidify mature 
collenchyma cell walls (Liu et al., 1999). If collenchyma 
does not undergo these changes, its role as a supporting 
tissue may become less important because of the devel¬ 
opment of sclerenchyma in the deeper parts of the stem 
or petiole. Moreover, in stems with secondary growth, 
the xylern becomes the chief supporting tissue because 
of the predominance of cells with lignified secondary 
walls and the abundance of long, overlapping cells in 
that tissue. 
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CHAPTER EIGHT 


Sclerenchpa 


The term sclerenchyma refers to a tissue composed of 
cells with secondary walls, often lignihed, whose prin¬ 
cipal function is mechanical or support. These cells are 
supposed to enable plant organs to withstand various 
strains, such as may result from stretching, bending, 
weight, and pressure without undue damage to the thin- 
walled softer cells. The word is derived from the Greek 
skleros , meaning “hard" and enchyma , an infusion; it 
emphasizes the hardness of sclerenchyma walls. The 
individual cells of sclerenchyma are termed scleren¬ 
chyma cells. In addition to comprising sclerenchyma 
tissue, sclerenchyma cells like parenchyma cells may 
occur singly or in groups in other tissues. In the 
previous chapter (Chapter 7), it was noted that both 
parenchyma cells and collenchyma cells may become 
sclerified. Especially notable in that regard are the 
parenchyma cells of the secondary xylem, the water¬ 
conducting cells (tracheary elements) of which also 
have secondary walls. Thus secondary walls are not 
unique to sclerenchyma cells, and therefore the delimi¬ 
tation between typical sclerenchyma cells and sclerified 
parenchyma or collenchyma cells, on the one hand, and 
tracheary elements, on the other, is not sharp. Scleren¬ 


chyma cells may or may not retain their protoplasts at 
maturity. This variability adds to the difficulty of distin¬ 
guishing between sclerenchyma cells and sclerified 
parenchyma cells. 

Sclerenchyma cells are usually divided into two cat¬ 
egories, fibers and sclereids. Fibers are described as 
long cells, and sclereids as relatively short cells. Scler¬ 
eids, however, may grade from short to conspicuously 
elongated, not only in different plants but also in the 
same individual. The fibers, similarly, may be shorter or 
longer. Sclereids are generally thought of as having more 
conspicuous pitting in their walls than fibers, but this 
difference is not constant. Sometimes the origin of the 
two categories of cells is considered to be the distin¬ 
guishing characteristic: sclereids often are said to arise 
through secondary sclerosis of parenchyma cells, fibers 
from meristematic cells that are early determined as 
fibers. This criterion does not entirely hold, however. 
Some sclereids differentiate from cells early individual¬ 
ized as sclereids ( Camellia, Foster, 1944; Monstera , 
Bloch, 1946), and in certain plants parenchyma cells of 
the phloem differentiate into fiber-like cells only in that 
part of the tissue no longer concerned with conduction 
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(Chapter 14; Esau, 1969; Kuo-Huang, 1990). When it is 
difficult to classify a cell in terms of a fiber or a sclereid, 
the term fiber-sclereid may be used. 

I FIBERS 

Fibers typically are long, spindle-shaped cells, with 
more or less thick secondary walls, and they usually 
occur in strands (Fig. 8.1). Such strands constitute the 
“fibers” of commerce. The process of retting (technical 
form of the word rotting) used in the extraction of fibers 
from the plant results in a separation of the fiber bundles 
from the associated nonhbrous cells. Within a strand, 
the fibers overlap, a feature that imparts strength to the 
fiber bundles. In contrast to the thickened primary walls 
of collenchyma cells, the fiber walls are not highly 
hydrated. They are therefore harder than collenchyma 
walls and are elastic rather than plastic. Fibers serve as 
supporting elements in plant parts that are no longer 
elongating. The degree of lignihcation varies, and typi¬ 


cally the simple or slightly bordered pits are relatively 
scarce and slit-like. Many fibers retain their protoplasts 
at maturity. 

Fibers Are Widely Distributed in the Plant Body 

Fibers occur in separate strands or cylinders in the 
cortex and the phloem, as sheaths or bundle caps associ¬ 
ated with the vascular bundles, or in groups or scattered 
in the xylem and the phloem. In the stems of monocots 
and eudicots the fibers are arranged in several charac¬ 
teristic patterns (Schwendener, 1874; de Bary, 1884; 
Haberlandt, 1914; Tobler, 1957). In many Poaceae the 
fibers form a system having the shape of a ribbed hollow 
cylinder, with the ribs connected to the epidermis 
(Fig. 8.2A). In Zea, Saccharum, Andropogon, Sorghum 
(Fig. 8.2B), and other related genera the vascular bundles 
have prominent sheaths of fibers, and the peripheral 
bundles may be irregularly fused with each other or 
united by sclerified parenchyma into a sclerenchyma- 
tous cylinder. The hypodermal parenchyma may be 



FIGURE 8.1 

Primary phloem fibers from the stem of basswood (Tilia americana), seen here in both (A) transverse and (B) lon¬ 
gitudinal views. The secondary walls of these long, thick-walled fibers contain relatively inconspicuous pits. Only a 
portion of the fibers can be seen in (B). (A, x620; B, x375.) 
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strongly sclerified (Magee, 1948). A hypodermis con¬ 
taining long fibers, some over 1mm long, has been 
recorded in Zea mays (Murdy, I960). (A hypodermis is 
comprised of one or more layers of cells located beneath 
the epidermis and distinct from other neighboring cells 
of the ground tissue.) In the palms the central cylinder 
is demarcated by a sclerotic zone that may be several 
inches wide (Tomlinson, 1961). It consists of vascular 
bundles with massive, radially extended fibrous sheaths. 
The associated ground parenchyma also becomes scle¬ 
rotic. In addition fiber strands occur in the cortex and 
a few in the central cylinder. Other patterns may be 
found in the monocots, and patterns may vary at differ¬ 
ent levels of the stem in the same plant (Murdy, I960). 
Fibers may be prominent in the leaves of monocots 
(Fig. 8.2E). Here they form sheaths enclosing the vascu¬ 
lar bundles, or strands, extending between the epider¬ 
mis and the vascular bundles, or subepidermal strands 
not associated with the vascular bundles. 

In stems of angiosperms, fibers frequently occur in 
the outermost part of the primary phloem, forming 
more or less extensive anastomosing strands or tangen¬ 
tial plates (Fig. 8.2C, F). In some plants no other than 
the peripheral fibers (primary phloem fibers) occur in 
the phloem (Alnus, Betula, Linum, Neriuni). Others 
develop fibers in the secondary phloem also, few (Nico- 
tiana, Catalpa, Boehmerid) or many (Clematis, Juglans, 
Magnolia, Quercus, Robinia, Tilia, Vitis ). Some eudi- 
cots have complete cylinders of fibers, either close to 
the vascular tissues (Geranium, Pelargonium, Lonicera, 
some Saxifragaceae, Caryophyllaceae, Berberidaceae, 
Primulaceae) or at a distance from them, but still located 
to the inside of the innermost layer of the cortex 
(Fig. 8.2H; Aristolochia, Cucurbitd). In eudicot stems 
without secondary growth the isolated vascular bundles 
may be accompanied by fiber strands on both their 
inner and outer sides (Polygonum, Rheum, Senecio'). 
Plants having phloem internal to the xylem may have 
fibers associated with this phloem (Nicotiana). Finally, 
a highly characteristic location for fibers in the angio¬ 
sperms is the primary and the secondary xylem where 
they have varied arrangements (Chapter 11). Roots show 
a distribution of fibers similar to that of the stems and 
may have fibers in the primary (Fig. 8.2D) and in the 
secondary body. Conifers usually have no fibers in the 
primary phloem but may have them in the secondary 
phloem (Sequoia, Taxus, Thuja). Cortical fibers are 
sometimes present in stems (Fig. 8.2G). 

Fibers May Be Divided into Two Large Groups, Xylary 
and Extraxylary 

Xylary fibers are fibers of the xylem, and extraxylary 
fibers are fibers located outside the xylem. Among the 
extraxylary fibers are the phloem fibers. Phloem fibers 
occur in many stems. The flax (Linum usitatissimum ) 


stem has only one band of fibers, several layers in depth, 
located on the outer periphery of the vascular cylinder 
(Fig. 8.3). These fibers originate in the earliest part of 
the primary phloem (the protophloem) but mature as 
fibers after this part of the phloem ceases to function 
in conduction (Fig. 8.4). Flax fibers are, therefore, 
primary phloem fibers , or protophloem fibers. The 
stems of Sambucus (elderberry), Tilia (basswood), Liri- 
odendron (tulip tree), Vitis (grapevine), Robinia pseu- 
doacacia (black locust), and many others, have both 
primary phloem fibers and secondary phloem fibers, 
which are located within the secondary phloem 
(Fig. 8.2C). 

Two other groups of extraxylary fibers encountered 
in the stems of eudicots are the cortical fibers and the 
perivascular fibers. Cortical fibers, as the name implies, 
originate in the cortex (Fig. 8.2G). Perivascular fibers 
are located on the periphery of the vascular cylinder 
inside the innermost cortical layer (Fig. 8.2H; Aristolo¬ 
chia and Cucurbitd). They do not originate as part of 
the phloem tissue but outside it. Perivascular fibers are 
commonly referred to as pericyclic fibers. However, the 
designation pericyclic is often used with reference to 
the primary phloem fibers as well (Esau, 1979). (See 
Blyth, 1958, for an evaluation of the term pericycle.) 
Extraxylary fibers also include the fibers of the 


primary phloem fibers 



Transverse section of stem of Linum usitatissimum 
showing position of primary phloem fibers. (X320.) 
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Development of primary phloem fibers in Linum perenne L. A, first primary sieve tubes are mature. B, C, new sieve 
tubes differentiate while older ones are obliterated. D, cells remaining after obliteration of sieve tubes begin to 
develop secondary walls characteristic of flax fibers. (A-C, x745; D, x395.) 


monocots, whether or not associated with the vascular 
bundles. 

The cell walls of the extraxylary fibers are often very 
thick. In the phloem fibers of flax, the secondary wall 
may amount to 90% of the cross-sectional area of the 
cell (Fig. 8.3). The secondary walls of these extraxylary 
fibers have a distinct polylamellate structure, the indi¬ 
vidual lamellae varying in thickness from 0.1 to 0.2 pm. 


Not all extraxylary fibers have such wall structure. In 
mature bamboo culms, some fiber walls show a high 
degree of polylamellation, whereas others have no 
clearly visible lamellae (Murphy and Alvin, 1992). In 
addition the secondary walls of the secondary phloem 
fibers of most woody angiosperms and conifers consist 
of only two layers, a thin outer (SO layer and a thick 
inner (S 2 ) layer (Holdheide, 1951; Nanko et al., 1977). 
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Some extraxylary fibers have lignified walls; the walls 
of others contain little or no lignin (flax, hemp, ramie). 
Some extraxylary fibers, notably those of the monocots, 
are strongly lignified. 

Wood fibers are commonly divided into two main 
groups, the libriform fibers and the fiber-tracheids 
(Fig. 8.5B, C), both of which typically have lignified cell 
walls. The libriform fibers resemble phloem fibers. 
Libriform is derived from the Latin liber, meaning “inner 
bark,” that is, phloem. Although the distinction between 
the two groups of wood fibers has long been based pri¬ 
marily on the presence of simple pits in libriform fibers 
and of bordered pits in fiber-tracheids (IAWA Commit¬ 
tee on Nomenclature, 1964), truly simple pits in fiber 
walls are extremely uncommon (Baas, 1986). The 
extremes of the two types of wood fiber are easy to 
distinguish, but imperceptible gradations occur between 
them. Fiber-tracheids also intergrade with tracheids, 
which have distinctly bordered pits (Fig. 8.5A). Com¬ 
monly the thickness of the wall increases in the sequence 


II 


FIGURE 8.5 

A, tracheid, B, fiber-tracheid, and C, libriform fiber in 
the secondary xylem, or wood, of a red oak tree 
(Quercus rubra). The spotted appearance of these cells 
is due to pits in the walls; pits are not discernible in C. 
(All, X172.) 


of tracheid, fiber-tracheid, and libriform fiber. In addi¬ 
tion, in a given sample of wood, the tracheids are usually 
shorter and the fibers longer, with the libriform fibers 
attaining the greatest length. 

Although commonly regarded as dead cells at matu¬ 
rity, living protoplasts are retained in the libriform fibers 
and fiber-tracheids in many woody plants (Fahn and 
Leshem, 1963; Wolkinger, 1971; Dumbroff and Elmore, 
1977). (Fibers with living protoplasts have been found 
in bamboo culms over nine years of age; Murphy and 
Alvin, 1997.) These fibers often contain numerous starch 
grains; hence, in addition to support, they function in 
the storage of carbohydrates. The secondary walls of 
wood fibers differ from those of phloem fibers in that 
they consist of three layers designated S 1; S 2 , and S 3 for 
outer, middle, and inner, respectively (Chapter 4). In 
addition the walls of wood fibers typically are 
lignified. 

Both Xylary and Extraxylary Fibers May Be Septate 
or Gelatinous 

The phloem and/or xylem fibers of some eudicots 
undergo regular mitotic divisions after the secondary 
wall is deposited and are partitioned into two or more 
compartments by cross-walls, or septae (Fig. 8.6A) 
(Parameswaran and Liese, 1969; Chalk, 1983; Ohtani, 
1987). Such fibers, called septate fibers, also occur 
in some monocots where they are nonvascular in 
origin (in Palmae and Bambuscoideae; Tomlinson, 1961; 
Parameswaran and Liese, 1977; Gritsch and Murphy, 
2005). (Sclereids may also become partitioned by septae; 
Fig. 8.6B; Bailey, 1961.) The septae consist of a middle 
lamella and two primary walls and, apparently, they may 
or may not be lignified. The septae are in contact but 
not fused with the secondary wall and are separated by 
the latter from the original primary wall of the fiber. 
Apparently the primary walls of the septae continue 
over part or all of the inner surface of the fiber second¬ 
ary wall (Butterfield and Meylan, 1976; Ohtani, 1987). 
Additional secondary wall may develop after the divi¬ 
sion and cover the septae also (Fig. 8.6B). In bamboos 
the septate fibers are characterized by thick polylamel- 
late secondary walls. In addition to a middle lamella and 
primary wall layers, the septae of these fibers have sec¬ 
ondary wall lamellae that continue on the longitudinal 
walls of the fibers (Parameswaran and Liese, 1977). 
Plasmodesmata interconnect the protoplasts via the 
septae of the fibers, which are living at maturity. Starch 
commonly is found in septate fibers, indicating a storage 
function, in addition to a supporting role, for these cells. 
Some septate fibers also contain crystals of calcium 
oxalate (Purkayastha, 1958; Chalk, 1983). 

Another type of fiber that is neither strictly xylary 
nor extraxylary is the gelatinous fiber. Gelatinous 
fibers are identified by the presence of a so-called gelati- 




C 
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FIGURE 8.6 

A, septate fiber from phloem of grapevine ( Vitis ) stem. 
The septae are in contact with the pitted secondary 
wall. B, septate sclereid from the phloem of Pereskia 
(Cactaceae) in which the septae are covered with sec¬ 
ondary wall material. (From Esau, 1977; B, after Bailey, 
1961.) 


nous layer (G-layer), an innermost secondary wall layer 
that can be distinguished from the outer secondary wall 
layer(s) by its high cellulose content and lack of lignin 
(Fig. 8.7). The cellulose microfibrils of the G-layer are 
oriented parallel to the long axis of the cell, and hence 
this layer is isotropic or slightly birefringent when 
viewed in transverse section under polarized light 
(Wardrop, 1964). Being hygroscopic, the G-layer has the 
capacity to absorb much water. Upon swelling, the G- 
layer may occlude the lumen of the cell; upon drying, 
it commonly pulls away from the rest of the wall. Gelati¬ 
nous fibers have been found in the xylem and phloem 
of roots, stems, and leaves of eudicots (Patel, 1964; 
Fisher and Stevenson, 1981; Sperry, 1982) and in non- 
vascular tissue of monocot leaves (Staff, 1974). They 
have been most extensively studied in tension wood 
(Chapter 11). Also referred to by the more general term 
reaction fiber, it is assumed that gelatinous fibers con¬ 
tract during development, generating contractile force 
sufficient eventually to bend a leaning or crooked stem 
toward a more normal position (Fisher and Stevenson, 



FIGURE 8.7 


Gelatinous fibers as seen in transverse section in the 
wood of Fagus sp. In most of these fibers, the darkly 
stained gelatinous layer has pulled away from the rest 
of the wall. (Courtesy of Susanna M. Jutte.) 


1981). Gelatinous fibers in leaves may assist in the main¬ 
tenance of leaf orientation with respect to gravity and 
in the display of leaflets to the sun (Sperry, 1982). 

Commercial Fibers Are Separated into Soft Fibers and 
Hard Fibers 

The phloem fibers of eudicots represent the bast fibers 
of commerce (Harris, M., 1954; Needles, 1981). These 
fibers are classified as soft fibers because, whether or 
not lignified, they are relatively soft and flexible. Some 
of the well-known sources and usages of bast fibers are 
hemp ( Cannabis sativci), cordage; jute ( Corchorus 
capsular is), cordage, coarse textiles; flax (Li mini 
usitatissimum), textiles (e.g., linen), thread; and ramie 
(Boehmeria nivea ), textiles. Phloem fibers of some 
eudicots are used for making paper (Carpenter, 1963). 

The fibers of monocots—usually called leaf fibers 
because they are obtained from leaves—are classified as 
hard fibers. They have strongly lignified walls and are 
hard and stiff. Examples of sources and uses of leaf 
fibers are abaca, or Manila hemp ( Musa textilis), 
cordage; bowstring hemp ( Sansevieria , entire genus), 
cordage; henequen and sisal ( Agave species), cordage, 
coarse textiles; New Zealand hemp (Phormium tenax), 
cordage; and pineapple fiber ( Ananas comosus), tex¬ 
tiles. Leaf fibers of monocots (together with the xylem) 
serve as raw material for making paper (Carpenter, 
1963): maize (Zea mays), sugar cane ( Saccharum 
offlcinarum), esparto grass ( Stipa tenacissima), and 
others. 

The length of individual fiber cells varies consider¬ 
ably in different species. Examples of ranges of lengths 
in millimeters may be cited from M. Harris’s (1954) 
handbook. Bast fibers: jute, 0.8-6.0; hemp, 5-55; flax, 
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9-70; ramie, 50-250. Leaf fibers: sisal, 0.8-8.0; bow¬ 
string hemp, 1-7; abaca, 2-12; New Zealand hemp, 
2-15. 

In commerce, the term fiber is often applied to mate¬ 
rials that include, in the botanical sense, other types of 
cells besides fibers and also to structures that are not 
fibers at all. In fact the fibers obtained from the leaves 
of monocots represent vascular bundles together with 
associated fibers. Cotton fibers are epidermal hairs of 
seeds of Gossypium (Chapter 9); raffia is composed of 
leaf segments of Raphia palm; rattan is made from 
stems of Calamus palm. 

ISCLEREIDS 

Sclereids typically are short cells with thick secondary 
walls, strongly lignified, and provided with numerous 
simple pits. Some sclereids have relatively thin second¬ 
ary walls, however, and may be difficult to distinguish 
from sclerihed parenchyma cells. The thick-walled 
forms, on the other hand, may strongly contrast with 
parenchyma cells: their walls may be so massive as 
almost to occlude the lurnina, and their prominent pits 
often are ramiform (Fig. 8.8). The secondary wall typi¬ 


cally appears multilayered, reflecting its helicoidal 
construction (Roland et al., 1987, 1989). Crystals are 
embedded in the secondary walls of certain species 
(Fig. 8.9) (Kuo-Huang, 1990). Many sclereids retain 
living protoplasts at maturity. 

Based on Shape and Size, Sclereids May Be Classified 
into a Number of Types 

The most commonly recognized categories of sclereids 
are (1) brachysclereids, or stone cells, roughly isodia- 
metric or somewhat elongated cells, widely distributed 
in cortex, phloem, and pith of stems, and in the flesh of 
fruit (Figs. 8.8 and 8.10A-D); (2) macrosclereids, 
elongated and columnar (rod-like) cells, exemplified by 
sclereids forming the palisade-like epidermal layer of 
leguminous seed coats (see Fig. 8.14); (3) osteosclere- 
ids, bone cells, also columnar but with enlarged ends 
as in the subepidermal layer of some seed coats (see 
Fig. 8.14E); and (4) astrosclereids, star-cells, with lobes 
or arms diverging from a central body (Fig. 8.10L), often 
found in the leaves of eudicots. Other less commonly 
recognized types include trichosclereids, thin-walled 
sclereids resembling hairs, with branches projecting 



FIGURE 8.8 


Sclereids (stone cells) from fresh tissue of pear (Pyrus 
communis') fruit. The secondary walls contain conspic¬ 
uous simple pits with many branches, known as rami¬ 
form pits. During formation of the clusters of stone cells 
in the flesh of the pear fruit, cell divisions occur con¬ 
centrically around some of the sclereids formed earlier. 
The newly formed cells differentiate as stone cells, 
adding to the cluster. (x400.) 



FIGURE 8.9 


Branched sclereid from a leaf of the water lily ( Nym- 
phaea odorata) as seen in polarized light. Numerous 
small angular crystals are embedded in the wall of this 
sclereid. (X230.) 
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Sclereids. A, B, stone cells from fruit flesh of pear ( Pyrus ). C, D, sclereids from stem cortex of wax plant ( Hoya ), in 
sectional (C) and surface (D) views. E, F, sclereids from petiole of Camellia. G, columnar sclereid with ramified ends 
from palisade mesophyll of Hakea. H, I, filiform sclereids from leaf mesophyll of olive ( Olea ). J, K, sclereids from 
endocarp of fruit of apple ( Malus ). L, astrosclereid from stem cortex of Trochodendron. (From Esau, 1977.) 


into intercellular spaces, and filiform sclereids, long 
slender cells resembling fibers (Fig. 8.10H, I; see also 
Fig. 8.13). Astrosclereids and trichosclereids are struc¬ 
turally similar, and trichosclereids intergrade with fili¬ 
form sclereids. Osteosclereids may be branched at their 
ends (as in Fig. 8.10G), and consequently they resemble 
trichosclereids. This classification is rather arbitrary and 
does not cover all the forms of sclereids known (Bailey, 
1961; Rao, T. A., 1991). Moreover it is of limited utility 
because, as indicated, the various forms frequently 
intergrade. 


Sclereids Like Fibers Are Widely Distributed in the 
Plant Body 

The distribution of sclereids among other cells is of 
special interest with regard to problems of cell differ¬ 
entiation in plants. They may occur in more or less 
extensive layers or clusters, but frequently they appear 
isolated among other types of cells from which they 
may differ sharply by their thick walls and often bizarre 
shapes. As isolated cells they are classified as idioblasts 
(Foster, 1956). The differentiation of idioblasts poses 
many still unresolved questions regarding the causal 
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relationships in the development of tissue patterns in 
plants. 

Sclereids occur in the epidermis, the ground tissue, 
and the vascular tissues. In the following paragraphs, 
sclereids are described by examples from different parts 
of the plant body, excluding those sclereids that occur 
in the vascular tissues. 

Sclereids in Stems A continuous cylinder of sclereids 
occurs on the periphery of the vascular region in the 
stem of Hoya carnosa and groups of sclereids in the 
pith of stems of Hoya and Podocarpus. These sclereids 
have moderately thick walls and numerous pits 
(Fig. 8.10C, D). In shape and size they resemble the 
adjacent parenchyma cells. This resemblance is often 
taken as an indication that such sclereids are by origin 
sclerihed parenchyma cells. Their sclerihcation, 
however, has advanced so far that they may be grouped 
with the sclereids rather than parenchyma cells. This 
simple type of sclereid exemplifies a stone cell, or 
brachysclereid. A much branched astrosclereid is found 
in the cortex of Trochodendron stem (Fig. 8.10L). Some¬ 
what less profusely branched sclereids occur in the 
cortex of the Douglas hr ( Pseudotsuga taxifolia). 

Sclereids in Leaves Leaves are an especially rich source 
of sclereids with regard to variety of form, although they 
are rare in the leaves of monocots (Rao, T. A., and Das, 
1979). In the mesophyll, two main distributional pat¬ 
terns of sclereids are recognized: the terminal, 
with sclereids confined to the ends of the small veins 
(Fig. 8.11 ; Arthrocnemum, Boronia, Hakea, Mouriria ), 
and the diffuse, with solitary sclereids or groups of 
sclereids dispersed throughout the tissue without any 
spatial relationship to the vein endings ( Olea , Osman- 
thus, Pseudotsuga, Trochodendron ) (Foster, 1956; Rao, 
T. A., 1991). In some protective foliar structures, like the 
clove scales of garlic ( Allium sativum), the sclereids 
form part of the entire epidermis (Fig. 8.12). 

Sclereids with definite branches or only with spicules 
(short, conical, or irregular projections) occur in the 
ground tissue of Camellia petiole (Fig. 8.10E, F) and in 
the mesophyll of Trochodendron leaf. The mesophyll of 
Osmanthus and Hakea contains columnar sclereids, 
ramified at each end, that is, osteosclereids (Fig. 8.10G). 
In the leaves of Hakea suaveolens, the terminal sclere¬ 
ids apparently play dual roles of support and water con¬ 
duction. When a detached shoot was allowed to absorb 
through the cut end a solution of the fluorochrome 
berberine sulfate, the pattern of fluorescence observed 
in the leaves indicated that the berberine solution had 
moved from the enlarged tracheids (tracheoids) of the 
vein endings to the walls of the upper epidermal cells 
via the weakly lignified walls of the sclereids (Heide- 
Jorgensen, 1990). From the epidermis the solution 
moved downward into the walls of the palisade paren- 



FIGURE 8.11 

Cleared Boronia leaf. Sclereids (sc) at bundle ends (be). 
(X93- From Foster, 1955.) 


chyma. Apparently the sclereids serve as vein exten¬ 
sions that conduct water to the epidermis and provide 
a rapid supply of water to the palisade cells. Monstera 
deliciosa, Nymphaea (water lily), and Nuphar (yellow 
pond lily) have typical trichosclereids with branches 
extending into large intercellular spaces, or air cham¬ 
bers, characteristic of the leaves of these species. Small 
prismatic sclereids are embedded within the Nymphaea 
sclereid walls (Fig. 8.9; Kuo-Huang, 1992). Branched 
sclereids may be found in leaves of conifers such as 
Pseudotsuga taxifolia. 

The filiform sclereids of the olive ( Olea europaea) 
leaf originate in both palisade and spongy parenchyma, 
average one millimeter in length, and permeate the 
mesophyll in the form of a dense network or mat 
(Fig. 8.13). Part of the network consists of T-shaped 
sclereids, the basal parts of which extend from the 
upper epidermis and palisade parenchyma into the 
underlying spongy parenchyma. The rest of the network 
consists of branched “polymorphic” sclereids that tra¬ 
verse the mesophyll layers, in what has been described 
as a chaotic pattern (Karabourniotis et al., 1994). It has 
been demonstrated that the T-shaped sclereids are 
capable of transmitting light from the upper epidermis 
to the spongy parenchyma, indicating that they may act 
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FIGURE 8.12 


Epidermal sclereids in a protective bulb scale of Allium sativum (garlic). A, section of scale, with sclereid walls 
stippled. B, surface view of scale showing the solid layer of epidermal sclereids overlapping each other. (Both, x99. 
From Esau, 1977; after Mann, 1952. Hilgardia 21 (8), 195-251. © 1952 Regents, University of California.) 


like synthetic optical fibers and may help to improve the 
light microenvironment within the mesophyll of this 
thick and compact sclerophyllous leaf (Karabourniotis 
et al., 1994). The osteosclereids in the leaves of the 
evergreen sclerophyll Phillyrea latifolia apparently 
play a similar optical role of guiding light within the 
mesophyll (Karabourniotis, 1998). 

Sclereids in Fruits Sclereids occur in various locations 
in fruits. In pear ( Pyrus ) and quince ( Cydonia ), single 
or clustered stone cells, or brachysclereids, are scattered 
in the fleshy parts of the fruit (Figs. 8.8 and 8.10A, B). 
The clusters of sclereids give pears their characteristic 
gritty texture. During formation of the clusters, cell 
divisions occur concentrically around some of the 
sclereids formed earlier (Staritsky, 1970). The radiating 
pattern of parenchyma cells around the mature cluster 
of sclereids is related to this mode of development. The 
sclereids of pear and quince often show ramiform pits 
resulting from a fusion of one or more cavities during 
the increase in thickness of the wall. 

The apple (Mains') furnishes another example of 
sclereids in fruits. The cartilaginous endocarp enclosing 


the seeds consists of obliquely oriented layers of elon¬ 
gated sclereids (Fig. 8.10J, K). Sclereids also compose 
the hard shells of nutlike fruits and the stony endocarp 
of stone fruits (drupes). In the drupe of Ozoroa panicu- 
losa (Anacardiaceae), the resin tree, which is widely 
distributed in the savanna regions of southern Africa, 
the endocarp consists of consecutive layers of macro- 
sclereids, osteosclereids, brachysclereids, and crystallif¬ 
erous sclereids (Von Teichman and Van Wyk, 1993). 

Sclereids in Seeds The hardening of seed coats during 
ripening of the seeds often results from a development 
of secondary walls in the epidermis and in the layer or 
layers beneath the epidermis. The leguminous seeds 
furnish a good example of such sclerihcation. In seeds 
of bean (Phaseolus), pea (Pisum), and soybean (Glycine), 
columnar macrosclereids comprise the epidermis and 
prismatic sclereids or bone-shaped osteosclereids occur 
beneath the epidermis (Fig. 8.14). During development 
of the pea seed coat the protodermal cells, from which 
the macrosclereids are derived, undergo extensive anti¬ 
clinal division followed by cell elongation and then 
secondary wall formation (Harris, 1983). The precursors 
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FIGURE 8.13 


Filiform sclereids of Olea (olive), doubly refractive in 
polarized light, as seen in cleared leaf. (X57.) 


of the osteosclereids divide both anticlinally and peri- 
clinally but do not begin to differentiate into bone¬ 
shaped cells until after thick secondary walls have been 
deposited by the macrosclereids (Harris, W. M., 1984). 
Secondary wall formation occurs first in a median 
portion of the developing osteosclereid, preventing 
further expansion there, while the thin primary walls 
at the ends of the cell continue to expand. Apparently 
neither the macrosclereids nor the osteosclereids of the 
pea seed coat are lignified. Pitting in their walls is incon¬ 
spicuous. The seed coat of the coconut (Cocos nucifera) 
contains sclereids with numerous ramiform pits. 

I ORIGIN RND DEVELOPMENT OF FIBERS RND SCLEREIDS 

As indicated by their wide distribution in the plant body, 
fibers arise from various meristems: those of the xylern 
and phloem from the procambium and vascular 
cambium; most extraxylary fibers other than phloem 
fibers from the ground meristem; and the fibers of some 
Poaceae and Cyperaceae from the protoderm. Sclereids 
also arise from different meristems: those of the vascu¬ 
lar tissues from derivatives of procambial and cambial 
cells; stone cells embedded in cork tissue from the cork 
cambium, or phellogen; the macrosclereids of seed 
coats from the protoderm; and many other sclereids 
from the ground meristem. 

The development of the usually long fibers and of 
branched and long sclereids involves remarkable 
intercellular adjustments. Of particular interest is the 


FIGURE 8.14 



Sclereids of leguminous seed coats. A, B, outer parts of Phaseolus seed coat from transections of seeds in two stages 
of development. B, epidermis, a solid layer of macrosclereids. Subepidermal sclereids have most of the wall thicken¬ 
ings localized on anticlinal walls. C-E, sclereids of Pisum; F-H, of Phaseolus. C, F, groups of epidermal sclereids 
seen from the surface. D, G, epidermal sclereids; E, H, subepidermal sclereids. (A, B, X240; C, F, x595; D, E, G, H, 
X300.) 
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attainment of great length by fibers of the primary plant 
body. Primary extraxylary fibers are initiated before the 
organ has elongated, and they can reach considerable 
length by elongating in unison with the other tissues in 
the growing organ. During this period of growth the 
walls of adjacent cells are so adjusted that no separation 
of the walls occurs. This method of growth is called 
coordinated growth (Chapter 5). The young fiber pri- 
mordium increases in length without changing cellular 
contacts whether or not adjacent parenchymatous cells 
are dividing. The growth of primary extraxylary fibers 
in unison with the other tissues in the growing organ 
results in longer fibers commonly being found in longer 
organs (Aloni and Gad, 1982). 

The great length attained by some primary extraxyl¬ 
ary fibers is not the result of elongation by coordinated 
growth only. Somewhat later, the fiber primordium 
attains additional length by intrusive growth (Chapter 
5). During intrusive growth the elongating cells grow at 
their apices ( apical intrusive growth'), usually at both 


ends between the walls of other cells. During elonga¬ 
tion, the fiber may become multinucleate as a result of 
repeated nuclear divisions not followed by formation of 
new walls. This is especially true of primary phloem 
fibers. While the fiber is still alive, its cytoplasm exhibits 
rotational streaming, a phenomenon apparently related 
to intercellular transport of materials (Worley, 1968). 

Apical intrusive growth has been studied in detail in 
flax fibers (Schoch-Bodmer and Huber, 1951). By mea¬ 
suring young and old internodes and the fibers con¬ 
tained in these internodes, the authors calculated that 
by coordinated growth alone the fibers could become 1 
to 1.8 cm long. Actually they found fibers ranging in 
length between 0.8 and 7.5 cm. Thus lengths over 1.8 cm 
must have been attained by apical intrusive growth. The 
growing tips of young fibers dissected out of living 
stems showed thin walls, contained dense cytoplasm 
(Fig. 8.15A-C) with chloroplasts, and were not plasmo- 
lyzable. When the tips ceased to grow, they became 
filled with secondary wall material (Fig. 8.15D-F). 


FIGURE 8.15 


J 



Apical intrusive growth in fibers from stems. A-F, from phloem of flax (Linurn perenne ), G-J, from xylem and, K, 
from phloem of Sparmannia (Tiliaceae). H, J, enlarged views of parts of G, I, respectively. A-C, the intrusively 
growing tips of fibers (below) have thin walls and dense cytoplasm. D-F, the tips of fibers have become filled with 
wall material after completion of growth. G-K, fibers have extended in both directions from the original position in 
the cambium (between broken lines). Pits occur only in the original cambial parts. The phloem fiber (K) is consider¬ 
ably longer than the xylem fibers (G, I). (From Esau, 1977; A-F, adapted from Schoch-Bodmer and Huber, 1951; G-K, 
adapted from Schoch-Bodmer, I960.) 
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In contrast to primary fibers, which undergo both 
coordinated growth and intrusive growth, secondary 
fibers originate in the part of the organ that has ceased 
to elongate, and they can increase in length only by 
intrusive growth (Wenham and Cusick, 1975). The 
length of secondary phloem fibers and of secondary 
xylern fibers depends on the length of the cambial ini¬ 
tials and on the amount of intrusive growth in the fiber 
primordia derived from those initials. If primary and 
secondary phloem fibers are present, the former are 
considerably longer. In Cannabis (hemp), for example, 
the length of the primary phloem fibers averaged about 
13 mm, the secondary about 2 mm (Kundu, 1942). 

Intrusive growth may be identified in transverse sec¬ 
tions of stems and roots by the appearance of small 
cells—transections of growing tips—among the wider, 
not elongating parts of fiber primordia. The secondary 
vascular tissues of Sparmannia (Tiliaceae) offer a 
graphic illustration of this phenomenon (Fig. 8.16; 
Schoch-Bodmer and Huber, 1946). The orderly radial 
alignment of cells seen in the cambium is replaced by a 
mosaic pattern in the axial system of phloem. In a given 
transection, three to five growing fiber tips are added 
to each wider median portion of a fiber primordium 
(indicated by diagonal hatching in Fig. 8.16A) by intru¬ 
sive elongation. The radial alignment in the axial system 
of xylem is less strongly affected because xylary fibers 
elongate less than do phloem fibers (Fig. 8.15G-K). As 
seen in radial longitudinal sections, the bipolar apical 
growth of fibers makes these cells extend above and 
below the horizontal levels of cambial cells among 
which they are initiated (Fig. 8.16B). 

When during intrusive growth a fiber tip is obstructed 
by other cells, the tip curves or forks (Fig. 8.151, J). Thus 
bent and forked ends in fibers (and sclereids) are addi¬ 
tional evidence of intrusive growth. The intrusively 
growing parts usually fail to develop pits in their sec¬ 
ondary walls and thus serve as a measure of the amount 
of apical elongation (Fig. 8.15G-K; Schoch-Bodmer, 
I960). 

Prolonged apical intrusive growth of fibers and some 
sclereids makes the secondary thickening of the walls 
in these cells a rather complex phenomenon. As men¬ 
tioned previously, the secondary wall commonly devel¬ 
ops over the primary after the latter ceases to expand 
(Chapter 4). In intrusively growing fibers and sclereids, 
the older part of the cell stops growing, whereas the 
apices continue to elongate. The older part of the cell 
(typically the median part) begins to form secondary 
wall layers before the growth of the tips is completed. 
From the median part of the cell, the secondary thicken¬ 
ing progresses toward the tips and is completed after 
the tips cease to grow. 

In rapidly growing stems of ramie ( Boehmeria 
nivea ), the longer primary phloem fibers (40-55 cm) 
extend, during their later stages of enlargement, through 


internodes that have ceased elongating (Aldaba, 1927). 
The increase in length of these fibers (initially about 
20pm long) is of the order of 2,500,000%, a gradual 
process that apparently requires months to complete. 
Secondary wall formation begins in the basal portions 
of the cells and continues upward toward the elongating 
tips in a series of concentric layers. When a fiber has 
completed its elongation, the inner tubular wall layers 
continue to grow upward, reaching the tip of the cell at 
successive intervals. 

Sclereids arise either directly from cells that are early 
individualized as sclereids or through a belated sclerosis 
of apparently ordinary parenchyma cells. The primor¬ 
dia, or initials, of the terminal sclereids in the lamina of 
the Mouriria huberi leaf are clearly evident before the 
intercellular spaces appear in the mesophyll and while 
the small veins are entirely procambial (Foster, 1947). 
They arise from the same layer of cells as the procambial 
strands. The trichosclereids of the air roots of Monstera 
develop from cells early set aside by unequal, polarized 
divisions in files of cortical cells (Bloch, 1946). In con¬ 
trast, the sclereids of the Osmanthus leaf are first 
evident in leaf blades 5 to 6 cm long, by which stage the 
blade is nearly one-half its full length (Fig. 8.17; Griffith, 
1968). At this age a large part of the xylem and phloem 
of the major veins has matured, and the fibers associated 
with the veins are distinguishable but without conspicu¬ 
ous thickening. Sclerification of parenchyma cells in the 
secondary phloem commonly occurs in the noncon¬ 
ducting phloem, the part of the phloem no longer 
involved with long-distance transport (Chapter 14; Esau, 
1969; Nanko, 1979). In the oaks ( Quercus ), for example, 
stone cells differentiate in several-years-old phloem, 
first in the rays and later in dilatation tissue (tissue 
involved with the increase in circumference of the bark) 
in clusters of variable size. In the nonconducting phloem 
of some woody angiosperms, fiber-sclereids develop 
from fusiform parenchyma cells or individual elements 
of parenchyma strands. The fiber-sclereids in the sec¬ 
ondary phloem of Pyrus communis (Evert, 1961) and 
Pyrus malus (Mains domestica) (Evert, 1963) originate 
from parenchyma strands the second season after they 
are derived from the vascular cambium. At that time the 
individual elements of the strands undergo intensive 
intrusive growth and then form secondary walls. In the 
nonconducting secondary phloem of Pereskia (Cacta- 
ceae), some sclereids with multilayered secondary walls 
become subdivided by septa into compartments, each 
of which differentiates into a sclereid with a multi¬ 
layered secondary wall (Fig. 8.6B; Bailey, 1961). Such 
sclereids are reminiscent of the septate fibers in bamboos 
(Parameswaran and Liese, 1977). 

Sclereid primordia may not differ in appearance from 
neighboring parenchyma cells. Generally, primordia of 
idioblastic sclereids are distinguishable from neighbor¬ 
ing cells by their large, conspicuous nuclei and often 
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Development of fibers in secondary phloem and xylem of Sparmannia (Tiliaceae) as seen in transverse (A) and radial 
longitudinal (B) sections of stem. In A, I-IV are the hies of cells in the axial (longitudinal) system. The hies alternate 
with rays. Phloem and xylem are immature next to the cambium. Mature xylem has secondary walls. In mature 
phloem, dotted companion cells serve to identify the sieve elements; secondary walls mark the hbers. Cells with 
diagonal lines are median parts of young hber cells. They are accompanied by small cells most of which are tips of 
intrusively growing hbers. The cross-hatched cells on the xylem side are intrusively growing tips of xylem hbers. B, 
xylem hbers extend beyond the cambial region in both directions. (From Esau, 1977; adapted from Schoch-Bodmer 
and Huber, 1946.) 


dense cytoplasm (Boyd et ah, 1982; Heide-Jorgensen, 
1990). 


I FACTORS CONTROLLING DEVELOPMENT OF FIBERS 
RND SCLEREIDS 

The factors controlling the development of hbers and 
sclereids have been the object of numerous experimen¬ 


tal studies. Studies by Sachs (1972) and Aloni (1976, 
1978) revealed that hber development in strands is 
dependent on stimuli originating in young leaf prirnor- 
dia. Early removal of the primordia in Pisum sativum 
prevented hber differentiation; changing the position of 
the leaves experimentally changed the position of the 
hber strands as well (Sachs, 1972). The results of the 
Pisum study were conhrmed in Coleus, in which it was 
also shown that primary phloem hber induction is a 
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strictly polar one, in a downward direction from the 
leaves to the roots (Aloni, 1976, 1978). Moreover it was 
shown that the effect of the leaves on the differentiation 
of the primary phloem fibers in Coleus can be replaced 
by the exogenous application of auxin (IAA) in combina¬ 
tion with gibberellin (GA 3 ) (Aloni, 1979). IAA alone 
induced the differentiation of only a few fibers; GA, 
alone had no effect on fiber differentiation. When 
various combinations of both hormones were applied, 
high concentrations of IAA stimulated rapid differentia¬ 
tion of thick-walled fibers, while high GA S levels resulted 
in long, thin-walled fibers. Both hormones also are 
required for the development of fibers in the secondary 
xylem of Populus (Digby and Wareing, 1966). Cytokinin 
originating in the roots also appears to play a regulatory 
role in the development of secondary xylem fibers 
(Aloni, 1982; Saks et al., 1984). 

Several Arabidopsis mutants have been discovered 
that affect the development of the fibers in the interfas¬ 
cicular regions of the inflorescence stems (Turner and 
Somerville, 1997; Zhong et al., 1997; Turner and Hall, 
2000; Burk et al., 2001). Of particular interest is the 


FIGURE 8.17 

Development of sclereids in the leaf of Osmanthus fra- 
grans (Oleaceae). A-C, differentiating sclereids, indi¬ 
cated by large nuclei and dots along the walls; D, mature 
sclereids, indicated by cross-hatched secondary walls. 
In all drawings, the mesophyll and epidermal cells are 
marked with circles or ovals. The narrow intercellular 
spaces characteristic of palisade parenchyma have been 
omitted. A, future sclereid is indicated symbolically; it 
was not yet differentiated from other palisade cells 
(drawing from primordium 23mm long). B, young 
sclereid has extended beyond the palisade layer (blade 
approximately 5.5 cm long). C, two young sclereids have 
reached the lower epidermis by growing through the 
spongy mesophyll (blade 10-12 cm long). Enlargement 
of the sclereids involves both coordinated and apical 
intrusive growth. The thickness of the blade doubles 
after initiation of the sclereids; thus part of the growth 
of the sclereid occurs in unison with the palisade paren¬ 
chyma. Growth of the branches and the portion of the 
wall in contact with the spongy mesophyll, however, 
involves apical intrusive growth. Deposition of the sec¬ 
ondary wall in these sclereids is uniform and rapid, and 
does not occur until the leaf has reached full size. D, 
mature sclereids have some branches extended parallel 
with the epidermis and others projected into intercel¬ 
lular spaces. Pits in the secondary wall are located in 
the parts of sclereids that do not sever connections with 
adjacent cells during growth. (From Esau, 1977; adapted 
from Griffith, 1968.) 

◄- 


interfascicular flberlessl (ifll) mutant, in which inter¬ 
fascicular (extraxylary) fibers fail to develop (Zhong 
et al., 1997), indicating that the INTERFASCICULAR 
FIBERLESS1 (IFL1) gene, which was found to be the 
same gene as REVOLUTA (REV) (Ratcliffe et al., 2000), 
is essential for normal differentiation of the interfascicu¬ 
lar fibers. It is also required for normal development of 
the secondary xylem. The IFL1/REV gene is expressed 
in the interfascicular region in which the fibers differ¬ 
entiate as well as in the vascular regions (Zhong and Ye, 
1999). An assay of auxin polar transport revealed that 
the flow of auxin along the inflorescence stems is drasti¬ 
cally reduced in the ifll mutants. Moreover an auxin 
transport inhibitor altered the normal differentiation of 
interfascicular fibers in inflorescence stems of wild-type 
plants (Zhong and Ye, 2001). The apparent correlation 
between the reduced auxin polar flow and the alteration 
in fiber differentiation in the ifll mutants suggests that 
the IFL1/REV gene may be involved in controlling the 
flow of auxin along the interfascicular regions. Results 
of a separate experimental study (Little et al., 2002) in 
which the auxin supply was altered clearly indicate the 
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need for IAA for wall thickening and lignification in the 
interfascicular fibers in the Arabidopsis inflorescence 
stem. 

Cutting into leaves ( Camellia japonica, Foard, 1959; 
Magnolia tbamnodes, Talauma villosa , Tucker, 1975), 
which normally have marginal sclereids, induced dif¬ 
ferentiation of sclereids along the “new” margins. When 
sclerenchyma cylinders of eudicotyledonous stems were 
interrupted by cutting away on one side of an internode, 
the continuity of the cylinder was restored by the dif¬ 
ferentiation of sclereids within the wound callus (Warren 
Wilson et al., 1983). The results of these experiments 
were interpreted as evidence of the positional control 
of sclereid development. In the leaves, cells that nor¬ 
mally would have become mesophyll cells specialized 
for photosynthesis were induced to develop into sclere¬ 
ids when brought into the proximity of a margin. In the 
stems, the arrangement of the regenerated sclereids 
tended to reflect the original sclerenchyma (mainly or 
largely fibers) cylinder in the unwounded stem. Investi¬ 
gations of hormonal factors indicated that auxin levels 
in the leaf influence sclereid development (Al-Talib and 
Torrey, 1961; Rao, A. N., and Singarayar, 1968). When 
auxin concentration was high, the development was 
suppressed, whereas at low concentrations of auxin the 
cell walls remained thin and did not become lignified. 
Interestingly differentiation of sclereids was induced in 
the pith of Arabidopsis thaliana by the removal of the 
developing inflorescences (Lev-Yadun, 1997). The pith 
of mature control plants had no sclereids. 
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CHAPTER NINE 



The term epidermis designates the outermost layer of 
cells on the primary plant body. It is derived from the 
Greek epi, for upon, and derma, for skin. In this book 
the term epidermis refers to the outermost layer of 
cells on all parts of the primary plant body, including 
roots, stems, leaves, flowers, fruits, and seeds. An epi¬ 
dermis is considered to be absent, however, on the 
rootcap and not differentiated as such on the apical 
meristems. 

The epidermis of the shoot arises from the outermost 
cell layer of the apical meristem. In roots the epidermis 
may have a common origin with cells of the rootcap or 
differentiate from the outermost cell layer of the cortex 
(Chapter 6; Clowes, 1994). The difference in origin 
of the epidermis in shoots and roots has convinced 
some investigators that the surface layer of the root 
should have its own name, rhizodermis , or epiblem 
(Linsbauer, 1930; Guttenberg, 1940). Despite the differ¬ 
ences in origin, continuity exists between the epidermis 
of the root and that of the shoot. If the term epidermis 
and that of protoderm, for the undifferentiated epider¬ 
mis, are used in a solely morphologic-topographic sense, 
and the problem of origin is ignored, both terms may 


be used broadly to refer to the primary surface tissue of 
the entire plant. 

Organs having little or no secondary growth usually 
retain their epidermis as long as they exist. A notable 
exception is found in long-lived monocots that have no 
secondary addition to the vascular system but replace 
the epidermis with a special kind of periderm (Chapter 
15). In woody roots and stems the epidermis varies in 
longevity, depending on the time of formation of the 
periderm. Ordinarily the periderm arises in the first 
year of growth of woody stems and roots, but numerous 
tree species produce no periderm until their axes are 
many times thicker than they were at the completion of 
primary growth. In such plants the epidermis, as well 
as the underlying cortex, continues to grow and thus 
keeps pace with the increasing circumference of the 
vascular cylinder. The individual cells enlarge tangen¬ 
tially and divide radially. An example of such prolonged 
growth is found in stems of the striped maple (Acer 
pensylvanicum; syn. A. striatum ) in which trunks 
about 20 years old may attain a thickness of about 20 cm 
and still remain clothed with the original epidermis (de 
Bary, 1884). The cells of such an old epidermis are not 
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FIGURE 9.1 


Transverse section of a maize iZea mays ) leaf showing a single-layered epidermis on both sides of the blade. A single 
stoma (arrow) can be seen here. The vascular bundles of various sizes are delimited from the mesophyll by prominent 
bundle sheaths (bs). (From Russell and Evert, 1985, Fig. 1. © 1985, Springer-Verlag.) 


more than twice as wide tangentially as the epidermal 
cells in an axis 5 mm in thickness. This size relation 
clearly shows that the epidermal cells are dividing con¬ 
tinuously while the stem increases in thickness. Another 
example is Cercidium torreyanum , a tree leafless most 
of the time but having a green bark and a persistent 
epidermis (Roth, 1963). 

The epidermis is usually one layer of cells in thick¬ 
ness (Fig. 9.1). In some leaves the protodermal cells and 
their derivatives divide periclinally (parallel with the 
surface), resulting in a tissue consisting of several layers 
of ontogenetically related cells. (Sometimes only 
individual cells of the epidermis undergo periclinal 
divisions.) Such a tissue is referred to as a multiple, 
or multiseriate, epidermis (Figs. 9.2 and 9-3). The 
velamen (from the Latin word for cover) of the aerial 
and terrestrial roots of orchids is also an example of a 
multiple epidermis (Fig. 9-2). In leaves the outermost 
layer of a multiple epidermis resembles an ordinary uni- 
seriate epidermis in having a cuticle; the inner layers 
commonly contain few or no chloroplasts. One of the 
functions ascribed to the inner layers is storage of water 
(Kaul, 1977). Representatives with a multiple epidermis 
may be found among the Moraceae (most species of 
Ficus'), Pittosporaceae, Piperaceae ( Peperomia ), Bego- 
niaceae, Malvaceae, Monocotyledoneae (palms, orchids), 
and others (Linsbauer, 1930). In some plants subepider- 
mal layers resemble those of a multiple epidermis but 
are derived from the ground meristem. These layers are 
called hypodermis (from the Greek hypo, below, and 
derma, skin). A study of mature structures rarely permits 
the identification of the tissue either as multiple epider¬ 
mis or as a combination of epidermis and a hypodermis. 
The origin of the subsurface layers can be properly 
revealed only by developmental studies. 

The periclinal divisions initiating the multiple epider¬ 
mis in leaves occur relatively late in development. In 
Ficus, for example, the leaf has a uniseriate epidermis 
until the stipules are shed. Then periclinal divisions 



FIGURE 9.2 

Transverse section of an orchid root showing the multi¬ 
ple epidermis, or velamen. (x25.) 


occur in the epidermis (Fig. 9-3A). Similar divisions are 
repeated in the outer row of daughter cells, sometimes 
once, sometimes twice (Fig. 9-3B). During expansion of 
the leaf, anticlinal divisions also occur and, since these 
divisions are not synchronized in the different layers, 
the ontogenetic relationship between the layers becomes 
obscured (Fig. 9-3B, C). The inner layers expand more 
than the outer and the largest cells, called lithocysts, 
produce a calcified body, the cystolith, composed 
largely of calcium carbonate attached to a silicified stalk 
(Setoguchi et al., 1989; Taylor, M. G., et al., 1993). The 
stalk originates as a cylindrical ingrowth of the cell wall. 
The lithocysts do not divide but keep pace with the 
increasing depth of the epidermis and even overtake it 
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FIGURE 9.3 


young lithocysts stalk of cystolith 



B 


mature cystolith 



Multiple epidermis (on both leaf surfaces) in transverse sections of Ficus elastica leaves in three stages of develop¬ 
ment. Epidermis stippled in A, B, with thick walls in C. Part of the leaf is omitted in C. Cystolith development: A, 
wall thickens in the lithocyst; B, cellulose stalk appears; C, calcium carbonate is deposited on stalk. Unlike other 
epidermal cells, the lithocyst undergoes no periclinal divisions. (A, X207; B, xl63; C, x234.) 


by expansion into the mesophyll (Fig. 9-3). In some 
plants ( Peperomia , Fig. 7.4) the cells of the multiple 
epidermis remain arranged in radial rows and clearly 
reveal their common origin (Linsbauer, 1930). 

The common functions of the epidermis of the aerial 
plant parts are considered to be reduction of water loss 
by transpiration, mechanical protection, and gaseous 
exchange through stomata. Because of the compact 
arrangement of the cells and the presence of the rela¬ 
tively tough cuticle, the epidermis also offers mechani¬ 
cal support and adds stiffness to the stems (Niklas and 
Paolillo, 1997). In stems and coleoptiles the epidermis, 
which is under tension, has been regarded as the tissue 
that controls elongation of the entire organ (Kutschera, 
1992; see however, Peters and Tomos, 1996). The epi¬ 
dermis is also a dynamic storage compartment of various 
metabolic products (Dietz et al., 1994), and the site of 
light perception involved in circadian leaf movements 
and photoperiodic induction (Mayer et al., 1973; Levy 
and Dean, 1998; Hempel et al., 2000). In the seagrasses 
(Iyer and Barnabas, 1993) and other submerged aquatic 
angiosperms, the epidermis is the principal site of 
photosynthesis (Sculthorpe, 1967). The epidermis is an 
important protective layer against UV-B radiation- 
induced injuries in the mesophyll region of the leaf 
(Robberecht and Caldwell, 1978; Day et al., 1993; Bilger 
et al., 2001), and in some leaves the upper epidermal 


cells act as lenses, focusing light upon the chloroplasts 
of the underlying palisade parenchyma cells (Bone et 
al., 1985; Martin, G., et al., 1989). Epidermal cells of both 
the shoot and root are involved with the absorption of 
water and solutes. 

Although the mature epidermis is generally passive 
with regard to meristematic activity (Bruck et al., 1989), 
it often retains the potentiality for growth for a long 
time. As mentioned previously, in perennial stems in 
which the periderm arises late in life, or not at all, the 
epidermis continues to divide in response to the cir¬ 
cumferential expansion of the axis. If a periderm is 
formed, the source of its meristem, the phellogen, may 
be the epidermis (Chapter 15). Adventitious buds can 
arise in the epidermis (Ramesh and Padhya, 1990; 
Redway, 1991; Hattori, 1992; Malik et al., 1993), and the 
regeneration of entire plants has been achieved from 
epidermal cells, including guard cells, in tissue culture 
(Korn, 1972; Sahgal et al., 1994; Hall et al., 1996; Hall, 
1998). Thus even the protoplasts of highly differentiated 
guard cells can re-express their full genetic potential 
(totipotency). 

The epidermis is a complex tissue composed of a 
wide variety of cell types, which reflect its multiplicity 
of functions. The groundmass of this tissue is composed 
of relatively unspecialized cells, the ordinary epidermal 
cells (also called ground cells, epidermal cells proper, 
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unspecialized epidermal cells, pavement cells), and of 
more specialized cells dispersed throughout the mass. 
Among the more specialized cells are the guard cells of 
the stomata and a variety of appendages, the trichomes, 
including the root hairs, which develop from epidermal 
cells of the roots. 


IQRDINRRV EPIDERMAL CELLS 

Mature ordinary epidermal cells (often simply 
referred to hereafter as epidermal cells) are variable in 
shape, but typically they are tabular, having little depth 
(Fig. 9-4). Some, such as the palisade-like epidermal cells 
of many seeds, are much deeper than they are wide. In 
elongated plant parts, such as stems, petioles, vein ribs 
of leaves, and leaves of most monocots, the epidermal 
cells are elongated parallel with the long axis of the 
plant part. In many leaves, petals, ovaries, and ovules, 
the epidermal cells have wavy vertical (anticlinal) walls. 
The pattern of waviness is controlled by local wall 
differentiation, which determines the pattern of wall 
expansion (Panteris et al., 1994). 

Epidermal cells have living protoplasts and may store 
various products of metabolism. They contain plastids 
that usually develop only few grana and are, therefore, 
deficient in chlorophyll. Photosynthetically active chlo- 
roplasts, however, occur in the epidermis of plants 
living in deep shade, as well as in the epidermis of 
submerged water plants. Starch and protein crystals 
may be present in epidermal plastids, anthocyanins in 
vacuoles. 





FIGURE 9.4 

Three-dimensional aspect of epidermal cells of Aloe 
aristata (Liliaceae) leaf. The upper face in each drawing 
is the outer face of the cell. On the opposite side are the 
faces of contact with the subjacent mesophyll cells. 
(From Esau, 1977; redrawn from Matzke, 1947.) 


Epidermal Cell Walls Vary in Thickness 

Epidermal cell walls vary in thickness in different plants 
and in different parts of the same plant. In the thinner 
walled epidermis, the outer periclinal walls are fre¬ 
quently thicker than the inner periclinal and anticlinal 
walls. The periclinal walls in the leaves, hypocotyls, and 
epicotyls of some species have a crossed-polylamellate 
structure, in which lamellae with transversely oriented 
cellulose microfibrils alternate with lamellae in which 
the microfibrils are vertically oriented (Sargent, 1978; 
Takeda and Shibaoka, 1978; Satiat-Jeunemaitre et al., 
1992; Gouret et al., 1993). An epidermis with exceed¬ 
ingly thick walls is found in the leaves of conifers (Fig. 
9-5); the wall thickening, which is lignified and probably 
secondary, is so massive in some species that it almost 
occludes the lumina of the cells. Epidermal cell walls 
commonly are silicified as in grasses and sedges 
(Kaufmann et al., 1985; Piperno, 1988). Wall ingrowths 
typical of transfer cells commonly develop from the 
outer epidermal walls of the submerged leaves of sea- 
grasses and freshwater plants (Gunning, 1977; Iyer and 
Barnabas, 1993). 

Primary pit-fields and plasmodesmata generally occur 
in the anticlinal and inner periclinal walls of the epider¬ 
mis, although the frequency of plasmodesmata between 
the epidermis and mesophyll of leaves is relatively low. 
For a time plasmodesmata were thought to occur in the 
outer epidermal walls and were called ectodesmata. 
Subsequent research revealed that cytoplasmic strands 
do not occur in the outer walls but that bundles of 
interfibrillar spaces may extend from the plasma mem¬ 
brane to the cuticle within the cellulosic walls. These 
bundles need special treatment to make them visible. 
Microchannels, believed to contain pectin, have been 
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FIGURE 9.5 


Conifer leaf, Pinus resinosa. Transverse section through 
outer part of a needle showing thick-walled epidermal 
cell and a stoma. (x450.) 
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reported in the outer epidermal wall of xerophytes 
(Lyshede, 1982). The term teichode (from the Greek 
words teichos, for wall, and hodos, for path) has been 
proposed as a substitution for both ectodesmata (Franke, 
1971) and microchannels (Lyshede, 1982), neither of 
which are cytoplasmic structures. Teichodes have been 
implicated as pathways in foliar absorption and excre¬ 
tion (Lyshede, 1982). 

The Most Distinctive Feature of the Outer Epidermal 
Wall Is the Presence of a Cuticle 

The cuticle, or cuticular membrane, consists predom¬ 
inately of two lipid components: insoluble cutin, which 
constitutes the matrix of the cuticle, and soluble waxes, 
some of which are deposited on the surface of the 
cuticle, the epicuticular wax, and others embedded in 
the matrix, the cuticular, or intracuticular, wax. The 
cuticle is characteristic of all plant surfaces exposed to 
air, even extending through the stomatal pores and 
lining the inner epidermal cell walls of the substomatal 
chambers, large substomatal intercellular spaces 
opposite the stomata (Fig. 9-5; Pesacreta and Hasenstein, 
1999). It is the first protective barrier between the aerial 
surface of the plant and its environment and the princi¬ 
pal barrier to the movement of water, including that of 
the transpiration stream, and solutes (Riederer and 
Schreiber, 2001). In exceptional cases, cuticles are also 
formed in cortical cells and give rise to a protective 


tissue called cuticular epitheliutn (Calvin, 1970; 
Wilson and Calvin, 2003). 

The matrix of the cuticle may consist not only of 
one but of two lipid polymers, cutin and cutan (Jeffree, 
1996; Villena et al., 1999). Unlike cutin, cutan is highly 
resistant to alkaline hydrolysis. Although the cuticles of 
some species appear to lack cutan (those of the tomato 
fruit, Citrus and Erica leaves), cutan may be the princi¬ 
pal or only matrix polymer in some others, notably in 
Beta vulgaris. Cutan has been reported to be a constitu¬ 
ent in fossilized plant cuticles, and mixed cutin/cutan 
cuticles have been reported in a number of extant 
species, including Picea a hies. Gossypium sp., Malus 
primula, Acer platanoides, Quercus robur. Agave 
americana, and Clivia miniata. 

Most cuticles consist of two more or less distinct 
regions, the cuticle proper and one or more cuticular 
layers (Fig. 9.6). The cuticle proper is the outermost 
region, containing cutin and embedded birefringent 
(cuticular) waxes but no cellulose. The process by 
which it is formed is called cuticularization. Epicuticu¬ 
lar wax occurs on the surface of the cuticle proper, 
either in an amorphous form or as crystalline structures 
of various shapes (Fig. 9.7). Among the more common 
shapes are tubules, solid rodlets, filaments, plates, 
ribbons, and granules (Wilkinson, 1979; Barthlott et al., 
1998; Meusel et al., 2000). Epicuticular wax imparts the 
“bloom” to many leaves and fruits. The bloom results 
from the reflection and scattering of light by the wax 
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FIGURE 9.6 

Generalized structure of a plant cuticle. Details: CL, cuticular layer or reticulate region, traversed by cellulose micro¬ 
fibrils; CP, cuticle proper, showing lamellate structure; CW, cell wall; EW, epicuticular wax; P, pectinaceous layer 
and middle lamella; PM, plasma membrane; T, teichode. (From Jeffree, 1986. Reprinted with permission of Cambridge 
University Press.) 
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FIGURE 9.7 


Surface views of epidermis showing epicuticular wax. 

A, plate-like wax projections on the adaxial surface of 
Pisum leaf. B, wax filaments on abaxial surface of 
sorghum (Sorghum bicolor) leaf sheath. (A, from 
Juniper, 1959. © 1959, with permission from Elsevier; 

B, from Jenks et al., 1994. © 1994 by The University of 
Chicago. All rights reserved.) 

crystals. The epicuticular wax plays an important role 
in the reduction of water loss by the cuticle. The com¬ 
mercial practice of dipping grapes in chemicals that 
accelerate the drying of fruit causes a close adpression 
of wax platelets and their parallel orientation. This 
change probably facilitates the movement of water from 
the fruit to the atmosphere (Possingham, 1972). The 
epicuticular wax is also responsible for enhancing the 
ability of the epidermal surface to shed water (Eglinton 
and Hamilton, 1967; Rentschler, 1971; Barthlott and 
Neinhuis, 1997) and, consequently, limits the accumula¬ 
tion of contaminating particles and of water-borne 
spores of pathogens. An exceptionally thick layer of 
wax (up to 5 mm) occurs on the leaves of Klopstockia 
cerifera, the wax palm of the Andes (Kreger, 1958) and 
those of Copernicia cerifera, the Brazilian wax palm, 
from which carnauba wax is derived (Martin and 
Juniper, 1970). 


The cuticular layers are found beneath the cuticle 
proper and are considered to be the outer portions of 
the cell wall encrusted to varying degrees with cutin. 
Cuticular wax, pectin, and hemicellulose may also occur 
in the cuticular layers. The process by which the cuticu¬ 
lar layers are formed is called cutinization. Beneath the 
cuticular layers there commonly is a layer rich in pectin, 
the pectin layer, which bonds the cuticle to the outer 
walls. The pectin layer is continuous with the middle 
lamella between the anticlinal walls where the cuticle 
extends deeply, forming cuticular pegs. 

The ultrastructure of the cuticle shows considerable 
variability. Two distinctive ultrastructural components 
may be found within the matrix: lamellae and fibril- 
lae (Fig. 9-6). The fibrillae probably are mainly cellu- 
losic. Plant species differ from one another in the 
presence or absence of one or the other of these com¬ 
ponents. On that basis, Holloway (1982) recognized six 
structural types of cuticle. When both components are 
present, the lamellate region corresponds to the cuticle 
proper and the fibrillae-containing, reticulate region to 
the cuticular layer(s). The ultrastructure of the cuticle 
appears to affect significantly cuticular permeability: 
cuticles with entirely reticulate structure are more per¬ 
meable to certain substances than those with an outer 
lamellate region (Gouret et al., 1993; Santier and Charnel, 
1998). Regardless, it is the cuticular waxes that form the 
main barrier to the diffusion of water and solutes across 
the cuticle, in large part by creating a tortuous pathway 
and hence an increased path length for diffusing 
molecules (Schreiber et al., 1996; Buchholz et al., 1998; 
Buchholz and Schonherr, 2000). Based on experimental 
evidence (Schonherr, 2000; Schreiber et al., 2001), 
Riederer and Schreiber (2001) have concluded that the 
bulk of the water crossing the cuticle diffuses as single 
molecules in a so-called lipophilic pathway composed 
of amorphous waxes. A minor fraction of the water 
may diffuse through water-filled polar pores of molecu¬ 
lar dimensions, the pathway presumably followed by 
water-soluble organic compounds and by inorganic 
ions. Cuticular transpiration is not inversely related to 
thickness of cuticle as one might conclude intuitively 
(Schreiber and Riederer, 1996; Jordaan and Kruger, 
1998). In fact, thick cuticles may show higher water 
permeabilities and diffusion coefficients than thin 
cuticles (Becker et al., 1986). 

In at least some species the cuticle appears initially 
as an entirely amorphous, electron dense layer, called 
the procuticle (Fig. 9-8). Later the procuticle changes 
its ultrastructural appearance and is transformed into 
the cuticle proper typical of the species. The appear¬ 
ance of the cuticle proper is followed by that of cuticu¬ 
lar layer(s), indicating that the cuticle proper is not a 
newly adcrusted layer (Heide-J 0 rgensen, 1991). By the 
time the cuticle is fully formed, it is several times thicker 
than the original procuticle. The cuticle varies in 
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Development of the cuticle proper (CP) of a plant cuticle and early stages in the development of the cuticular layer 
(CL) within the primary cell wall (PCW). A—D, conversion of the procuticle to a lamellate cuticle proper. Globular 
lipids may be involved in further construction of the lamellate cuticle proper as in E. E, globular lipids coated with 
electron-lucent shells construct the cuticle proper/cuticular layer transition zone. Lamellae may become less regular. 
An amorphous hint of epicuticular wax (EWF) apparently is present on the surface of the cuticle proper. F, incorpo¬ 
ration of the primary cell wall (PCW) in the cuticular layer. Predominantly radial reticulations reach as far as the 
cuticle proper. Epicuticular wax crystals (EWC) begin to form before cessation of cell expansion. (From Jeffree, 1996, 
Fig. 2.12a-f. © Taylor and Francis.) 


thickness, and its development is affected by environ¬ 
mental conditions (Juniper and Jeffree, 1983; Osborn 
and Taylor, 1990; Riederer and Schneider, 1990). 

Cutin and waxes (or their precursors) are synthe¬ 
sized in the epidermal cells and must migrate to the 
surface through the cell walls. Neither the routes fol¬ 
lowed by these substances nor the mechanisms involved 
have been agreed upon. Some investigators presume 
that teichodes (ectodesmata, microchannels) function 
as pathways for cutin and waxes across the walls (Baker, 
1982; Lyshede, 1982; Anton et al., 1994). Most attention 
has been given to the epicuticular waxes, whose precur¬ 
sors apparently are produced in endoplasmic reticulum 
and modified in the Golgi apparatus before being dis¬ 
charged from the cytoplasm by exocytosis (Lessire et 
al., 1982; Jenks et al., 1994; Kunst and Samuels, 2003). 
Although pores and channels have been detected in the 
cuticles of leaves and fruits of a fair number of taxa 
(Lyshede, 1982; Miller, 1985, 1986), such structures 
apparently are not ubiquitous. Neither pores nor chan¬ 
nels could be found in either the wall or the cuticle of 


the tubule- (epicuticular wax) forming cork cells of the 
Sorghum bicolor leaf (Fig. 9-9; Jenks et al., 1994). Some 
investigators believe that wax precursors follow no 
special pathway but rather diffuse through the wall and 
cuticle in a volatile solvent and then crystallize on the 
surface (Baker, 1982; Hallam, 1982). Neinhuis and co¬ 
workers (Neinhuis et al., 2001) have hypothesized that 
the wax molecules move together with the water vapor, 
permeating the cuticle in a process similar to steam 
distillation. At least one gene, the Arabidopsis gene 
CUT1 , has been clearly established to function in wax 
production. It encodes a very-long-chain fatty acid-con¬ 
densing enzyme required for cuticular wax production 
(Millar et al., 1999). 

Cutin/cutan is highly inert and resistant to oxidizing 
maceration methods. The cuticle does not decay, since 
apparently no microorganisms possess cutin/cutan- 
degrading enzymes (Frey-Wyssling and Miihlethaler, 
1959). Because of its chemical stability the cuticle is 
preserved as such in fossil material and is very useful in 
identification of fossil species (Edwards et al., 1982). 
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Development of epicuticular wax filaments on the abaxial surface of a sorghum (Sorghum bicolor') leaf sheath. A, 
wax filaments emerging from cork cells adjacent to silica cells (sc). Initially the filaments appear as circular secre¬ 
tions. B, with further development, the secretions appear as short cylinders. C, D, with continued development, the 
secretions form clusters of epicuticular wax filaments. (From Jenks et al., 1994. © 1994 by The University of Chicago. 
All rights reserved.) 


Cuticular characters have also been shown to be useful two g uar d cells (Fig. 9.10), which by changes in shape 

in conifer taxonomy (Stockey et al., 1998; Kim et al., brin § about the opening and closing of the pore. The 

1999' Ickert-Bond 2000) term stoma is Greek for mouth and, conventionally, it 

is used to designate both the pore and the two guard 
cells. In some species, the stomata are surrounded by 
I STOMATA cells that do not differ from other ground cells of the 

epidermis. These cells are called neighboring cells. In 
Stomata Occur on All Aerial Parts of the Primary others, the guard cells are bordered by one or more cells 

Plant Body that differ in size, shape, arrangement, and sometimes 

Stomata (singular: stoma) are openings (the stomatal in content from the ordinary epidermal cells. These 

pores, or apertures) in the epidermis, each bounded by distinct cells are called subsidiary cells (Figs. 9 5, 9.13, 
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FIGURE 9.10 

Electron micrographs of stomata from a sugar beet C Beta vulgaris) leaf seen from the surface (A) and in transverse 
section (B). (From Esau, 1977.) 


9-14, 9.15, 9.17A, 9-20, and 9-21). The primary role of annuus (Tietz and Urbasch, 1977; Tarkowska and 

stomata is to regulate the exchange of water vapor and Wacowska, 1988) Pisum arvense, Ornithopus sativus 

of C0 2 between the internal tissues of the plant and the (Tarkowska and Wacowska, 1988), Pisum sativum 

atmosphere (Hetherington and Woodward, 2003). (Lefebvre, 1985), and Ceratonia siliqua (Christodoula- 

Stomata occur on all aerial parts of the primary kis et al., 2002). Stomatal density varies greatly in pho- 

plant body but are most abundant on leaves. The aerial tosynthesizing leaves. It varies on different parts of the 

parts of some chlorophyll-free land plants ( Monotropa , same leaf and on different leaves of the same plant, and 

Neottia) and the leaves of the holoparasite family Bala- it is influenced by environmental factors such as light 

nophoraceae (Kuijt and Dong, 1990) lack stomata. Roots and C0 2 levels. It has been suggested that environmen- 

usually lack stomata. Stomata have been found on seed- tal effects on both stomatal and trichome numbers may 

ling roots of several species, including Helianthus be mediated through cuticular wax composition (Bird 
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and Gray, 2003). Studies have shown that the develop¬ 
ment of stomata in young leaves is regulated by a mecha¬ 
nism that senses light and C0 2 levels around mature 
leaves of the same plant rather than by the young leaves 
themselves (Brownlee, 2001; Lake et al., 2001; 
Woodward et al., 2002). The information sensed by the 
mature leaf must be relayed to the developing leaves via 
long-distance systemic signals. In leaves, stomata may 
occur on both surfaces (amphistomatic leaf ) or on 
only one, either the upper (epistomatic leaf ) or more 
commonly on the lower (hypostomatic leaf}. Some 
examples of stomatal densities (per square millimeter, 
lower epidermis/upper epidermis), found in Willmer 
and Fricker (1996) are Allium cepa 175/175, Arabidop- 
sis thaliana 194/103, Avena sativa 45/50, Zea mays 
108/98, Helianthus annuus 175/120, Nicotiana 
tabacum 190/50, Corrtus florida 83/0, Quercus velu- 


tina 405/0, Till a americana 891/0, Larix decidua 
16/14, and Pinus strobus 120/120. In general, stomatal 
density is higher in xeromorphic leaves than in leaves 
of mesomorphic and hygromorphic (hydromorphic) 
plants (Roth, 1990). Among aquatic plants, stomata typi¬ 
cally are distributed on all surfaces of emergent leaves 
and on only the upper surface of floating leaves. Sub¬ 
merged leaves generally lack stomata entirely (Scul- 
thorpe, 1967). In the leaves of some species the stomata 
occur in distinct clusters rather than being more or less 
uniformly distributed as, for example, in Begonia sem- 
perflorens (2 to 4 per cluster) and Saxifraga sarmen- 
tosa (about 50 per cluster) (Weyers and Meidner, 
1990). 

Stomata vary in the level of their position in the epi¬ 
dermis (Fig. 9.11). They may occur at the same level as 
the adjacent epidermal cells, or they may be raised 



Euonymus 


FIGURE 9.11 


Stomata in the abaxial epidermis of foliage leaves. A—C, stomata and some associated cells from peach leaf sectioned 
along planes indicated in D by the broken lines aa, bb, and cc. E—H, J, stomata from various leaves cut along the 
plane aa. I, one guard cell of ivy cut along the plane bb. The stomata are raised in A, E, J. They are slightly raised in 
H, slightly sunken in G, and deeply sunken in F. The horn-like protrusions in the various guard cells are sectional 
views of ledges. Some stomata have two ledges (E, F, G); others only one (A, H, J). Ledges are cuticular in A, F, H. 
The euonymus leaf (F) has a thick cuticle; epidermal cells are partly occluded with cutin. (A— D, F—J, X712; E, 
X285.) 
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above or sunken below the surface of the epidermis. In 
some plants, stomata are restricted to depressions called 
stomatal crypts, which often contain prominently 
developed epidermal hairs (Fig. 9.12). 

Guard Cells Are Generally Kidney-shaped 

The guard cells of eudicots are generally crescent-shaped 
with blunt ends (kidney-shaped) in surface view (Figs. 
9.10A and 9-11D), and have ledges of wall material on 
the outer or both the outer and inner sides. In sectional 
views such ledges appear like horns. If two ledges are 
present, the outer ledge delimits a front chamber and 
the inner ledge delimits a rear chamber. Stomata with 
two ledges actually have three apertures, an outer and 
inner aperture formed by the ledges and a central aper¬ 
ture about midway between the other two formed by 
the opposing guard cell walls. The inner aperture rarely 
closes completely, and depending on the stage of pore 
formation, the outer or central aperture may be narrow¬ 
est (Saxe, 1979). The guard cells are covered with a 
cuticle. As mentioned previously, the cuticle extends 
through the stomatal aperture (s) and into the substoma- 


tal chamber. Apparently the guard cell cuticle differs in 
chemical composition from that of ordinary epidermal 
cells and is more permeable to water than the latter 
(Schonherr and Riederer, 1989). Each guard cell has a 
prominent nucleus, numerous mitochondria, and poorly 
developed chloroplasts, in which starch typically 
accumulates at night and decreases in amount during 
the day with increasing stomatal opening. The vacuo¬ 
lar system is dissected to variable degrees. The extent 
of vacuolar volume differs greatly between closed and 
open stomata, ranging from a very small fraction of cell 
volume in closed stomata to over 90% in open stomata. 
Kidney-shaped guard cells similar to those of eudicots 
also occur in some monocots and in gymnosperms. 

In the Poaceae and a few other families of monocots, 
the guard cells are dumbbell-shaped; that is, they are 
narrow in the middle and enlarged at both ends (Fig. 
9-13). The guard cell nucleus in the Poaceae is also 
dumbbell-shaped, being almost thread-like in the middle 
and ovoid at either end. Whether the dumbbell-shaped 
guard cells of other families of monocots have dumbbell¬ 
shaped nuclei remains to be determined (Sack, 1994). 
In the Poaceae most of the organelles, including the 


multiple palisade bundle-sheath 

cuticle vein epidermis parenchyma extension 



spongy cuticle trichome guard cell multiple 

parenchyma epidermis 

FIGURE 9.12 


Oleander (Nerium oleander) leaf. A, transverse section showing a stomatal crypt on the lower side of the leaf. In 
oleander the stomata and trichomes are restricted to the crypts. The oleander leaf has a multiple epidermis. B, scan¬ 
ning electron micrograph of a stomatal crypt showing numerous trichomes lining the crypt. (A, X177; B, X725.) 
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subsidiary 

cell 


guard cell 



Dumbbell-shaped guard cells of rice ( Oryza; Poaceae) 
shown (A) from the surface and (B—D) in sections made 
along planes indicated in Figure 9.1 ID by the broken 
lines aa, bb, and cc. A, guard cells are shown in a high 
focal plane so that the lumen is not visible in the narrow 
part of the cell. B, one guard cell cut through the plane 
bb, showing the dumbbell-shaped nucleus. C, cut 
through plane aa. D, cut through plane cc. (From Esau, 
1977.) 


vacuoles, are located in the bulbous ends of the cells. 
In addition the protoplasts of the two guard cells are 
interconnected through pores in the common wall 
between the enlarged ends. Because of this protoplas¬ 
mic continuity, the guard cells must be considered as a 
single functional unit, in which changes in turgor are 
immediately realized. The pores appear to result from 
incomplete development of the wall (Kaufman et al., 
1970a; Srivastava and Singh, 1972). There are two sub¬ 
sidiary cells, one on each side of the stoma (Figs. 9.13A 
and 9-14). 

The stomata of most conifers are deeply sunken and 
appear as though suspended from the subsidiary cells 
that overarch them forming a funnel-like cavity called 
the epistomatal chamber (Figs. 9.5 and 9.15; Johnson 
and Riding, 1981; Riederer, 1989; Zellnig et al., 2002). 
In their median regions the guard cells are elliptical in 
cross section and have narrow lumina. At their ends the 
guard cells are triangular and the lumina are wider. A 
characteristic feature of these stomatal complexes is 
that the guard cell and subsidiary cell walls are partly 
lignified. The nonlignified regions of the guard cell 
walls occur at contact areas, so-called hinge areas, with 
other cells (subsidiary cells and hypodermal cells) where 
the walls are relatively thin. These wall features appear 
to be involved with the mechanism of stomatal move¬ 
ments in conifers. An especially thin strip of nonligni¬ 
fied guard cell wall also faces the pore. Lignified guard 
cells are rare in angiosperms (Kaufmann, 1927; Palevitz, 
1981). 

In the Pinaceae the epistomatal chamber typically 
is filled with epicuticular wax tubules, which form a 



5 


FIGURE 9.14 


Transverse section through a closed stoma of maize 
(Zea mays ) leaf. Each thick-walled guard cell is attached 
to a subsidiary cell. 


porous “plug” over the stomata (Johnson and Riding, 
1981; Riederer, 1989). The tubules are both guard cell 
and subsidiary cell in origin. Stomatal plugs occur also 
in other conifers (Podocarpaceae, Araucariaceae, and 
Cupressaceae; Carlquist, 1975; Brodribb and Hill, 
1997) and in two families of vesselless angiosperms 
(Winteraceae and Trochodendraceae). In the vesselless 
angiosperms the stomata are plugged with alveolar 
material, which is wax-like in appearance but cutin- 
aceous in composition (Bongers, 1973; Carlquist, 1975; 
Feild et al., 1998). 

The function of stomatal plugs is not well understood 
(Brodribb and Hill, 1997). The most common sugges¬ 
tion is that the plugs serve primarily to restrict transpi- 
rational water loss. Although wax plugs clearly fulfill 
this role, Brodribb and Hill (1997) have suggested that 
the wax plugs of conifers may have evolved as an adapta¬ 
tion to wet conditions and serve to keep the pore free 
of water. This would facilitate gas exchange and enhance 
photosynthesis. Feild et al. (1998) similarly have con¬ 
cluded that the cutinaceous stomatal plugs in Drimys 
winteri (Winteraceae) are more important for promot¬ 
ing photosynthetic activity than for preventing water 
loss. Earlier Jeffree et al. (1971) calculated the restriction 
of gas exchange by wax plugs in the stomata of Picea 
sitchensis. They concluded that whereas the rate of 
transpiration was reduced about two-thirds, the rate of 
photosynthesis was reduced by only about one-third. 
Wax plugs may also serve to prevent fungal invasion via 
the stomatal pore (Meng et al., 1995). 

Guard Cells Typically Have Unevenly Thickened Walls 
with Radially Arranged Cellulose Microfibrils 

Although the guard cells of the major taxa have their 
distinguishing characteristics, all share an outstanding 
feature—the presence of unevenly thickened walls. 
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Stomata of conifer leaves. A, surface view of epidermis with two deeply sunken stomata from Pinus merkusii. Guard 
cells are overarched by subsidiary and other epidermal cells. Stomata and some associated cells of Pinus (B—D), and 
Sequoia (E, F). The broken lines in A indicate the planes along which the sections of stomata were made in B—F: 
aa, B, E; bb, D; cc, C, F. (A, X182; B-D, X308; E, F, x588. A, adapted from Abagon, 1938.) 


This feature appears to be related to the changes in 
shape and volume (and the concomitant changes in size 
of the stomatal aperture) brought about by changes in 
turgor within the guard cells. In kidney-shaped guard 
cells the wall away from the pore ( dorsal wall ) is gen¬ 
erally thinner and therefore more flexible than the wall 
bordering the pore ( ventral wall). The kidney-shaped 
guard cells are constrained at their ends where they are 
attached to one another; moreover these common guard 
cell walls remain almost constant in length during 
changes in turgor. Consequently increase in turgor 
causes the thin dorsal wall to bulge away from the aper¬ 
ture and the ventral wall facing the aperture to become 
straight or concave. The whole cell appears to bend 
away from the aperture and the aperture increases in 
size. Reversed changes occur under decreased turgor. 

In dumbbell-shaped guard cells of the Poaceae the 
middle part has strongly unevenly thickened walls (their 
inner and outer walls are much thicker than the dorsal 
and ventral walls), whereas the bulbous ends have thin 
walls. In these guard cells increase in turgor causes 
a swelling of the bulbous ends and the consequent 
separation of the straight median portions from each 
other. Again, reversed changes occur under decreased 
turgor. 


According to a different hypothesis, the radial arrange¬ 
ment of cellulose microfibrils (radial micellation) in 
the guard cell walls (indicated by radially arranged lines 
in Fig. 9.11D) plays a more important role in stomatal 
movement than the differential wall thickening (Aylor 
et al., 1973; Raschke, 1975). As the dorsal walls of 
kidney-shaped guard cells move outward with increase 
in turgor, the radial micellation transmits this move¬ 
ment to the wall bordering the pore (the ventral wall), 
and the pore opens. In dumbbell-shaped guard cells the 
microfibrils are predominantly axially arranged in the 
median portions. From the median portions microfibrils 
radiate out into the bulbous ends. The radial orientation 
of microfibrils in guard cell walls was recognized by 
polarization optics and electron microscopy (Raschke, 
1975). Figure 9.16 depicts the results of some experi¬ 
ments with balloons that have been used in support of 
the role of radial micellation in stomatal movement. It 
is likely that wall thickenings and microfibril arrange¬ 
ment both contribute to stomatal movement (Franks 
et al., 1998). 

Microtubule dynamics have been implicated in sto¬ 
matal movement in Vicia faba (Yu et al., 2001). In fully 
open stomata the guard cell microtubules were found 
to be transversely oriented from the ventral wall to the 
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FIGURE 9.16 

Models for studying the effect of radial arrangement 
of microfibrils in guard-cell walls on the opening of 
stomata. A, two latex cylinders connected at their ends 
and partially inflated. B, the same model at higher pres¬ 
sure. A narrow slit is visible. C, bands of tape simulate 
radial micellation on the cylinders, which are inflated. 
Slit wider than in B. D, radial micellation extends farther 
to the ends of the cylinders, and some tape is present 
along the “ventral wall.” Inflation has induced the forma¬ 
tion of a slit wider than in C. (From Esau, 1977; drawings 
adapted from photographs in Aylor, Parlange, and 
Krikorian, 1973.) 


dorsal wall. During stomatal closure, in response to 
darkness, the microtubules became twisted and patched; 
in closed stomata, they appeared broken down into 
diffuse fragments. With reopening of the stomata in 
response to light, the microtubules became transversely 
oriented again. Although cortical microtubules are 
known to change orientation in response to stresses in 
the cell wall (Hejnowicz et al., 2000), treatment of the 
Vicia faba stomata with microtubule-stabilizing and 
microtubule-depolymerizing drugs suppressed light- 
induced opening and dark-induced closure of the 
stomata, leading Yu et al. (2001) to conclude that micro¬ 
tubule dynamics may be functionally involved with sto¬ 
matal movement. Further support for the involvement 
of microtubules in guard cell function in Vicia faba 
comes from studies by Marcus et al. (2001) who con¬ 
cluded that microtubules are necessary for stomatal 
opening, more specifically, that they are required some¬ 
where upstream to the ionic events (H + efflux and K + 
influx) that lead to stomatal opening, possibly partici¬ 
pating in the signal transduction events leading to the 
ionic fluxes. 

Volume increases in the guard cells are compensated 
in part by volume decreases in adjacent epidermal cells 
(subsidiary cells or neighboring cells) (Weyers and 
Meidner, 1990). Therefore it is the turgor difference 
between the guard cells and their immediate neighbors 
that actually determines the opening of the pore 
(Mansfield, 1983). Hence the stomatal complex should 
be considered as a functional unit. 


Blue Light and Abscisic Acid Are Important Signals in 
the Control of Stomatal Movement 

Transport of potassium ions (K + ) between guard cells 
and subsidiary cells or neighboring cells is widely con¬ 
sidered a principal factor in guard cell movement, the 
stoma being open in the presence of increased amounts 
of K + . Some studies indicate that both K + and sucrose 
are primary guard cell osmotica, K + being the dominant 
osmoticum in the early-opening stages during the 
morning, and sucrose becoming the dominant osmoti¬ 
cum in early afternoon (Talbott and Zeiger, 1998). 
Uptake of K + by the guard cells is driven by a proton 
(H + ) gradient mediated by a blue-light activated plasma 
membrane H + -ATPase (Kinoshita and Shimazaki, 1999; 
Zeiger, 2000; Assmann and Wang, 2001; Dietrich et al., 
2001), and is accompanied by the uptake of chloride 
ions (Cl ) and the accumulation of malate 2 , which is 
synthesized from starch in the guard cell chloroplasts. 
The elevation in the solute concentration results in a 
more negative water potential, which causes osmotic 
movement of water into the guard cells, guard cell swell¬ 
ing, and separation of the guard cells at the pore site. 
The guard cells in species of the genus Allium lack 
starch at all times (Schnabl and Ziegler, 1977; Schnable 
and Raschke, 1980), and apparently rely on Cl alone to 
serve as the counterion for K + . Stomatal closure occurs 
when CD, malate 2 , and K + are lost from the guard cells. 
Water then moves down its water potential from the 
guard cell protoplast to the cell wall, reducing the turgor 
of the guard cells and causing closure of the stomatal 
pore. 

The plant hormone abscisic acid (ABA) plays a crucial 
role as an endogenous signal that inhibits stomatal 
opening and induces stomatal closure (Zhang and 
Outlaw, 2001; Comstock, 2002). The primary sites of 
action of ABA appear to be specific ion channels in the 
guard cell plasma membrane and tonoplast that lead to 
the loss of both the K + and associated anions (Cl and 
malate 2- ) from both the vacuole and the cytosol. Experi¬ 
mental evidence indicates that ABA induces an increase 
in cytosolic pH and cytosolic Ca 2+ , which act as second 
messengers in this system (Grabov and Blatt, 1998; 
Leckie et al., 1998; Blatt, 2000a; Wood et al., 2000; Ng 
et al., 2001). Several protein phosphatases and protein 
kinases also have been implicated in the regulation of 
channel activities (MacRobbie, 1998, 2000). Guard cells 
respond to a range of environmental stimuli such as 
light, C0 2 concentration, and temperature, in addition 
to plant hormones. The complex mechanism of stomatal 
movements is the subject of intensive studies and dis¬ 
cussion, and is providing invaluable information to our 
understanding of signal transduction in plants (Hartung 
et al., 1998; Allen et al., 1999; Assmann and Shimazaki, 
1999; Blatt, 2000b; Eun and Lee, 2000; Hamilton et al., 
2000; Li and Assmann, 2000; Schroeder et al., 2001). 
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Although it long was presumed that the degree of 
stomatal opening is fairly homogeneous over the surface 
of a leaf, it is now known that despite nearly identical 
environmental conditions, stomata may be open in some 
areas of the leaf and closed in adjacent ones, resulting 
in patchy stomatal conductance (Mott and Buckley, 
2000). Stomatal patchiness has been observed in a 
large number of species and families (Eckstein, 1997), 
and it is especially common but not limited to leaves 
that are divided into separate compartments by bundle- 
sheath extensions —panels of ground tissue extending 
from the bundle sheaths to the epidermis—associated 
with the network of veins (Fig. 7.3A; Terashima, 1992; 
Beyschlag and Eckstein, 2001). Such leaves are called 
heterobaric leaves. Little or no gas exchange occurs 
between the system of intercellular spaces of the differ¬ 
ent compartments in these leaves such that the leaf is 
essentially a collection of independent photosynthesiz- 
ing and transpiring units (Beyschlag et al., 1992). The 
pattern and extent of patchiness can differ between 
upper and lower surfaces in amphistomatous leaves 
(Mott et al., 1993). Stress factors, particularly those that 
impose water stress on plants seem to play a major role 
in patchiness formation (Beyschlag and Eckstein, 2001; 
Buckley et al., 1999). 

Development of Stomatal Complexes Involves One or 
More Asymmetric Cell Divisions 

Stomata begin to develop in a leaf shortly before the 
main period of meristematic activity in the epidermis is 
completed and continue to arise through a considerable 
part of the later expansion of the leaf by cell enlarge¬ 
ment. In leaves with parallel venation, as in most mono¬ 
cots, and with the stomata arranged in longitudinal rows 
(Fig. 9-17A), the developmental stages of the stomata are 
observable in sequence in the successively more differ¬ 
entiated portions of the leaf. This sequence is basipetal, 
that is, from the tip of the leaf downward. The first 
stomata to mature are found at the leaf tip and newly 
initiated ones near the leaf base. In the netted-veined 
leaves, as in most eudicots (Fig. 9.17B), different devel¬ 
opmental stages are mixed in a diffuse, or mosaic, 
fashion. A striking feature of young eudicot leaves is the 
tendency for precocious maturation of some stomata on 
the teeth of the leaves (Payne, W. W., 1979). These 
stomata may function as water pores of hydathodes 
(Chapter 16). 

Stomatal development begins with an asymmetric, or 
unequal, anticlinal division of a protodermal cell. This 
division results in two cells, one that is usually larger 
and resembles the other protodermal cells and a second 
that is usually markedly smaller and contains densely 
staining cytoplasm and a large nucleus. The smaller of 
these two cells is called the stomatal meristemoid. In 
some species the sister cell of the meristemoid may 


divide asymmetrically again and give rise to another 
meristemoid (Rasmussen, 1981). Depending on the 
species, the meristemoid may function directly as the 
guard mother cell (guard-cell mother cell, stoma 
mother cell) or give rise to the guard mother cell after 
further divisions. The formation of the stomatal complex 
requires migration of the nucleus to specific sites in the 
parent cells before cell division and precise placement 
of the division planes. Consequently the stomatal 
complex has been the object of numerous ultrastruc- 
tural studies aimed at determining the role of microtu¬ 
bules in positioning of the cell plate and in cell shaping 
(Palevitz and Hepler, 1976; Galatis, 1980, 1982; Palevitz, 
1982; Sack, 1987). 

An equal division of the guard mother cell gives rise 
to the two guard cells (Figs. 9.18A and 9-19A-C), which 
through differential wall deposition and expansion 
acquire their characteristic shape. The middle lamella 
at the site of the future pore swells (Fig. 9.18A, d), and 
the connection between the cells is weakened there. 
The cells then separate at the site and thus the stomatal 
opening is formed (Fig. 9.18A, e). The exact cause(s) of 
separation of the ventral walls at the pore site has not 
been identified, but three possibilities have been con¬ 
sidered: enzymic hydrolysis of the middle lamella, 
tension brought about by increase in guard cell turgor, 
and formation of the cuticle, which eventually lines the 
newly formed pores (Sack, 1987). InArabidopsis forma¬ 
tion of the pore appears to involve the stretching of 
electron-dense material in the lens-shaped thickening at 
the pore site (Zhao and Sack, 1999). The guard mother 
cells occur at the same level as the adjacent epidermal 
cells. Various spatial readjustments occur between the 
guard cells and the adjacent epidermal cells and between 
the epidermis and mesophyll (Fig. 9.19) so that the 
guard cells may be elevated above or lowered below the 
surface of the epidermis. Even in the leaves of conifers, 
with their deeply sunken guard cells, the guard mother 
cells are at the same level as the other epidermal cells 
(Johnson and Riding, 1981). The substomatal chamber 
forms during stomatal development, before formation of 
the stomatal pore (Fig. 9.19E). 

Although plasmodesmata occur in all walls of imma¬ 
ture guard cells, they become sealed (truncated) with 
wall material as the wall thickens (Willmer and Sexton, 
1979; Wille and Lucas, 1984; Zhao and Sack, 1999). The 
symplastic isolation of mature guard cells is further illus¬ 
trated by the inability of fluorescent dyes microinjected 
into either guard cells or their adjacent cells to move 
across the common wall between them (Erwee et al., 
1985; Palevitz and Hepler, 1985). 

As indicated previously, subsidiary cells or neighbor¬ 
ing cells may arise from the same meristemoid as the 
stoma or from cells that are not directly related ontoge- 
netically with the guard mother cell. On this basis three 
major categories of stomatal ontogeny have been 





Surface views of stomata shown in scanning electron micrographs. A, maize (Zea mays ) leaf showing the parallel 
arrangement of stomata typical of the leaves of monocots. In maize each pair of narrow guard cells is associated with 
two subsidiary cells, one on each side of the stoma. B, potato (Solarium tuberosum ) leaf showing the random, or 
diffuse, arrangement of stomata typical of the leaves of dicots. The kidney-shaped guard cells in potato are not asso¬ 
ciated with subsidiary cells. (B, courtesy of M. Michelle McCauley.) 


recognized (Pant, 1965; Baranova, 1987, 1992): mesoge- 
nous, in which all of the subsidiary or neighboring cells 
have a common origin with the guard cells (Fig. 9-20); 
perigenous, in which none of the subsidiary or neigh¬ 
boring cells has a common origin with the guard cells 
(Fig. 9-21); mesoperigenous, in which at least one of the 
subsidiary or neighboring cells is directly related ontoge- 
netically to the guard cells and the others are not. 

In the development of a stoma with mesogenous sub¬ 
sidiary cells (Fig. 9.20), the precursor of the stomatal 
complex (the meristemoid) is formed by an asymmetric 
division of a protodermal cell, and two subsequent 
asymmetric divisions result in the partitioning of the 
precursor into a mother cell of the guard cells and two 
subsidiary cells. One more but equal division leads to 
the formation of two guard cells. 

The origin of perigenous subsidiary cells is graphi¬ 
cally illustrated in the differentiation of a grass stoma 


(Fig. 9-21). The meristemoid, which functions directly 
as the guard mother cell, is the short daughter cell 
formed through an asymmetric division of a protoder¬ 
mal cell. Before the guard mother cell divides, the sub¬ 
sidiary cells are formed along the sides of this short cell 
by asymmetric division of two contiguous cells (subsid¬ 
iary mother cells). Division of the subsidiary mother cell 
is preceded by migration of its nucleus to an actin patch 
along the subsidiary mother cell wall flanking the guard 
mother cell. In the maize leaf subsidiary cell fate deter¬ 
minants apparently are localized to this actin patch and 
subsequently are transferred to the daughter nucleus 
in contact with the patch shortly after completion of 
mitosis. The daughter cell inheriting this nucleus is con¬ 
sequently determined to differentiate as the subsidiary 
cell (Gallagher and Smith, 2000). Growth adjustments 
after the formation of guard cells make the subsidiary 
cells appear as integral parts of the stomatal complex. 
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Stomata of Nicotiana (tobacco) in surface views. A, developmental stages: a, b, soon after division that resulted in 
formation of guard mother cell; c, guard mother cell has enlarged; d, guard mother cell has divided into two guard 
cells, still completely joined, but with swollen intercellular substance in position of future pore; e, young stoma with 
pore between guard cells. B, mature stoma seen from outer side of adaxial epidermis. D, similar stoma seen from 
inner side of abaxial epidermis. The guard cells are raised and thus appear above the epidermal cells in B and below 
them in D. C, guard cells as they appear from the inner side of the epidermis. (A, x620; B-D, x490.) 



FIGURE 9.19 

Development of stoma of Nicotiana (tobacco) leaf as seen in sections. C, from adaxial epidermis with some palisade 
cells; others from abaxial epidermis. A—C, guard mother cell before and during division into two guard cells. D, 
young guard cells with thin walls. E, guard cells have extended laterally and have begun to thicken their walls. Inner 
ledge and substomatal chamber have been formed. F, mature guard cells with upper and lower ledges and unevenly 
thickened walls. G, one mature guard cell cut parallel with its long axis and at right angles to the leaf surface. (All, 
x490.) 
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FIGURE 9.20 

Development of stoma with mesogenous subsidiary 
cells in a leaf of Thunbergia erecta. A, epidermal cell 
has divided and given rise to a small precursor of the 
stomatal complex. B, the precursor has divided, setting 
apart one subsidiary cell. C, the second subsidiary cell 
and guard-cell precursor have been formed. D, the sto¬ 
matal complex has been completed by division of the 
guard cell precursor. (From Esau, 1977; adapted from 
Paliwal, 1966.) 



FIGURE 9.21 


Development of stomatal complex in oat (Arena sativci) 
internode. The subsidiary cells are perigenous. A, the 
two short cells are guard-cell precursors. B, left, the 
nucleus of a long cell is in position to divide to form a 
subsidiary cell; right, subsidiary cell has been formed. 
C, guard-cell precursor before mitosis. D, guard-cell 
precursor in anaphase. E, stomatal complex of two 
guard cells and two subsidiary cells is still immature. F, 
cells of the stomatal complex have elongated. G, stoma¬ 
tal complex is mature. (From Esau, 1977; from photo¬ 
graphs in Kaufman et al., 1970a.) 


Different Developmental Sequences Result in Different 
Configurations of Stomatal Complexes 

The patterns formed by fully differentiated guard cells 
and the cells surrounding them, as seen from the surface, 
are used for taxonomic purposes. It is important to 
note, however, that mature stomatal complexes that 
look alike may have had different developmental path¬ 
ways. Several classifications have been proposed for 
mature stomatal complexes in eudicots, with various 
degrees of complexity (Metcalfe and Chalk, 1950; Fryns- 
Claessens and Van Cotthem, 1973; Wilkinson, 1979; 
Baranova, 1987, 1992). Among the principal types of 
stomatal configurations are anomocytic , in which epi¬ 
dermal cells around the guard cells are not distinguish¬ 
able from other epidermal cells, that is, subsidiary cells 
are lacking (Fig. 9.22A); anisocytic, in which the stoma 
is surrounded by three subsidiary cells, with one dis¬ 
tinctly smaller than the other two (Fig. 9.22B; found in 
Arabidopsis and representative for the Brassicaceae); 
paracytic, in which the stoma is accompanied on either 
side by one or more subsidiary cells parallel to the long 
axis of the guard cells (Fig. 9-22C); diacytic, in which 
the stoma is enclosed by a pair of subsidiary cells whose 
common walls are at right angles to the guard cells (Fig. 
9.22D); actinocytic, in which the stoma is surrounded 
by a circle of radiating cells whose long axes are per¬ 
pendicular to the outline of the guard cells (Fig. 9-22E); 
cyclocytic (encyclocytic), in which the stoma is sur¬ 
rounded by one or two narrow rings of subsidiary cells, 
numbering four or more (Fig. 9.22F); tetracytic, in 
which the stoma is enclosed by four subsidiary cells, 
two lateral and two polar (terminal), also found in many 
monocots (Fig. 9.23). The same species may exhibit 
more than one type of stomatal complex, and the pattern 
may change during leaf development. 

In most monocots the configuration of the stomatal 
complex is rather precisely related to the developmental 
sequence. Having examined about 100 species repre¬ 
senting most families of the monocots, Tomlinson (1974) 
recognized the following main configurations of stoma¬ 
tal complexes resulting from specific developmental 
sequences (Fig. 9-23). The meristemoid arises through 
an asymmetric division of a protodermal cell (A). It is 
the smaller of the two cells and seems always to be the 
distal cell (toward the leaf apex). The meristemoid, 
which functions directly as the guard mother cell, nor¬ 
mally is in contact with four neighboring cells (B). 
(Note that Tomlinson used the term neighboring cells 
to refer to the cells that lie next to the meristemoid 
when it is initiated.) These cells may not divide, where¬ 
upon they become contact cells directly, that is, cells 
that are in contact with the guard cells in the mature 
stomatal complex (F), as in Amaryllidaceae, Liliaceae, 
and Iridaceae. On the other hand, the neighboring cells 
may divide anticlinally and produce derivatives . The 
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Lannea - actinocytic 
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Vigna - paracytic 
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Epidermis in surface views illustrating principal types of stomatal configurations. (A—D, from Esau, 1977; E, Fig. 10.3b 
and F, Fig. 10.3h redrawn from Wilkinson, 1979, Anatomy of the Dicotyledons, 2nd ed., vol. I, C. R. Metcalfe and 
L. Chalk, eds., by permission of Oxford University Press.) 


orientation of these walls is of major importance in 
development of the stomatal complex: they may be 
exclusively oblique (C-E) or exclusively perpendicular 
and/or parallel to the files of protodermal cells (F-H). 
With division of the neighboring cells the stomatal 
complex now becomes definable as guard cells and a 
combination of neighboring cells and their derivatives 
(G) or as guard cells and derivatives of neighboring cells 
(E, H). Thus the contact cells of the stoma are either all 
derivatives (E-H) or a combination of derivatives and 
undivided neighboring cells (G). The type complex 
illustrated by G is the familiar grass type (Poaceae). It 
also occurs in a number of other families, including the 
Cyperaceae and Juncaceae; H is characteristic of many 
Commelinaceae, and E of the Palrnae. 

I TRICK 

Trichomes (from the Greek, meaning a growth of hair) 
are highly variable epidermal appendages (Figs. 9.24 
and 9-25). They may occur on all parts of the plant and 
may persist throughout the life of the plant part or may 
fall off early. Some of the persisting trichomes remain 
alive; others die and become dry. Although trichomes 
vary widely in structure within families and smaller 


groups of plants, they are sometimes remarkably uniform 
in a given taxon and have long been used for taxonomic 
purposes (Uphof and Hummel, 1962; Theobald et al., 
1979). 

Trichomes are usually distinguished from emer¬ 
gences, such as warts and prickles, which are formed 
from both epidermal and subepidermal tissue and typi¬ 
cally are more massive than trichomes. The distinction 
between trichomes and emergences is not sharp, 
however, because some trichomes are elevated upon a 
base consisting of subepidermal cells. Thus a develop¬ 
mental study may be necessary to determine whether 
some outgrowths are solely epidermal in origin or both 
epidermal and subepidermal in origin. 

Trichomes Have a Variety of Functions 

Plants growing in arid habitats tend to have hairier 
leaves than similar plants from more rnesic habitats 
(Ehleringer, 1984; Fahn, 1986; Fahn and Cutler, 1992). 
Studies of arid-land plants indicate that increase in leaf 
pubescence (hairiness) reduces the transpiration rate by 
(1) increasing the reflection of solar radiation, which 
lowers leaf temperatures, and (2) increasing the bound¬ 
ary layer (the layer of still air through which water vapor 
must diffuse). Moreover the basal or stalk cells of the 




230 | Esau’s Plant Anatomy, Third Edition 



FIGURE 9.23 

Examples of types of stomatal development in mono¬ 
cots. Diagrammatic. A, nonequational division results in 
the formation of B, a small guard-cell precursor sur¬ 
rounded by four neighboring cells in a cruciate arrange¬ 
ment. C—E, oblique and other divisions in neighboring 
cells result in the formation of four derivatives (stippled) 
in contact with the guard cells. F—H, no oblique divi¬ 
sions occur in the formation of stomatal complexes: F, 
original neighboring cells, two lateral (1) and two termi¬ 
nal (t), become contact cells; G, derivatives (stippled) of 
the two lateral neighboring cells and the two undivided 
terminal neighboring cells become contact cells; H, 
derivatives (stippled) of four neighboring cells become 
contact cells. E, palm type; G, grass type. (From Esau, 
1977; adapted from Tomlinson, 1974.) 


trichomes of at least some xeromorphic leaves are 
completely cutinized, precluding apoplastic water flow 
into the trichomes (Chapter 16; Fahn, 1986). Many “air 
plants" such as epiphytic bromeliads utilize foliar tri¬ 
chomes for the absorption of water and minerals (Owen 
and Thomson, 1991). In contrast, in the saltbush ( Atri- 
plex ), salt-secreting trichomes remove salts from the leaf 
tissue, preventing an accumulation of toxic salts in the 
plant (Mozafar and Goodin, 1970; Thomson and Healey, 
1984). During the early stages of leaf development 
polyphenol-containing trichomes may play a protective 
role against UV-B radiation damage (Karabourniotis and 


Easseas, 1996). Trichomes may provide a defense against 
insects (Levin, 1973; Wagner, 1991). In numerous 
species, trichome density is negatively correlated with 
insect responses in feeding and oviposition and with 
nutrition of larvae. Hooked trichomes impale insects 
and their larvae (Eisner et al., 1998). Secretory (glandu¬ 
lar) trichomes may provide a chemical defense (Chapter 
16). Whereas some insect pests are poisoned by tri¬ 
chome secretions, others are rendered harmless by 
immobilization in the secretion (Levin, 1973). 

Trichomes May Be Classified into Different 
Morphological Categories 

Some morphological trichome categories are (1) papil¬ 
lae, which are small epidermal outgrowths often 
considered distinct from trichomes; (2) simple 
(unbranched) trichomes, a large grouping of extremely 
common unicellular (Fig. 9.25C-F) and multicellular 
trichomes (Figs. 9-241, J and 9.25A, B); (3) two- to five- 
armed trichomes of various shapes; (4) stellate 
trichomes , all of which are star-shaped although vari¬ 
able in structure (Fig. 9.24C, E, F); (5) scales, or peltate, 
trichomes , consisting of a discoid plate of cells often 
borne on a stalk or attached directly to the foot (Figs. 
9.24A, B and 9.25G, H); (6) dendritic (branched) tri¬ 
chomes, which branch along an extended axis (Fig. 
9.24D; Theobald et al., 1979); and (7) root hairs. In 
addition there are many specialized types of trichomes 
such as stinging hairs, pearl glands, cystolith-containing 
hairs (Fig. 9-25C, E, F), and water vesicles (Chapter 16). 
Anatomical features may also be used to facilitate the 
description of trichomes, features such as glandular 
(Fig. 9-25B, G, H) or nonglandular; unicellular or multi¬ 
cellular; uniseriate or multiseriate; surface features, if 
any; differences in wall thickness, if any; cuticle thick¬ 
ness; different cell types within the trichome, that is, 
base or foot (Fig. 9-25B, G), stalk, tip or head; and the 
presence of crystals, cystoliths, or other contents. An 
extensive glossary of plant trichome terminology was 
compiled by W. W. Payne (1978). 

A Trichome Is Initiated as a Protuberance from an 
Epidermal Cell 

The development of trichomes varies in complexity in 
relation to their final form and structure. Multicellular 
trichomes show characteristic patterns of cell division 
and cell growth, some simple, others complex. Some 
aspects of the development of multicellular glandular 
trichomes are considered in Chapter 16. Here we con¬ 
sider developmental aspects of three unicellular tri¬ 
chomes: the cotton fiber, the root hair, and the branched 
trichome of Arabidopsis. 

The Cotton Fiber The unicellular cotton ( Gossypium ) 
trichome, commonly known as a cotton fiber, is 




Trichomes. A, B, peltate scale of Olea in surface (A) and side (B) views. C, tufted, stellate hair of Quercus. D, den¬ 
dritic hair of Platanus. E, F, stellate hair of Sida in surface (E) and side (F) views. G, H, two-armed, T-shaped uni¬ 
cellular hair of Lobularia in surface (G) and side (H) views. I, vesiculate hair of Chenopodium. J, part of multicellular 
shaggy hair of Portulaca. (A-C, I, X210; D-H, J, X105.) 


initiated as a protuberance from a protodermal cell of lengths 1000 to 3000 times greater than their diameters 

the outer integument of the ovule (Ramsey and Berlin, (Peeters et al., 1987; Song and Allen, 1997). Elongation 

1976a, b; Stewart, 1975, 1986; Tiwari and Wilkins, 1995; occurs via a diffuse mechanism; that is, it occurs 

Ryser, 1999). Development occurs synchronously for throughout the length of the fiber (Fig. 9-27A), although 

most of the trichomes, and their development can be it may be more rapid at the tip (Ryser, 1985). A large 

divided into four somewhat overlapping phases. Phase central vacuole usually resides in the basal part of the 

1 , fiber initiation occurs at anthesis as the fiber initials cell and the organelles appear to be dispersed more or 

appear as distinct protuberances on the surface of the less evenly throughout the cytosol (Tiwari and Wilkins, 

ovule (Fig. 9-26A). Phase 2, fiber elongation begins 1995). The primary walls of the cotton fibers are dis- 

soon afterward (Fig. 9-26B) and continues for 12 to 16 tinctly bilayered with a more electron-opaque outer 

days after anthesis, depending on the cultivar. Whereas layer consisting of pectins and extensin and a less elec- 

the cortical microtubules are randomly oriented in the tron-opaque inner layer of xyloglucans and cellulose 

fiber initials, they become oriented transversely to (Vaughn and Turley, 1999). As is typical of cells with 

the long axis of the cell as the fiber begins to elongate. diffuse growth, new wall material is added throughout 

The libers undergo dramatic elongation, reaching the cell surface. A cuticle extends over the wall of all 
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Trichomes. A, group of ordinary and glandular (with multicellular heads) hairs of Nicotiana (tobacco). B, enlarged 
view of glandular hair of tobacco, showing characteristic density of contents of glandular head. C, hooked hair with 
cystolith of Humulus. D, long coiled unicellular hair, and E, short bristle with cystolith of Boehmeria. F, hooked 
hairs with cystoliths of Cannabis. G, H, glandular peltate trichome of Humulus seen in sectional (G) and surface 
(H) views. (H from younger trichome than G.) (A, F, xlOO; B, D, E, X310; C-G, X245; H, x490.) 


epidermal cells. Phase 3, secondary wall formation mutant of cotton and some wild cotton species contain 

begins as the fiber approaches its final length and may variable amounts of suberin and associated waxes, 

continue for a further 20 to 30 days. The transition from which typically are deposited in concentric layers that 

primary wall formation during rapid cell elongation to alternate with cellulosic layers (Ryser and Holloway, 

the slowing of elongation and the onset of secondary 1985; Schmutz et al., 1993). Hydrogen peroxide has 

wall formation is precisely correlated in the changing been implicated as a signal in the differentiation of the 

patterns of microtubules and wall microfibrils (Seagull, secondary walls of the cotton fiber (Potikha et al., 1999). 

1986, 1992; Dixon et al., 1994). With the beginning of Phase 4, the maturation phase follows wall thickening, 

secondary wall formation, the cortical microtubules The fibers die, presumably by a process of programmed 

begin changing their orientation from transverse to cell death, and become desiccated, 

steeply pitched helices. In addition to cellulose the first In an elegant study Ruan et al. (2001) found a correla- 

layer of secondary wall contains some callose (Maltby tion to exist between gating of the cotton fiber plasmo- 

et al., 1979). At maturity the secondary walls of cotton desmata and the expression of sucrose and K + transporter 

fibers consist of almost pure cellulose (Basra and Malik, and expansin genes. The plasmodesmata that intercon- 

1984; Tokumoto et al., 2002). Those of the green-lint nect the cotton fibers with the underlying seed coat 
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FIGURE 9.26 

Scanning electron micrographs of developing cotton (Gossypium hirsutum ) fibers. A, liber initials on the chalazal 
half of an ovule on the evening of anthesis. The initials appear as tiny knobs. B, two days after anthesis, the ovule 
is covered by young fibers. (From Tiwari and Wilkins, 1995.) 
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FIGURE 9.27 

Cell elongation by diffuse and tip growth. Elongation of 
cotton fibers occurs uniformly throughout their length, 
that is, by diffuse growth (A). Elongation by root hairs 
and pollen tubes is confined to their tips; that is, root 
hairs and pollen tubes are tip-growing cells (B). If marks 
are placed on the surfaces of such cells, which then are 
allowed to grow, the relative distances between marks 
before and after further elongation has taken place will 
reflect the mechanism of elongation undertaken. (After 
Taiz and Zeiger, 2002. © Sinauer Associates.) 


were dramatically down-regulated at the beginning of 
the elongation phase, completely blocking movement of 
the membrane-impermeant fluorescent solute carboxy- 
fluorescein (CF) across that interface. As a result solute 
import into the developing fibers was shifted from an 
initially symplastic pathway to an apoplastic one. During 
the elongation phase the plasma membrane sucrose and 
K + transporter genes GLSUT1 and GhkTl were expressed 
at maximal levels. Consequently fiber osmotic and 
turgor potentials were elevated, driving the phase of 
rapid elongation. The level of expansin mRNA was high 
only at the early period of elongation and decreased 
rapidly afterward. Overall, these results suggest that 
cotton fiber elongation is initially achieved by cell wall 
loosening and ultimately terminated by increased wall 
rigidity and loss of high turgor. The impermeability of 
the fiber plasmodesmata to CF was only temporary; 
symplastic continuity was reestablished at or near the 
end of the elongation phase. During the period of 
restricted CF import, most of the plasmodesmata were 
changed from unbranched to branched forms. The 
developing cotton fiber provides an excellent system for 
studies of cellulose biosynthesis and cell differentiation 
and growth (Tiwari and Wilkins, 1995; Pear et al., 1996; 
Song and Allen, 1997; Dixon et al., 2000; Kim, H. J., and 
Triplett, 2001). 
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Root Hairs The trichomes of roots, the root hairs, 
are tubular extensions of epidermal cells. In a study 
involving 37 species in 20 families, the root hairs varied 
between 5 and 17 micrometers in diameter and between 
80 and 1500 micrometers in length (Dittmer, 1949). 
Root hairs typically are unicellular and unbranched 
(Linsbauer, 1930). The adventitious roots of Kalanchoe 
fedtschenkoi growing in air have multicellular root 
hairs, whereas the same kinds of roots growing in soil 
have unicellular ones (Popharn and Henry, 1955). Root 
hairs are typical of roots but tubular outgrowths identi¬ 
cal to root hairs may develop from epidermal cells on 
the lower portion of the hypocotyl of seedlings (Baranov, 
1957; Haccius and Troll, 1961). Although root hairs typi¬ 
cally are epidermal in origin, in the Commelinaceae 
(which includes Rhoeo and Tradescantia) “secondary 
root hairs” develop from cells of the exodermis several 
centimeters from the root tip in the region of older epi¬ 
dermal (“primary”) root hairs (Pinkerton, 1936). In 
schizoriza (scz) mutants of Arabidopsis root hairs arise 
from the subepidermal layer of cells (Mylona et al., 
2002). The principal function of root hairs is considered 
to be the extension of the absorbing surface of the root 
for the uptake of water and nutrients (Peterson and 
Farquhar, 1996). Root hairs have been identified as the 
sole producers of root exudate in Sorghum species 
(Czarnota et al., 2003). 

Root hairs develop acropetally, that is, toward the 
apex of the root. Because of the acropetal sequence of 
initiation in most seedling taproots the root hairs show 
a uniform gradation in size, beginning with those 
nearest the apex and going back to those of mature 
length. Root hairs are initiated as small protuberances, 
or bulges (Fig. 9.28A), in the region of the root where 
cell division is subsiding. In Arabidopsis, root hairs 
always form at the end of the cell nearest the root apex 
(Schiefelbein and Sommerville, 1990; Shaw et al., 2000), 
and bulging at the initiation site is intimately linked to 
the acidification of the cell wall (Bibikova et al., 1997). 
Root hair initiation sites also show an accumulation of 
expansin (Baluska et al., 2000; Cho and Cosgrove, 2002) 
and an increase in xyloglucan and endotransglycosylase 
action (Vissenberg et al., 2001). 

Unlike cotton libers, which exhibit diffuse growth, 
root hairs are tip-growing cells (Fig. 9.27B; Galway et 
al., 1997). Like other tip-growing cells, most notably 
pollen tubes (Taylor, L. P, and Hepler, 1997; Hepler et 
al., 2001), elongating root hairs display a polarized orga¬ 
nization of their contents with preferential localization 
of certain organelles to specific parts of the cell (Fig. 
9.28). The apical part is enriched with secretory vesicles 
derived from Golgi vesicles. The vesicles carry cell wall 
precursors that are released by exocytosis into the 
matrix of the developing wall. Calcium (Ca 2+ ) influx at 
the apex appears to be intimately linked with regulation 
of the secretory process through its effect on the actin 



FIGURE 9.28 


Differential interference contrast (A—E) and confocal (F, 
G) images of developing vetch ( Vida sativa) root hairs. 
A, emerging root hair, most of which is occupied by a 
large vacuole (v); s, cytoplasmic strands at the periph¬ 
ery. B, C, growing root hairs. Smooth region at tip con¬ 
tains Golgi vesicles (small bracket). The subapical region 
in C is traversed by cytoplasmic strands with many 
organelles (large bracket). D, root hair that is terminat¬ 
ing growth with several small vacuoles close to tip. E, 
root hair full-grown with peripheral cytoplasm (s) and 
one large, central vacuole (v). F, G, immunolabeled 
bundles of actin filaments. The bundles are oriented 
parallel to the long axis of the cell. The very tip of the 
hair (cleft indicated by arrow) appears to be devoid of 
actin. (A—E, same magnification; F, G, same magnifica¬ 
tion. From Miller, D. D., et al., 1999. © Blackwell 
Publishing.) 

component of the cytoskeleton (Gilroy and Jones, 2000). 
In growing root hairs, bundles of actin filaments extend 
the length of the root hairs in the cortical cytoplasm 
and loop back through a cytoplasmic strand traversing 
the vacuole (Figs. 9.28E, F and 9-29A; Ketelaar and 
Emons, 2001). The arrangement of actin filaments at the 
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FIGURE 9.29 

Schematic representations of the tip of a growing Nico- 
tiana tabacum root hair. A, distribution of the actin 
filaments. B, reverse fountain streaming. (From Hepler 
et al., 2001. Reprinted, with permission, from the 
Annual Review of Cell and Developmental Biology , 
vol. 17. © 2001 by Annual Reviews, www.annualre- 
views.org) 


tip is controversial. Some reports indicate that the actin 
filaments flare into a three-dimensional meshwork—an 
actin cap —at the tip (Braun et al., 1999; Baluska et al., 
2000), whereas others suggest that actin filaments are 
disorganized and few in number or absent at the tip 
(Figs. 9-28E, F and 9-29A; Cardenas et al., 1998; Miller, 
D. D., et al., 1999). Cytoplasmic streaming in growing 
root hairs and pollen tubes is described as reverse 
fountain streaming, in which streaming moves acro- 
petally along the sides of the cell and basipetally in the 
central strand (Fig. 9.29B; Geitmann and Emons, 2000; 
Hepler et al., 2001). The subapical part of the hair 
accumulates a large number of mitochondria and the 
basal region most of the other organelles. The nucleus 
migrates into the developing hair and, as long as the hair 
is growing, it is positioned some distance from the tip 
(Lloyd et al., 1987; Sato et al., 1995). Positioning of the 
nucleus is an actin-regulated process (Ketelaar et al., 
2002). Upon completion of elongation the nucleus may 
assume a more or less random position (Meekes, 1985) 
or migrate to the base (Sato et al., 1995), and cytoplas¬ 
mic polarity is lost. Now the bundles of actin filaments 
loop through the tip (Miller, D. D., et al., 1999), as evi¬ 
denced by the circulation type of cytoplasmic streaming 
that occurs in fully grown hairs (Sieberer and Emons, 
2000). The microtubules are longitudinally oriented in 
growing root hairs; as they approach the tip of the cell, 
they become randomly oriented (Lloyd, 1983; Traas et 
al., 1985). The microtubules apparently are responsible 
for the organization of actin filaments into bundles, 
which together with myosin are capable of transporting 
the secretory vesicles (Tominaga et al., 1997). The 
microtubules play a role in determining the growth 
direction of the cell (Ketelaar and Emons, 2001). The 
extension of the root hair wall proceeds rapidly (0.1 mm 
per hour in the radish root, Bonnett and Newcomb, 
1966; 0.35 ± 0.03 pm per minute in Medicago trunca- 
tula, Shaw, S. L., et al., 2000). Root hairs typically are 
short-lived, their longevity commonly being measured 



FIGURE 9.30 

Filamentous-actin cytoskeleton in Arabidopsis trichome. 
F-action is visualized in living trichomes using GFP 
fused to an actin-binding domain of the mouse Talin 
gene. (Courtesy of Jaideep Mathur.) 


in days. Excellent reviews of root hair structure, devel¬ 
opment and function are provided by Ridge (1995), 
Peterson and Farquhar (1996), Gilroy and Jones (2000), 
and Ridge and Emons (2000). 

The Arabidopsis Trichome Trichomes are the first epi¬ 
dermal cells to begin differentiating in the epidermis of 
developing leaf primordia, and those of Arabidopsis are 
no exception (Hulskamp et al., 1994; Larkin et al., 1996). 
Initiation and maturation of the trichomes proceed in 
an overall basipetal direction (tip to base) along the 
adaxial (upper) surface of the leaf primordium, although 
additional trichomes commonly are initiated between 
mature ones in portions of the leaf where the surround¬ 
ing protodermal cells are still dividing as growth of the 
leaf continues. At maturity the leaf trichomes of Arabi¬ 
dopsis normally have three branches (Figs. 9-30 and 
9-31B). 

Trichome development in the Arabidopsis leaf may 
be divided into two growth phases (Hulskamp, 2000; 
Hulskamp and Kirik, 2000). The first phase is initiated 
when the trichome precursor stops dividing and begins 
to endoreduplicate (to undergo DNA replication in the 
absence of nuclear and cell divisions; Chapter 5). The 
incipient trichome first appears as a small protuberance 
on the surface of the leaf (Fig. 9.31A). After two or three 
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FIGURE 9.31 


Scanning electron micrographs of the adaxial surface of Arabidopsis leaf showing (A) stages of trichome morpho¬ 
genesis on a single leaf, and (B) a mature trichome with papillae. (Courtesy of Jaideep Mathur.) 


endoreduplication cycles it grows out from the leaf 
surface and undergoes two successive branching events. 
The last, or fourth, round of endoreduplication occurs 
after the first branching event. The DNA content of the 
trichome now has increased 16 fold, from the 2C (C is 
the haploid DNA content) of normal protodermal cells 
to 32C (Hulskamp et al., 1994). The first two branches 
are aligned with the long axis (basal-distal) axis of the 
leaf (Fig. 9-31A). The distal branch then divides perpen¬ 
dicular to the first branching plane to produce the 
three-branched trichome (Fig. 9-31A, B). It is generally 
presumed that prior to branching—that is, during 
the tubular growth stage—the developing trichome 
increases in size largely by tip growth, and that after¬ 
ward the trichome expands by diffuse growth. During 
the second phase, which follows initiation of the three 
branches, the trichome undergoes rapid expansion and 
increases in size by a factor of 7 to 10 (Hulskamp and 
Kirik, 2000). As the trichome approaches maturity, the 
cell wall thickens and its surface becomes covered with 
papillae of unknown origin and function (Fig. 9-31B). 
The base of the mature trichome is surrounded by a ring 
of 8 to 12 rectangular cells that first become recogniz¬ 
able at about the time the trichome initiates branching 
(Hulskamp and Schnittger, 1998). The base of the tri¬ 
chome appears to have pushed under the surrounding 
cells to form a concavity, or socket; hence the surround¬ 
ing cells are sometimes called socket cells. Also termed 


accessory cells, these cells are not closely related onto- 
genetically to the trichome (Larkin et al., 1996). 

The cytoskeleton plays an essential role in trichome 
morphogenesis (Reddy and Day, I. S., 2000). During the 
first phase of trichome development, the microtubules 
play the predominant role; during the second phase the 
actin filaments do so. The microtubules are responsible 
for establishing the spatial patterning of trichome 
branches, the orientation of the microtubules playing a 
causative role in determining the direction of growth 
(Hulskamp, 2000; Mathur and Chua, 2000). The actin 
filaments (Fig. 9-30) play a dominant role during exten¬ 
sion growth of the branches, targeting the delivery of 
cell wall components necessary for growth and serving 
to elaborate and maintain the already established branch¬ 
ing pattern (Mathur et al., 1999; Szymanski et al., 1999; 
Bouyer et al., 2001; Mathur and Hulskamp, 2002). 

Because of their simplicity and visibility, the leaf tri- 
chornes of Arabidopsis have provided an ideal genetic 
model system for the study of cell fate and morphogen¬ 
esis in plants. An ever increasing number of genes that 
are required for trichome development are being identi¬ 
fied. Based on the genetic analysis of the corresponding 
mutant phenotypes, a greater understanding of the 
sequence of regulatory and developmental steps for tri¬ 
chome morphogenesis is being achieved. Some excel¬ 
lent reviews of trichome morphogenesis in Arabidopsis 
are provided by Oppenheimer (1998), Glover (2000), 
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and Hiilskamp and colleagues (Hiilskamp, 2000; 
Hiilskamp and Kirik, 2000; Schwab et al., 2000). 

I CELL PHTTERNING IN THE EPIDERMIS 

The Spatial Distribution of Stomata and Trichomes in 
Leaves Is Nonrandom 

It has long been known that the spatial distribution, or 
patterning, of the stomata and trichomes in the leaf 
epidermis is nonrandom and that a minimum spacing 
exists between them. The mechanisms that govern 
pattern formation, however, are just now being eluci¬ 
dated. Two proposed mechanisms have received the 
greatest attention: the cell lineage mechanism and the 
lateral inhibition mechanism. The cell lineage mecha¬ 
nism relies on a highly ordered series of cell divisions, 
usually asymmetric, that automatically result in differ¬ 
ent categories of cells. The ultimate fate of each of these 
cells can be predicted by its position in the lineage. The 
lateral inhibition mechanism does not rely on cell 
lineage but rather on interactions, or signaling, between 
developing epidermal cells to determine the fate of 
each cell. A third mechanism, the cell cycle- 
dependent mechanism, proposes that stomatal pat¬ 
terning is coupled to the cell cycle (Charlton, 1990; 
Croxdale, 2000). 

There seems to be little doubt that a cell lineage- 
dependent mechanism is a major force driving stomatal 
patterning in the leaves of eudicots (Dolan and Okada, 
1999; Glover, 2000; Serna et al., 2002). In Arabidopsis, 
for example, the ordered division pattern of the stoma¬ 
tal meristemoids results in a pair of guard cells sur¬ 
rounded by three clonally, or ontogenetically, related 
subsidiary cells, one distinctly smaller than the other 
two (anisocytic stomatal complex; Fig. 9.22B). Conse¬ 
quently each pair of guard cells is separated from 
another pair by at least one epidermal cell. Two Arabi¬ 
dopsis mutants, two many mouths (tmm) -and four lips 
(flp), have been identified that disrupt normal pattern¬ 
ing and result in clustering of stomata (Yang and Sack, 
1995; Geisler et al., 1998). It has been proposed that 
TMM is a component of a receptor complex, whose 
function is to sense positional clues during epidermal 
development (Nadeau and Sack, 2002). A third more 
recently discovered Arabidopsis stomatal mutant, sto¬ 
matal density and distributionl-1 (sddl-1), exhibits a 
twofold to fourfold increase in stomatal density, a frac¬ 
tion of the additional stomata occurring in clusters 
(Berger and Altmann, 2000). Apparently the SDD1 gene 
plays a role in the regulation of the number of cells 
entering the stomatal pathway and the number of asym¬ 
metric cell divisions that occur before stomatal develop¬ 
ment (Berger and Altmann, 2000; Serna and Fenoll, 
2000). SDD1 is expressed strongly in meristemoids/ 
guard mother cells and weakly in cells bordering them. 
It has been proposed that SDD1 generates a signal that 


moves from the meristemoids/guard mother cells to the 
bordering cells and either stimulates the development 
of bordering cells into ordinary epidermal cells or inhib¬ 
its their conversion into additional (satellite) meriste¬ 
moids (von Groll et al., 2002). The function of SDD1 has 
been shown to be dependent on TMM activity (von 
Groll et al., 2002). (Incidentally, whereas stomatal pat¬ 
terning is nonrandom on the foliage leaves of wild type 
Arabidopsis , on the cotyledons of the same plant the 
stomatal pattern is random; Bean et al., 2002.) 

In the leaves of the monocot Tradescantia , the activ¬ 
ity of the epidermal cells can be separated into four 
major regions, or zones: a zone of proliferative divisions 
(the basal meristem), a zone without division where 
stomatal patterning takes place, a zone of stomatal 
development with divisions, and a zone in which only 
cell expansion takes place (Chin et al., 1995). As new 
cells are displaced from the basal meristem their posi¬ 
tion in the cell cycle apparently determines whether 
they will become stomatal or epidermal cells when they 
reach the patterning zone (Chin et al., 1995; Croxdale, 
1998). Patterning of stomata in Tradescantia is also 
affected by late developmental events that may arrest up 
to 10% of the stomatal initials (guard mother cells) in 
their development (Boetsch et al., 1995). The stomatal 
initials that are arrested lie closer to their nearest neigh¬ 
boring initial than the average distance between stomata. 
Lateral inhibition may be involved here. The arrested 
initials switch developmental pathways and become 
ordinary epidermal cells. 

Unlike stomatal patterning in the Arabidopsis leaf, 
the spacing of leaf trichomes does not rely on a cell 
lineage-based mechanism. As mentioned previously, the 
trichomes and surrounding accessory cells are not clon¬ 
ally related. There is no ordered cell division to provide 
intervening cells between trichomes. It is likely that 
interactions, or signaling, among developing epidermal 
cells determine which cells go on to develop into tri¬ 
chomes. Perhaps the developing trichomes recruit a set 
of accessory cells and inhibit other cells from trichome 
development (Glover, 2000). 

Two genes, GLABRA1 (GL1) and TRANSPARENT 
TESTA GLABRA1 (TTG1), have been identified as being 
required for the initiation of trichome development and 
proper trichome patterning in the Arabidopsis leaf. 
Both genes function as positive regulators of trichome 
development (Walker et al., 1999). Strong gll and ttgl 
mutants produce no trichomes on the surfaces of their 
leaves (Larkin et al., 1994). A third gene, GLABRA3 
(GL3), also may play a role in the initiation of the leaf 
trichomes (Payne, C. T., et al., 2000). Two genes are 
known as negative regulators of trichome patterning in 
the Arabidopsis leaf, TRIPTYCHON (TRY) and CAPRICE 
(CPC) (Schellmann et al., 2002). Both genes are 
expressed in trichomes and act together during lateral 
inhibition of cells bordering the incipient trichomes. 
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Another gene involved early in trichome develop¬ 
ment is GLABRA2 (GL2), which is expressed in tri- 
chomes throughout their development (Ohashi et al., 
2002). Trichomes are produced in gI2 mutants but their 
outgrowth is stunted and most do not branch 
(Hiilskamp et al., 1994). Still another gene has been 
identified, TRANSPARENT TESTA GLABRA2 (TTG2), 
that controls the early development of trichomes. 

There Are Three Main Types of Patterning in the 
Epidermis of Angiosperm Roots 

Type 1 In most angiosperms (almost all eudicots, 
some monocots) any protodermal cell of the root has 
the potential to form a root hair, and the root hairs are 
randomly arranged (Fig. 9.32A). Within the Poaceae, the 
subfamilies Arundinoideae, Bambusoideae, Chloridoi- 
deae, and Panicoideae exhibit this pattern (Row and 
Reeder, 1957; Clarke et al., 1979). 

Type 2 In the basal angiosperm family Nymphaeaceae 
and some monocots, the root hairs originate from the 
smaller product of an asymmetric division (Fig. 932B). 
These smaller and denser root-hair forming cells are 
called trichoblasts (Leavitt, 1904). In some families 
(Alismataceae, Araceae, Commelinaceae, Haemodora- 



FIGURE 9.32 

Three main types of root epidermal patterning in angio¬ 
sperm roots. Hatched cells are root-hair cells and black 
cells are hairless cells. The circle indicates the location 
of the root-hair base. A, Type 1. Any protodermal cell 
can form a root hair. B, Type 2. The root hairs originate 
from the smaller product (trichoblast) of an asymmetric 
division. C, Type 3- There are discrete, vertical hies 
composed entirely of shorter hair cells and longer hair¬ 
less cells. (From Dolan, 1996, by permission of Oxford 
University Press.) 


ceae, Hydrocharitaceae, Pontederiaceae, Typhaceae, 
and Zingiberaceae), the trichoblast is located at the 
proximal end (away from the root apex) of the initial 
protodermal cell. In others (Cyperaceae, Juncaceae, 
Poaceae, and Restianaceae), it is located at the distal end 
(toward the root apex) (Clowes, 2000). Prior to cytoki¬ 
nesis the nucleus migrates to either the proximal or 
distal end of the initial cell. The trichoblasts show con¬ 
siderable cytologic and biochemical differentiation. In 
Hydrocharis, for example, the trichoblasts differ from 
their long sister cells (atrichoblasts) in having larger 
nuclei and nucleoli, simpler plastids, more intense 
enzymic activity, and larger amounts of nucleohistone, 
total protein, RNA, and nuclear DNA (Cutter and 
Feldman, 1970a, b). 

Type 3 The third pattern, in which the cells are 
arranged in vertical hies composed entirely of shorter 
hair cells or longer nonhair, or hairless, cells (Fig. 
9-32C), is exemplified by Arabidopsis and other members 
of the Brassicaceae (Cormack, 1935; Biinning, 1951). 
Referred to as the striped pattern (Dolan and Costa, 
2001), it also occurs in the Acanthaceae, Aizoaceae, 
Amaranthaceae, Basellaceae, Boraginaceae, Cappara- 
ceae, Caryophyllaceae, Euphorbiaceae, Hydrophylla- 
ceae, Limnanthaceae, Plumbaginaceae, Polygonaceae, 
Portulacaceae, Resedaceae, and Salicaceae (Clowes, 
2000; Pemberton et al., 2001). Both striped and non- 
striped patterns are found among species of Onagraceae 
and Urticaceae (Clowes, 2000). 

In the Arabidopsis root, hair and hairless cell types 
are specified in a distinct position-dependent pattern: 
root-hair cells are always positioned over the junction 
of the radial (anticlinal) walls between two cortical cells 
and hairless cells directly over cortical cells (Fig. 9-33; 
Dolan etal., 1994; Dolan, 1996; Schiefelbein et al., 1997). 
Several genes have been implicated in the establishment 
of the root epidermal pattern in Arabidopsis, including 
TTG1 , 6/2, WEREWOLF (WER), and CAPRICE (CPC). 
In ttgl, gl2, and wer mutants all epidermal cells produce 
root hairs, indicating that TTG1, GL2, and WER are nega¬ 
tive regulators of root-hair development (Galway et al., 
1994; Masucci et al., 1996; Lee and Schiefelbein, 1999). 
By contrast, cpc mutants do not form root hairs, whereas 
transgenic plants overexpressing CPC convert all of the 
root epidermal cells into hair-forming cells, indicating 
that CPC, which is predominately expressed in hairless 
cells, is a positive regulator of root-hair development 
(Wada et al., 1997, 2002). The expression of CPC is 
controlled by TTG1 and WER, and CPC promotes differ¬ 
entiation of hair-forming cells by controlling GL2. It has 
been shown that CPC protein moves from hairless cells 
expressing CPC to hair-forming cells where it represses 
the GL2 expression (Wada et al., 2002). As noted by 
Schiefelbein (2003), despite the very different distribu¬ 
tion of hair cells in the root and shoot of Arabidopsis a 
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FIGURE 9.33 

Transverse section of an Arabidopsis root. A single layer of lateral rootcap cells surrounds the epidermis. The densely 
staining epidermal cells positioned over the junction of the radial walls between adjacent cortical cells are root-hair 
cells. The markedly less dense epidermal cells are hairless cells. (Reprinted with permission from Schiefelbein et al., 
1997. © American Society of Plant Biologists.) 


similar molecular mechanism is responsible for pattern¬ 
ing both cell types. 

A clear relationship exists between symplastic com¬ 
munication and differentiation of the epidermis in the 
Arabidopsis root. Dye-coupling experiments indicate 
that initially, the epidermal cells of the root are symplas- 
tically coupled (Duckett et al., 1994). However, as they 
progress through the elongation zone and enter the 
region of differentiation, where they differentiate into 
hair cells or hairless cells, they become symplastically 
uncoupled. Mature root epidermal cells are symplasti¬ 
cally isolated not only from each other but also from 
underlying cortical cells. The frequency of plasmodes- 
mata within all tissues of the Arabidopsis root has been 
shown to decrease dramatically with root age (Zhu et 
al., 1998). The cells of the mature hypocotyl epidermis 
of Arabidopsis are symplastically coupled but isolated 
from the underlying cortex and from the root epidermis 
(Duckett et al., 1994). 

I OTHER SPECIALIZED EPIDERMAL CELLS 

In addition to guard cells and various kinds of trichomes, 
the epidermis may contain other kinds of specialized 
cells. The leaf epidermal system of Poaceae, for example, 
typically contains long cells and two kinds of short 
cells , silica cells and cork cells (Figs. 99 and 9-34). In 
some parts of the plant the short cells develop protru¬ 
sions above the surface of the leaf in the form of papil¬ 


lae, bristles, spines, or hairs. The epidermal cells of 
Poaceae are arranged in parallel rows, and the composi¬ 
tion of these rows varies in different parts of the plant 
(Prat, 1948, 1951). The inner face of the leaf sheath at 
its base, for example, has a homogeneous epidermis 
composed of long cells only. Elsewhere in the leaves 
combinations of the different types of cells are found. 
Rows containing long cells and stomata occur over the 
assimilatory tissue; only elongated cells or such cells 
combined with cork cells or bristles or with mixed pairs 
of short cells follow the veins. In the stem, too, the 
composition of the epidermis varies, depending on the 
level of the internode and on the position of the inter¬ 
node in the plant. Still another peculiar type of epider¬ 
mal cell found in the Poaceae and other monocots is the 
bulliform cell. 

Silica and Cork Cells Frequently Occur Together 
in Pairs 

Silica (Si0 2 -nH 2 0) is deposited in large quantities in the 
shoot system of grasses, and silica cells are so-called 
because, when they are fully developed, their lurnina 
are filled with isotropic bodies of silica. The cork cells 
have suberized walls and often contain solid organic 
material. Apart from the frequency and distribution of 
the short cells, the shapes, or forms, of the silica bodies 
in the silica cells are very important for diagnostic 
and taxonomic purposes (Metcalfe, I960; Ellis, 1979; 
Lanning and Eleuterius, 1989; Valdes-Reyna and Hatch, 
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FIGURE 9.34 

Epidermis of sugarcane ( Saccharum ) in surface view. A, epidermis of stem showing alternation of long cells with 
pairs of short cells: cork cells and silica cells. B, lower epidermis from a leaf blade, showing distribution of stomata 
in relation to various kinds of epidermal cells. (A, x500; B, X320. Adapted from Artschwager, 1940.) 


1991; Ball et al., 1999). Also termed phytoliths, from 
the Greek meaning plant stones, silica bodies, or more 
exactly their various forms, have come to play an impor¬ 
tant role in archaeobotanical and geobotanical research 
(Piperno, 1988; Mulholland and Rapp, 1992; Bremond 
et al., 2004). According to Prychid et al. (2004), the 
most common type of silica body in monocots is the 
“druse-like" spherical body. Other forms include 
the “hat-shaped” type (“truncated conical”), “trough¬ 
shaped,” and an amorphous, fragmentary type (silica 
sand). The shapes of the silica bodies do not necessarily 
conform with those of the silica cells containing them. 

Silica-cork cell pairs arise from symmetrical, or equal, 
division of short cell initials in the basal (intercalary) 
meristem of the leaf and internode (Kaufman et al., 
1970b, c; Lawton, 1980). Consequently the daughter 
cells initially are of equal size. The upper cell is the 
future silica cell, the lower one the future cork cell. The 
silica cell enlarges more rapidly than the cork cell and 
commonly bulges out from the surface of the epidermis 
and into the cork cell. Whereas the silica cell walls 
remain relatively thin, the cork cell walls become con¬ 
siderably thickened and suberized. As the silica cell 
approaches maturity, its nucleus breaks down and the 


cell becomes filled with fibrillar material and contains 
an occasional lipid droplet, both substances presumably 
remnants of the protoplast. Finally, the lumen of the 
senescent silica cell becomes filled with silica, which 
polymerizes to form the silica body (Kaufman et al., 
1985). The cork cell retains its nucleus and cytoplasm 
at maturity. In Sorghum , cork cells have been shown to 
secrete tubular filaments of epicuticular wax (Fig. 9-9; 
McWhorter et al., 1993; Jenks et al., 1994). 

Silica bodies may occur in epidermal cells other than 
silica cells, including long epidermal cells and bulliform 
cells (Ellis, 1979; Kaufman et al., 1981, 1985; Whang et 
al., 1998). Silica deposits are found in abundance in the 
epidermal cell walls. In addition the intercellular spaces 
between subepidermal cells may become filled with 
silica. Several functions have been proposed for silica 
bodies and silica in cell walls. A proposed function for 
cell wall silica is that of providing support to the leaves. 
In Japan, silica in the form of slag is widely used as a 
siliceous fertilizer for rice plants. The leaves of rice 
plants so treated are more erect, allowing more light to 
reach the lower leaves and resulting in increased canopy 
photosynthesis. The presence of silica also increases 
resistance to various insects and pathogenic fungi and 
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bacteria (Agarie et al., 1996). The hypothesis that silica 
bodies in silica cells might act as “windows” and silici- 
hed trichomes as “light pipes” to facilitate the transmis¬ 
sion of light to photosynthetic mesophyll has been 
tested and found wanting (Kaufman et al., 1985; Agarie 
et al., 1996 ). 

Bulliform Cells Are Highly Vacuolated Cells 

Bulliform cells, literally “cells shaped like bubbles,” 
occur in all monocot orders except the Helobiae 
(Metcalfe, I960). They either cover the entire upper 
surface of the blade or are restricted to grooves between 
the longitudinal veins (Fig. 9-35). In the latter location 
they form bands, usually several cells wide, between 
the veins. In transverse sections through such a band 
the cells often form a fan-like pattern because the 
median cells are usually the largest and are somewhat 
wedge-shaped. Bulliform cells may occur on both sides 
of the leaf. They are not necessarily restricted to the 
epidermis, but are sometimes accompanied by similar 
colorless cells in the subjacent mesophyll. 


Bulliform cells are mainly water-containing cells and 
are colorless because they contain little or no chloro¬ 
phyll. In addition tannins and crystals are rarely found 
in these cells, although, as mentioned previously, they 
may accumulate silica. Their radial walls are thin, but 
the outer wall may be as thick or thicker than those of 
the adjacent ordinary epidermal cells. The walls are 
composed of cellulose and pectic substances. The outer 
walls are cutinized and also bear a cuticle. 

Controversy has surrounded the function of bulliform 
cells. Their sudden and rapid expansion during a certain 
stage of leaf development is presumed to bring about the 
unfolding of the blade, hence the term expansion cells 
at times applied to these cells. Another concept is that 
by changes in turgor, these cells play a role in the hygro¬ 
scopic opening and closing movements of mature leaves, 
hence the alternative term motor cells. Still other 
workers doubt that the cells have any other function 
than that of water storage. Studies on the unfolding and 
the hygroscopic movements of leaves of certain grasses 
have shown that the bulliform cells are not actively 
or specifically concerned with these phenomena 



FIGURE 9.35 


Transverse sections of grass leaf blades showing location of bulliform cells on upper side of the leaf. A, Saccharum 
(sugarcane), a C 4 grass, and B, Arena (oat), a C 3 grass. Note that the spatial association between mesophyll and vas¬ 
cular bundles is closer in sugarcane than in oat. (From Esau, 1977; slides courtesy of J. E. Sass.) 
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(Burstrom, 1942; Shields, 1951). Noting that the outer 
walls of bulliform cells are often quite thick and the 
lumina sometimes filled with silica, Metcalfe (I960) 
questioned how cells with such features could have an 
important motor function. 

Some Epidermal Hairs Contain Cystoliths 

Undoubtedly the most familiar of cystoliths are the ellip¬ 
soidal cystoliths of Ficus, which, as mentioned previ¬ 
ously, develop within lithocysts in the multiple epidermis 
of the leaf (Fig. 9-3). This type of cystolith formation 
was regarded by Solereder (1908) as the “true cystolith.” 
Cystoliths also occur in the uniseriate epidermis of 
leaves, many in hairs. Cystolith hairs (Fig. 9-25C, E, F), 
or hair-like lithocysts, occur in several eudicot families, 
notably Moraceae (Wu and Kuo-Huang, 1997), Boragi- 
naceae (Rao and Kumar, 1995; Rapisarda et al., 1997), 
Loasaceae, Ulmaceae, and Cannabaceae (Dayanandan 
and Kaufman, 1976; Mahlberg and Kim, 2004). Much of 
the information available on the distribution and corn- 


external periclinal wall 



position of the cystoliths in hair-like lithocysts comes 
from studies dealing with the forensic identification 
of marijuana (Cannabis sativa ) (Nakamura, 1969; 
Mitosinka et al., 1972; Nakamura and Thornton, 1973), 
for the presence of cystolith hairs is an important char¬ 
acter in its identification. 

Although the bodies of most cystoliths consist pri¬ 
marily of calcium carbonate, some contain abundant 
calcium carbonate and silica (Setoguchi et al., 1989; 
Piperno, 1988). Still others consist largely of silica (some 
species of Boraginaceae, Ulmaceae, Urticaceae, and 
Cecro-piaceae) (Nakamura, 1969; Piperno, 1988; 
Setoguchi et al., 1993). Inasmuch as the latter contain 
little or no calcium carbonate, they are not considered 
by all workers as cystoliths. Setoguchi et al. (1993), for 
example, refer to such cystolith-like containing cells as 
“silicified idioblasts.” 

Most detailed information on lithocyst-cystolith 
development comes from studies on the leaves and 
internodes of Piled cadierei (Urticaceae) (Fig. 9-36; 




FIGURE 9.36 

Lithocyst development in Pilea cadierei. A, stalk of cystolith is initiated as a peg from thickened external periclinal 
wall. B, stalk of cystolith grows downward, pushing the plasma membrane ahead of it; the lithocyst enlarges greatly, 
and both it and the body of the cystolith become spindle-shaped. C, lithocyst near maturity. At maturity, the lithocyst 
cytoplasm occupies a thin boundary layer around the cell periphery and around the cystolith and its stalk. Details: 
pm, plasma membrane; t, tonoplast; v, vacuole. (A, B, adapted from Galatis et al., 1989; C, from photograph in Watt 
et al., 1987, by permission Oxford University Press.) 
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Watt et al., 1987; Galatis et al., 1989). The lithocysts in 
P. cadierei are initiated by asymmetric division of a 
protodermal cell. The smaller of the daughter cells may 
differentiate directly into a lithocyst, or it may undergo 
another division to produce a lithocyst. In either case, 
the incipient lithocyst becomes polarized, as the nucleus 
and most of the organelles come to lie close to the inter¬ 
nal periclinal wall, while the external periclinal wall 
begins to thicken. When the external periclinal wall of 
the differentiating lithocyst becomes about twice as 
thick as that of the ordinary protodermal cells, the stalk 
of the cystolith is initiated as a peg, which grows down¬ 
ward, pushing the plasma membrane ahead of it. During 
stalk formation the lithocyst begins to vacuolate rapidly, 
and the vacuolar system comes to occupy the entire cell 
space except for the area in which the stalk and cysto¬ 
lith body are developing. While coordinating its growth 
with the dividing surrounding cells, the lithocyst elon¬ 
gates greatly, appearing to slide below the epidermis. 
Thus the once small, rectangular cell enlarges dramati¬ 
cally and becomes spindle-shaped. Development of the 
cystolith body is coordinated with that of the lithocyst 
as both elongate and increase in diameter together. The 
number and organization of the microtubules continu¬ 
ally changes as differentiation of the lithocyst pro¬ 
gresses, indicating that the microtubules play an 
important role in lithocyst morphogenesis (Galatis et al., 
1989). When fully formed, the body of the spindle- 
shaped cystolith may measure up to 200 pm in length 
and 30 pm in diameter, attached at its midregion by the 
stalk to the external periclinal wall. At maturity the 
body of the cystolith is heavily impregnated with calcium 
carbonate. The bodies of some also contain silica and 
are covered in a sheath of siliceous material (Watt et al., 
1987). 

The physiological significance of cystoliths remains 
unclear. It has been suggested that cystolith formation 
may promote photosynthesis by enhancing the supply 
of carbon dioxide or that it may be the product of a 
detoxification mechanism similar to the formation of 
calcium granules in cells of molluscs (Setoguchi et al., 
1989). 
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CHAPTER TEN 


Xijlem: Cell Types and 
Developmental Aspects 


The xylem is the principal water-conducting tissue in 
a vascular plant. It is also involved in the transport of 
solutes, in support, and in food storage. Together with 
the phloem, the principal food-conducting tissue, the 
xylem forms a continuous vascular system extending 
throughout the plant body. As components of the vas¬ 
cular system, xylem and phloem are called vascular 
tissues. Sometimes the two together are spoken of as 
the vascular tissue. The term xylem was introduced by 
Nageli (1858) and is derived from the Greek xylon, 
wood. 

The vascular plants, also referred to as tracheophytes, 
form a monophyletic group consisting of two phyla of 
seedless vascular plants (Lycopodiophyta and Pteri- 
dophyta, which comprises the ferns, including the 
whisk ferns, and the horsetails), in addition to the gym- 
nosperms and angiosperms, all with living representa¬ 
tives (Raven et al., 2005). In addition there are several 
entirely extinct phyla of vascular plants (Steward and 
Rothwell, 1993; Taylor and Taylor, 1993). The terms 
vascular plants and tracheophytes refer to the charac¬ 
teristic conducting elements of the xylem, the trache- 
ary elements. Because of their enduring rigid cell 


walls, the tracheary elements are more conspicuous 
than the sieve elements of the phloem, are better pre¬ 
served in fossils, and may be studied with greater ease. 
It is the xylem therefore, rather than the phloem, that 
serves in the identification of vascular plants. 

Developmentally the first xylem differentiates early 
in the ontogeny of the plant—in the embryo or young 
seedling (Gahan, 1988; Busse and Evert, 1999)—and as 
the plant grows, new xylem (together with the accom¬ 
panying phloem) continuously develops from deriva¬ 
tives of the apical meristems. Thus the primary plant 
body, which is formed by the activity of the apical meri¬ 
stems, is permeated by a continuous system of vascular 
tissue. The vascular tissues that differentiate in the 
primary plant body are the primary xylem and the 
primary phloem. The meristematic tissue directly 
concerned with the formation of these tissues, and 
which is their immediate precursor, is the procam¬ 
bium. Ancient vascular plants, and many contemporary 
ones (small annuals of the eudicots and most monocots) 
as well, consist entirely of primary tissues. 

In addition to primary growth, many plants undergo 
additional growth that thickens the stem and root after 
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FIGURE 10.1 

Block diagram illustrating the basic features of the secondary vascular tissues—secondary xylem and secondary 
phloem—and their spatial relation to one another and to vascular cambium, which gives rise to them. A periderm 
has replaced the epidermis as the dermal tissue system. (From Esau, 1977.) 


primary growth (extension growth) is completed. Such 
growth is termed secondary growth. It results in part 
from the activity of the vascular cambium, the lateral 
meristem that produces the secondary vascular tissues, 
secondary xylem and secondary phloem (Fig. 10.1). 

Structurally the xylem is a complex tissue containing 
at least tracheary elements and parenchyma cells and 
usually other types of cells, especially supporting cells. 
The principal cell types of the secondary xylem are 
listed in Table 10.1. The primary and the secondary 
xylem have histologic differences, but in many respects 
the two kinds of xylem intergrade with one another 
(Esau, 1943; Larson, 1974, 1976). Therefore, to be useful, 
the classification into primary xylem and secondary 
xylem must be considered broadly, relating these two 
components of the xylem tissue to development of the 
plant as a whole. 

I CELL TYPES OF THE XYLEM 

Tracheary Elements—Tracheids and Vessel 
Elements—Are the Conducting Cells of the Xylem 

The term tracheary element is derived from “trachea,” 
a name originally applied to certain primary xylem ele- 


TABLE 10.1 ■ Principal Cell Types in the Secondary 


Xylem 


Cell Types 

Principal Functions 

Axial system 

Tracheary elements 
Tracheids ' 

Conduction of water; 

Vessel elements J 

transport of solutes 

Fibers 

Fiber-tracheids 1 

Support; sometimes storage 

* 

Libriform fibers J 
Parenchyma cells i 
Radial (ray) system 

Food storage; translocation 

Parenchyma cells t 

of various substances 

Tracheids in some conifers 


ments resembling insect tracheae (Esau, 1961). Two fun¬ 
damental types of tracheary elements occur in the 
xylem, the tracheids (Fig. 10.2A, B) and the vessel ele¬ 
ments, or vessel members (Fig. 10.2C-F). Both are 
more or less elongated cells that have lignified second¬ 
ary walls and are nonliving at maturity. They differ from 
one another in that tracheids are imperforate cells 
having only pit-pairs on their common walls, whereas 
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Tracheary elements. A, early wood tracheid of sugar pine ( Pinus lambertiana). B, enlarged part of A. C-F, vessel 
elements of tulip tree, Liriodendron tulipifera (C), beech, Fagus grandifolia (D), black cottonwood, Populus tricho- 
carpa (E), tree-of-heaven, Ailanthus altissima (F). (From Carpenter, 1952; with permission from SUNY-ESF.) 


vessel elements also have perforations, which are areas 
lacking both primary and secondary walls through 
which the vessel elements are interconnected. 

The part of the vessel element wall bearing the per¬ 
foration or perforations is called the perforation plate 
(IAWA Committee on Nomenclature, 1964; Wheeler et 


al., 1989). A perforation plate may have a single perfora¬ 
tion ( simple perforation plate ; Figs. 10.2D-F and 
10.3A) or several perforations ( multiple perforation 
plate). The perforations in a multiple perforation plate 
may be elongated and arranged in a parallel series ( sea- 
lariform perforation plate, from the Latin scalaris, 







Perforation plates. Scanning electron micrographs of the perforated end walls of vessel elements from secondary 
xylem. A, a simple perforation plate, with its single large opening, in Pelargonium vessel element. B, the ladder-like 
bars of a scalariform perforation plate between vessel elements in Rhododendron. C, foraminate perforation plate, 
with its circular perforations, in Ephedra. D, contiguous scalariform and reticulate perforation plates in Knema fur- 
furacea. (A-C, courtesy of P. Dayanandan; D, from Ohtani et al., 1992.) 
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ladder; Figs. 10.2C and 10.3B, D), or in a reticulate 
manner (reticulate perforation plate, from the Latin 
rete, net; Fig. 10.3D), or as a group of approximately 
circular holes (foraminate perforation plate, Fig. 
10.3C; see Fig. 10.16). Multiple perforation plates are 
rarely found in woody species of low altitude tropical 
forests. They are more common in woody species of 
tropical high mountain floras and of temperate and 
mild-mesothermic climates characterized by low tem¬ 
peratures during winter, whereas species with scalari- 
form perforation plates tend to be restricted to relatively 
nonseasonal mesic habitats, such as tropical cloud 
forests, summer-wet temperate forests, or boreal habi¬ 
tats where the soil never dries (Baas, 1986; Alves and 
Angyalossy-Alfonso, 2000; Carlquist, 2001). 

Perforations generally occur on the end walls, with 
the vessel elements joined end-on-end (Fig. 10.4), 
forming long, continuous columns, or tubes, called 
vessels. Perforations may be present on the lateral walls 
too. Each vessel element of a vessel bears a perforation 
plate at each end, except for the uppermost vessel 
element and the lowermost one. The uppermost vessel 
element lacks a perforation plate at its upper end, and 
the lowermost vessel element lacks a perforation plate 
at its lower end. The movement of water and solutes 
from vessel to vessel occurs through the pit-pairs in 
their common walls. The length of a vessel has been 
defined as the maximum distance that water can travel 



FIGURE 10.4 

Scanning electron micrograph showing parts of three 
vessel elements of a vessel in secondary xylem of red 
oak ( Quercus rubra). Notice the rims (arrows) of the 
end walls between the vessel elements, which are 
arranged end on end. (Courtesy of Irvin B. Sachs.) 


without crossing from one vessel to an adjacent one 
through a pit membrane (Tyree, 1993). 

A single vessel can consist of as few as two vessel 
elements (e.g., in the stem primary xylem of Scleria, 
Cyperaceae; Bierhorst and Zamora, 1965) or of hun¬ 
dreds or even thousands of vessel elements. In the latter 
case, vessel length cannot be determined by conven¬ 
tional microscopic methods. The approximate length of 
the longest vessels in a stem segment can be determined 
by forcing air through a piece of stem containing vessels 
that have been cut open at both ends (Zimmermann, 

1982) . The longest vessels of a species are slightly longer 
than the longest piece of stem through which air can 
be forced. Vessel-length distribution can be determined 
by forcing dilute latex paint through a piece of stem 
(Zimmermann and Jeje, 1981; Ewers and Fisher, 1989). 
The paint particles move from vessel element to vessel 
element via the perforations but are too large to pene¬ 
trate the minute pores of the pit membranes. As water 
is lost laterally the paint particles accumulate in the 
vessels until the vessels are packed with them. The stem 
then is cut into segments of equal length, and the paint- 
containing vessels, which are easily identified with a 
stereo microscope, are counted at different distances 
from the point of injection. Presuming that the vessels 
are randomly distributed, the distribution of vessel 
lengths can be calculated. Air-flow-rate measurement at 
given pressure gradients can be used instead of paint 
to determine vessel-length distribution (Zimmermann, 

1983) . 

The longest vessels occur in the earlywood of ring- 
porous species of woody eudicots. In ring-porous 
species, the vessels (pores) of the first-formed wood 
(earlywood) of a growth layer are especially wide (Fig. 
10.1; Chapter 11). Some of these large-diameter vessels 
have been found to extend through almost the entire 
length of the tree’s stem, although most were much 
shorter. A maximum length of 18 meters was measured 
in Fraxinus americana (Greenidge, 1952) and of 10.5 
to 11.0 meters in Quercus rubra (Zimmermann and 
Jeje, 1981). In general, vessel lengths are correlated with 
vessel diameters: wide vessels are longer and narrow 
vessels are shorter (Greenidge, 1952; Zimmermann and 
Jeje, 1981). Analyses of vessel-length distribution have 
shown, however, that xylem contains many more short 
vessels than long ones. 

A gradual increase in tracheary element size has been 
reported to occur from leaves to roots in trees and 
shrubs (Ewers et al., 1997). Both tracheid diameter and 
length increased from branches to trunk and down into 
the roots of Sequoia sempervirens (Bailey, 1958). In 
Acer rubrum, both vessel diameter and length gradually 
increased from twigs to branches, down the stem and 
into the roots (Zimmermann and Potter, 1982). Simi¬ 
larly, in Betula occidentals, vessels were narrowest in 
twigs, intermediate in trunks, and widest in roots 
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(Sperry and Saliendra, 1994). In general, roots have 
wider vessels than stems. Lianas are an exception, for 
their stem vessels are as wide as or wider than their root 
vessels (Ewers et al., 1997). The basipetal increase in 
vessel diameter is accompanied by a decrease in vessel 
density, that is, in the number of vessels per unit of 
transverse-sectional area. 

The Secondary Walls of Most Tracheary Elements 
Contain Pits 

Simple and bordered pits are found in the secondary 
walls of tracheids and vessel elements of the latest- 
formed primary xylern and of the secondary xylem. The 
number and arrangement of these pits are highly vari¬ 
able, even on different wall facets, or surfaces, of the 
same cell, because they depend on the type of cell bor¬ 
dering the particular wall facet. Usually numerous bor¬ 
dered pit-pairs occur between contiguous tracheary 
elements ( intervascular pitting ; Fig. 10.5); few or no 


pit-pairs may occur between tracheary elements and 
fibers; bordered, half-bordered, or simple pit-pairs are 
found between tracheary elements and parenchyma 
cells. In half-bordered pit-pairs the border is on the side 
of the tracheary element (Fig. 10.5K). 

The bordered pits in tracheary elements show three 
main types of arrangement: scalariform, opposite, and 
alternate. If the pits are elongated transversely and 
arranged in vertical, ladder-like series, the pattern is 
called scalariform pitting (Fig. 10.5A-C). Circular or 
oval bordered pits arranged in horizontal pairs or short 
horizontal rows characterize opposite pitting (Fig. 
10.5D, E). If such pits are crowded, their borders assume 
rectangular outlines in face view. When the pits are 
arranged in diagonal rows, the arrangement is alternate 
pitting (Figs. 10.5F, G and 10.8), and crowding results 
in borders that are polygonal (angular and with more 
than four sides) in outline in face view. Alternate pitt¬ 
ing is clearly the most common type of pitting in 
eudicots. 
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FIGURE 10.5 


Pits and patterns of pitting. A-C, scalariform pitting in surface (A) and side (B, C) views (Magnolia). D-E, opposite 
pitting in surface (D) and side (E) views ( Liriodendron ). F-G, alternate pitting surface (F) and side (G) views (Acer). 
A-G, bordered pit-pairs in vessel members. H-J, simple pit-pairs in parenchyma cells in surface (I) and side (H, J) 
views; H, in side wall; J, in end wall (Fraxinus). K, half-bordered pit-pairs between a vessel and a ray cell in side 
view (Liriodendron). L, M, simple pit-pairs with slit-like apertures in side (L) and surface (M) views (libriform fiber). 

N, O, bordered pit-pairs with slit-like inner apertures extended beyond the outline of the pit border; N, side view, 

O, surface view (hber-tracheid). P, Q, bordered pit-pairs with slit-like inner apertures included within the outline of 
the pit border; P, side view, Q, surface view (tracheid). L-Q, Quercus. (From Esau, 1977.) 
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The bordered pit-pairs of conifer tracheids have a 
particularly elaborate structure (Hacke et al., 2004). In 
the large, relatively thin-walled earlywood tracheids 
such pit-pairs commonly are circular in face view (Fig. 
10.6A) and the borders enclose a conspicuous cavity 
(Fig. 10.6B). In the center of the pit membrane there is 
a thickening, the torus (plural: tori), which is some¬ 
what larger in diameter than the pit apertures (Fig. 
10.6A, B). It is surrounded by the thin part of the pit 
membrane, the margo, which consists of bundles of 
cellulose microfibrils, most of them radiating from the 
torus (Figs. 10.6A and 10.7). The open structure of the 
margo results from the removal of the noncellulosic 
matrix of the primary wall and middle lamella during 
cell maturation. Thickenings of middle lamella and 
primary wall, called crassulae (singular: crassula, 
from the Latin, little thickening), may occur between 
pit-pairs (not apparent in Fig. 10.6A). The margo is flex¬ 
ible and under certain conditions of stress it moves 
toward one or the other side of the border, closing the 
aperture with the torus (Fig. 10.6C). When the torus is 
in this position, the movement of water through the 
pit-pair is restricted. Such pit-pairs are said to be aspi¬ 
rated. The torus is characteristic of the bordered pits 
in Gnetophyta and Coniferophyta, but may be poorly 
developed. Tori or torus-like structures have been found 
in several species of eudicots (Parameswaran and Liese, 
1981; Wheeler, 1983; Dute et al., 1990, 1996; Coleman 


et al., 2004; Jansen et al., 2004). The margo of these pit 
membranes differs from that of conifers in that, instead 
of bundles of cellulose microfibrils radiating from the 
torus, the microfibrils form a dense meshwork contain¬ 
ing many very small pores. No torus develops in the 
membrane of the half-bordered pit-pairs that occur in 
the walls between conifer tracheids and parenchyma 
cells. 

In certain eudicots the pit cavities and/or apertures 
are wholly or partly lined with minute protuberances 
on the secondary wall (Jansen et al., 1998, 2001). Mostly 
branched or irregularly shaped, these protuberances are 
called vestures, and such pits are referred to as ves¬ 
tured pits (Fig. 10.8). Vestures may occur in all cell 
types of the secondary xylem. They are not only associ¬ 
ated with pits, but can occur on the inner surface of the 
walls, at perforation plates, and on the helical thicken¬ 
ings (see below) of vessel walls (Bailey, 1933; Butterfield 
and Meylan, 1980; Metcalfe and Chalk, 1983; Carlquist, 
2001). Vestures also occur on tracheid walls of gymno- 
sperrns and have been observed in two groups of mono¬ 
cots, namely some species of bamboo (Parameswaran 
and Liese, 1977) and of palms (Hong and Killmann, 
1992). Minute unbranched protuberances, commonly 
called warts, also occur on tracheid walls in gymno- 
sperrns and vessel and fiber walls in angiosperms 
(Castro, 1988; Heady et al., 1994; Dute et al., 1996). 
Some workers consider there to be no difference 


aperture torus border 



FIGURE 10.6 

Bordered pits in conifer tracheids (A, Tsuga ; B, Abies', C, Finns). A, surface view of pits with thickening (torus) on 
pit membranes. B, C, pit-pairs in sectional views with torus (t) on pit membrane (pm) in median position (B) and 
appressed to the border (b in C; aspirated pit-pair). (A, X1070; B, C, X1425. A, from Bannan, 1941.) 
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FIGURE 10.7 

Scanning electron micrograph of bordered pit in earlywood tracheid of Pinus pungens. The border was cut away 
and the pit membrane is exposed. The pit membrane consists of an impermeable torus and a very porous margo. 
The microfibrils in the margo are predominantly in radial arrangement. (Courtesy of W. A. Cote Jr.) 



FIGURE 10.8 


Vestured pits in vessel of Gleditsia triacantha. A, middle lamella view; B, view seen from vessel lumen. The arrange¬ 
ment of these pits is alternate. (Courtesy of P. Dayanandan.) 
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between vestures and warts and recommend that the 
terms warts and warty layer be replaced by the terms 
vestures and vestured layer (Ohtani et al., 1984). 

Apparently most vestures consist largely of lignin 
(Mori et al., 1980; Ohtani et al., 1984; Harada and Cote, 
1985). Lignin has been reported as lacking from the 
vestures in some members of the Fabaceae (Ranjani and 
Krishnamurthy, 1988; Castro, 1991). Other components 
of vestures are hemicellulose and small amounts of 
pectin; cellulose is lacking (Meylan and Butterfield, 
1974; Mori et al., 1983; Ranjani and Krishnamurthy, 
1988 ). 

A striking correlation exists between the type of 
vessel perforation plate and vestured pits: virtually all 
taxa with vestured pits have simple perforation plates 
(Jansen et al., 2003). This correlation, among other 
factors, has led to the suggestion that vestured pits con¬ 
tribute to hydraulic safety. Results of one study support 
this suggestion. Evidence has been obtained that ves¬ 
tures limit the degree to which the pit membrane can 
be deflected from the center of the pit cavity, thus limit¬ 
ing the increase in porosity of the pit membrane that 
results from mechanical stress and reducing the proba¬ 
bility of air seeding through the membrane (Choat 
et al., 2004). 

Ridges, called helical thickenings, or helical sculp¬ 
tures, may form on the inner surface of the vessel ele¬ 
ments in a roughly helical pattern without covering 
the pits (Fig. 10.9). Within the secondary xylem, heli¬ 
cal thickenings are more common in the latewood 
(Carlquist and Hoekman, 1985). Helical thickenings 
appear to be more frequent in woody species of sub¬ 
tropical and temperate floras than in woody species of 
tropical floras (Van der Graaff and Baas, 1974; Baas, 1986; 
Alves and Angyalossy-Alfonso, 2000; Carlquist, 2001). 

As noted by Sperry and Hacke (2004), tracheid and 
vessel walls—the xylem conduit walls—perform three 
important functions. They (1) permit waterflow between 
adjacent conduits, (2) prevent air entry from gas-filled 
(embolized) conduits to adjacent water-filled functional 
ones, and (3) prevent implosion (wall collapse; Cochard 
et al., 2004) under the significant negative pressures of 
the transpiration stream. These functions are fulfilled 
by the lignified secondary walls, which provide strength, 
and by the pits, which allow water flow between 
conduits. 

Vessels Are More Efficient Conduits of Water 
Than Are Tracheids 

The greater efficiency of vessels as conduits of water 
(Wang et al., 1992; Becker et al., 1999) is due in part to 
the fact that water can flow relatively unimpeded from 
vessel element to vessel element through the perfora¬ 
tions in their end walls. By contrast, water flowing from 
tracheid to tracheid must pass through the pit mem- 



FIGURE 10.9 


Scanning electron micrograph of the secondary wall of 
a mature vessel of linden (Tilia platyphyllos) wood 
showing pits and helical thickenings. (From Vian et al., 
1992.) 


branes of the pit-pairs in their overlapping walls. The 
bordered pits in the tracheids of Tsuga canadensis have 
been estimated to account for about one-third of the 
total resistance to water flow though these conduits 
(Lancashire and Ennos, 2002). The torus-margo pit 
membrane of coniferous tracheids is more conductive, 
however, than the homogeneous vessel pit membrane 
(Hacke et al., 2004; Sperry and Hacke, 2004). The reason 
for the greater conductivity or efficiency of the torus- 
margo membrane is the presence of larger pores in the 
rnargo than in the pit membranes of vessels. 

The wider and longer that vessels are, the higher is 
their hydraulic conductivity (or the lower their re¬ 
sistance to water flow). Of these two parameters, 
vessel width has by far the greater effect on conductivity 
(Zimmermann, 1982, 1983). The hydraulic conductivity 
of the vessel is roughly proportional to the fourth power 
of its radius (or diameter). Thus, if the relative diameters 
of three vessels are 1, 2, and 4, the relative volumes of 
water flowing through them under similar conditions 
would be 1, 16, and 256, respectively. Consequently 
wide vessels are very much more efficient water conduc¬ 
tors than narrow vessels. However, whereas increased 
vessel diameter greatly increases efficiency of water 
conduction, at the same time it decreases safety. 
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With each 0.34 meter increase in height up the stems 
of chrysanthemum (Dendranthema x grandiflorum ), 
the hydraulic conductivity was found to decrease by 
50% (Nijsse et al., 2001). The decrease in conductivity 
was due to a decrease both in cross-sectional area and 
length of the vessels with stem height. With regard to 
the latter factor, higher in the stem the stream of water 
must traverse more interconduit connections—pit- 
pairs—per unit of stem length. The vessel lumina were 
calculated to account for about 70% of the hydraulic 
resistance, the pit-pairs at least part of the remaining 
30% (Nijsse et al., 2001). 

The columns of water in the conduits (vessels and/or 
tracheids) of the xylem are usually under tension and, 
consequently, are vulnerable to cavitation, that is, the 
formation of cavities within the conduits resulting in 
breakage of the water columns. Cavitation can precipi¬ 
tate an embolism, or blockage, of the conduit with air. 
Beginning with a single vessel element, the entire vessel 
may soon become filled with water vapor and air (Fig. 
10.10). The vessel is now dysfunctional and no longer 
capable of conducting water. Inasmuch as wide vessels 
tend to be longer than narrow vessels, it would be safer 
for the plant to have fewer wide vessels than narrow 
ones (Comstock and Sperry, 2000). Because of the rela¬ 
tively large size of their xylem conduits, roots tend to 
be more vulnerable to water stress-induced cavitation 
than stems or twigs (Mencuccini and Comstock, 1997; 
Linton et al., 1998; Kolb and Sperry, 1999; Martinez- 
Vilalta et al., 2002). 

Although the pit membranes provide significant resis¬ 
tance to the flow of water between conduits, they are 
very important to the safety of water transport. The 
surface tension of the air-water meniscus spanning the 
small pores in the pit membranes of the bordered pit- 
pairs between adjacent vessels usually prevents air 
bubbles from squeezing through the pores, helping to 
restrict them to a single vessel (Fig. 10.11; Sperry and 
Tyree, 1988). In conifer tracheids the passage of air is 
prevented by aspiration of the pit-pairs resulting in 
blockage of pit apertures by the tori. The margo pores 
are usually too large to contain an embolus. 

Two phenomena—freezing and drought—are largely 
responsible for cavitation events (Hacke and Sperry, 
2001). During winter and the growing season, most 
embolisms in temperate woody plants are associated 
with freeze-thaw events (Cochard et al., 1997). The 
xylem sap contains dissolved air. As the sap freezes, the 
dissolved gases freeze out as bubbles. Considerable evi¬ 
dence indicates that large diameter vessels are more 
vulnerable to freezing-induced embolism than narrow 
diameter vessels and conifer tracheids least of all (Sperry 
and Sullivan, 1992; Sperry et al., 1994; Tyree et al., 
1994). As noted by Sperry and Sullivan (1992), this may 
explain the trend for decreasing conduit size with 
increasing latitude and altitude (Baas, 1986), the rarity 



perforation 

plate 


bordered 

pit-pair 


embolism 


liquid water 

FIGURE 10.10 


Embolized vessel element. An embolism consisting of 
water vapor has blocked the movement of water through 
a single vessel element. However, water is able to detour 
around the embolized element via the bordered pit-pairs 
between adjacent vessels. The vessel elements shown 
here are characterized by scalariform perforation plates. 
(From Raven et al., 2005.) 


of woody vines, with their wide vessels, at high latitudes 
(Ewers, 1985; Ewers et al., 1990), and the dominance of 
conifers, with their narrow tracheids, in cold climates 
(see Maherali and DeLucia, 2000, and Stout and Sala, 
2003, and literature cited therein, for discussions on 
xylem vulnerability in conifers). 

Drought-induced water stress increases the tension 
of the xylem sap, that is, of the fluid contents of the 
xylem. When this tension exceeds the surface tension 
at the air-water meniscus spanning the pores in the pit 
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Diagram showing bordered pit-pair between tracheary 
elements, one of which is embolized and thus nonfunc¬ 
tional (A). B, detail of a pit membrane. When a tracheary 
element is embolized, air is prevented from spreading 
to the adjacent functional tracheary element by the 
surface tension of the air-water meniscus spanning the 
pores in the pit membrane. (From Raven et al., 2005.) 


membrane, air may be pulled into a functional conduit 
(Sperry and Tyree, 1988). This process is known as air 
seeding (Zimmermann, 1983; Sperry and Tyree, 1988). 
The largest pores are the most vulnerable to the pene¬ 
tration of air. A plant is susceptible to this mode of 
embolism any time even one of its vessels or tracheids 
becomes air-filled by physical damage (for example, by 
wind or herbivory). In conifers, air seeding probably 
occurs when the pressure difference between tracheids 
becomes large enough to rip the torus out of its position 
(Sperry and Tyree, 1990). 

Considerable discourse has taken place over possible 
mechanisms involved with the recovery of hydraulic 
conductance following xylem embolism (Salleo et al., 
1996; Holbrook and Zwieniecki, 1999; Tyree et al., 1999; 
Tibbetts and Ewers, 2000; Zwieniecki et al., 2001a; 
Hacke and Sperry, 2003). Two mechanisms have been 
attributed to the recovery of hydraulic conductivity by 
beech (Fagus sylvatica ) trees that experience winter 
embolism (Cochard et al., 2001b). One mechanism is 


operative in early spring, before bud break, and is cor¬ 
related with the occurrence of positive xylem pressures 
at the base of the trunk. The positive xylem pressures 
actively dissolve the embolisms. The second recovery 
mechanism is operative after bud break and is corre¬ 
lated with the renewal of cambial activity. At this time 
embolized vessels are replaced by new, functional 
vessels. As noted by Cochard et al. (2001b), the two 
mechanisms are complementary: the first occurs mostly 
in the root and the trunk, and the second mainly in 
young terminal shoots. In another study, winter embo¬ 
lism in branches of birch (Betula spp.) and alder (Alnus 
spp.) trees was reversed by refilling vessels with positive 
root pressures during spring, whereas branches of 
gambel oak (Quercus gambelif) trees relied on the pro¬ 
duction of new functional vessels to restore hydraulic 
conductance (Sperry et al., 1994). Like the beech tree, 
birch and alder trees are diffuse porous; gambel oak is 
ring porous. 

Although positive root pressures long have been 
known to play a role in the refilling of embolized xylem 
conduits (Milburn, 1979), there have been reports that 
embolized vessels can refill in the absence of root pres¬ 
sure and when the xylem pressure is substantially nega¬ 
tive (Salleo et al., 1996; Tyree et al., 1999; Hacke and 
Sperry, 2003). Embolisms have been reported to occur 
daily in many vessels in the shoots (Canny, 1997a, b) and 
roots (McCully et al., 1998; Buchard et al., 1999; McCully, 
1999) of transpiring herbaceous plants. Whereas it is 
generally presumed that refilling with water of emboli¬ 
zed vessels occurs after transpiration has ceased, refill¬ 
ing of the embolized vessels in the pertinent herbaceous 
plants reportedly takes place while the plants are still 
transpiring and the xylem sap is still under tension. The 
conclusions drawn from these studies have been criti¬ 
cized by several workers who contend that the observed 
embolisms are artifacts that result from the freezing 
procedure (cryo-microscopy) used in these studies 
(Cochard et al., 2001a; Richter, 2001; see, however, 
Canny et al., 2001). 

Sculpturing of vessel walls and the nature of the 
perforation plates may influence vulnerability to embo¬ 
lism. It has been suggested, for example, that helical 
thickenings may reduce the occurrence of embolism 
events by virtue of increasing the surface area of vessels, 
and therefore increasing the bonding of water to vessel 
walls (Carlquist, 1983). Helical thickenings may also 
increase the conductive capacity of narrow vessels, 
which would provide a causal explanation for their 
prevalence in narrow latewood vessels (Roth, 1996). 
Scalariform perforation plates have been cited as a 
mechanism of trapping air bubbles in individual vessel 
elements and hence preventing blockage of entire 
vessels (Zimmermann, 1983; Sperry, 1985; Schulte et al., 
1989; Ellerby and Ennos, 1998). Although the resistance 
of simple perforation plates to flow is lower than that 
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of all but the simplest of scalariform perforation plates, 
scalariform perforation plates—even those with narrow 
perforations—are only slight obstructions to flow 
(Schulte et al., 1989). Regardless of the type of perfora¬ 
tion plate, the vast majority of flow resistance in vessel 
elements appears to be due to the vessel wall (Ellerby 
and Ennos, 1998). 

Fibers Are Specialized as Supporting Elements in 
the Xylem 

The fibers are long cells with secondary, commonly lig- 
nified, walls. The walls vary in thickness but are usually 
thicker than the walls of tracheids in the same wood. 
Two principal types of xylem fiber are recognized, the 
fiber-tracheids and the libriform fibers (Chapter 8). If 
both occur in the same wood, the libriform fiber is 
longer and commonly has thicker walls than the fiber- 
tracheid. The fiber-tracheids (Fig. 10.5N, O) have bor¬ 
dered pits with cavities smaller than the pit cavities of 
tracheids or vessels (Fig. 10.5P, Q) in the same wood. 
These pits have a pit canal with a circular outer aperture 
and an elongated or slit-like inner aperture (Chapter 

4). 

The pit in a libriform fiber has a slit-like aperture 
toward the cell lumen and a canal resembling a much 
flattened funnel, but no pit cavity (Fig. 10.5L, M). In 
other words, the pit has no border; it is simple. The ref¬ 
erence to the pits of libriform fibers as simple implies a 
sharper distinction than actually exists. The fibrous 
xylem cells show a graduated series of pits between 
those with pronounced borders and those with vestigial 
borders or no borders. The intergrading forms with 
recognizable pit borders are placed, for convenience, in 
the fiber-tracheid category (Panshin and de Zeeuw, 
1980 ). 

Fibers of both categories may be septate (Chapter 8). 
Septate fibers (Fig. 8.6A; see Fig. 10.15), which are 
widely distributed in eudicots and are quite common in 
tropical hardwoods, usually retain their protoplasts in 
the mature active wood (Chapter 11), where they are 
concerned with the storage of reserve materials (Frison, 
1948; Fahn and Leshem, 1963). Thus the living fibers 
approach xylem parenchyma cells in structure and 
function. The distinction between the two is particu¬ 
larly tenuous when the parenchyma cells develop sec¬ 
ondary walls and septa. The retention of protoplasts by 
fibers is an indication of evolutionary advance (Bailey, 
1953; Bailey and Srivastava, 1962), and where living 
fibers are present, the axial parenchyma is small in 
amount or absent (Money et al., 1950). 

Another modification of fiber-tracheids and libriform 
fibers are the so-called gelatinous fibers (Chapter 8). 
Gelatinous fibers (Fig. 8.7; see Fig. 10.15) are common 
components of the reaction wood (Chapter 11) in 
eudicots. 


Living Parenchyma Cells Occur in Both the Primary 
and Secondary Xylem 

In the secondary xylem the parenchyma cells are com¬ 
monly present in two forms: axial parenchyma and 
ray parenchyma (see Fig. 10.16). The axial paren¬ 
chyma cells are derived from the elongated fusiform 
initials of the vascular cambium, and consequently their 
long axes are oriented vertically in the stem or root. If 
the derivative of such a cambial cell differentiates into 
a parenchyma cell without transverse (or oblique) divi¬ 
sions, a fusiform parenchyma cell results. If such 
divisions occur, a parenchyma strand is formed. 
Parenchyma strands occur more commonly than fusi¬ 
form parenchyma cells. Neither type undergoes intru¬ 
sive growth. The ray parenchyma cells, which are 
derived from the relatively short ray initials of the vas¬ 
cular cambium, may have their long axes oriented either 
vertically or horizontally with regard to the axis of stem 
or root (Chapter 11). 

The ray parenchyma and axial parenchyma cells of 
the secondary xylem typically have lignified secondary 
walls. The pit-pairs between parenchyma cells may be 
bordered, half-bordered, or simple (Carlquist, 2001), 
although they are almost always simple (Fig. 10.5H-J). 
Some parenchyma cells deposit thick secondary walls. 
These are sclerotic cells, or sclereids. 

The parenchyma cells of the xylem have a variety of 
contents. They are particularly known for their storage 
of food reserves in the form of starch or fat. In many 
deciduous trees of the temperate zone, starch accumu¬ 
lates in late summer or early autumn and declines during 
dormancy as the starch is converted to sucrose at low 
winter temperatures (Zimmermann and Brown, 1971; 
Kozlowski and Pallardy, 1997a; Holl, 2000). The dissolu¬ 
tion of starch during full dormancy may be primarily a 
protective action against frost injury (Essiamah and 
Eschrich, 1985). Starch is resynthesized and accumu¬ 
lates a second time at the end of dormancy in early 
spring. It subsequently decreases as reserves are utilized 
during the early season growth flush. The fat and storage 
protein contents of the parenchyma cells also vary sea¬ 
sonally (Fukazawa et al., 1980; Kozlowski and Pallardy, 
1997b; Holl, 2000). 

Tannins and crystals are common inclusions (Scur- 
field et al., 1973; Wheeler et al., 1989; Carlquist, 2001). 
The types of crystals and their arrangements may be 
sufficiently characteristic to serve in identification of 
woods. Prismatic (rhomboidal) crystals are the most 
common type of crystal in wood. Crystal-containing 
parenchyma cells frequently have lignified walls with 
secondary thickenings and may be chambered, or sub¬ 
divided, by septa, each chamber containing a single 
crystal. Cells may secrete a layer of secondary wall mate¬ 
rial around the crystals. Generally, this layer of wall 
material is relatively thin, but in some instances, it may 
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be so thick as to fill most of the cell lumen between the 
crystal and the primary wall. In herbaceous plants and 
young twigs of woody plants chloroplasts often occur 
in xylary parenchyma cells, particularly the ray paren¬ 
chyma cells (Wiebe, 1975). 

In Some Species the Parenchyma Cells Develop 
Protrusions—Tyloses—That Enter the Vessels 

In the secondary xylem both the axial and the ray paren¬ 
chyma cells located next to the vessels may form out¬ 
growths through the pit cavities and into the lurnina of 
the vessels when the latter become inactive and lose 
their internal pressure (Fig. 10.12). These outgrowths 
are called tyloses (singular: tylose), and the paren¬ 
chyma cells that give rise to them are referred to as 
contact cells (Braun, 1967, 1983) because they literally 
are in direct contact with the vessels (contact cells are 
considered further in Chapter 11). Contact cells are 
characterized by the presence of a loosely fibrillar cel¬ 
lulose-poor, pectin-rich wall layer that is deposited 
by the protoplast after completion of secondary wall 
formation (Czaninski, 1977; Gregory, 1978; Mueller and 


Beckman, 1984). Called the protective layer, it com¬ 
monly is deposited on all surfaces of the contact cell 
wall but is thickest on the side of the cell bordering the 
vessel, especially at the pit membrane. 

During tylosis, or tylose formation, the protective 
layer balloons out as a tylose into the lumen of the vessel 
(Fig. 10.13). The nucleus and part of the cytoplasm of 
the parenchyma cell commonly migrate into the tylose. 
Growth of the tylose appears to be hormonally con¬ 
trolled (VanderMolen et al., 1987). Tyloses store a variety 
of substances and may develop secondary walls. Some 
even differentiate into sclereids. Tyloses are rarely found 
when the pit aperture on the vessel side is less than 
10 pm in diameter (Chattaway, 1949), indicating that 
tylose formation may be physically limited by a minimal 
contact pit diameter (van der Schoot, 1989). In addition 
to secondary xylem, tyloses also occur in primary xylem 
(Czaninski, 1973; Catesson et al., 1982; Canny, 1997c; 
Keunecke et al., 1997). 

Tyloses may be so numerous that they completely fill 
the lumen of the vessel element. In some woods, they 
are formed as the vessels cease to function (Fig. 10.12A, 
D). Tyloses are often induced to form prematurely by 



FIGURE 10.12 


Tyloses in Vitis (grapevine, A-C) and Carya ovata (shagbark hickory, D) vessels as seen in transverse (A) and longi¬ 
tudinal (B-D) sections of xylem. A, left, young tyloses; right, vessel filled with tyloses. B, continuity between lumina 
of tyloses and parenchyma cell. C, nuclei have migrated from parenchyma cells to tyloses. D, scanning electron 
micrograph of vessel filled with tyloses. (A, X290; B, C, X750; D, X170. D, courtesy of Irvin B. Sachs.) 
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ray cell 


FIGURE 10.13 


Diagram of ray cell that has formed a tylose protruding 
through a pit into the lumen of a vessel. The tylose- 
forming layer is also called protective layer. (From Esau, 
1977.) 


plant pathogens and may serve as a defensive mecha¬ 
nism by inhibiting the spread of the pathogen through¬ 
out the plant via the xylem (Beckman and Talboys, 1981; 
Mueller and Beckman, 1984; VanderMolen et al., 1987; 
Clerivet et al., 2000). In Fusarium -infected banana, a 
protective layer is not associated with tylose formation 
(VanderMolen et al., 1987). 


IPHVLOGENETIC SPECIALIZATION OF TRRCHEflRV 
ELEMENTS AND EIDERS 

The xylem occupies a unique position among plant 
tissues in that the study of its anatomy has come to play 
an important role with reference to taxonomy and phy¬ 
togeny. The lines of specialization of the various struc¬ 
tural features have been better established for the xylem 
than for any other single tissue. Among the individual 
lines, those pertaining to the evolution of the trach- 
eary elements have been studied with particular 
thoroughness. 

The tracheid is a more primitive element than the 
vessel element. It is the only kind of tracheary element 


found in the fossil seed plants (Stewart and Rothwell, 
1993; Taylor and Taylor, 1993) and in most of the living 
seedless vascular plants and gymnosperms (Bailey and 
Tupper, 1918; Gifford and Foster, 1989). 

The specialization of tracheary elements coincided 
with the separation of the functions of conduction and 
strengthening that occurred during the evolution of vas¬ 
cular plants (Bailey, 1953). In the less specialized state, 
conduction and support are combined in tracheids. 
With increased specialization, conducting elements—the 
vessel elements—evolved with greater efficiency in con¬ 
duction than in support. In contrast, fibers evolved as 
primarily strengthening elements. Thus from primitive 
tracheids two lines of specialization diverged, one toward 
the vessels and the other toward the fibers (Fig. 10.14). 

Vessel elements evolved independently in certain 
ferns, including the whisk ferns, Psilotum nudum and 
Tmesipteris obliqua (Schneider and Carlquist, 2000c; 
Carlquist and Schneider, 2001), Equisetum (Bierhorst, 
1958), Selaginella (Schneider and Carlquist, 2000a, b), 
the Gnetophyta (Carlquist, 1996a), monocots, and 
“dicots” (Austrobaileyales, magnoliids, and eudicots). In 
the eudicots, vessel elements originated and underwent 
specialization first in the secondary xylem, then in the 
late primary xylem (metaxylem), and last in the early 
primary xylem (protoxylem). In the primary xylem of 
the monocots, origin and specialization of vessel ele¬ 
ments also occurred first in the metaxylem, then in the 
protoxylem; furthermore, in the monocots, vessel ele¬ 
ments appeared first in the root and later in stems, 
inflorescence axes, and leaves, in that order (Cheadle, 
1953; Fahn, 1954). The relation between the first appear¬ 
ance of vessels and type of organ in eudicots has been 
explored less completely, but some data indicate an evo¬ 
lutionary lag in leaves, floral appendages, and seedlings 
(Bailey, 1954). 

In the secondary xylem of eudicots, species with 
vessel elements arose from ones with tracheids bearing 
scalariform bordered pits (Bailey, 1944). Transition from 
a vesselless to a vessel-containing condition involved 
toss of pit membranes from a part of the wall bearing 
several bordered pits. Thus, a pitted wall part became 
a scalariform perforation plate (Fig. 10.14G, H). Rem¬ 
nants of membranes occur in the perforations of vessel 
elements of many primitive eudicots and are regarded 
as a primitive feature in eudicots (Carlquist 1992, 1996b, 
2001). The tracheid-vessel transition is not a sharp one; 
all degrees of intermediacy may be found (Carlquist and 
Schneider, 2002). 

The Major Trends in the Evolution of the Vessel 
Element Are Correlated with Decrease in Vessel 
Element Length 

1. Decrease in length. The most clearly established 

trend in evolution of the vessel elements is decrease 
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Main lines of specialization of tracheary elements and fibers. E-G, long tracheids from primitive woods. (G, reduced 
in scale.) E, F, circular bordered pits; G, elongated bordered pits in scalariform arrangement. D-A, evolution of fibers: 
decrease in length, reduction in size of pit borders, and change in shape and size of pit apertures. H-K, evolution 
of vessel elements: decrease in length, reduction in inclination of end walls, change from scalariform to simple per¬ 
foration plates, and from opposite to alternate pit arrangement. (After Bailey and Tupper, 1918.) 
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in length (Fig. 10.14H-K). Longer vessel elements are 
found in more primitive groups (those with more 
numerous primitive floral features) and shorter vessel 
elements in more specialized ones (those with more 
numerous specialized floral features). The evolution¬ 
ary sequence of vessel element types in the second¬ 
ary xylern of eudicots began with long scalariformly 
pitted tracheids similar to those found in some primi¬ 
tive eudicots. These tracheids were succeeded by 
vessel elements of long narrow shape with tapering 
ends. The vessel elements then underwent a progres¬ 
sive decrease in length. The phylogenetic shortening 
of vessel elements is a particularly consistent charac¬ 
teristic and has occurred in all vascular plants that 
have developed vessels (Bailey, 1944). Other trends 
in vessel element evolution are defined by correlation 
with the decrease in vessel element length. 

2. Inclined to transverse end walls. As the vessel 
elements shortened, their end walls became less 
inclined and finally transverse. Thus the vessel ele¬ 
ments gradually acquired definite end walls of 
decreasing degree of inclination, in contrast to the 
tapering ends of tracheids. 

3. Scalariform to simple perforation plates. In the 
more primitive state the perforation plate was sca¬ 
lariform, with numerous bars resembling a wall with 
scalariformly arranged bordered pits devoid of pit 
membranes. Increase in specialization resulted in 
removal of the borders and then a decrease in the 
number of bars until finally bars were totally elimi¬ 
nated. Thus a pitted wall part became a scalariform 
perforation plate, which later evolved into a simple 
perforation plate bearing a single opening (Fig. 
10.14G-I). 

4. Scalariform bordered pitting to alternate bor¬ 
dered pitting. The pitting of vessel walls also 
changed during the evolution. In intervessel pitting, 
bordered pit-pairs in scalariform series were replaced 
by bordered pit-pairs, first in opposite and later in 
alternate arrangement (Fig. 10.14H-K). The pit-pairs 
between vessels and parenchyma cells changed from 
bordered, through half-bordered, to simple. 

5. Vessel outline from angular to rounded (as 
seen in transverse section). In eudicotyledonous 
vessels, angularity in outline is considered to be the 
primitive state and roundness a specialized condi¬ 
tion. Interestingly a correlation exists between angu¬ 
larity and narrowness of vessels. Vessels that are 
rounded in outline tend to be wider. 

Presumably phylogenetic specialization of the vessel 
element proceeded in the direction of increased con¬ 
ductive efficiency or safety, although the relationship 
between the trends and their adaptive value is not 
always obvious. For example, there is little agreement 


on the functional value of decreased vessel element 
length, although shorter vessel elements are found in 
eudicots of drier habitats than in related eudicots of 
wetter habitats (Carlquist, 2001). The adaptive value of 
the trend from scalariform to opposite to alternate pits 
appears to be a gain in mechanical strength in the vessel 
wall rather than safety or conductivity (Carlquist, 1975). 
Although not as well defined a trend in vessel evolution 
as others, widening of vessel elements obviously resulted 
in greater conductive capacity. 

Deviations Exist in Trends of Vessel 
Element Evolution 

The different trends of specialization of tracheary ele¬ 
ments discussed in the preceding paragraphs are not 
necessarily closely correlated within specific groups of 
plants. Some of these trends may be accelerated and 
others retarded, so that the more and the less highly 
specialized characters occur in combinations. Moreover 
plants may secondarily acquire characteristics that 
appear primitive because of evolutionary loss. Vessels, 
for example, may be lost through nondevelopment of 
perforations in potential vessel elements. In aquatic 
plants, parasites, and succulents, vessels may fail to 
develop concomitantly with a reduction of vascular 
tissue. These vesselless plants are highly specialized as 
contrasted with the primitively vesselless angiosperms 
exemplified by Trochodendron, Tetracentron, Drimys, 
Pseudowintera, and others (Bailey, 1953; Cheadle, 1956; 
Lemesle, 1956). In some families, for example the Cac- 
taceae and Asteraceae, evolutionary degeneration of 
vessel elements involved a decrease in width of cells and 
nondevelopment of perforations (Bailey, 1957; Carlquist, 
1961). The resulting nonperforate cells, having the same 
kind of pitting as the vessel elements of the same wood, 
are referred to as vascular tracheids. Another deviat¬ 
ing trend in specialization may be the development of 
perforation plates of a reticulate type in an otherwise 
phylogenetically highly advanced family such as the 
Asteraceae (Carlquist, 1961). 

Despite these inconsistencies the major trends of 
vessel element specialization in angiosperms are so reli¬ 
ably established that they play a significant role in the 
determination of specialization of other structures in 
the xylem. Although the major trends in xylem evolu¬ 
tion have generally been regarded as irreversible, the 
results of studies on ecological wood anatomy, which 
revealed that strong correlations exist between wood 
structure and macroclimatic environmental factors (e.g., 
temperature, seasonality, and water availability), cast 
doubt on the total irreversibility of the evolutionary 
trends (see discussion and references in Endress et al., 
2000). The idea of irreversibility has also been chal¬ 
lenged by cladistic analyses that indicate vessellessness 
is a derived state rather than being a primitive one 
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(e.g., Young, 1981; Donoghue and Doyle, 1989; Loconte 
and Stevenson, 1991). It has been hypothesized that the 
vesselless condition in the Winteraceae has resulted 
from the loss of vessels as an adaptation to freezing- 
prone environments (Feild et al., 2002). Elegant and 
convincing defenses in support of the concept of irre¬ 
versibility in general have been made by Baas and 
Wheeler (1996) and by Carlquist (1996b). 

Whether or not the angiosperms were primitively 
vesselless remains a contentious issue (Herendeen et al., 
1999; Endress et al., 2000). Thus far there is no evidence 
in the albeit sparse fossil record that angiosperms were 
originally vesselless. In fact vessel-bearing angiosperms 
with fairly advanced woods occur in the Middle and 
Upper Cretaceous (Wheeler and Baas, 1991), whereas 
the oldest vesselless angiosperm woods are from the 
Upper Cretaceous (Poole and Francis, 2000). Additional 
paleobotanical data may help to resolve this problem. 
The apparent lack of vessels in Amborella —considered 
by many as sister to all other angiosperms—suggests 
that the ancestral angiosperm condition was vesselless 
(Parkinson et al., 1999; Zanis et al., 2002; Angiosperm 
Phylogeny Group, 2003). 

Although vessel elements evolved in angiosperms, 
tracheids were retained, and they too underwent phy¬ 
logenetic changes. The tracheids became shorter, but 
not as short as the vessel elements, and the pitting of 
their walls became essentially similar to that of the 
associated vessel elements. The tracheids generally did 
not increase in width. Tracheids may be retained for 
reasons of conductive safety, although they are present 
in only a relatively small proportion of extant woods. 

Like Vessel Elements and Tracheids, Fibers Have 
Undergone a Phylogenetic Shortening 

In the specialization of xylem fibers (Fig. 10.14D-A) the 
emphasis on mechanical function became apparent in 
the decrease in cell width and reduction in wall area 
occupied by the pit membrane. Concomitantly the pit 
borders became reduced and eventually disappeared. 
The inner apertures of the pit became elongated and 
then slit-like, paralleling the cellulose microfibrils that 
compose the wall. The evolutionary sequence was from 
tracheids, through fiber-tracheids, to libriform fibers. 
The two types of fiber intergrade with each other and 
also with the tracheids. Because of this lack of clear 
separation between fibers and tracheids the two kinds 
of elements have at times been grouped together under 
the term imperforate tracheary elements (Bailey and 
Tupper, 1918; Carlquist, 1986). Fibers are most highly 
specialized as supporting elements in those woods that 
have the most specialized vessel elements (Fig. 10.15), 
whereas such fibers are lacking in woods with tracheid- 
like vessel elements (Fig. 10.16). A further evolutionary 
advance results in the retention of protoplasts by septate 
fibers (Money et al., 1950). 


The matter of evolutionary change in length of fibers 
is rather complex. The shortening of vessel elements is 
correlated with a shortening of the fusiform cambial 
initials (Chapter 12) from which the axial cells of the 
xylem are derived. Thus in woods with shorter vessel 
elements the fibers are derived ontogenetically from 
shorter initials than in more primitive woods with 
longer vessel elements. In other words, with increase in 
xylem specialization the fibers become shorter. Because, 
however, during ontogeny fibers undergo intrusive 
growth whereas vessel elements do so only slightly or 
not at all, the fibers are longer than the vessel elements 
in the mature wood, and of the two categories of fibers, 
the libriform fibers are the longer ones. Nevertheless, 
the fibers of specialized woods are shorter than their 
ultimate precursors, the primitive tracheids. 

I PRIMARY XYLEM 

Some Developmental and Structural Differences Exist 
between the Earlier and Later Formed Parts of the 
Primary Xylem 

Developmentally the primary xylem usually consists of 
an earlier formed part, the protoxylem (from the Greek 
proto, first) and a later formed part, the metaxylem 
(from the Greek meta, after or beyond) (Figs. 10.17 and 
10.18B). Although the two parts have some distinguish¬ 
ing characteristics, they merge with one another imper¬ 
ceptibly so that the delimitation of the two can be made 
only approximately. 

The protoxylem differentiates in the parts of the 
primary plant body that have not completed their 
growth and differentiation. In fact in the stem and leaf 
the protoxylem usually matures before these organs 
undergo intensive elongation. Consequently the mature 
nonliving tracheary elements of the protoxylem are 
stretched and eventually destroyed. In the root the pro¬ 
toxylem elements frequently mature beyond the region 
of major elongation and hence persist longer than in the 
shoot. 

The metaxylem commonly begins to differentiate in 
the still growing primary plant body, but matures largely 
after the elongation is completed. It is therefore less 
affected by the primary extension of the surrounding 
tissues than the protoxylem. 

The protoxylem usually contains relatively few tra¬ 
cheary elements (tracheids or vessel elements) embed¬ 
ded in parenchyma that is considered to be part of the 
protoxylem. When the tracheary elements are destroyed 
they may become obliterated by surrounding paren¬ 
chyma cells. The latter either remain thin walled or 
become lignihed, with or without the deposition of 
secondary walls. In the shoot xylem of many monocots 
the stretched nonfunctioning elements are partly col¬ 
lapsed but not obliterated; instead, open canals, the so- 
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FIGURE 10.15 

Isolated elements from secondary xylem of Aristolochia brasiliensis, a eudicotyledonous vine. Specialized wood 
with elements of axial system diverse in form. Fibers are libriform, with reduced pit borders. Some are thin-walled 
and septate; others have thick gelatinous walls. Tracheids are elongated and irregular in shape, with slightly bordered 
pits. Vessel elements are short and have simple perforations. Pits connecting vessel elements with other tracheary 
elements are slightly bordered; others are simple. Axial parenchyma cells are irregular in shape and have simple pits. 
Ray parenchyma cells are not shown. They are relatively large, with thin primary walls. (All, xl30.) 


called protoxylemlacunae, surrounded by parenchyma 
cells appear in their place (see Fig. 13-33B). The second¬ 
ary walls of the nonfunctioning tracheary elements may 
be seen along the margin of the lacuna. 

The metaxylem is, as a rule, a more complex tissue 
than the protoxylem, and its tracheary elements are 
generally wider. In addition to tracheary elements and 
parenchyma cells, the metaxylem may contain fibers. 
The parenchyma cells may be dispersed among the tra¬ 
cheary elements or may occur in radial rows. In trans¬ 
verse sections the rows of parenchyma cells resemble 


rays, but longitudinal sections reveal them as axial 
parenchyma. The radial seriation often encountered in 
the metaxylem, and also in the protoxylem, has at times 
led investigators to interpret the primary xylem of many 
plants as secondary, for radial seriation is characteristic 
of the secondary vascular tissue. 

The tracheary elements of the metaxylem are retained 
after primary growth is completed but become non¬ 
functional after some secondary xylem is produced. In 
plants lacking secondary growth the metaxylem remains 
functional in mature plant organs. 
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FIGURE 10.16 

Isolated elements from secondary xylem of Ephedra californica (Gnetales). Primitive wood with relatively little 
morphologic differentiation among elements of axial system. Typical fibers are absent. Axial and ray parenchyma 
cells have secondary walls with simple pits. Fiber-tracheids have living contents and pits with reduced borders. Tra- 
cheids have pits with large borders. Vessel elements are slender, elongated, and have foraminate perforation plates. 
(All, X155.) 


The Primary Tracheary Elements Have a Variety of with net-like, or reticulate, thickenings, and finally by 

Secondary Wall Thickenings pitted elements. 

The different forms of wall appear in a specific ontoge- Not all types of secondary thickenings are necessarily 

netic series that indicates a progressive increase in the represented in the primary xylem of a given plant or 

extent of the primary wall area covered by secondary plant part, and the different types of wall structure 

wall material (Fig. 10.18). In the earliest tracheary ele- intergrade. The annular thickenings may be intercon- 

ments the secondary walls may occur as rings (annular nected here and there, annular and helical or helical and 

thickenings) not connected with one another. The ele- scalariform thickenings may be combined in the same 

ments differentiating next have helical (spiral) thick- cell, and the difference between scalariform and reticu- 

enings. Then follow cells with thickenings that may be late is sometimes so tenuous that the thickening may 

characterized as helices with coils interconnected (sea- best be called scalariform-reticulate. The pitted ele- 

lariform thickenings). These are succeeded by cells ments also intergrade with the earlier ontogenetic type. 
























Vascular bundle from stem of Medicago sativa (alfalfa) in cross section. Illustrates primary xylem and phloem. The 
cambium has not yet produced secondary tissues. The earliest xylem (protoxylem) and phloem (protophloem) are 
no longer functioning in conduction. Their conducting cells have been obliterated. The functional tissues are meta- 
xylern and metaphloem. (From Esau, 1977.) 


The openings in a scalariform reticulum of the second¬ 
ary wall may be comparable to pits, especially if a slight 
border is present. A border-like overarching of the sec¬ 
ondary wall is common in the various types of second¬ 
ary wall in the primary xylem. Rings, helices, and the 
bands of the scalariform-reticulate thickenings may be 
connected to the primary wall by narrow bases, so the 
secondary wall layers widen out toward the lumen of 
the cell and overarch the exposed primary wall parts 
(see Fig. 10.25A). 

The intergrading nature of the secondary wall thick¬ 
enings in the primary xylem makes it impossible to 


assign distinct types of wall thickenings to the protoxy¬ 
lem and the metaxylem with any degree of consistency. 
Most commonly the first tracheary elements to mature, 
that is, protoxylem elements, have the minimal amounts 
of secondary wall material. Annular and helical thicken¬ 
ings predominate. These types of thickening do not 
hinder materially the stretching of the mature protoxy¬ 
lem elements during the extension growth of the 
primary plant body. The evidence that such stretching 
occurs is easily perceived in the increase in distance 
between rings in older xylem elements, the tilting of 
rings, and the uncoiling of the helices (Fig. 10.19). 
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Details of structure and development of primary xylem. A, diagram of a shoot tip showing stages in xylem develop¬ 
ment at different levels. B-D, primary xylem of castor bean, Ricinus, in cross (B) and longitudinal (C, D) sections. 
(From Esau, 1977.) 


The metaxylem, in the sense of xylem tissue matur¬ 
ing after the extension growth, may have helical, sca- 
lariform, reticulate, and pitted elements; one or more 
types of thickening may be omitted. If many elements 
with helical thickenings are present, the helices of the 
succeeding elements are less and less steep, a condition 
suggesting that some stretching occurs during the devel¬ 
opment of the earlier metaxylem elements. 

Convincing evidence exists that the type of wall 
thickening in primary xylem is strongly influenced by 


the internal environment in which these cells differenti¬ 
ate. Annular thickenings develop when the xylem begins 
to mature before the maximum extension of the plant 
part occurs, as for example, in the shoots of normally 
elongating plants (Fig. 10.18A, nodes 3-5); they may be 
omitted if the first elements mature after this growth 
is largely completed, as is common in the roots. If the 
elongation of a plant part is suppressed before the first 
xylem elements mature, one or more of the early onto¬ 
genetic types of thickenings are omitted. On the 
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FIGURE 10.19 


Parts of tracheary elements from the first-formed pri¬ 
mary xylem (protoxylem) of the castor bean (Ricinus 
communis). A, tilted annular (the ring-like shapes at 
left) and helical wall thickenings in partly extended ele¬ 
ments. B, double helical thickenings in elements that 
have been extended. The element on the left has been 
greatly extended, and the coils of the helices have been 
pulled far apart. (A, X275; B, X390.) 


contrary, if elongation is stimulated, for example, by 
etiolating, more than the usual number of elements with 
annular and helical thickenings will be present. 

According to a comprehensive study of mature and 
developing protoxylem and metaxylem of angiosperms 
(Bierhorst and Zamora, 1965), the elements with more 
extensive secondary thickenings than that represented 
by a helix deposit the secondary wall in two stages. 
First, a helical framework is built (first-order secondary 
wall). Then, additional secondary wall material is laid 
down as sheets or strands or both between the gyres of 
the helix (second-order secondary wall). This concept 
may be used to explain the effect of environment on the 
wall pattern in terms of inhibition or induction of 
second-order secondary wall deposition, depending on 
circumstances. 

The intergrading of the different types of thickening 
of tracheary elements is not limited to the primary 
xylem. The delimitation between the primary and the 


secondary xylem may also be vague. To recognize the 
limits of the two tissues, it is necessary to consider many 
features, among these the length of tracheary ele¬ 
ments—the last primary elements are often longer than 
the first secondary—and the organization of the tissue, 
particularly the appearance of the combination of ray 
and axial systems characteristic of secondary xylem. 
Sometimes the appearance of one or more identifying 
features of the secondary xylem is delayed, a phenome¬ 
non referred to as paedomorphosis (Carlquist, 1962, 
2001 ). 

In the primary xylem the protoxylem elements may 
be the narrowest, but not necessarily so. Successively 
differentiating metaxylem elements often are increas¬ 
ingly wider, whereas the first secondary xylem cells may 
be rather narrow and thus be distinct from those of the 
latest wide-celled metaxylem. On the whole, however, 
it is difficult to make precise distinctions between suc¬ 
cessive developmental categories of tissues. 


ITRRCHEflRV ELEMENT DIFFERENTIATION 

Tracheary elements originate ontogenetically from 
either procambial cells (in the case of primary elements) 
or cambial derivatives (in the case of secondary ele¬ 
ments). The primordial tracheary elements may or may 
not elongate before they develop secondary walls, but 
they usually expand laterally. Elongation of primordial 
tracheary elements is largely restricted to primary ele¬ 
ments and is associated with the elongation, or exten¬ 
sion, of the plant part in which they occur. 

The differentiating tracheary element is a highly vac¬ 
uolated cell with a nucleus and a full complement of 
organelles (Figs. 10.20 and 10.21). Early in differentia¬ 
tion of many tracheary elements, the nucleus undergoes 
dramatic changes in both size and ploidy level (Lai and 
Srivastava, 1976). Endoreduplication is common in 
somatic tissues of plants (Chapter 5; Gahan, 1988). Pre¬ 
sumably it provides the differentiating tracheary element 
with additional gene copies to meet the heavy demand 
for the synthesis of cell wall and cytoplasmic compo¬ 
nents (O’Brien, 1981; Gahan, 1988). 

After cell enlargement is completed, secondary wall 
layers are deposited in a pattern characteristic of the 
given type of tracheary element (Figs. 10.20B and 10.21). 
One of the earliest signs that the primordial tracheary 
element is about to embark upon differentiation is a 
change in distribution of cortical microtubules (Abe et 
al., 1995a, b; Chaffey et al., 1997a). At first, the microtu¬ 
bules are randomly arranged and spread evenly along 
the entire wall (Chaffey, 2000; Funada et al., 2000; 
Chaffey et al., 2002); during differentiation, their orien¬ 
tation changes dynamically. In expanding conifer 
tracheids, for instance, orientation of the cortical micro¬ 
tubules changes progressively from longitudinal to 
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FIGURE 10.20 
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Diagrams illustrating development of a vessel element with a helical secondary thickening. A, cell without secondary 
wall. B, cell has attained full width, nucleus has enlarged, secondary wall has begun to be deposited, primary wall 
at the pore site has increased in thickness. C, cell at stage of lysis: secondary thickening completed, tonoplast rup¬ 
tured, nucleus deformed, wall at pore site partly disintegrated. D, mature cell without protoplast, open pores at both 
ends, primary wall partly hydrolyzed between secondary thickenings. (From Esau, 1977.) 


transverse, facilitating expansion of the radial wall 
(Funada et al., 2000; Funada, 2002). Further changes in 
orientation of the microtubules occur during secondary 
wall formation as the now helically arranged microtu¬ 
bules shift in orientation several times, ending in a flat 
S-helix (Funada et al., 2000; Funada, 2002). The changes 
in orientation of the microtubules is reflected in changes 
in the orientation of the cellulose microfibrils. 

In differentiating vessel elements, cortical microtu¬ 
bules are concentrated in bands at the sites of secondary 
thickenings (Fig. 10.22). The endoplasmic reticulum is 
more conspicuous during deposition of the secondary 
wall thickenings than before, and its profiles are often 
seen between thickenings (Fig. 10.21). Golgi bodies and 
Golgi-derived vesicles are also conspicuous during sec¬ 
ondary wall formation in both vessel elements and tra- 
cheids, as the Golgi apparatus plays an important role 
in the synthesis and delivery of matrix substances, 
notably hemicelluloses, to the developing wall (Awano 
et al., 2000, 2002; Samuels et al., 2002). The Golgi appa¬ 
ratus also delivers the rosettes, or cellulose synthase 
complexes, involved with the synthesis of cellulose 
microfibrils to the plasma membrane (Haigler and 
Brown, 1986). 

ffosoo et al. (2002) reported a diurnal periodicity 
in the deposition of hemicellulose (glucomannans) in 
differentiating tracheids of Cryptomaria japonica. 
Whereas much amorphous material containing gluco¬ 
mannans was found on the innermost surface of devel¬ 
oping secondary walls at night, the amorphous material 
was rarely observed during the day, when cellulose 
fibrils were clearly visible. 


Secondary wall deposition is accompanied by lignih- 
cation. At the beginning of secondary wall deposition, 
the primary wall of the primordial tracheary element is 
unlignihed. In primary elements the primary wall typi¬ 
cally remains unlignihed (O’Brien, 1981; Wardrop, 
1981). This stands in sharp contrast to the situation in 
tracheary elements of the secondary xylem in which all 
of their walls, except for the pit membranes between 
tracheary elements and the perforation sites between 
vessel elements, become lignihed as differentiation con¬ 
tinues (O’Brien, 1981; Czaninski, 1973; Chaffey et al., 
1997b). 

Development of the pit borders is initiated before 
secondary thickening of the wall begins (Liese, 1965; 
Leitch and Savidge, 1995). The “initial pit border” can 
be detected as concentrically oriented microfibrils at 
the periphery of the pit annulus (Liese, 1965; Murmanis 
and Sachs, 1969; Imamura and Harada, 1973). During 
early immunofluorescence studies circular bands of cor¬ 
tical microtubules were found around the inner margins 
of the developing pit borders in the tracheids of Abies 
and Taxus (Fig. 10.23; Uehara and Hogetsu, 1993; Abe 
et al., 1995a; Funada et al., 1997) and the vessel elements 
of Aesculus (Chaffey et al., 1997b). Subsequently, actin 
filaments and then both actin filaments and myosin 
were found to co-localize with the rings of microtubules 
at the bordered pits of Aesculus and Populus vessel ele¬ 
ments and Pinus tracheids (Fig. 10.23; Chaffey et al., 
1999, 2000, 2002; Chaffey, 2002; Chaffey and Barlow, 
2002 ). 

An early indication of pit development in conifer 
tracheids (Funada et al., 1997, 2000) and the vessel 
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FIGURE 10.21 



Differentiating tracheary elements in a leaf blade of sugar beet (Beta vulgaris). The secondary thickening is helical 
(A) with transition to scalariform (B). A, section through cell lumen. B, section through the secondary thickening. 
Details: arrowheads, Golgi bodies; er, endoplasmic reticulum; m, mitochondrion; n, nucleus; pi, plastid; sw, second¬ 
ary wall; v, vacuole. (From Esau, 1977.) 


elements of Aesculus (Chaffey et al., 1997b, 1999; 
Chaffey, 2000) is the disappearance of microtubules at 
the sites where the bordered pits will eventually be 
formed. The alternate pattern of pit arrangement in the 
vessel elements of Aesculus is already detectable at this 
early time (Fig. 10.24). Each incipient pit border is sub¬ 
sequently delimited by the ring of microtubules, actin 
filaments, and myosin. As deposition of the secondary 
wall takes place around the opening and pre-existing 
pit membrane, the diameter of the ring and pit aperture 
decreases, possibly through the activity of the actin and 
myosin components which, it has been suggested, may 
constitute an acto-myosin contractile system (Chaffey 
and Barlow, 2002). In Aesculus, the sites of the vessel 


contact pits can also be detected early by the presence 
of microtubule-free regions within an otherwise random 
array of microtubules (Chaffey et al., 1999). Unlike the 
ring of microtubules associated with the developing 
bordered pit, that associated with the developing contact 
pit, a nonbordered (simple) pit between the vessel 
element and adjacent (contact) ray cell does not decrease 
in diameter as secondary wall formation proceeds. 

Portions of the primary wall that later are perforated 
in vessel elements are not covered by secondary wall 
material (Figs. 10.20B and 10.25C). The wall occupying 
the site of the future perforation is clearly set off from 
the secondary wall. It is thicker than the primary wall 
elsewhere and, in unstained thin sections, is much 
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FIGURE 10 



Parts of differentiating tracheary elements from leaves of A, bean (Phaseolus vulgaris) and, B, sugar beet (Beta vul¬ 
garis). Microtubules associated with the secondary thickening are seen in cross section in A, in longitudinal section 
in B. Details: er, endoplasmic reticulum; gb, Golgi body; mt, microtubule; sw, secondary wall. (From Esau, 1977.) 


lighter in appearance under the electron microscope 
than other wall parts of the same cell (Fig. 10.25C; Esau 
and Charvat, 1978). Thickening of the perforation sites 
in differentiating vessel elements of Populus italica and 
Dianthus caryophyllus has been shown to be mainly 
due to the addition of pectins and hemicelluloses 
(Benayoun et al., 1981). Rings of microtubules also are 
associated with development of the simple perforation 
plates in Aesculus and Populus (Chaffey, 2000; Chaffey 
et al., 2002). Actin filaments do not accompany these 
microtubules but the perforation sites in the Populus 
vessel elements are overlaid by a prominent meshwork 
of actin filaments (Chaffey et al., 2002). 

Following deposition of the secondary wall, the cell 
undergoes autolysis affecting the protoplast and certain 
parts of the primary cell wall (Fig. 10.20C). The process 
of tracheary element death is an excellent example of 
programmed cell death (Chapter 5; Groover et al., 1997; 
Pennell and Lamb, 1997; Fukuda et al., 1998; Mittler, 
1998; Groover and Jones, 1999). Structurally pro¬ 
grammed cell death in tracheary elements involves the 
collapse and rupture of the large central vacuole, with 
the resultant release of hydrolytic enzymes (Fig. 10.20C). 
Degradation of both the cytoplasm and nucleus starts 
after the tonoplast ruptures. The hydrolases also reach 


the cell walls and attack the primary wall parts not 
covered by lignified secondary wall layers, including 
pit membranes between tracheary elements and the 
primary wall at the perforation sites between vessel ele¬ 
ments. Hydrolysis of the wall results in the removal of 
noncellulosic components (pectins and hemicelluloses), 
leaving a fine network of cellulose microfibrils (Figs. 
10.20D and 10.25A). All lignified walls appear to be 
totally resistant to hydrolysis. Where tracheary elements 
border xylem parenchyma cells hydrolysis stops more 
or less at the region of the middle lamella. The hydro¬ 
lytic removal of pectins at the pit membranes between 
vessels would seemingly preclude the presence there of 
“hydrogels,” which have been proposed to play a role in 
the control of sap flow through the xylem (Zwieniecki 
et al., 2001b). 

The hydrolysis of the nonlignified primary walls of 
the protoxylem elements of Phaseolus vulgaris and of 
Glycine max is followed by the secretion and incorpora¬ 
tion of a glycine-rich protein (GRP1.8) into the hydro¬ 
lyzed walls (Ryser et al., 1997). Thus the primary walls 
of the protoxylem elements are not merely the remnants 
of partial hydrolysis and passive elongation. Being 
unusually rich in protein, they have special chemical 
and physical properties. Glycine-rich protein has also 
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FIGURE 10.23 

Immunofluorescent localizations of cytoskeletal pro¬ 
teins during development of bordered pits in radial 
walls of pine (Pinus pined) tracheids. A, B, differential 
contrast images of tracheids showing early (A) and late 
(B) stages of bordered pit development. Initially wide 
in diameter (A), with development of the border, the 
opening to the pit becomes reduced to a narrow aper¬ 
ture in the mature tracheid. C-H, immunofluorescence 
localizations of tubulin (C, D), actin (E, F), and myosin 
(G, H) in early (C, E, G) and late (D, F, H) stages of 
bordered pit development. (All, same mag. From Chaffey, 
2002; reproduced with permission of the New Phytolo- 
gist Trust.) 


been observed in the cell walls of isolated Zinnia leaf 
mesophyll cells regenerating into tracheary elements 
(see below) (Taylor and Haigler, 1993). 

At the perforation sites the entire primary wall part 
disappears (Figs. 10.20D and 10.25A). The exact process 
by which the microfibrillar network at the perforation 
sites is removed remains unclear. In lysed scalariform 
perforation plates fine networks of fibrils can be seen 
stretching across the narrower perforations and at the 
lateral extremities of wider ones. Since the networks 
typically are not present in the conducting tissue, it is 
likely that they are removed by the transpiration stream 
(Meylan and Butterfield, 1981). This mechanism does 
not explain, however, perforation formation in isolated 
tracheary elements in culture (Nakashima et al., 
2000 ). 

Plant Hormones Are Involved in the Differentiation 
of Tracheary Elements 

It is well known that the polar flow of auxin from devel¬ 
oping buds and young leaves toward the roots induces 
the differentiation of tracheary elements (Chapter 5; 
Aloni, 1987, 1995; Mattsson et al., 1999; Sachs, 2000). It 
has been suggested that a gradient of decreasing auxin 
concentration is responsible for the general increase in 
diameter of tracheary elements and decrease in their 
density from the leaves to the roots (Aloni and Zimrner- 
mann, 1983). As set forth in the six-point hypothesis 
(Aloni and Zimmermann, 1983), whereas high auxin 
levels near the young leaves induce narrow vessels 
because they differentiate rapidly, low auxin concentra¬ 
tions farther down lead to slower differentiation, more 
cell expansion before initiation of secondary wall depo¬ 
sition and, consequently, wider vessels. Studies on trans¬ 
genic plants with altered levels of auxin confirm these 
general relations between auxin level and tracheary 
element differentiation (Klee and Estelle, 1991). Auxin- 
overproducing plants contain many more and smaller 
xylern elements than do control plants (Klee et al., 
1987). Conversely, plants with lowered auxin levels 
contain fewer and generally larger tracheary elements 
(Romano et al., 1991). 

Cytokinin from the roots may also be a limiting and 
controlling factor in vascular differentiation. It promotes 
tracheary element differentiation in a variety of plant 
species but acts only in combination with auxin (Aloni, 
1995). In the presence of auxin, cytokinin stimulates 
early stages of vascular differentiation. Late stages of 
vascular differentiation may, however, occur in the 
absence of cytokinin. Studies of transgenic plants with 
overproduction of cytokinin confirm the involvement 
of cytokinin as a controlling factor in the differentiation 
of vessels (Aloni, 1995; Fukuda, 1996). In one study, 
cytokinin-overproducing plants contained many more 
and smaller vessels than did control plants (Li et al., 
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FIGURE 10.24 

Immunolocalization of tubulin in developing vessel elements of Aesculus hippocastanum (horse chestnut). A, rela¬ 
tively early stage of bordered pit development. A ring of microtubules marks the site of the developing border, which 
surrounds a large microtubule-free zone. Note that the alternate pattern of pit arrangement is already apparent. B, 
at a later stage of development than that in A, the diameter of the ring of microtubules associated with the border 
is much reduced. (From Chaffey et al., 1997b.) 


1992); in another, overproduction of cytokinin pro¬ 
moted a thicker vascular cylinder with more tracheary 
elements than did the controls (Medford et al., 1989). 
Collectively, Kuriyama and Fukuda (2001), Aloni (2001), 
and Dengler (2001) provide a comprehensive review of 
factors involved in the regulation of tracheary element 
and vascular development. 

Isolated Mesophyll Cells in Culture Can 
Transdifferentiate Directly into Tracheary Elements 

Tracheary element differentiation has provided a useful 
model for the study of cell differentiation and pro¬ 
grammed cell death in plants. Particularly useful has 
been the Zinnia elegans experimental system, in which 
single mesophyll cells—in the presence of auxin and 
cytokinin—can be made to transdifferentiate (i.e., dedif¬ 
ferentiate and then redifferentiate) into tracheary-like 
elements without intervening cell division (Fukuda 
1996, 1997b; Groover et al., 1997; Groover and Jones, 
1999; Milioni et al., 2001). Noting, however, that signifi¬ 
cant differences exist in the behavior of cortical micro¬ 
tubules and actin filaments during early stages of 
vascular differentiation of cambial derivatives in Aescu¬ 
lus hippocastanum and transdifferentiating Zinnia 
mesophyll cells, Chaffey and co-workers (Chaffey et al., 
1997b) cautioned that it is questionable whether an in 
vitro system will be able to validate the findings from 
more natural systems. 


A number of cytological, biochemical, and molecular 
markers for tracheary element differentiation have been 
identified in the Zinnia system and facilitate division 
of the transdifferentiation process into three stages 
(Fig. 10.26) (Fukuda, 1996, 1997b). Stage I immediately 
follows the induction of differentiation and corresponds 
to the dedifferentiation process. The latter involves 
wound-induced events and the activation of protein syn¬ 
thesis, both of which are regulated by hormones at a 
later stage in the transdifferentiation process. Stage II 
is defined by the accumulation of transcripts of the tra¬ 
cheary element differentiation-related genes TED2, 
TED3, and TED4. It also includes a marked increase in 
the transcription of other genes that encode compo¬ 
nents of the protein synthesis apparatus. 

Dramatic changes occur to the cytoskeleton during 
stages I and II. The expression of tubulin genes begins 
in stage I and continues during stage II, bringing about 
an increase in the number of microtubules that are 
involved with secondary wall formation in stage III. 
Changes in actin organization during stage II result in 
the formation of thick actin cables that function in cyto¬ 
plasmic streaming (Kobayashi et al., 1987). 

Stage III , the maturation phase, involves secondary 
wall formation and autolysis. It is preceded by a rapid 
increase in brassinosteroids, which are necessary for 
the initiation of this final stage of tracheary element 
differentiation (Yamamoto et al., 2001). In addition, the 
calcium/calcium calmodulin (Ca/CaM) system may be 
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Parts of tracheary elements in longitudinal sections from leaves of A, B, tobacco (Nicotiana tabacum ) and, C, bean 
(Phaseolus vulgaris) showing details of walls. In A, the wall between two tracheary elements (center) illustrates the 
effect of hydrolysis on the primary wall between the secondary thickenings: the primary wall is reduced to fibrils. 
In B, the end-wall perforation is delimited by a rim in which secondary thickenings are present. In C, the primary 
wall at the pore site has not yet disappeared. It is considerably thicker than the primary wall elsewhere and is sup¬ 
ported by a secondarily thickened rim. Details: pw, primary wall; sw, secondary wall. (From Esau, 1977.) 


involved in the entry into Stage III (Fig. 10.26). During 
stage III various enzymes associated with secondary 
wall formation and with cellular autolysis are activated 
(Fukuda, 1996; Endo et al., 2001). The hydrolytic 
enzymes accumulate in the vacuole where they are 


sequestered from the cytosol. They are released from 
the vacuole upon its rupture. Among the hydrolytic 
enzymes is Zinnia endonucleasel, which has been 
shown to function directly in nuclear DNA degenera¬ 
tion (Ito and Fukuda, 2002). Two proteolytic enzymes 
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FIGURE 10.26 

Model of tracheary element differentiation based on the Zinnia system. Mesophyll cells are induced to dedifferenti¬ 
ate and then to differentiate into tracheary elements (TE) by wounding and a combination of auxin and cytokinin. 
The transdifferentiation process is divided into the three stages shown here, and results in a mature tracheary 
element, with a perforation at one end. (Adapted from Fukuda, 1997a. Reprinted by permission from Cell Death and 
Differentiation 4, 684-688. © 1997 Macmillan Publishers Ltd.) 


have been detected specifically in differentiating tra¬ 
cheary elements of Zinnia, namely cysteine protease 
and serine protease. These undoubtedly are only two 
of a complex set of proteases involved in the autolytic 
process. It has been suggested that a 40-kDa serine, 
which is secreted during secondary cell wall synthesis, 
may serve as a coordinating factor between secondary 
cell wall synthesis and programmed cell death (Groover 
and Jones, 1999). A subsequent study of the Arabidop- 
sis gapped xylem mutant indicates, however, that the 
process of secondary cell wall formation and cell death 
are independently regulated in developing xylem ele¬ 
ments (Turner and Hall, 2000). During the maturation 
phase many hydrolases are released from the tracheary 
elements into the extracellular space. Evidence indi¬ 
cates that TED4 protein released into the apoplast at 
that time serves to inhibit those hydrolases, protecting 
neighboring cells from undesirable injury (Endo et al., 
2001). Perforation of the primary wall occurs at one 
end of single elements; in double elements, both of 
which have been derived from a single mesophyll cell, 
a perforation occurs in the common wall between them 
and at the end of one of the two elements, indicating 
that these elements formed in vitro have their own 
program to form perforations (Nakashima et al., 
2000 ). 

The time course of tracheary element differentiation 
has been determined for Zinnia cells cultured in induc¬ 
tive medium (Groover et al., 1997). Secondary cell wall 
formation takes an average of 6 hours to complete in a 
typical cell. Cytoplasmic streaming continues through¬ 
out the period of secondary wall formation but stops 
abruptly with its completion. Collapse of the large 


central vacuole begins with completion of secondary 
wall formation and takes only 3 minutes to be accom¬ 
plished in a typical cell. After rupture of the tonoplast, 
the nucleus is rapidly degraded—within 10 to 20 minutes 
(Obara et al., 2001). Within several hours of tonoplast 
rupture, the dead cell is cleared of its contents. Rem¬ 
nants of chloroplasts may persist, however, for up to 24 
hours. 
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CHAPTER ELEVEN 


Xijlem: Secondary Xylem and Variations 
in Hood Structure 


The secondary xylem is formed by a relatively complex 
meristem, the vascular cambium, consisting of verti¬ 
cally elongated fusiform initials and squarish or horizon¬ 
tally (radially) elongated ray initials (Chapter 12). The 
secondary xylem is therefore composed of two systems, 
the axial (vertical) and the radial (horizontal) sys¬ 
tems (Fig. 11.1), an architecture not characteristic of the 
primary xylem. In the angiosperms the secondary xylem 
is commonly more complex than the primary in having 
a wider variety of component cells. 

The sculpture of the secondary walls of the primary 
and secondary tracheary elements was considered in 
Chapter 10. There it was noted that elements of the late 
part of the metaxylem often intergrade with the second¬ 
ary elements, since both may be similarly pitted. The 
type of pitting therefore may be of little or no use in 
distinguishing between the last-formed metaxylem and 
the first-formed secondary xylem. 

Frequently the arrangement of cells, as seen in trans¬ 
verse sections, is stressed as a criterion for distinguish¬ 
ing the primary from the secondary xylem. The 
procambium and the primary xylem are said to have a 
haphazard cell arrangement, and the cambium and the 


secondary xylem, an orderly arrangement, with the cells 
aligned parallel with the radii of the secondary body. 
This distinction is highly unreliable, however, for in 
many plants the primary xylem shows just as definite 
radial seriation of cells as the secondary (Esau, 1943). 

In many woody angiosperms the length of the trache¬ 
ary elements reliably separates the primary from the 
secondary xylem, the length of the last-formed trache¬ 
ary elements of the primary xylem being considerably 
longer than that of the first-formed tracheary elements 
of the secondary xylem (Bailey, 1944). Although the 
helically thickened tracheary elements are generally 
longer than the pitted elements of the same primary 
xylem, these pitted elements are still considerably longer 
than the first secondary tracheary elements. The 
difference in length between the last-formed primary 
elements and first-formed secondary elements may be 
caused both by the increase in length of the metaxylem 
cells during their differentiation and the lack of a 
comparable increase in length of the cambial derivatives 
and by possible transverse divisions of the procambial 
cells involved with their conversion to cambial cells just 
before the initiation of cambial activity. In gymno- 
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Block diagram of vascular cambium and secondary xylem of Liriodendron tulipifera L. (tulip tree), a woody angio- 
sperm. The axial system consists of vessel elements with bordered pits in opposite arrangement and inclined end 
walls with scalariform perforation plates; hber-tracheids with slightly bordered pits; and parenchyma strands in ter¬ 
minal position. The ray system contains heterocellular rays (marginal cells are upright, others procumbent), uniseriate 
and biseriate, of various heights. (Courtesy of I. W. Bailey; drawn by Mrs. J. P. Rogerson under the supervision of 
L. G. Livingston. Redrawn.) 


sperms, too, the last primary elements typically are species. Since the evolutionary specialization of the 

longer than the first secondary elements (Bailey, xylem progresses from the secondary to the primary 

1920). xylem, in a given species the latter may be less advanced 

The change from longer to shorter tracheary ele- with regard to the evolutionary specialization. It appears 

ments at the beginning of secondary growth is one of that eudicots that are not truly woody—even if they 

the steps in the establishment of mature characteristics possess secondary growth—show a protraction of 

of the secondary xylem. Various other changes accom- primary xylem characteristics into their secondary 

pany this step, for example, those involving the pitting, xylem (paedomorphosis, Carlquist, 1962, 2001). One 

the ray structure, and the distribution of axial paren- of the expressions of paedomorphosis is a gradual, 

chyma. By these changes, the secondary xylem eventu- instead of a sudden, change in length of tracheary 
ally reflects the evolutionary level characteristic of the elements. 
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I BASIC STRUCTURE OF SECONDflRV XVLEM 

The Secondary Xylem Consists of Two Distinct 
Systems of Cells, Axial and Radial 

The arrangement of cells into the vertical, or axial, 
system, on the one hand, and the horizontal, or radial, 
system, on the other, constitutes one of the conspicuous 
characteristics of secondary xylem, or wood. The axial 
system and the rays are arranged as two interpenetrat¬ 
ing systems closely integrated with each other in origin, 
structure, and function. In active xylem the rays most 
commonly consist of living cells. The axial system 
contains, depending on the plant species, one or more 
different kinds of tracheary elements, fibers, and paren¬ 
chyma cells. The living cells of the rays and those of the 
axial system are interconnected with each other by 
numerous plasmodesmata, so that the wood is perme¬ 
ated by a continuous three-dimensional system—a sym- 
plastic continuum—of living cells (Chaffey and Barlow, 
2001). Moreover this system often is connected, through 


the rays, with the living cells of the pith, the phloem, 
and the cortex (van Bel, 1990b; Sauter, 2000). 

Each of the two systems has its characteristic appear¬ 
ance in the three kinds of sections employed in the 
study of wood. In the transverse section (cross 
section), that is, the section cut at right angles to the 
main axis of stem or root, the cells of the axial system 
are cut transversely and reveal their smallest dimensions 
(Figs. 11.2A and 11.3A). The rays—which are character¬ 
ized as having length, width, and height—in contrast, 
are exposed in their longitudinal extent in a transverse 
section. When stems or roots are cut lengthwise, two 
kinds of longitudinal sections are obtained: radial (Figs. 
11. 2B and 11. 3B; parallel to a radius) and tangential 
(Figs. 11.2C and 11.3C; perpendicular to a radius). Both 
show the longitudinal extent of cells of the axial system, 
but they give strikingly different views of the rays. 
Radial sections expose the rays as horizontal bands lying 
across the axial system. When a radial section cuts a ray 
through its median plane, it reveals the height of the 
ray. A tangential section cuts a ray approximately per- 



FIGURE 11.2 



Wood of white pine (Pinus strobus), a conifer, in (A) transverse, (B) radial, and (C) tangential sections. The wood 
of white pine is nonstoried. (All, xllO.) 
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pendicular to its horizontal extent and reveals its height 
and width. In tangential sections it is therefore easy to 
measure the height of the ray—this is usually done in 
terms of number of cells—and to determine whether 
the ray is one or more cells wide. 

Some Woods Are Storied and Others Are Nonstoried 

The more or less orderly radial seriation of cells of the 
secondary xylem, as seen in transverse sections, is a 
result of the origin of these cells from periclinally, or 
tangentially, dividing cambial cells. In conifer wood this 
seriation is pronounced; in the wood of vessel-containing 
angiosperms it may be obscured by the ontogenetic 
enlargement of the vessel elements and the resultant 
lateral displacement of adjacent cells. Radial sections 
also reveal the radial seriation; in such sections the 
radial series of the axial system appear superimposed 
one upon the other in horizontal layers, or tiers. The 
tangential sections are varied in their appearance in dif¬ 
ferent woods. In some, the horizontal layers are clearly 
displayed, and such wood is called storied, or strati- 


ray with 
resin duct 


ray 


FIGURE 11.2 

0 Continued ) 


fied, wood (Fig. 11.4; Aesculus, Cryptocarya, Diospy- 
ros, Ficus, Mansonia, Swietenia, Tabebuia, Tilia, many 
Asteraceae and Fabaceae). In others, the cells of one 
tier unevenly overlap those of another. This type of 
wood is called nonstoried, or nonstratified, wood 
(Figs. 11. 2C and 11. 3C; Acer, Fraxinus, Juglans, Man- 
gifera, Manilkara, Ocotea, Populus, Pyrus, Quercus, 
Salix, conifers). Tangential sections must be used to 
determine whether a wood is storied or nonstoried. 

From an evolutionary aspect the storied woods are 
more highly specialized than the nonstoried. They are 
derived from vascular cambia with short fusiform ini¬ 
tials and, hence, have short vessel elements. Because 
vessel elements and axial parenchyma cells elongate 
little, if at all, after they are derived from fusiform 
cambial initials, they show storying much more than do 
libriform fibers, fiber-tracheids, or tracheids. The apices 
of the nonperforate tracheary elements extend by intru¬ 
sive growth beyond the limits of their own tier and thus 
partly efface its demarcation from other tiers. The 
storied condition is especially pronounced when the 
heights of the rays match that of the horizontal layer of 
the axial system, that is, when the rays also are storied 
(Fig. 11.4B). Many intermediate patterns are found 
between the strictly storied woods and the strictly non¬ 
storied woods derived from cambia with long fusiform 
initials. Storied wood is found in eudicots only; it is 
unknown in conifers. 

Growth Rings Result from the Periodic Activity of the 
Vascular Cambium 

The periodic activity of the vascular cambium (Chapter 
12), which is a seasonal phenomenon in temperate 
regions related to changing day lengths and tempera¬ 
tures, produces growth increments, or growth rings 
(Fig. 11.5), in the secondary xylem. If such a growth 
layer represents one season’s growth, it may be called 
an annual ring. Abrupt changes in available water and 
other environmental factors may be responsible for the 
production of more than one growth ring in a given 
year. Additional rings may also result from injuries by 
insects, fungi, or fire. Such an additional growth layer 
is called a false annual ring and the annual growth 
increment consisting of two or more rings is termed a 
multiple annual ring. In very suppressed or old trees 
the lower portions of the stem or of some branches may 
fail to produce xylem during a given year. Thus, although 
the age of a given portion of a woody branch or stem 
can be estimated by counting the growth rings, the 
estimates may be inaccurate if some rings are “missing” 
or if false annual rings are present. Trees that exhibit 
continuous cambial activity, such as those in perpetu¬ 
ally wet tropical rainforests, may lack growth rings 
entirely (Alves and Angyalossy-Alfonso, 2000). It is 
therefore difficult to judge the age of such trees. 
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FIGURE 11.3 

Wood of red oak (Quercus rubra ) in (A) transverse, (B) radial, and (C) tangential sections. The wood of red oak is 
nonstoried. (All, XlOO.) 
















Storied wood, as revealed in tangential section. A, in Triplochiton , high multiseriate rays extend through more than 
one horizontal tier. B, in Canavalia, low uniseriate rays are each limited to one horizontal tier. (A, x50; B, xlOO. 
From Barghoorn, 1940, 1941.) 
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FIGURE 11.5 


Growth rings of wood, in transverse sections. A, white pine (Pinus strobus). Lacking vessels, conifer wood is non- 
porous. Note the resin ducts (arrows), which occur largely in the latewood. B, red oak (Quercus rubra). As is char¬ 
acteristic of a ring-porous wood, the pores, or vessels (v), of the earlywood are distinctly larger than those of the 
latewood (arrows). C, tulip tree (Liriodendron tulipifera), a diffuse-porous wood. In tulip tree the ring boundaries 
are marked by bands of marginal parenchyma cells (arrows). 
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Growth rings occur in both deciduous and evergreen 
trees. Furthermore they are not confined to the temper¬ 
ate zone, with its striking contrast between the season 
of growth and season of dormancy. A distinct seasonal¬ 
ity also occurs in many regions in the tropics that expe¬ 
rience severe annual dry seasons as in much of Amazonia 
(Vetter and Botosso, 1989; Alves and Angyalossy-Alfonso, 
2000) and Queensland, Australia (Ash, 1983) or annual 
flooding by great rivers such as the Amazon and the Rio 
Negro (Worbes, 1985, 1989). In the former regions most 
trees lose their leaves during the dry season and produce 
new ones shortly after the onset of the rainy season, the 
period during which growth takes place. Inundations 
result in anoxic soil conditions, which lead to reduced 
root activity and water uptake to the crown, and, con¬ 
sequently, to cambial dormancy and the formation of 
growth rings (Worbes, 1985, 1995). 

The factors responsible for the periodicity of growth 
rings can differ among species growing side by side. 
Take, for example, the periodicity of growth rings in 
four species growing in a swamp forest remnant of the 
Atlantic rainforest in Rio de Janeiro, Brazil (Callado 
et al., 2001). Although all four species form annual 
growth rings, they exhibit different patterns of radial 
growth. In three of the species latewood formation was 
correlated with the period of leaf abscission, but it 
occurred at different times for each species. Flooding 
was a determinant of periodic growth in Tabebuia cass- 
inoides, the only species that showed the growth 
rhythm expected for a wetland species; the photope¬ 
riod was indirectly responsible for the radial growth 
rhythm in T. umbellata, and endogenous rhythms 
accounted for the periodicity of radial growth in 
Symphonia globulifera and Alchornea sidifolia. 

Growth rings are of varied degrees of distinctness, 
depending on the species of wood and also on the 
growing conditions (Schweingruber, 1988). The cause 
of visibility of the growth rings in a section of wood is 
the structural difference between the xylem produced 
in the early and the late parts of the growing season. In 
temperate woods the earlywood is less dense (with 
wider cells and proportionally thinner walls) than the 
latewood (with narrower cells and proportionally 
thicker walls) (Figs. 11.2A, 11.3A, and 11.5). In most 
species the earlywood of a given season merges more 
or less gradually with the latewood of the same season, 
but the boundary between the latewood of one season 
and the earlywood of the following season is ordinarily 
sharp. Such pronounced changes in cell wall thickness 
and dimensions are uncommon in tropical woods. Ring 
boundaries in many tropical woods are marked by bands 
of axial parenchyma cells produced at the beginning 
and/or at the end of a growing season (Boninsegna et 
al., 1989; Detienne, 1989; Gourlay, 1995; Mattos et al., 
1999; Tomazello and da Silva Cardoso, 1999). Such 
bands are called marginal parenchyma bands. Their 
cells are often filled with various amorphous substances 


or crystals. Marginal parenchyma bands also occur in 
many temperate trees (Fig. 11.5C). 

The factors determining the change from the early¬ 
wood characteristics to those of the latewood are of 
continued interest to tree physiologists (Higuchi, 1997). 
Although several plant hormones have been implicated 
in earlywood and latewood formation, the case for 
auxin (IAA) involvement has been explored the most. 
The concentration of IAA in the cambial zone of a tree 
stem has been found to undergo seasonal changes, 
increasing from spring to summer and, then, decreasing 
to the spring level as autumn approaches. In winter, the 
IAA concentration in the dormant cambium is at a 
relatively low level. The transition from earlywood to 
latewood has been attributed to the decreasing levels of 
IAA (Larson, 1969). Accordingly, when changing growing 
conditions result in an earlier than usual decrease in the 
endogenous IAA concentration, the transition from ear¬ 
lywood to latewood formation occurs earlier. Latewood 
formation could not be attributed, however, to decreased 
IAA in the cambial region of Picea abies stems (Eklund 
et al., 1998), and in Pinus sylvestris , the auxin concentra¬ 
tion was found to increase during the transition from 
earlywood to latewood (Uggla et al., 2001). Latewood 
formation in Pinus radiata and P. sylvestris has been 
attributed to by some workers to an increase in the level 
of endogenous abscisic acid in the cambial zone (Jenkins 
and Shepherd, 1974; Wodzicki and Wodzicki, 1980). 

The width of individual growth rings may vary greatly 
from year to year as a function of such environmental 
factors as light, temperature, rainfall, available soil 
water, and length of the growing season (Kozlowski and 
Pallardy, 1997). The width of a growth ring can be a 
fairly accurate index of the rainfall of a particular year. 
Under favorable conditions—that is, during periods of 
adequate or abundant rainfall—the growth rings are 
wide; under unfavorable conditions, they are narrow. 
Recognition of these relations has led to the develop¬ 
ment of dendrochronology, that is, study of yearly 
growth patterns in trees and use of the information for 
evaluating past fluctuations in climate and dating past 
events in historical research (Schweingruber, 1988, 
1993). The relative amounts of earlywood and latewood 
are affected by environmental conditions and specific 
differences. 

As Wood Becomes Older, It Gradually Becomes 
Nonfunctional in Conduction and Storage 

The elements of the secondary xylem are variously spe¬ 
cialized in relation to their function. The tracheary ele¬ 
ments and the fibers, which are concerned, respectively, 
with the conduction of water and support, lose their 
protoplasts before they begin to perform their principal 
roles in the plant. The living cells, which store and 
transport food (parenchyma cells and certain fibers), 
are alive at the height of xylem activity. Eventually the 
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living cells die. This stage is preceded by numerous 
changes in the wood that visibly differentiate the active 
sapwood from the inactive heartwood (Hillis, 1987; 
Higuchi, 1997). 

Sapwood, by definition, is the part of the wood in a 
living tree that contains living cells and reserve materi¬ 
als. It may or may not be entirely functional in the con¬ 
duction of water. For example, in a 45-year-old tree of 
Quercus phellos, 21 of the outermost growth rings con¬ 
tained living storage cells but only the two outermost 
rings were still involved with conduction (Ziegler, 
1968). All 21 rings were part of the sapwood. 

The most critical change during the conversion of 
sapwood into heartwood is the death of the parenchyma 
and other living cells of the wood. This is preceded by 
the removal of reserve substances or their conversion 
into heartwood substances. Thus heartwood is charac¬ 
terized by the absence of living cells and reserve sub¬ 
stances. The innermost sapwood—the part of the wood 
in which heartwood formation takes place—is called 
the transition zone. Heartwood formation, a kind of 
programmed cell death, is a normal phenomenon in the 
life of the tree and results from physiological death due 
to internal factors. It occurs in the roots as well as the 
stems of many species but only in the region near the 
stem wood (Hillis, 1987). Once it is initiated, it contin¬ 
ues throughout the life of the tree. With increasing age, 
the heartwood becomes infiltrated with various organic 
compounds such as phenolics, oils, gums, resins, and 
aromatic and coloring materials. These compounds are 
collectively referred to as extractives because they can 
be extracted from the wood in organic solvents (Hillis, 
1987). Some of these substances impregnate the walls; 
others enter into the cell lumina as well. 

At least two different types of heartwood formation 
can be distinguished (Magel, 2000; and literature cited 
therein). In Type 1, also called the Robinia- Type, the 
accumulation of phenolic extractives begins in the 
tissues of the transition zone. In Type 2, or the Juglans- 
Type, phenolic precursors of the heartwood extractives 
gradually accumulate in the aging sapwood tissues. Key 
enzymes involved with the biosynthesis of flavonoids 
(the largest group of plant phenolic compounds) and 
the genes encoding them are now being identified in 
space and time (Magel, 2000; Beritognolo et al., 2002; 
and literature cited therein). Two such enzymes are 
phenylalanine ammonia lyase (PAL) and chalcone syn¬ 
thase (CHS). PAL actually is involved with two separate 
events, one in relation to lignin formation in newly 
formed wood, and the other in relation to the formation 
of heartwood extractives. CHS, in contrast to PAL, is 
active exclusively in the transition zone. The activation 
of PAL and CHS is correlated with the accumulation of 
the flavonoids, which are synthesized de novo in the 
sapwood cells undergoing transformation to heartwood 
(Magel, 2000; Beritognolo et al., 2002). Although the 


hydrolysis of storage starch provides some of the carbon 
for the formation of the phenolics, the bulk of phenolic 
synthesis is dependent on imported sucrose. In Robinia, 
enhanced enzymic degradation of sucrose coincided in 
time and location with increased activities of PAL and 
CHS and the accumulation of phenolic heartwood 
extractives, indicating a close involvement of sucrose 
metabolism with heartwood formation (Magel, 2000). 

The conversion of sapwood to heartwood may also 
be accompanied by a change in moisture content. In 
most conifers, the moisture content of the heartwood 
is considerably lower than that of the sapwood. The situ¬ 
ation in woody angiosperms varies among species and 
with the season. In many species, the moisture content 
of the heartwood differs little from that of the 
sapwood. In some species of certain genera (e.g., 
Betula, Carya, Eucalyptus, Fraxinus, Juglans, Morus, 
Populus, Quercus, Ulmus), the heartwoods contain 
more moisture than do the sapwoods. 

In many woody angiosperms heartwood formation is 
accompanied by the development of tyloses in the vessels 
(Chapter 10; Chattaway, 1949). Examples of woods with 
abundant development of tyloses are those of Astro- 
nium, Catalpa, Dipterocarpus, Juglans nigra, Madura, 
Morus, Quercus (white oak species), Robinia, and Vitis. 
Many genera never develop tyloses. In conifer wood the 
pit membranes having tori may become fixed so that the 
tori are appressed to the borders and close the apertures 
(aspirated pit-pairs, Chapter 10) and may be incrusted 
with lignin-like and other substances (Krahmer and 
Cote, 1963; Yamamoto, 1982; Fujii et al., 1997; Sano and 
Nakada, 1998). The aspiration of bordered pits appears 
to be related to processes causing the drying out of the 
central core of the wood (Harris, 1954). The various 
changes that occur during heartwood formation do not 
affect the strength of the wood but make it more durable 
than the sapwood, less easily attacked by various decay 
organisms, and less penetrable to various liquids (includ¬ 
ing artificial preservatives). 

The proportion of sapwood and heartwood and the 
degree of visible and actual differences between the 
two are highly variable in different species and in dif¬ 
ferent conditions of growth. In most trees the heart- 
wood is usually darker in color than the surrounding 
sapwood. When freshly cut, the color of various heart- 
woods covers a broad spectrum, including the jet-black 
(ebony) in some species of Diospyros and in Dalbergia 
melanoxylotr, purple in species of Peltogyne', red in 
Simira (Sickingia ) and Brosimum rubescens: yellow 
in species of Berberis and Cladrastis; and orange in 
Dalbergia retusa, Pterocarpus, and Soyauxia (Hillis, 
1987). Some trees have no clearly differentiated heart- 
wood (Abies, Ceiba, Ochroma, Picea, Populus, Salix ), 
others have thin sapwood (Morus, Robinia, Taxus), and 
still others have a thick sapwood (Acer, Dalbergia, 
Fagus, Fraxinus ). 




Xylem: Secondary Xylem and Variations in Wood Structure | 299 


In some species the sapwood is early converted into 
heartwood; in others it shows greater longevity. Heart- 
wood formation usually begins in Robinia species at 3 
to 4 years, in some species of Eucalyptus at about 5 
years, in several species of pine at 15 to 20 years, in 
European ash (Fraxinus excelsior) at 60 to 70 years, in 
beech at 80 to 100 years, and in Alstonia scholaris 
(Apocynaceae, West Africa) over 100 years (Dadswell 
and Hillis, 1962; Hillis, 1987). 

Determining the depth of the sapwood and the 
pattern of sap velocity along the xylem radius are criti¬ 
cal problems for those investigators interested in deriv¬ 
ing estimates of canopy transpiration and forest water 
use (Wullschleger and King, 2000; Nadezhdina et al., 
2002). As noted by Wullschleger and King (2000), 
“Failure to recognize that not all sapwood is functional 
in water transport will introduce systematic bias into 
estimates of both tree and stand water use.” 

Reaction Wood Is a Type of Wood That Develops in 
Branches and Leaning or Crooked Stems 

The formation of reaction wood is presumed to result 
from the tendency of the branch or stem to counteract 
the force inducing the inclined position (Boyd, 1977; 
Wilson and Archer, 1977; Timell, 1981; Hejnowicz, 1997; 


Huang et al., 2001). In conifers, the reaction wood devel¬ 
ops on the lower side of the branch or stem where com¬ 
pressive stresses are very high and is called compression 
wood. Compression wood also is formed by Ginkgo and 
the Taxales (Timell, 1983). In angiosperms and Gnetum, 
reaction wood develops on the upper side of branches 
and stems in zones where large tensile stresses exist and 
is called tension wood. A notable exception among the 
angiosperms is Buxus microphylla, which forms com¬ 
pression wood rather than tension wood on inclined 
stems (Yoshizawa et al., 1992). 

Reaction wood differs from the normal wood in both 
anatomy and chemistry. It is not a common component 
of root wood. When found in roots, tension wood 
is evenly distributed around the circumference 
(Zimmermann et al., 1968; Hoster and Liese, 1966). 
Compression wood forms in some gymnosperm roots 
only when they are exposed to light and then it is on 
the underside (Westing, 1965; Fayle, 1968). 

Compression wood is produced by the increased 
activity of the vascular cambium on the lower side of 
the branch or leaning stem and typically results in the 
formation of eccentric growth rings. Portions of growth 
rings located on the lower side are generally much 
wider than those on the upper side (Fig. 11.6A). Hence 



FIGURE 11.6 

Reaction wood. A, transverse section of a pine ( Pinus sp.) stem, showing compression wood with larger growth 
rings on the lower side. B, transverse section of a black walnut (Juglans nigra) stem, showing tension wood with 
larger growth rings on the upper side. The cracks in both stems are due to drying. (Courtesy of Regis B. Miller.) 
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compression wood causes straightening by expanding 
or pushing the stem or branch upright. The compres¬ 
sion wood in conifers is typically denser and darker 
than the surrounding tissue, often appearing as a red- 
brown color on wood surfaces. Anatomically it is identi¬ 
fied by its relatively short tracheids, which appear 
rounded in transverse sections (Fig. 11.7). The com¬ 
pression wood tracheids assume their rounded form 
during the final stage of primary wall formation, and at 
that time numerous schizogenous intercellular spaces 
arise in the tissue, except at the growth ring boundary 
(Lee and Eom, 1988; Takabe et al., 1992). Occasionally 
the tips of the tracheids are distorted. Compression 
wood tracheids typically lack an S 3 layer and the inner 
portion of their S 2 layer is deeply fissured with helical 
cavities (Figs. 11.7 and 11.8). Chemically, compression 
wood contains more lignin and less cellulose than 
normal wood. The compound middle lamella and outer 
part of the S 2 layer are highly lignihed. The lengthwise 
shrinkage of compression wood upon drying is often 
10 or more times as great as that of normal wood. 
Normal wood usually shrinks lengthwise not more than 
0.1 to 0.3%. The difference in relative lengthwise 
shrinkage of normal and compression wood in a drying 
board often causes the board to twist and cup. Such 
wood is virtually useless except as fuel. The formation 
of compression wood has been shown to reduce the 
efficiency of xylern transport (Spicer and Gartner, 
2002 ). 

Tension wood is produced by the increased activity 
of the vascular cambium on the upper side of the branch 
or stem, and as in the case of compression wood, eccen¬ 
tric growth rings result. To straighten the stem, the 
tension wood must exert a pull. Tension wood is often 
difficult or impossible to identify without microscopic 
examination of wood sections. The most distinguishing 
feature of tension wood is the presence of gelatinous 
fibers (Fig. 11.9; Chapter 8), the inner secondary wall, 
or gelatinous layer (G layer), of which is nonlignihed but 
rich in acidic polysaccharides, in addition to having 
large quantities of cellulose (Hariharan and Krishnamur- 
thy, 1995; Jourez, 1997; Pilate et al., 2004). The gelati¬ 
nous fibers may have two (S x + G) to four (S,, S 2 , S 3 , G) 
secondary wall layers, the gelatinous layer usually being 
the innermost. The vessels of tension wood typically are 
reduced both in width and number. The ray and axial 
parenchyma may also be affected during tension wood 
production (Hariharan and Krishnamurthy, 1995). 
Lengthwise shrinkage of tension wood rarely exceeds 
1%, but boards containing it twist out of shape in drying. 
When such logs are sawed green, tension wood tears 
loose in bundles of fibers, imparting a wooly appear¬ 
ance to the boards. 

The secondary phloem adjacent, or attached, to 
tension wood may also contain gelatinous fibers (Nanko 
et al., 1982; Krishnamurthy et al., 1997). In the phloem 



FIGURE 11.7 


Compression wood tracheids in Todo hr (Abies sac- 
halinensis , a conifer). A, fluorescence photomicrograph 
of differentiating compression wood. The fluorescence 
is intense only in the depositing secondary wall and 
is last seen at the inner surface of the cell wall. The 
asterisks mark tracheids at the start of S, deposition. B, 
fluorescence photomicrograph, showing tracheids 
undergoing S 2 deposition. C, light photomicrograph of 
differentiating tracheids stained for polysaccharides. 
The appearance of helical ridges and cavities in the 
inner portion of the S 2 layer coincides with the active 
lignihcation of the outer portion of the S 2 layer (aster¬ 
isk). All transverse sections. (From Takabe et al., 
1992.) 
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of Populus euroamericana , the walls of the gelatinous 
fibers consist of two lignified outer layers, the Si and S 2 , 
and of as many as four alternately arranged unlignified 
(gelatinous) and lignified inner layers (Nanko et al., 
1982). 



FIGURE 11.8 


Transmission electron micrograph of compression wood 
tracheid in Todo fir ( Abies sacharinensis) nearing the 
final stage of cell wall formation. Note helical ridges and 
cavities in the inner portion of the S 2 layer. (From Takabe 
et al., 1992.) 


There are some woody angiosperms—for example, 
Lagunaria patersonii (Scurfield, 1964), Tilia cordata, 
and Liriodendron tulipifera (Scurfield, 1965)—in which 
typical tension wood does not form. In these trees the 
leaning stems undergo asymmetric radial growth by 
increased production of both xylem and phloem on the 
upper sides of the stems. Gelatinous fibers are lacking, 
and the lignin content of the tension wood is similar to 
that of the normal wood. Clearly, gelatinous fibers are 
not necessary in these tree species for axis reorientation 
(Fisher and Stevenson, 1981; Wilson and Gartner, 
1996). 

Gelatinous fibers are not unique to branches and 
leaning stems. They also are found in the vertical stems 
of some species of Fagus (Fisher and Stevenson, 1981), 
Populus (Isebrands and Bensend, 1972), Prosopis 
(Robnett and Morey, 1973), Salix (Robards, 1966), and 
Quercus (Burkart and Cano-Capri, 1974). This reaction 
wood, with its gelatinous fibers, is probably associated 
with internal stresses that arise as new cells added by 
the cambium tend to shrink longitudinally during matu¬ 
ration of their walls (Hejnowicz, 1997). Indeed, as noted 
by Huang et al. (2001), in a normal vertically growing 
tree trunk, as newly formed xylem elements become 
lignified, they generate tension stress in the longitudinal 
direction and compressive stress in the tangential direc¬ 
tion. This combination of stress is repeated with each 
new growth increment, resulting in a regular distribu¬ 
tion of opposing stresses around the circumference of 
the trunk. As a result, tension stress arises in the outer 
part of a trunk and compressive stress in the inner part. 




FIGURE 11.9 


Transverse sections of tension wood (A) and normal wood (B) of poplar ( Populus euramericana ). The dark gelati¬ 
nous layers have separated from the rest of the secondary wall in the gelatinous fibers (gf). Other details: nf, normal 
fiber; r, ray; v, vessel. (From Jourez, 1997.) 
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These stresses have been attributed to helping tree 
trunks withstand the force of wind strikes and resist 
cracking of the xylem by frost during severe winters 
(Mattheck and Kubler, 1995). 

Research involving experimental modifications in 
position of plant axes has provided evidence that the 
stimulus of gravity and the distribution of endogenous 
growth substances are important factors in evoking 
the development of reaction wood (Casperson, 1965; 
Westing, 1968; Boyd, 1977). Early experiments with 
auxins and anti-auxins indicated that the tension wood 
in angiosperms is formed where auxin concentration is 
low (Morey and Cronshaw, 1968; Boyd, 1977). In con¬ 
trast, the compression wood of conifers was found to 
form in regions of high auxin concentration (Westing, 
1968; Sundberg et al., 1994). In a more recent study, 
employing high resolution analysis of endogenous IAA 
distribution across the cambial region tissues in both 
Populus tremula and Pinus sylvestris trees, it was 
demonstrated that reaction wood is formed without any 
obvious alterations in IAA balance (Hellgren et al., 
2004). Gibberellic acid (GA 3 ) and ethylene also have 
been implicated in reaction wood formation (Baba et al., 
1995; Dolan, 1997; Du et al., 2004). When reaction 
wood is induced for only a short time the cells formed 
at the beginning and end of the induction period may 
lack some of the anatomical characteristics typical of 
tension wood or compression wood, indicating that 
differentiation of reaction wood characteristics may 
be started or stopped during cell development (Boyd, 
1977; Wilson and Archer, 1977). On the other hand, 
Casperson (I960) concluded that the response leading 
to the formation of tension wood in Aesculus hypocot- 
yls occurred only in those liber precursors stimulated 
at an early stage of their separation from the cambium. 
In Acer saccharinum some of the anatomical features 
of tension wood were already apparent in the primary 
xylem (Kang and Soh, 1992). 


I WOODS 

Woods are usually classified as either softwoods or hard¬ 
woods. The so-called softwoods are conifer woods, 
and the hardwoods are angiosperm wood. The two 
kinds of wood have basic structural differences, but the 
terms “softwood” and “hardwood” do not accurately 
express the relative density (weight per unit volume) or 
hardness of the wood. For example, one of the lightest 
and softest woods is balsa ( Ochroma lagopus), a tropi¬ 
cal hardwood. By contrast, the woods of some soft¬ 
woods, such as slash pine ( Pinus elliotii ), are harder 
than some hardwoods. Conifer wood is homogeneous 
in structure—with long straight elements predominat¬ 
ing. It is highly suitable for papermaking, where high 
toughness and strength are needed. Many commercially 


used hardwoods are especially strong, dense, and heavy 
because of a high proportion of fiber-tracheids and libri- 
forrn fibers ( Astronium, Carya, Carpinus, Diospyros, 
Guaiacum, Manilkara, Ostrya, Quercus). The main 
sources of commercial timbers are the conifers among 
the gymnosperms and the eudicots among the angio¬ 
sperms. The arborescent, or tree-like, monocots do not 
produce a commercially important homogeneous body 
of secondary xylem (Tomlinson and Zintmerntann, 
1967; Butterfield and Meylan, 1980). Among the mono¬ 
cots, the bamboo culm, which has a high strength- 
weight ratio and is more resilient than conventional 
timbers, has long served as the most prominent “wood” 
of Asia. It is used for the construction of houses, furni¬ 
ture, utensils, in the making of paper, as a floor cover¬ 
ing, and as fuel (Liese, 1996; Chapman, 1997; see Liese, 
1998, for the anatomy of bamboo culms). 

The Wood of Conifers Is Relatively Simple in Structure 

The wood of conifers is simpler and more homogeneous 
than that of most of the angiosperms (Figs. 11.2, 11.10, 
and 11.11). The chief distinction between the two kinds 
of wood is the absence of vessels in the conifers and 
their presence in most angiosperms. Another outstand¬ 
ing feature of conifer wood is the relatively small amount 
of parenchyma, particularly axial parenchyma. 

The Axial System of Conifer Woods Consists Mostly or 
Entirely of Tracheids 

The tracheids are long cells averaging 2 to 5 mm in 
length (range: 0.5 to 11 mm; Bailey and Tupper, 1918), 
with their ends overlapping those of other tracheids 
(Fig. 11.2B; Chapter 10). The overlapping ends may be 
curved and branched because of intrusive growth. Basi¬ 
cally the ends are wedge-shaped, with their pointed 
faces exposed in tangential sections and the blunt part 
of the wedges in radial sections. Fiber-tracheids may 
occur in the latewood, but libriform fibers are absent. 

The tracheids are interconnected by circular or oval 
bordered pit-pairs in single, opposite (wide-lumened 
earlywood tracheids of Taxodiaceae and Pinaceae), or 
alternate (Araucariaceae) arrangement. The number of 
pits on each tracheid may vary from approximately 50 
to 300 (Stamm, 1946). The pit-pairs are most abundant 
on the overlapping ends of the tracheids and are largely 
confined to the radial walls. The latewood tracheids 
may bear pits on their tangential walls. Helical thicken¬ 
ings (Chapter 10) on pitted walls have been encoun¬ 
tered in tracheids of Pseudotsuga, Taxus, Cephalotaxus , 
and Torreya (Phillips, 1948). 

The tracheids sometimes show thickenings— crassu- 
lae —of the middle lamella and primary wall along the 
upper and lower margins of the pit-pairs (Fig. 11.11A, B; 
Chapter 10). Other infrequently encountered wall sculp¬ 
tures are the trabeculae, small bars extending across 
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FIGURE 11.10 

Block diagram of vascular cambium and secondary xylem of white cedar ( Thuja occidentalis L.), a conifer. The axial 
system consists of tracheids and small amount of parenchyma. The ray system consists of low, uniseriate rays com¬ 
posed of parenchyma cells. (Courtesy of I. W. Bailey; drawn by Mrs. J. P. Rogerson under the supervision of 
L. G. Livingston. Redrawn.) 


the lumina of the tracheids from one tangential wall to 
the other. 

Axial parenchyma may or may not be present in 
conifer wood. In Podocarpaceae, Taxodiaceae, and 
Cupressaceae, parenchyma is occasionally present as 
single strands in the transition zone between the early- 
wood and latewood. As single strands, it is scanty or 
absent in the Pinaceae, Araucariaceae, and Taxaceae. In 
some genera, axial parenchyma or epithelial cells are 
restricted to that associated with resin ducts ( Ceclrus, 
Keteleeria , Picea, Pinus, Larix, Pseudotsuga). Second¬ 
ary walls occur in epithelial cells in Larix, Picea, and 
Pseudotsuga. 


The Rays of Conifers May Consist of Both Parenchyma 
Cells and Tracheids 

The rays of conifers are composed either of parenchyma 
cells alone, or of parenchyma cells and tracheids. Those 
composed of parenchyma cells alone are called homo- 
cellular, those containing both parenchyma cells and 
tracheids, heterocellular (Figs. 11.11D and 11.12). Ray 
tracheids resemble parenchyma cells in shape but lack 
protoplasts at maturity and have secondary walls with 
bordered pits. They are normally present in Pinaceae, 
except in Abies, Keteleeria, and Pseudolarix, and 
occasionally in Sequoia and most Cupressaceae (Phillips, 
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FIGURE II.II 

Elements from secondary xylern of Pinus. A, earlywood, 
and B, latewood tracheids. Radial walls in face views. 

C, ray in transverse section as seen in tangential section 
of wood. D, two ray cells as seen in a radial section of 
wood. Tracheids in A, B, show contact areas with rays. 
Small pits in these areas connect axial tracheids with 
ray tracheids. Large pits with partial borders connect 
ray parenchyma cells with axial tracheids. Elsewhere 
tracheids have pits with full borders. (All, xlOO. A, B, 

D, adapted from Forsaith, 1926; with permission from 
SUNY-ESF.) 


1948). The ray tracheids commonly occur along the 
margins (tops and/or bottoms) of the rays, one or more 
cells in depth, but may be interspersed among the layers 
of parenchyma cells. 

Ray tracheids have lignified secondary walls. In some 
conifers these walls are thick and sculptured, with pro¬ 


jections in the form of teeth or bands extending across 
the lumen of the cell. The ray parenchyma cells have 
living protoplasts in the sapwood and often darkly 
colored resinous deposits in the heartwood. They have 
only primary walls in Taxodiaceae, Araucariaceae, Taxa- 
ceae, Podocarpaceae, Cupressaceae, and Cephalotaxa- 
ceae (although the microfibrillar orientation of ray-cell 
walls of Podocarpus amara and Tsuga canadensis are 
interpreted as those typical of secondary walls; Wardrop 
and Dadswell, 1953) and have also secondary walls in 
Abietoideae (Bailey and Faull, 1934). 

The rays of conifers are mostly one cell wide (Fig. 
11.2C; uniserlate), occasionally two cells wide (biseri- 
ate) and from 1 to 20, or sometimes up to 50, cells high. 
The presence of a resin duct in a ray makes the normally 
uniseriate ray appear several cells wide except at the 
upper and lower limits (Fig. 11.2C). The rays containing 
resin ducts are called fusiform rays. The rays of coni¬ 
fers make up, on average, about 8% of the volume of the 
wood. 

Each axial tracheid is in contact with one or more 
rays (Fig. 11.11 A, B). The pit-pairs between the axial 
tracheids and ray parenchyma cells are half-bordered, 
with the border on the side of the tracheid; those 
between the axial tracheids and the ray tracheids are 
fully bordered. The pitting between ray parenchyma 
cells and axial tracheids form such characteristic pat¬ 
terns in radial sections that the cross-field, that is, the 
rectangle formed by the radial wall of a ray cell against 
an axial tracheid, is utilized in the classification and 
identification of conifer woods. The pit contacts between 
the ray parenchyma cells and axial tracheids are exten¬ 
sive, as are those between the axial parenchyma cells 
and axial tracheids when that cell combination is 
present. Thus both the axial and ray parenchyma cells 
are contact cells (Braun, 1970, 1984). 

The Wood of Many Conifers Contains Resin Ducts 

Resin ducts appear as a constant feature in the axial and 
radial systems of the woods of such genera as Pinus 
(Figs. 11.2A, C and 11.5A), Picea, Cathaya , Larix , and 
Pseudotsuga (Wu and Hu, 1997). By contrast, resin 
ducts never occur in the woods of Juniperus and 
Cupressus (Fahn and Zamski, 1970). In still other genera 
such as Abies, Cedrus, Psendolarix, and Tsuga, they 
arise only in response to injury. Normal ducts are elon¬ 
gated and occur singly (Figs. 11.2A and 11.5A); traumatic 
ducts generally are cyst-like and occur in tangential 
series (Fig. 11.13; Kuroda and Shimaji, 1983; Nagy et al., 
2000). Some investigators consider all resin ducts in the 
wood traumatic (Thomson and Sifton, 1925; Bannan, 
1936). The phenomena that induce the development of 
traumatic ducts are numerous. Some of these are forma¬ 
tion of open and pressure wounds and injuries by frost 
and wind. Different groups of conifers are not alike in 
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FIGURE 11.12 

Radial section of white pine (Pinus strobus) wood, showing a portion of a ray consisting of parenchyma cells with 
protoplasts (the dark bodies are nuclei) and of ray tracheids with bordered pits in their walls. (x450.) 


FIGURE 11.13 



Traumatic resin ducts (arrows), bordering the cambial zone (cz), in the secondary xylem of Japanese hemlock (Tsuga 
sieboldit). The ducts were induced by the insertion of metal pins into the bark. A, 36 days after pinning, with abnor¬ 
mal tissue in the center; B, more detailed view 20 days after pinning. (Reprinted with permission from K. Kuroda 
and K. Shimaji. 1983- Traumatic resin canal formation as a marker of xylem growth. Forest Science 29, 653-659. 
© 1983 Society of American Foresters.) 
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their response to injuries. The genus Pinus appears to 
be least sensitive to external factors (Bannan, 1936). 

Axial resin ducts commonly are located in the 
earlywood-latewood transition or latewood portions of 
growth rings (Figs. 11.2A and 11.5A; Wimmer et al., 
1999; and literature cited therein). Their location and 
frequency may be influenced by both cambial age and 
climatic factors. In Picea abies, for instance, the major¬ 
ity of axial resin ducts in tree rings above 10 years are 
more likely to be found at the transition between early- 
wood and latewood, and those in tree rings at a young 
cambial age in the latewood (Wimmer et al., 1999). 
Summer temperature was found to affect the formation 
of the ducts most, with a direct relationship existing 
between high summer temperatures and high frequency 
of axial ducts. 

Typically, resin ducts arise as schizogenous inter¬ 
cellular spaces by separation of parenchyma cells 
recently derived from the vascular cambium. Each radial 
duct originates at an axial duct and is continuous from 
the xylem into the phloem, although the ducts may not 
be open in the cambial region of species lined with 
thin-walled cells (Chattaway, 1951; Werker and Fahn, 
1969; Wodzicki and Brown, 1973). The formation of 
radial ducts on the phloem side of the cambium may 
precede that of their counterparts on the xylem side. It 
has been suggested that the stimulus for duct formation 
first affects the ray initials and then is conducted inward 
by the rays to the xylem mother cells of the axial system. 
There the stimulus spreads vertically for a certain dis¬ 
tance, causing the axial components to change into duct 
cells (Werker and Fahn, 1969). The radial ducts may 
continue to increase in length with cambial activity. 
Those of the axial system are variable in height. In the 
outermost growth ring of 10- to 23-year-old loblolly pine 
(Pinus taeda) trees, the axial resin ducts ranged in 
length from 20 to 510 mm (LaPasha and Wheeler, 
1990). 

During their development, the resin ducts form a 
lining, the epithelium, which generally is surrounded 
by a sheath of axial parenchyma cells, variously referred 
to as sheath cells, accompanying cells, or subsidiary 
cells (Wiedenhoeft and Miller, 2002). In Pinus, the epi¬ 
thelial cells are thin-walled (Fig. 11.2A), remain active 
for several years, and produce abundant resin. In Pinus 
halepensis and Pinus taeda, some of the axial cells 
bordering the epithelium are short-lived and deposit an 
inner suberized wall layer before collapsing (Werker 
and Fahn, 1969; LaPasha and Wheeler, 1990). In Larix 
and Picea, the epithelial cells have thick lignihed walls 
and most of them die during the year of origin. These 
genera produce little resin. Thick, lignihed walls have 
also been reported for the epithelial and bordering axial 
cells in Pseudotsuga (Fig. 11.14) and Cathay a (Wu and 
Hu, 1997). Eventually a resin duct may become closed 
by enlarging epithelial cells. These tylose-like intrusions 



FIGURE 11.14 

Transverse section of wood of Pseudotsuga taxifolia, 
showing two resin ducts with thick-walled epithelial 
cells. (From Esau, 1977.) 


are called tylosolds (Record, 1934). They differ from 
tyloses in that they do not grow through pits. 

Early studies of the connections between radial and 
axial resin ducts led to the concept of a three- 
dimensional anastomosing system of resin ducts within 
the wood. More recent studies indicate that such an 
extensive system may not exist, at least not in all conifer 
woods. In Pinus halepensis, for example, connections 
exist only between radial and axial ducts situated on the 
same radial plane, and not in every case where the two 
types of duct come close together (Werker and Fahn, 
1969). Thus, in Pinus halepensis, there are many two- 
dimensional networks, each situated in a different radial 
plane. In Pinus taeda, axial and radial ducts often are 
in close proximity and even share epithelial cells, but 
direct openings between the two are rare (LaPasha and 
Wheeler, 1990). 

The Wood of Angiosperms Is More Complex and 
Varied Than That of Conifers 

The complexity of the wood of angiosperms is due to 
the great variation in kind, size, form, and arrangement 
of its elements. The most complex angiosperm woods, 
such as that of oak, may contain vessel elements, tra- 
cheids, hber-tracheids, libriform fibers, axial paren¬ 
chyma, and rays of different sizes (Figs. 11.3 and 11.15). 
Some angiosperm woods are, however, less complicated 
in structure. Many Juglandaceae, for example, contain 
only hber-tracheids among the imperforate nonliving 
cells (Heimsch and Wetmore, 1939). The wood of the 
vesselless angiosperms (Amborellaceae, Tetracentra- 
ceae, Trochodendraceae, Winteraceae) appears so 
similar to that of conifers that it has at times been 
erroneously interpreted as conifer wood. Vesselless 
angiosperm woods can, however, be distinguished from 
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Cell types in secondary xylem as illustrated by dissociated wood elements of Quercus, oak. Various pits appear on 
cell walls. A-C, wide vessel elements. D-F, narrow vessel elements. G, tracheid. H, fiber-tracheid. I, libriform fiber. 
J, ray parenchyma cells. K, axial parenchyma strand. (From Esau, 1977; A-I, from photographs in Carpenter, 1952; 
with permission from SUNY-ESF.) 


conifer wood by their tall broad rays (Wheeler et al., 
1989). 

Because of the complexity of structure of angiosperm 
woods many characters may be used in their identifica¬ 
tion (Wheeler et al., 1989; Wheeler and Baas, 1998). 
Some of the major features are size distribution of vessels 
in a growth layer (porosity); vessel arrangement and 
groupings; axial parenchyma arrangement and abun¬ 
dance; presence or absence of septate fibers; presence 
or absence of storied structure; size and types of rays; 
types of perforation plates in the vessels; and crystal 
size, arrangement, and abundance. 


On the Basis of Porosity, Two Main Types of 
Angiosperm Wood Are Recognized: Diffuse-porous 
and Ring-porous 

The word porous is used by the wood anatomist to 
refer to the appearance of the vessels in transverse sec¬ 
tions (Table 11.1). Diffuse-porous woods are woods in 
which the vessels, or pores, are rather uniform in size 
and distribution throughout a growth ring (Figs. 11.1 
and 11.5C). In ring-porous woods the pores of the 
earlywood are distinctly larger than those of the late- 
wood, resulting in a ring-like zone in the earlywood and 
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TABLE II.I ■ Examples of Woods with Different 
Distributions of Vessels 

Ring porous 

Carya pecan (pecan) 

Castanea dentata (American chestnut) 

Catalpa speciosa 

Celtis occidentalis (hackberry) 

Fraxinus americana (white ash) 

Gleditsia triacanthos (honey locust) 

Gymnodadus dioicus (Kentucky coffee tree) 

Madura pomifera (Osage orange) 

Morus rubra (red mulberry) 

Paulownia tomentosa 
Quercus spp. (deciduous oaks) 

Robinia pseudoacacia (black locust) 

Sassafras albidum 

Ulmus americana (American elm) 

Semi-ring porous or semi-diffuse porous 

Diospyros virginiana (persimmon) 

Juglans cinerea (butternut) 

Juglans nigra (black walnut) 

Lithocarpus densiflora (tanbark oak) 

Populus deltoides (cottonwood) 

Prunus serotina (black cherry) 

Quercus virginiana (live oak) 

Salix nigra (black willow) 

Diffuse porous 

Acer saccharinum (silver maple) 

Acer saccharum (sugar maple) 

Aescutus glabra (buckeye) 

Aesculus hippocastanum (horse chestnut) 

Alnus rubra (red alder) 

Betula nigra (red birch) 

Carpinus caroliniana (blue beech) 

Cornus florida (dogwood) 

Fagus grandifolia (American beech) 

Ilex opaca (holly) 

Liquidambar styraciflua (American sweet gum) 

Liriodendron tulipifera (tulip tree) 

Magnolia grandiflora (evergreen magnolia) 

Nyssa sylvatica (black gum) 

Platanus occidentalis (American plane tree) 

Tilia americana (basswood) 

Umbellularia californica (California laurel) 

Source: From Esau, 1977. 

an abrupt transition between the earlywood and late- 
wood of the same growth ring (Figs. 11.3A and 11.5B). 
Intergrading patterns occur between the types, and 
woods showing an intermediate condition between 
ring-porous and diffuse-porous may be called semi¬ 
ring porous or semi-diffuse porous. Moreover in a 
given species the distribution of vessels may vary in 
relation to environmental conditions and may change 
with increasing age of a tree. In Populus euphratica, 
the only Populus species native to Israel, vigorous shoot 
growth under conditions of ample water supply was 
associated with wide annual rings and diffuse-porous 


wood, whereas restricted shoot elongation of trees on 
dry sites was associated with narrow annual rings 
and ring-porous wood (Liphschitz and Waisel, 1970; 
Liphschitz, 1995). In the ring-porous oak, Quercus 
ithaburensis, intensive extension growth resulted in 
wide rings with diffuse-porous wood, whereas, under 
restricted extension growth, narrow rings and ring- 
porous wood were produced (Liphschitz, 1995). 
Carlquist (1980, 2001) has attempted to deal with such 
problems by taking into account all known types of cell 
variation seen within growth rings. He recognizes 15 
different kinds of growth rings. 

The ring-porous condition appears to be highly spe¬ 
cialized and occurs in relatively few woods (Metcalfe and 
Chalk, 1983), most being species of the north temperate 
zone. Some wood anatomists consider the earlywood— 
the so-called pore zone—of ring-porous woods to be an 
additional tissue without an equivalent in the diffuse- 
porous woods (Studhalter, 1955), and the latewood to be 
comparable to the entire growth increment of diffuse- 
porous species (Chalk, 1936). It has been proposed that 
ring-porous species originated from diffuse-porous ones 
(Aloni, 1991; Wheeler and Baas, 1991). According to the 
limited-growth hypothesis of Aloni (1991), ring-porous 
species evolved from diffuse-porous species under selec¬ 
tive pressures of limiting environments, which resulted 
in a decreased intensity of vegetative growth. The latter 
was accompanied by a reduction in auxin levels and an 
increased sensitivity of the cambium to relatively low 
auxin stimulation. Lev-Yadun (2000), noting that several 
species in the woody flora of Israel change porosity 
according to growth conditions, questioned the sensitiv¬ 
ity aspect of the limited-growth hypothesis because it 
would require the cambium of such a tree to change its 
sensitivity to auxin as the porosity changes. 

The physiological aspects also indicate the special¬ 
ized nature of ring-porous wood. Ring-porous wood 
conducts water almost entirely in the outermost growth 
increment, with over 90% of the water being conducted 
in the wide, earlywood vessels (Zimmermann, 1983; 
Ellmore and Ewers, 1985) at peak velocities often 10 
times greater than in diffuse-porous species (Huber, 
1935). Because of their great widths, the earlywood 
vessels of ring-porous species are especially vulnerable 
to embolism formation (Chapter 10), and typically they 
become nonfunctional during the same year they are 
formed. Consequently, new earlywood vessels are pro¬ 
duced rapidly each year before new leaves emerge 
(Ellmore and Ewers, 1985; Suzuki et al., 1996; Utsumi 
et al., 1996). In diffuse-porous species several growth 
increments are involved with water conduction at the 
same time, and new vessel formation is initiated after 
the onset of leaf expansion (Suzuki et al., 1996). 

Ring porosity, with the formation of wide vessels 
early in the growing season, has long been regarded an 
adaptation to accommodate the high transpiration and 
flow rates prevalent at that time of year. The narrow, 
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latewood vessels are more important later in the year 
when water stresses are greater and the wide, early- 
wood vessels are more likely to become embolized. 

Within the main distributional patterns of vessels, 
minor variations occur in the spatial relation of the 
pores to each other. A pore is called solitary when the 
vessel is completely surrounded by other types of cells. 
A group of two or more pores appearing together form 
a pore multiple. This may be a radial pore multiple, 
with pores in a radial file, or a pore cluster, with an 
irregular grouping of pores. Although vessels or vessel 
groups may appear isolated in transverse sections of 
wood, in the three-dimensional space the vessels are 
interconnected in various planes (Fig. 11.16). In some 
species the vessels are interconnected only within indi¬ 
vidual growth increments, in others connections occur 
across the boundaries of growth increments (Braun, 
1959; Kitin et al., 2004). According to Zimmermann 
(1983), vessel groups (vessel multiples) are safer than 
solitary vessels because they provide alternative paths 
for the xylem sap to bypass embolisms. 

In a number of woody angiosperms the vessels are 
associated with vasicentric tracheids, generally irreg- 


vessels 



Network of vessels in Populus wood with lateral con¬ 
nections between vessels in both radial and tangential 
planes. The horizontal dimensions are represented on a 
larger scale than the vertical. The delimitations of vessel 
elements are approximate. (Adapted from Braun, 1959. 
© 1959, with permission from Elsevier.) 


ularly shaped tracheids that occur around and adjacent 
to vessels (Fig. 11.3B; Carlquist, 1992, 2001). Although 
best known in the ring-porous woods of Quercus and 
Castanea, vasicentric tracheids also occur in diffuse- 
porous woods (e.g., many species of Shorea and Euca¬ 
lyptus'). They may be regarded as subsidiary conductive 
cells that take over the role of water transport when 
many of the vessels embolize at times of great water 
stress. Probably the safest conductive cells (the ones 
least likely to cavitate and embolize) found in vessel- 
containing wood are the vascular tracheids, which 
resemble narrow vessel elements and are formed at the 
end of a growth ring (Carlquist, 1992, 2001). Vascular 
tracheids would provide maximal safety for angiosperms 
found in regions with severe water stress conditions at 
the end of a growing season. 

The Distribution of Axial Parenchyma Shows Many 
Intergrading Patterns 

Three general patterns, or distributions, of axial paren¬ 
chyma can be recognized from transverse sections: 
apotracheal, paratracheal, and banded (Wheeler et al., 
1989). Various combinations of these types may be 
present in a given wood. In the apotracheal type ( apo, 
meaning from in Greek, in this instance, independence 
from) the axial parenchyma are not associated with the 
vessels, although some random contacts may exist. The 
apotracheal parenchyma is further divided into: diffuse, 
single parenchymatous strands or pairs of strands 
scattered among fibers (Fig. 11.17A) and diffuse-in¬ 
aggregates, parenchyma strands grouped into short 
discontinuous tangential or oblique lines (Fig. 11.17B). 
Diffuse apotracheal parenchyma may be sparse. In the 
paratracheal type (para, meaning beside in Greek), 
the axial parenchyma are associated with the vessels. 
The paratracheal parenchyma cells in direct contact 
with the vessels—the contact cells —have numerous 
prominent pit connections (contact pits) with the 
vessels. The physiological significance of the paratra¬ 
cheal contact cells will be considered along with that of 
the ray contact cells, below. The paratracheal paren¬ 
chyma appears in the following forms: scanty para¬ 
tracheal, occasional parenchyma cells associated with 
the vessels or an incomplete sheath of parenchyma 
around the vessels (Fig. 11.17C); vasicentri, paren¬ 
chyma forming complete sheaths around the vessel (Fig. 
11.17D); aliform, parenchyma surrounding or to one 
side of the vessel and with lateral extensions (Fig. 
11.17E); and confluent, coalesced vasicentric or aliform 
parenchyma forming irregular tangential or diagonal 
bands (Fig. 11.17F). Banded parenchyma may be 
mainly independent of the vessels (Fig. 11.17G; apotra¬ 
cheal), associated with the vessels (Fig. 11.17H; paratra¬ 
cheal), or both. They may be straight, wavy, diagonal, 
continuous or discontinuous, and one to several cells 
wide. Bands over three cells wide generally are visible 




















Distribution of axial parenchyma in wood of A, Alnus glutinosa; B, Agonandra brasiliensis; C, Dillenia pulcher- 
rima\ D, Piptadeniastrum africanum: E, Microberlinia brazzavillensis\ F, Peltogyne confertifolora: G, Carya 
pecan', H, Fraxinus sp. All transverse sections. (A-F, from photographs in Wheeler et al., 1989; G, H, from Figure 
9.8C, D, in Esau, 1977.) 


to the unaided eye. Parenchyma bands at the ends of 
growth rings are called marginal bands (Fig. 11. 5C) 
and may be restricted either to the end of a ring ( ter¬ 
minal parenchyma ) or to the beginning of one (initial 
parenchyma'). According to Carlquist (2001), terminal 
parenchyma is the predominant form. Axial parenchyma 
may be absent or rare in a given wood. From the evolu¬ 
tionary aspect the apotracheal and diffuse patterns are 
primitive. 


The Rays of Angiosperms Typically Contain Only 
Parenchyma Cells 

The ray parenchyma cells of the angiosperms vary in 
shape, but two fundamental forms may be distinguished: 
procumbent and upright (Fig. 11.18). Procumbent ray 
cells have their longest axes oriented radially and upright 
ray cells have their longest axes oriented vertically, or 
upright. Ray cells that appear square in radial sections of 
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FIGURE 11.18 

Two types of rays as seen in tangential (A, C) and radial (B, D) sections. A, B, Acer saccharum; C, D, Fagus grandi- 
folia. (From Esau, 1977.) 


the wood are called square ray cells, a modification of 
the upright. The two main types of ray parenchyma cells 
are often combined in the same ray, the upright cells 
appearing at the upper and lower margins of the ray. In 
the angiosperms, rays composed of one kind of cell 
are called homocellular (Fig. 11.18A, B), and those 
containing procumbent and upright cells, heterocel- 
lular (Fig. 11.18C, D). 

In contrast to the predominantly uniseriate rays of 
conifers, those of the angiosperms may be one to many 
cells wide (Fig. 11. 3C); that is, they may be uniseriate 
or multiseriate (multiseriate rays two cells wide com¬ 
monly are called biseriate rays; Fig. 11.1), and range in 
height from one to many cells (from a few mm to 3 cm 
or more). The multiseriate rays frequently have uniseri¬ 
ate margins. Several individual rays may be so closely 
associated with one another that they appear to be one 
large ray. Such groups are called aggregate rays (e.g., 
many species of Alnus, Carpinus , Corylus, Casuarina, 
and some evergreen species of Quercus). Overall, the 
rays of angiosperms average about 17% of the volume of 
the wood, compared with the about 8% for conifer 
wood. Constituting such a large portion of the wood, 
the rays of angiosperms contribute substantially to the 
radial strength of the wood (Burgert and Eckstein, 
2001 ). 

The appearance of rays in radial and tangential sec¬ 
tions can be used as the basis for their classification. 
Radial sections should be used to determine the cellular 
composition of rays and tangential sections to deter¬ 
mine the width and height of rays. Individual rays may 
be homocellular or heterocellular. The entire ray system 
of a wood may consist of either homocellular or hetero¬ 
cellular rays or of combinations of the two types of 
rays. 


The different ray combinations have a phylogenetic 
significance. The primitive ray tissue may be exempli¬ 
fied by that of the Winteraceae ( Drimys ). The rays are 
of two kinds: one homocellular—uniseriate composed 
of upright cells; the other heterocellular—multiseriate 
composed of radially elongated or nearly isodiametric 
cells in the multiseriate part and upright cells in the 
uniseriate marginal parts. Both kinds of ray are many 
cells in height. From such primitive ray structure other 
ray systems, more specialized, have been derived. For 
example, multiseriate rays may be eliminated (Aesculus 
hippocastanum ) or increased in size (Quercus), or both 
multiseriate and uniseriate rays may be decreased in size 
(Fraxinus). 

The evolution of rays strikingly illustrates the maxim 
that phylogenetic changes depend on successively 
modified ontogenies. In a given wood the specialized 
ray structure may appear gradually. The earlier growth 
layers may have more primitive ray structure than the 
latter because the vascular cambium commonly under¬ 
goes successive changes before it begins to produce a 
ray pattern of a more specialized type. In some special¬ 
ized species with short fusiform initials the wood may 
be either entirely rayless or may develop rays only belat¬ 
edly (Carlquist, 2001). Raylessness is an indicator of 
paedomorphosis. It results from a delay of horizontal 
subdivision of cambial initials that would bring about a 
distinction between fusiform cambial initials and ray 
initials. In totally rayless species virtually no such divi¬ 
sions occur for the duration of cambial activity, and 
most, perhaps all, are small shrubs or herbs. 

The ray cells share some functions with the axial 
parenchyma cells and are also concerned with radial 
transport of substances between the xylem and the 
phloem (van der Schoot, 1989; van Bel, 1990a, b; 
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Lev-Yadun, 1995; Keunecke et al., 1997; Sauter, 2000; 
Chaffey and Barlow, 2001). As mentioned previously, ray 
and axial parenchyma cells form an extensive, three- 
dimensional symplastic continuum that permeates the 
vascular tissues and is continuous via the rays from 
xylem to phloem. The cytoskeleton (microtubules and 
actin filaments) has been implicated in the transport of 
substances within these cells and, in association with 
the acto-myosin of the plasmodesmata in their common 
walls, with intercellular transport (Chaffey and Barlow, 
2001). Ray cells—both procumbent and upright—that 
are connected through pits with tracheary elements, 
like their counterparts among the paratracheal paren¬ 
chyma cells, function as contact cells controlling the 
exchange of solutes (minerals, carbohydrates, and 
organic nitrogenous substances) between the storage 
parenchyma and the vessels. Typically, contact cells do 
not function as storage cells, although small quantities 
of starch may be found in some contact cells at certain 
times of the year (Czaninski, 1968; Braun, 1970; Sauter, 
1972; Sauter et al., 1973; Catesson and Moreau, 1985). It 
is the paratracheal parenchyma cells and ray cells that 
have no contact with the vessels (isolation cells) that 
function as storage cells. During the spring mobilization 
of starch in deciduous trees of the temperate zone, the 
contact cells secrete sugars into the vessels for rapid 
transport to the buds. This process may also play a role 
in the refilling with water those vessels that had accu¬ 
mulated gases during winter (Ameglio et al., 2004). 

During the times of sugar secretion—most notably 
shortly before and during the period of bud swell—the 
contact cells exhibit high levels of respiratory activity 
and at the contact pits high levels of phosphatase activ¬ 
ity. The secretion into and uptake from the vessels of 
solutes by the contact cells apparently is performed 
through substrate/proton cotransport mechanisms (van 
Bel and van Erven, 1979; Bonnemain and Fromard, 1987; 
Fromard et al., 1995). The contact cells therefore are 
analogous to the companion cells that serve in the sugar 
exchange with the sieve elements in the phloem 
(Chapter 13; Czaninski, 1987). They differ from com¬ 
panion cells, however, in their presence of lignihed cell 
walls and of a pecto-cellulosic protective layer, which 
is involved with tylose formation (Chapter 10). Several 
functions have been suggested for the protective layer 
other than tylose formation (Schaffer and Wisniewski, 
1989; van Bel and van der Schoot, 1988; Wisniewski and 
Davis, 1989). The one most relevant to the present dis¬ 
cussion is that the protective layer is a means of main¬ 
taining apoplastic continuity along the entire surface of 
the protoplast, bringing the entire plasma membrane 
surface, not just the part of it in contact with the porous 
pit membrane, into contact with the apoplast (Barnett 
et al., 1993). The contact cells also differ from com¬ 
panion cells in their lack of plasmodesmata at the 
contact pits; companion cells have numerous pore- 


plasmodesmata connections in their common walls 
with the sieve elements (Chapter 13). The tangential 
walls of the ray cells contain numerous plasmodesmata, 
indicating that radial transport of sucrose and other 
metabolites in the rays is symplastic (Sauter and Kloth, 
1986; Krabel, 2000; Chaffey and Barlow, 2001). 

Intercellular Spaces Similar to the Resin Ducts of 
Gymnosperms Occur in Angiosperm Woods 

The intercellular spaces or ducts in angiosperm woods 
contain secondary plant products such as gums and 
resins (Chapter 17). They occur in both the axial and 
the radial systems (Wheeler et al., 1989) and vary in 
extent; some are more appropriately called intercellular 
cavities. The ducts and cavities may be schizogenous, 
but those formed in response to injury— traumatic 
ducts and cavities —commonly are lysigenous. 

I SOME ASPECTS OF SECONDHRV XVLEM DEVELOPMENT 

The derivatives that arise on the inner face of the 
cambium through tangential divisions of the cambial 
initials undergo complex changes during their develop¬ 
ment into the various elements of the xylem. The basic 
pattern of the secondary xylem, with its axial and radial 
systems, is determined by the structure of the cambium 
itself, since the cambium is composed of fusiform and 
ray initials. Also all of the changes in the relative pro¬ 
portions between these two systems—for example, the 
addition or the elimination of rays (Chapter 12)—origi¬ 
nate in the cambium. 

The derivatives of the ray initials generally undergo 
relatively little change during their differentiation. Ray 
cells enlarge radially as they emerge from the cambium, 
but the distinction between the upright and the 
procumbent cells is apparent in the cambium. Most 
ray cells remain parenchymatous, and although some 
develop secondary walls, their contents do not change 
much. Apparent exceptions among the angiosperms are 
perforated ray cells, cells within the rays that differ¬ 
entiate as vessel elements and connect axial vessels 
across the rays (Fig. 11.19; Carlquist, 1988; Nagai et al., 
1994; Otegui, 1994; Machado and Angyalossy-Alfonso, 
1995; Eom and Chung, 1996), and radial libers such as 
those found in aggregate rays of Quercus calliprinos 
(Fev-Yadun, 1994b). A profound change also occurs in 
the ray tracheids of conifers, for they develop secondary 
walls with bordered pits and lose their protoplasts 
during maturation. 

The ontogenetic changes that occur in the axial 
system vary with the type of cell, and each cell type has 
its own characteristic rate and duration for the differen¬ 
tiation processes. Typically the vessel elements and the 
cells in contact with them mature more rapidly than 
other cells in the developing xylem (Ridoutt and Sands, 
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Perforated ray cells, with simple perforations, in root wood of Styrax camporium. A, tangential section showing 
perforated ray cell (dart) interconnecting two vertical vessels. B, radial section, showing ray cell (dart) with perfora¬ 
tion on radial wall. C, perforated ray cell from macerated wood. (From Machado et al., 1997.) 


1994; Murakami et al., 1999; Kitin et al., 2003). The Expansion of the vessel elements affects the arrange- 

fibers take longer than other cell types, particularly rnent and the shape of adjacent cells. These cells become 

the vessel elements, to mature (Doley and Leyton, 1968; crowded out of their original position and cease to 

Ridoutt and Sands, 1994; Murakami et al., 1999; Chaffey reflect the radial seriation present in the cambial zone, 

et al., 2002). Developing vessel elements elongate The rays, too, may be deflected from their original posi- 

slightly, if at all, but they expand laterally, often so tions. The cells in the immediate vicinity of an expand- 

strongly that their ultimate width exceeds their height. ing vessel enlarge parallel with the surface of the vessel 

Short, wide vessel elements are characteristic of highly and assume a flattened appearance. But often these cells 

specialized xylem. In many species of angiosperms the do not keep pace with the increase of the circumfer- 

vessel elements expand in their median parts but not at ence of the vessel and become partly or completely 

the ends, which overlap those of the vertically adjacent separated from each other. As a result the expanding 

elements. These ends are ultimately not occupied by the vessel element comes in contact with new cells. The 

perforation and appear like elongate wall processes, expansion of a vessel element can be pictured as a 

tails, with or without pits. phenomenon involving both coordinated and intrusive 
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growth. As long as the cells next to the vessel element 
expand in unison with it, the common walls of the 
various cells undergo coordinated growth. During sepa¬ 
ration of adjacent cells, the vessel-element wall intrudes 
between the walls of other cells. When the future vessel 
element begins to expand in the xylem mother cell 
zone, production of cells ceases in one or more rows 
adjacent to the row containing the expanding cell. 
Divisions are resumed in these rows after the vessel 
has expanded and the cambium has been displaced 
outward. 

The separation of the cells located next to an expand¬ 
ing vessel causes the development of cells having odd, 
irregular shapes. Some remain partially attached to each 
other and, as the vessel element continues to enlarge, 
these connections extend into long tubular structures. 
The parenchyma cells and the tracheids that are thus 
affected by developmental adjustments have received 
the names disjunctive parenchyma cells (Fig. 11.20) 
and disjunctive tracheids, respectively. These are 
modified growth forms of the xylem parenchyma cells 
and the tracheids of the axial system. 



FIGURE 11.20 


Longitudinal section of Cucurbita xylem showing the 
result of tearing apart of parenchyma cells that occurred 
near an expanding vessel. Arrows point to tubular 
structures connecting the disjunctive parenchyma cells. 
(x600. From Esau and Hewitt, 1940. Hilgardia 13 (5), 
229-244. © 1940 Regents, University of California.) 


In contrast to the vessel elements, the tracheids and 
fibers undergo relatively little width increase but often 
elongate much during differentiation. The degree of 
elongation of these elements in the different groups of 
plants varies widely. In the conifers, for example, the 
fusiform initials themselves are very long, and their 
derivatives elongate only slightly. In the angiosperms, 
on the contrary, the tracheids and the fibers become 
considerably longer than the meristematic cells. If the 
xylem contains tracheids, hber-tracheids, and libriform 
fibers, the libriform fibers elongate the most, although 
the tracheids attain the largest volume because of their 
greater width. The elongation occurs through apical 
intrusive growth. In the extreme storied woods there 
may be little or no elongation of any kind of element 
(Record, 1934). 

Woods containing no vessels retain a rather symmet¬ 
ric arrangement of cells, because in the absence of 
strongly expanding cells the original radial seriation 
characteristic of the cambial region is not much dis¬ 
turbed. There is some change in alignment resulting 
from apical intrusive growth of the axial tracheids. 

Vessel elements, tracheids, and fiber-tracheids de¬ 
velop secondary walls and the end walls of the vessel 
elements become perforated. Ultimately the proto¬ 
plasts disintegrate in those cells that are nonliving at 
maturity. 

The fusiform meristematic cells that differentiate 
into the axial parenchyma typically do not elongate. If 
a parenchyma strand is formed, the fusiform cell divides 
transversely. No such divisions occur during the devel¬ 
opment of a fusiform parenchyma cell. In some plants 
the parenchyma cells develop secondary walls but do 
not die until the heartwood is formed. The parenchyma 
cells associated with resin and gum ducts in the axial 
system arise like axial parenchyma cells by transverse 
divisions of fusiform cells. 

During development, each cell of the xylem must 
receive information about its position within the tissue 
and express the appropriate genes. The principal hor¬ 
monal signal involved with the control of cambial activ¬ 
ity and vascular development is auxin (IAA) (Little and 
Pharis, 1995). The apparent role of auxin in tracheary 
element differentiation, the transition from earlywood 
to latewood, and reaction wood formation has already 
been considered. In the intact plant the polar flow of 
auxin from expanding buds and young, growing leaves 
is essential for maintaining the vascular cambium and 
initiating the spatially organized patterns of vascular 
tissue (Aloni, 1987). Apparently not all of the auxin 
involved in secondary growth is derived from the 
growing shoots. The differentiating vascular tissues, 
and specifically xylem, appear to be important sources 
of auxin that maintain cambial activity after its initial 
reactivation under the influence of expanding buds 
(Sheldrake, 1971). Whereas auxin itself induces vessel 
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elements, gibberellin, in the presence of auxin, may be 
the signal for fiber differentiation (Chapter 8; Aloni, 
1979; Roberts et al., 1988). 

It has been proposed that radial diffusion of the 
polarly transported auxin creates an auxin gradient 
across the cambial zone and its derivatives, and that this 
gradient establishes a positional signaling system from 
which the cambial derivatives interpret their radial posi¬ 
tion and, hence, express their genes (Sundberg et al., 
2000; Mellerowicz et al., 2001; and literature cited 
therein). A steep concentration gradient of IAA has 
in fact been demonstrated across developing xylem 
and phloem in Pinus sylvestris (Uggla et al., 1996) 
and hybrid aspen (Populus tremula x P. tremuloides ) 
(Tuominen et al., 1997). However, it is quite clear that 
the auxin gradient alone does not provide enough infor¬ 
mation to position either xylem or phloem mother cells 
or the cambial initials. Steep concentration gradients of 
soluble carbohydrates also occur across the cambium 
(Uggla et al., 2001). As noted by Mellerowicz et al. 
(2001), the presence of such gradients, together with 
accumulating evidence for the presence of sugar sensing 
in plants (Sheen et al., 1999), provide substantial support 
for the concept that auxin/sucrose ratios are determin¬ 
ing factors in xylem and phloem differentiation (Warren 
Wilson and Warren Wilson, 1984). 

A radial signal flow, which is independent of the axial 
flow, has also been invoked in the regulation of ray devel¬ 
opment (Lev-Yadun, 1994a; Lev-Yadun and Aloni, 1995). 
This signal flow is envisaged as occurring bidirection¬ 
ally, with ethylene originating in the xylem flowing 
outward and controlling both the initiation of new rays 
and the enlargement of existing ones, and auxin flowing 
inward from the phloem being involved in the induction 
of vascular elements (ray tracheids, perforated ray cells) 
and fibers. The radial flow of ethylene would “disturb” 
radial auxin transport, however, and limit the formation 
of vascular elements and fibers in the generally paren¬ 
chymatous rays (Lev-Yadun, 2000). 

A great deal of information is needed before we 
will understand the complexity of the phenomenon of 
annual growth and the determination of the different 
cell types in the vascular tissues. Undoubtedly other 
growth regulators are involved and the activity of these 
substances is modified by nutritional conditions and the 
availability of water. 


I IDENTIFICATION OF NQOD 

The use of wood for purposes of identification requires 
a very sound knowledge of wood structure and of 
factors modifying that structure. The search for diagnos¬ 
tic features is best based on an examination of collec¬ 
tions from more than one tree of the same species made 
with proper attention to the location of the sample on 


the tree. The wood acquires its mature character not at 
the beginning of cambial activity but in the later growth 
increments. That is because the wood produced during 
the early life of a part of the tree undergoes a progres¬ 
sive increase in dimensions and corresponding changes 
in form, structure, and disposition of cells in successive 
growth layers (Rendle, I960). This juvenile wood is 
produced in the active crown region of the tree and is 
associated with the prolonged influence of the apical 
meristems on the vascular cambium. As the crown 
moves upward with continued growth, the cambium 
near the base of the tree becomes less influenced by the 
elongating crown region and begins to produce mature 
wood. With continued upward movement of the juve¬ 
nile wood-producing crown, the production of mature 
wood progresses upward. Thus the wood of a twig 
would be of a different ontogenetic age than that of a 
trunk of the same tree. Furthermore, in certain sites, 
the wood has reaction wood properties that deviate 
more or less strongly from features considered to be 
typical of the taxon in question. Adverse or unusual 
environmental conditions and improper methods of 
preparation of samples for microscopy also may obscure 
the diagnostic features. 

A further complicating aspect of wood identification 
is that the anatomical characteristics of woods are often 
less differentiated than the external features of the taxa 
involved. Although woods of large taxa differ consider¬ 
ably from one another, within groups of closely related 
taxa, such as species, or even genera, the wood may be 
so uniform that no consistent differences are detectable. 
Under such circumstances it is imperative to use a 
combination of gross, or macroscopic, and microscopic 
characters of woods, as well as odor and taste. 

Some of the gross features of wood are color, grain, 
texture, and figure. Color in wood is variable both 
between different kinds of wood and within a species. 
The color of heartwood can be important in identifying 
a particular wood. 

Grain in wood refers to the direction of alignment 
of the axial components—fibers, tracheids, vessel 
elements, and parenchyma cells—when considered en 
masse. For example, when all the axial components are 
oriented more or less parallel to the longitudinal axis of 
the trunk, the grain is said to be straight. The term 
spiral grain is applied to a spiral arrangement of ele¬ 
ments in a log or trunk, which has a twisted appearance 
after the bark has been removed (Fig. 11.21). (It has 
been suggested that spiral grain is an adaptation of trees 
to withstand stem breakage caused by wind-induced 
torsion; Skatter and Kucera, 1997.) If the orientation of 
the spiral is reversed at more or less regular intervals 
along a single radius, the grain is said to be interlocked. 
The alignment of the axial components reflects the 
alignment of the cambial (fusiform) initials that gave 
rise to them (Chapter 12). 
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FIGURE 11.21 

Trunk of a dead white oak (Quercus alba ) tree from 
which the bark has fallen, revealing the spiral grain of 
the wood. 


Texture of wood refers to the relative size and degree 
of size variation of elements within the growth rings. 
The texture of woods with wide bands of large vessels 
and broad rays, as in some ring-porous woods, can be 
described as coarse, and that of woods with small 
vessels and narrow rays as fine. Woods in which there 
is no perceptible difference between the early wood and 
latewood can be described as having even texture, 
whereas those with distinct differences between the 
earlywood and latewood of a growth ring can be 
described as uneven. 

Figure refers to the patterns found on the longitudi¬ 
nal surfaces of wood. It depends on grain and texture 
and on the orientation of the surface that results from 


sawing. In a restricted sense the term “figure” is used 
to refer to the more decorative woods, such as bird’s- 
eye maple, prized in the furniture and cabinet-making 
industries. 

For references on wood anatomical identification 
guides see Schweingruber and Bosshard (1978) and 
Schweingruber (1990), for Europe; Meylan and 
Butterfield (1978), for New Zealand; Panshin and de 
Zeeuw (1980) for North America; and Fahn et al. (1986) 
for Israel and adjacent regions. In addition, see Wheeler 
and Baas (1998), the IAWA List of Microscopic Features 
for Hardwood Identification (Wheeler et al., 1989), and 
the IAWA List of Microscopic Features for Softwood 
Identification (Richter et al., 2004). 
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CHAPTER TWELVE 


Vascular Cambium 


The vascular cambium is the meristem that produces 
the secondary vascular tissues. It is a lateral meristem, 
for in contrast to the apical meristems, which are located 
at the tips of stems and roots, it occupies a lateral posi¬ 
tion in these organs. The vascular cambium, like the 
apical meristems (Chapter 6), consists of initial cells and 
their recent derivatives. In the three-dimensional aspect, 
the vascular cambium commonly forms a continuous 
cylindrical sheath about the xylem of stems and roots 
and their branches (Fig. 12.1). When the secondary vas¬ 
cular tissues of an axis are in discrete strands, the 
cambium may remain restricted to the strands in the 
form of strips. It also appears in strips in most petioles 
and leaf veins that undergo secondary growth. In the 
leaves (needles) of conifers, the vascular bundles 
increase somewhat in thickness after the first year 
through the activity of a vascular cambium (Strasburger, 
1891; Ewers, 1982). In angiosperms, the larger veins 
may have primary and secondary vascular tissues; the 
smaller are usually entirely primary. Cambial activity is 
more pronounced in leaves of evergreen species than in 
those of the deciduous (Shtromberg, 1959). 


I ORGANIZATION OF THE CAMBIUM 

The cells of the vascular cambium do not fit the usual 
description of meristematic cells, as those that have 
dense cytoplasm, large nuclei, and an approximately 
isodiametric shape. Although the resting cambial cells 
are densely cytoplasmic, they contain many small vacu¬ 
oles. Active cambial cells are highly vacuolated, consist¬ 
ing essentially of a single large central vacuole surrounded 
by a thin, parietal layer of dense cytoplasm. 

The Vascular Cambium Contains Two Types of Initials: 
Fusiform Initials and Ray Initials 

Morphologically, cambial initials occur in two forms. 
One type of initial, the fusiform initial (Fig. 12.2A), is 
several times longer than wide; the other, the ray initial 
(Fig. 12.2B), is slightly elongated to nearly isodiametric. 
The term fusiform implies that the cell is shaped like a 
spindle. A fusiform cell, however, is an approximately 
prismatic cell in its middle part and wedge-shaped at 
the ends. The pointed end of the wedge is seen in 
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FIGURE 12.1 


Transverse sections of Tilia stem (A) and root (B), each with periderm and several increments of secondary vascular 
tissues. The vascular cambium forms a continuous cylindrical sheath about the secondary xylem. (A, x9.7; B, x27.) 


tangential sections, the truncated end in radial sections 
(Fig. 12.2A). The tangential sides of the cell are wider 
than the radial. The exact shape of the fusiform initials 
of Pinus sylvestris has been determined as that of long, 
pointed, tangentially flattened cells with an average of 
18 faces (Dodd, 1948). 

The fusiform initials give rise to all cells of the xylem 
and phloem that are arranged with their long axes par¬ 
allel to the long axis of the organ in which they occur; 
in other words, they give rise to the longitudinal or 
axial systems of xylem and phloem (Fig. 12.2D). Exam¬ 
ples of elements in these systems are tracheary ele¬ 
ments, fibers, and axial parenchyma cells in the xylem; 
sieve elements, fibers, and axial parenchyma cells in 
the phloem. The ray initials give rise to the ray cells, 
that is, the elements of the radial system (the system of 
rays) of the xylem and the phloem (Fig. 12.2E; Chapters 
11, 14). 

The fusiform initials show a wide range of variation 
in their dimensions and volume. Some of these varia¬ 
tions depend on the plant species. The following 
figures, expressed in millimeters, exemplify differ¬ 


ences in the lengths of fusiform initials in several 
plants: Sequoia sempervirens , 8.70 (Bailey, 1923); 
Pinus strobus , 3-20; Ginkgo, 2.20; Myristica, 1.31; 
Pyrus, 0.53; Populus, 0.49; Fraxinus, 0.29; Robinia, 
0.17 (Bailey, 1920a). Fusiform initials vary in length 
within species, partly in relation to growth conditions 
(Pomparat, 1974). They also show length modifications 
associated with developmental phenomena in a single 
plant. Generally, the length of fusiform initials increases 
with the age of the axis, but after reaching a certain 
maximum, it remains relatively stable (Bailey, 1920a; 
BoRhard, 1951; Bannan, 1960b; Ghouse and Yunus, 
1973; Ghouse and Hashmi, 1980a; Khan, K. K., et al., 
1981; Iqbal and Ghouse, 1987; Ajmal and Iqbal, 1992). 
After reaching their maximum length, the fusiform 
initials in some species (e.g., Citrus sinensis, Khan, M. 
I. H., et al., 1983) may undergo a gradual but slow 
decrease in length with increasing girth of the axis. In 
at least some species, fusiform initial length tends to 
increase from the top toward the base of the stem, 
reaching a maximum and then declining slightly at the 
base (Iqbal and Ghouse, 1979; Ridoutt and Sands, 
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FIGURE 12.2 




ray initials 



Vascular cambium in relation to derivative tissues. A, diagram of fusiform initial; B, of ray initial. In both, orientation 
of division concerned with formation of phloem and xylem cells (periclinal division) is indicated by broken lines. C, 
D, E, Robinia pseudoacacia\ sections of stem include phloem, cambium, and xylem. C, transverse; D, radial (axial 
system only); E, radial (ray only). (From Esau, 1977.) 


1993). The size of fusiform initials also may vary during 
the growing season (Paliwal et al., 1974; Sharma et al., 
1979). The changes in the size of fusiform initials 
brings about similar changes in the xylem and phloem 
cells derived from these initials. The ultimate size of 
their derivatives, however, depends only partly on that 
of the cambial initials, because changes in size also 
occur during differentiation of cells. 

The Cambium May Be Storied or Nonstoried 

The cambium may be storied (stratified), or nonstoried 
(nonstratified), depending on whether or not, as seen 
in tangential sections , the cells are arranged in hori¬ 
zontal tiers. In a storied cambium the fusiform ini¬ 
tials are arranged in horizontal tiers, with the ends of 
the cells of one tier appearing at approximately the 
same level (Fig. 12.3). It is characteristic of plants 
with short fusiform initials. Nonstoried cambia are 
common in plants with long fusiform initials, which 
have strongly overlapping ends (Fig. 12.4). Intergrad¬ 
ing types of arrangement occur in different plants. The 
cambium of Fraxinus excelsior is a mosaic of storied 
and nonstoried local areas (Krawczyszyn, 1977). The 


storied cambium, which is more common in tropical 
species than in temperate ones, is considered to be 
phylogenetically more advanced than the nonstoried, 
the evolution from nonstoried to storied being accom¬ 
panied by a shortening of fusiform initials (Bailey, 
1923). Like the fusiform initials, the rays may be storied 
or nonstoried. 

The fusiform cells of the vascular cambium are com¬ 
pactly arranged. Whether intercellular spaces continue 
radially between the xylem and phloem via the rays, 
however, has been the subject of long-lived debate 
(Larson, 1994). Intercellular spaces were found among 
ray initials in Tectona grandis, Azadirachta indica, and 
Tamarindus indica , but only when the cambium was 
inactive (Rajput and Rao, 1998a). In the active cambium 
the cells appeared compactly arranged. In an effort to 
resolve the question, both active and dormant cambia 
were examined in 15 temperate-zone species, including 
both eudicots ( Acer negundo , Acer saccharum, Cornus 
rasmosa, Cornus stolonifera, Malus domestica, Pyrus 
communis, Quercus alba, Rhus glabra, Robinia pseu- 
doacacia, Salix nigra, Tilia americana, Ulmus ameri- 
cana) and conifers ( Metasequoia glyptostroboides, 
Picea abies, Pinus pinea'). In all 15 species narrow, 
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Storied cambium of black locust (Robinia pseudoaca¬ 
cia ), as seen in tangential section. In a cambium such 
as this, the fusiform initials are arranged in horizontal 
tiers on tangential surfaces. (X125.) 


Nonstoried cambium of apple (Mains domestica ), as 
seen in tangential section. In a cambium such as this, 
the fusiform initials are not arranged in horizontal tiers, 
as seen on tangential surfaces. (X125.) 


radially oriented intercellular spaces were found within 
the rays and/or at the interfaces between vertically con¬ 
tiguous ray cells and fusiform cells of both the active 
and dormant cambium (Evert, unpublished data). A 
system of intercellular spaces was continuous between 
the secondary xylem and secondary phloem via the 
rays. 

I FORMATION OF SECONDHRV XVLEM AND 
SECONDARV PHLOEM 

When the cambial initials produce xylem and phloem 
cells they divide periclinally (tangentially; Fig. 12.2A, 
B). At one time a derivative cell is produced inwardly 
toward the xylem, at another time outwardly toward 
the phloem, although not necessarily in alternation. 
Thus each cambial initial (Figs. 12.2C and 12.5) pro¬ 
duces radial files of cells, one toward the inside, the 
other toward the outside, and the two files meet at 
the cambial initial. Such radial seriation may persist 
in the developing xylem and phloem, or it may be 
disturbed through various kinds of growth readjust¬ 
ments during differentiation of these tissues (Fig. 
12.2C). These cambial divisions, which add cells to 


the secondary vascular tissues, are also called addi¬ 
tive divisions. 

Additive divisions are not limited to the initials but 
are encountered also in varied numbers of derivatives. 
During the period of rest, xylem and phloem cells 
mature more or less close to the initials; sometimes only 
one cambial layer is left between the mature xylem and 
phloem elements (Fig. 12.6A). But some vascular 
tissue—frequently only phloem—may overwinter in an 
immature state (Fig. 12.6B). 

During the height of cambial activity, cell addition 
occurs so rapidly that older cells are still meristematic 
when new cells are produced by the initials. Thus a 
wide zone of more or less undifferentiated cells accu¬ 
mulates. Within this zone the cambial zone, only one 
cell in a given radial file is considered to be an initial in 
the sense that after it divides periclinally, one of the two 
resulting cells remains as an initial and the other is given 
off toward the differentiating xylem or phloem. The 
initials are difficult to distinguish from their recent 
derivatives in part because these derivatives divide peri¬ 
clinally one or more times before they begin to differ¬ 
entiate into xylem or phloem. The initial is, however, 
the only cell able to produce derivatives toward both 
the xylem and the phloem. 
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Vascular tissues and cambium in stem of pine (Pinus sp., a conifer) in cross (A) and radial (B) sections. (From Esau, 
1977.) 


The active cambial zone thus constitutes a more or 
less wide stratum of periclinally dividing cells orga¬ 
nized into axial and radial systems. Within this stratum 
some workers visualize a single layer of cambial initials 
flanked along their two tangential walls by phloem 
mother cells (phloem initials) toward the outside 
and xylem mother cells (xylem initials) toward the 
inside, and they restrict use of the word cambium to 
this putative uniseriate layer of initials. Others, includ¬ 
ing the author of this book, use the terms cambium 
and cambial zone interchangeably. It is quite clear that 
the initial of a given radial hie of cells in the cambial 
zone may not have an accurate tangential alignment 
with the initials in neighboring radial hies (Evert, 
1963a; Bannan, 1968; Mahmood, 1968; Catesson, 
1987); quite likely there is never an uninterrupted, 
even layer of cambial initials around the axis (Timell, 
1980; Wloch, 1981). Moreover a given initial may cease 
to participate in additive divisions and be displaced by 
its derivative, which then assumes the role of a cambial 
initial. 

Cambial initials are not permanent entities in the 
cambium, but temporary, relatively short-lived tran¬ 


sients, each of which performs an “initial function” 
(Newman, 1956; Mahmood, 1990), a function that is 
perpetuated and inherited by one “heir” or cambial 
initial after the other (Newman, 1956). The cambium 
thus has many characters in common with the apical 
meristems (Chapter 6). In both, it is extremely difficult 
to delimit the initials from their recent derivatives, the 
derivatives in both being more or less meristematic, and 
in both, the initials are continually shifting positions 
and being displaced. It has been suggested that passing 
of the initial function from one cambial cell to another 
may help avoid the accumulation of harmful mutations 
that potentially could occur after hundreds or thou¬ 
sands of mitotic cycles in permanent initials of long- 
lived species (Gahan, 1988, 1989). 


I INITIALS VERSUS THEIR IMMEDIATE DERIVATIVES 

The initials cannot be distinguished from their immedi¬ 
ate derivatives by cytological features. This is true both 
of actively dividing cambia and of dormant cambia in 
which more than one layer of undifferentiated cells 
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Transverse sections of vascular tissues and dormant carnbia in (A) basswood (Tilia americana ) and (B) apple (Mains 
domestica ) stems. The dormant cambial zone in basswood consists of only one or two layers of cells, in apple it 
consists of several layers (5 to 11). Two growth increments (gi) of secondary phloem, with overwintering living sieve 
elements and companion cells (conducting phloem), can be seen in the basswood section (A). A single phloem incre¬ 
ment—delimited above by a band of hber-sclereids (fs)—is present in the apple section (B). The increment in the 
apple section consists entirely of nonconducting phloem: its sieve elements are dead and their companion cells (not 
discernible) have collapsed. Other details: c, crystal-containing cell; cc, companion cells; cz, cambial zone; f, fibers; 
p, parenchyma cell; r, ray; s, sieve element; x, xylem. (A, X300; B, x394.) 


occur between completely differentiated elements of radial walls at sharp angles. Using these criteria, Sanio 

xylem and phloem. Most attempts to identify cambial recognized distinct groups of four cells in the cambial 

initials have been made on conifers. The earliest such zone. Now called Sanio’s four , each group of four cells 

attempt was based on differences in the thickness consists of the initial, its most immediate derivative, 

of the tangential walls in the cambial cells of Pinus and two daughter cells. When xylem is being formed, 

sylvestris (Sanio, 1873). Sanio noted that after cell-plate the daughter cells divide once more, producing four 

formation each of the new daughter cells enclosed xylem cells, referred to as the expanding , or enlarg- 

(“emboxed”) its protoplast with a new primary wall, ing, four (Fig. 12.7; Mahmood, 1968). The presence 
explaining why the radial walls in the cambial zone are of Sanio’s four in the cambial zone and of groups of 

always much thicker than the tangential walls, and why expanding four in the differentiating xylem of conifers 

the tangential walls vary in thickness. The initial cell has since been confirmed (Murmanis and Sachs, 1969; 

in each radial hie had an extra thick tangential wall. Murmanis, 1970; Timell, 1980). Groups of four have not 

Sanio also noted that tangential walls meeting radial been recognized on the phloem side of the cambium; 

walls at rounded angles are older than those joining there, the cells appear to occur in pairs. 
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FIGURE 12.7 

Theoretical sequence of events during the production of secondary xylem if each of the protoplasts of the new 
daughter cells is enclosed (“emboxed”) by a new primary wall. The successive initials in xylem production are des¬ 
ignated as i, i h i 2 , and i 3 ; the xylem mother cells as d and d,\ and the tissue cells derived from a pair of daughter cells 
as t. The original predivision initial i is found in column A. Its division gives rise to the succeeding initial i, and 
mother cell m (column B), each of which then enlarges to predivision size (column C). In column D, i, has divided 
into i 2 and m h and m has divided to produce a pair of daughter cells d. The group of four cells in columns D and E 
correspond to Sanio’s four. In columns F and G both Sanio’s four and enlarging four can be recognized. Redrawn 
from A. Mahmood. 1968. Australian Journal of Botany 16, 177-195, with permission of CSIRO Publishing, 
Melbourne, Australia. © CSIRO.) 


Except for Quercus rubra (Murmanis, 1977) and 
Tilia cordata (Wloch, 1989, as reported by Larson, 
1994), Sanio’s four have been identified only in conifers 
(Timell, 1980; Larson, 1994). Groups of expanding four 
have been found on the xylem side of the cambium in 
Populus deltoides (Isebrands and Larson, 1973) and 
Tilia cordata (Wloch and Zagorska-Marek, 1982; Wloch 
and Polap, 1994) and pairs of cells on the phloem side 
in Tilia cordata (Wloch and Zagorska-Marek, 1982; 
Wloch and Polap, 1994). Evidence for the presence of 
pairs of cells has also been found in the secondary 
phloem of Pyrus malus (Malus domestica) (Evert, 
1963a). The failure or difficulty in identifying Sanio’s 
four or groups of expanding four in other woody angio- 
sperms (hardwoods) may be attributed to a combination 
of factors, including the relatively few layers of cells 
found in the dormant cambia of some hardwood species, 
the less orderly manner of cell division that occurs in 


the active cambia of hardwoods (compared with the 
regular succession of cell division found in the cambia 
of conifers), and the distortion to the radial rows of cells 
that occurs just outside the actively dividing cambial 
cells of hardwoods from the extensive intrusive growth 
and lateral expansion of xylem derivatives. 

The “emboxing” of daughter protoplasts, which has 
been used effectively with conifers to identify cambial 
initials, was questioned by Catesson and Roland (1981) 
in their study of several deciduous hardwoods. They 
could find no evidence for the deposition of a complete 
primary wall around each daughter protoplast follow¬ 
ing periclinal division (i.e., following formation of a 
new tangential wall). Instead, they found a heteroge¬ 
neous distribution of polysaccharides around each of 
the daughter protoplasts, with polysaccharide lysis 
and deposition occurring simultaneously. Utilizing 
mild extraction and cytochemical techniques at the 
































































































































































































330 | Esau’s Plant Anatomy, Third Edition 


ultrastructural level, Catesson and Roland (1981; see 
also Roland, 1978) found young tangential cambial cell 
walls to be made up of a loose microfibrillar skeleton 
and a matrix rich in highly methylated pectins and the 
bulk of the radial walls to be hemicellulosic. The young 
tangential walls had no recognizable middle lamella, 
while the radial walls presented a classical tripartite 
structure (primary wall-middle lamella-primary wall), 
the middle lamella containing a high amount of acidic 
pectins (Catesson and Roland, 1981; Catesson, 1990). 
Large portions of the actively expanding radial 
walls—portions probably especially plastic and exten¬ 
sible—appeared completely devoid of cellulose. Immu- 
nolocalization studies on the vascular cambium of 
Aesculus hippocastanum taproots (Chaffey et al., 1997a) 
broadly support the views of Catesson and her co¬ 
workers (Catesson et al., 1994), with regard to the com¬ 
position of cambial cell walls. 

Other criteria besides differential wall thickness 
have been used in attempts to identify cambial initials. 
Bannan (1955) reported that the functioning initial 
could be identified in radial sections of Thuja occiden- 
talis because it is slightly shorter than the adjoining 
derived xylern mother cells. Newman (1956) used the 
smallest cell in a ray, which he regarded as the ray 
initial, to identify the initials in neighboring rows of 
fusiform cells in Pinus radiata. Cambial cells that have 
recently undergone anticlinal division have been used 
to identify initials (Newman, 1956; Philipson et al., 
1971), but anticlinal divisions of cambial initials are 
never frequent, and the cambial derivatives may also 
divide anticlinally (Cumbie, 1963; Bannan, 1968; 
Murmanis, 1970; Catesson, 1964, 1974). 

As noted by Catesson (1994), the difficulty in recog¬ 
nizing the cambial initials is a consequence of a nearly 
total ignorance of the molecular events linked to deriva¬ 
tive production and of the early steps of derivative dif¬ 
ferentiation. The first recognizable markers at light and 
electron microscope levels are cell enlargement and cell 
wall thickening. By that time the biochemical processes 
leading to cell determination and differentiation are 
already well under way. Preliminary studies of cell wall 
structure, composition, and development have provided 
some idea of the earliest cell wall changes occurring in 
cambial derivatives, including differences in the early 
biosynthesis of the microfibrillar skeletons in cell walls 
of derivatives on the phloem and xylem sides of the 
cambium (Catesson, 1989; Catesson et al., 1994; Baler 
et al., 1994), and changes in the arrangement of the 
cortical microtubules from thick-walled, dormant 
cambial cells to thin-walled actively dividing cells to 
differentiating cambial derivatives (Chaffey et al., 1997b, 
1998). 

Biochemical and pectin immunolocalization studies 
on the vascular cambium of Populus spp. indicate that 
differences in pectin distribution and composition can 


be used as early markers of cell differentiation in both 
the xylem and the phloem (Guglielmino et al., 1997b; 
Ermel et al., 2000; Follet-Gueye et al., 2000). These 
studies confirm the results of an earlier one indicating 
that pectin distribution and calcium localization in cells 
on the xylem side of the cambium differ from those in 
cells on the phloem side at a very early stage of commit¬ 
ment (Baier et al., 1994). Immunolocalization of pectin 
methylesterase, which controls the degree of methyla- 
tion and hence the plasticity of cell walls, also revealed 
a different distribution of enzymes in actively divid¬ 
ing cambial cells and their immediate derivatives 
(Guglielmino et al., 1997a). Initially the enzymes 
occurred exclusively in the Golgi bodies, later in both 
Golgi bodies and in wall junctions, indicating that the 
activity of neutral pectin methylesterases might also be 
considered an early marker of differentiation in cambial 
derivatives (Micheli et al., 2000). 

■DEVELOPMENTAL CHANGES 

As the core of secondary xylem increases in thickness, 
the cambium is displaced outward and its circumfer¬ 
ence increases. This increase is accomplished by divi¬ 
sion of cells, but in arborescent species it also involves 
complex phenomena of intrusive growth, loss of initials, 
and formation of ray initials from fusiform initials. The 
changes in the cambium are reflected by changes in the 
radial files of cells in the xylem or phloem as seen in 
serial tangential sections. By following these changes, 
it is possible to reconstruct the past events in the 
cambium. 

Events in the cambium of conifers can be safely 
inferred from changes in tracheid numbers and orienta¬ 
tion because the tracheids undergo relatively little elon¬ 
gation (apical intrusive growth) and lateral expansion 
during differentiation. By contrast, the cambial pattern, 
in general, is not well preserved in the secondary xylem 
of hardwoods. Fiber elongation in hardwoods typically 
is much greater than elongation of tracheids in conifers. 
That, in addition to the often considerable lateral ex¬ 
pansion of differentiating vessel elements, precludes 
complete continuity in observation of cambial changes 
in such secondary xylem. In some hardwoods, how¬ 
ever, the terminal layer of xylem in each annual ring 
preserves the cell pattern that existed in the cam¬ 
bium when that layer was formed (Hejnowicz and 
Krawczyszyn, 1969; Krawczyszyn, 1977; Wloch et al., 
1993). Thus the terminal layers of xylem from succes¬ 
sive annual rings may be used to determine periodic 
structural changes that have occurred in the cambium. 
In other hardwoods, changes may be followed through 
the orientation and relative positions (splitting and 
uniting) of the xylem rays (Krawczyszyn, 1977; Wloch 
and Szendera, 1992). In still others, developmental 
changes in the cambium may be determined from a 
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study of serial tangential sections of the phloem, provid¬ 
ing large quantities of relatively undistorted phloem 
with easily distinguished growth increments accumu¬ 
late in the bark (Evert, 1961). 

The divisions increasing the number of initials are 
called multiplicative divisions (Bannan, 1955). In 
species having storied carnbia (carnbia that have short 
fusiform initials), the multiplicative divisions are 
mostly radial anticlinal (Fig. 12.8A; Zagorska-Marek, 
1984). Thus two cells appear side by side where one 
was present formerly, and each enlarges tangentially. 
Slight apical intrusive growth restores the pointed 
ends to the daughter cells. In herbaceous and shrubby 
eudicots the anticlinal divisions are frequently lateral; 
that is, they intersect twice the same mother cell wall 
(Fig. 12.8B; Cumbie, 1969). In species having nonsto- 
ried carnbia (carnbia with long initials), the initials 


divide by formation of more or less inclined, or oblique, 
anticlinal walls (Fig. 12.8C-E; pseudotransverse 
divisions ), and each new cell elongates by apical 
intrusive growth. As a result of this growth the new 
sister cells come to lie side by side in the tangential 
plane (Fig. 12.8F, G), and they thus increase the cir¬ 
cumference of the cambium. During the intrusive 
growth the ends of the cells may fork (Fig. 12.8H, I). 
The ray initials also divide radially anticlinally in 
species that have multiseriate rays. Although both 
xylern and phloem mother cells may sometimes divide 
anticlinally, anticlinal divisions creating new cambial 
initials are restricted to cambial initials: only cambial 
initials can beget cambial initials. 

A wide range of variation exists in the ratio of ray 
initials to fusiform initials; for example, the fusiform 
initials constitute 25% of the cambial area in Dillenia 



FIGURE 12.8 

Division and growth of fusiform initials. Initial divided: A, by radial anticlinal wall; B, by lateral anticlinal wall; C-E, 
by various oblique anticlinal walls. F, G, oblique anticlinal division is followed by apical intrusive growth (growing 
apices are stippled). H, I, forking of fusiform initials during intrusive growth ( Juglans). J-L, intrusion of fusiform 
initials into rays ( Liriodendron ). (All tangential views.) (From Esau, 1977.) 
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indica (Ghouse and Yunus, 1974) and 100% in rayless 
Alseuosmia macrophylla and A. pusilla (Paliwal and 
Srivastava, 1969). The ratio of ray to fusiform initials 
tends to increase with age of the stem but reaches a limit 
beyond which it does not change, resulting in a propor¬ 
tion of ray cells characteristic of the species (Ghouse 
and Yunus, 1976; Gregory, 1977). 

Formation of New Ray Initials from Fusiform Initials 
or Their Segments Is a Common Phenomenon 

The addition of new ray initials maintains a relative 
constancy in the ratio between the rays and the axial 
components of the vascular cylinder (Braun, 1955). This 
constancy results from the addition of new rays as the 
column of xylem increases in girth; that is, new ray ini¬ 
tials appear in the cambium. These new ray initials are 
derived from fusiform initials. 

The initials of new uniseriate rays may arise as single 
cells, which are cut from the ends or sides of fusiform 
initials (conifers, Braun, 1955) or by transverse divisions 
of such initials (herbaceous and shrubby eudicots, 
Curnbie, 1967a, b, 1969). The origin of rays, however, 
may be a highly complicated process involving trans¬ 
verse subdivision of fusiform initials into several cells, 
loss of some of the products of these divisions, and the 
transformation of others into ray initials (Braun, 1955; 
Evert, 1961; Rao, 1988). In conifers and eudicots, new 
uniseriate rays begin as rays one or two cells high and 
only gradually attain the height typical for the species 
(Braun, 1955; Evert, 1961). 

The increase in height of rays occurs through the 
union of newly formed ray initials with existing ones, 
through transverse divisions of the established ray ini¬ 
tials, and through fusion of rays located one above the 
other (Fig. 12.9). In the formation of multiseriate rays, 
radial anticlinal divisions and fusions of laterally approx¬ 
imated rays are involved. Indications are that in the 
process of fusion some fusiform initials intervening 
between rays are converted into ray initials by trans¬ 
verse divisions; others are displaced toward the xylem 
or the phloem and are thus lost from the initial zone. 
The reverse process, a splitting of rays, also occurs. A 
common method of such splitting involves a breaking 
up of a panel of ray initials by a fusiform initial that 
intrudes among the ray initials (Fig. 12.8I-L). In some 
species, rays are dissected through the expansion of ray 
initials to fusiform size. 

The phenomenon of loss of initials has been studied 
extensively in the conifers (Bannan, 1951-1962; Forward 
and Nolan, 1962; Hejnowicz, 1961) and less so in the 
angiosperms (Evert, 1961; Cumbie, 1963, 1984; Cheadle 
and Esau, 1964). The loss of fusiform initials is usually 
gradual. Before an initial is eliminated from the cambium, 
its precursors fail to enlarge normally—possibly even 
diminishing in size through loss of turgor—and become 


abnormal in shape. Unequal periclinal divisions sepa¬ 
rate such cells into smaller and larger derivatives, the 
smaller of which remains the initial (Fig. 12.10C, G). 
Thus, gradually, the declining initial is reduced in size, 
particularly in length (Fig. 10.12D-F). Some of the short 
initials lapse into maturity; that is, they are lost outright 
from the cambium by maturing into xylem or phloem 
elements. Others become ray initials with or without 
further divisions. In transverse sections the loss of ini¬ 
tials is revealed by discontinuities in the radial files of 
cells (Fig. 12.10A). The space released by a declining 
initial is filled by lateral expansion and/or by the 
intrusive growth of surviving initials. In Hibiscus 
lasiocarpus (Cumbie, 1963), Aeschynomene hispida 
(Butterfield, 1972), and Aeschynomene virginica 
(Cumbie, 1984)—all three herbaceous eudicots—there 
is no outright loss of fusiform initials, only the conver¬ 
sion of fusiform initials to ray initials. 

The loss of fusiform initials is associated with the 
anticlinal divisions giving rise to new initials. The pro¬ 
duction of new initials typically results in numbers of 
cells far in excess of those necessary for adequate cir¬ 
cumferential expansion. This excess production is 
accompanied by heavy loss, however, so that the net 
gain represents only a small part of the number pro¬ 
duced. The loss appears to be related to vigor of growth. 
In Thuja occidentals , the survival rate was found to 
be 20% when the annual xylem increment was 3 mm 
wide, whereas at the lowest rates the rate of loss and 
that of new production were almost equal (Bannan, 
1960a). The accommodation to the increase in girth 
probably occurred through elongation of cells. In Pyrus 
communis , the outright loss of new fusiform initials 
was calculated to be 50%; roughly another 15% were 
transformed to ray initials (Fig. 12.11; Evert, 1961). Con¬ 
sequently only about 35% of the new initials that arose 
through anticlinal division survived and repeated the 
cycle of elongation and division. In Liriodendron, the 
loss of initials by maturation and by conversion into ray 
initials nearly equaled the addition of new fusiform 
initials to the cambium (Cheadle and Esau, 1964). Con¬ 
siderable evidence indicates that following anticlinal 
division, in both conifers and woody angiosperms, the 
longer sister cells and those with the most extensive 
ray contacts tend to survive (Bannan, 1956, 1968; 
Bannan and Bayly, 1956; Evert, 1961; Cheadle and Esau, 
1964). It has been suggested that the fusiform initials 
with the greatest ray contact survive because they are 
in better position to compete for water, food materials, 
and other substances necessary for growth (Bannan, 
1951), and that the selection of the longest sister fusi¬ 
form initials contributes to the maintenance of an effi¬ 
cient cell length in the secondary vascular tissues 
(Bannan and Bayly, 1956). 

As mentioned previously, anticlinal divisions are fol¬ 
lowed by intrusive elongation of the resulting cells. The 
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Drawings from serial tangential sections of the phloem of pear (Pyrus communis) to illustrate developmental changes 
in the cambium. In both series (A-E; F-L), each successive section is nearer the cambium. A-D and F-K represent 
derivatives of cambial initials; E and L are in the cambium. Stippled cells mark origin of ray initial. Parenchyma cells 
are with nuclei; sieve-tube elements, ray cells, and cambial cells are without nuclei. In the series A-E, new ray initials 
arose from a segment cut off the side of a fusiform initial (B). In series F-L, new ray initials arose in two ways: from 
a segment cut off the end of a fusiform initial (G) and through a reduction in length of a relatively short fusiform 
initial followed by its conversion to ray initials ( J, K). Note the manner by which the ray in I attained its height. (All, 
X260. From Evert, 1961.) 
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FIGURE 12.10 



Vascular cambium of Thuja occidentalis. A, transverse section showing relation of xylem and phloem to cambium. 
The discontinuous radial hie is represented in the xylem and the phloem but not in the cambium—loss of fusiform 
initial. B-G, radial sections. B, differences in length of cells in cambial zone. C, early stage in shortening of cambial 
cells by asymmetric periclinal division. D, earlier, and E-G, later stages in shortening of fusiform initials to dimen¬ 
sions of ray initials. (After Bannan, 1953, 1955.) 


direction of this elongation may be polar. In Thuja 
occidentalis , for example, it was found to be consider¬ 
ably greater in the downward than in the upward direc¬ 
tions (Bannan, 1956). In a subsequent study on 20 
species of conifers, Bannan (1968) found that in some 
areas of the cambium the lower of two sister cells was 
more likely to survive, while in other areas the reverse 
was true. Although considerable variation occurred 
within a single tree, an overall tendency existed within 
a species for either lower or upper sister cells to have 
a better chance of survival. Cell elongation is predomi¬ 
nantly basipetal when the lower cell tends to survive 
and predominantly acropetal when the upper cell 
survives. 

Intrusive growth of fusiform cambial initials is gen¬ 
erally thought of as occurring between radial walls, 
with little or no change in cell inclination. Under such 
circumstances the packets of cells originating from a 
given initial are located in the same radial file. Intru¬ 
sive growth of initial cell ends may occur between 
periclinal walls of neighboring cell files, bring about 


changes in cell inclination, and result in dislocation of 
packets in tangential planes. Under these circum¬ 
stances a single file of cells can consist of packets with 
origins from different cambial initials (Wloch et al., 
2001 ). 

In trees with moderate growth rates the majority of 
multiplicative (anticlinal) divisions occur toward the 
end of the period of maximal growth concerned with 
the seasonal production of xylem and phloem (Braun, 
1955; Evert, 1961, 1963b; Bannan, 1968). In plants with 
nonstoried cambia this timing in divisions means that 
the cambium contains, on the average, shorter fusiform 
initials immediately after these divisions take place and 
longer ones immediately before. Subsequently the new 
surviving cells elongate so that the average length of the 
initials increases until a new period of divisions ensues 
near the end of the growing season. This fluctuation in 
the average length of fusiform initials is reflected in the 
variation in length of their derivatives (Table 12.1). In 
young and vigorously growing trees, anticlinal divisions 
are less definitely restricted to the latter part of the 
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FIGURE 12.11 

Diagram illustrating the developmental changes that took place over a seven-year period in one area of the vascular 
cambium of pear (Pyrus communis ) as determined from serial tangential sections of the secondary phloem. Each 
lineal series of horizontal lines depicts the changes that took place within one group of related initials during the 
seven-year period. The forking of a horizontal line represents the division of an initial; a side branch indicates a divi¬ 
sion that produced a segment off the side of an initial. The broken lines mark failing initials, and the termination of 
these lines denotes the disappearance of the initials from the cambium. The letter R signifies the transformation of 
a fusiform initial to one or more ray initials. The vertical lines identify yearly growth increments. No attempt was 
made to indicate differences in widths of growth increments. The oldest growth increment (farthest from the 
cambium) is on the left. (From Evert, 1961.) 


TABLE 12.1 ■ Combined Average Lengths of the First- 
and Last-formed Elements (Sieve-Tube Elements and 
Parenchyma Strands) of 7 Successive Growth 
Increments in a Defined Area of the Stem Secondary 
Phloem of Pyrus communis 


Average Lengths (pm) 

First-formed 


Last-formed 

Elements 


Elements 

299 


461 

409 


462 

367 


479 

420 


476 

369 


475 

362 


467 

384 


462 


growing season and may be frequent throughout the 
growing season. 

Domains Can Be Recognized within the Cambium 

As mentioned previously, in nonstoried cambia, increase 
in girth of the cambium involves pseudo transverse, or 
oblique anticlinal, divisions followed by apical intrusive 
growth of the two daughter cells. The orientation of 
these two events may be either to the right (Z) or to the 
left (S) (Zagorska-Marek, 1995). The distribution of Z 
and S configurations on the cambial surface tends not 
to be random, so that areas exist where one or the other 
configuration prevails. Such areas are called cambial 
domains (Fig. 12.12). Often the inclination of the ini¬ 
tials in the same domains cycles, or changes, with time 
from Z to S, and vice versa. The scale and temporal 
aspects of these changes determine whether the wood 


Source: From Evert, 1961. 
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FIGURE 12.12 

Diagram of a vascular cambium, as seen in tangential 
section, showing alternating domains. Below, the cell 
axes are inclined toward the left (S), in the middle of 
the diagram parallel to the stem axis, and above, toward 
the right (Z). (After Catesson, 1984. © Masson, Paris.) 


grain is straight, spiral, wavy, or interlocked, or even of 
a more complex pattern (Krawczyszyn and Romberger, 
1979; Harris, 1989; Wloch et al., 1993). In carnbia pro¬ 
ducing straight-grained wood, the effect of nonrandomly 
oriented events is minimized by their low frequencies 
(Hejnowicz, 1971). 

In species with storied cambia, the mechanism of 
reorientation, to the right (Z) or to the left (S), depends 
mainly on intrusive growth and the elimination of parts 
of initials as a result of unequal periclinal divisions 
(Hejnowicz and Zagorska-Marek, 1974; Wloch, 1976, 
1981). Intrusive growth produces a new tip beside the 
original one, resulting in formation of a forked end. 
Eventually unequal periclinal division divides the initial 
into two cells unequal in size. The cell with the old tip 
loses the initial function, becoming either a xylem or a 
phloem mother cell (Wloch and Polap, 1994). 


I SEASONAL CHANGES IN CAMBIAL 
CELL ULTAASTRUCTURE 

Virtually all of the information available on the changes 
accompanying the seasonal cycle of meristematic activ¬ 
ity in the vascular cambium at the ultrastructural level 
comes from studies of temperate tree species (Barnett, 
1981, 1992; Rao, 1985; Sennerby-Forsse, 1986; Fahn and 
Werker, 1990; Catesson, 1994; Larson, 1994; Farrar and 
Evert, 1997a; Lachaud et al., 1999; Rensing and Samuels, 
2004). In general, the changes are basically similar for 
hardwood and softwood species. Some of the changes— 
such as changes in degree of vacuolation and in storage 
products—are associated with cold acclimation (hard¬ 
ening) or deacclimation (dehardening) and have been 
described for other tissues (Wisniewski and Ashworth, 
1986; Sagisaka et al., 1990; Kuroda and Sagisaka, 
1993). 

Cells of the dormant cambium are characterized by 
the density of their protoplasts and the thickness of 
their walls, most notably of their radial walls, which 
have a beaded appearance as viewed in tangential sec¬ 
tions (Fig. 12.13). The beaded appearance is due to the 
presence of deeply depressed primary pit-fields, which 
alternate with the thickened wall areas. 

Both fusiform and ray cells of the dormant cambium 
contain numerous small vacuoles (Fig. 12.14). The vacu¬ 
oles commonly contain proteinaceous material, others 
may contain polyphenols (tannins). Lipids in the form 
of droplets are common storage products of dormant 
cambial cells. Typically their cycle is opposite that of 
starch. For instance, whereas lipid droplets are numer¬ 
ous in dormant cambial cells of Robinia pseudoacacia , 
starch grains are absent from such cells (Farrar and 
Evert, 1997a). The reverse is true of cells in the active 
cambium. Hydrolysis of starch during the transition to 
dormancy may be a component of the freezing tolerance 
mechanism in the temperate zone trees, the resultant 
sugars serving as cryoprotectants. 

During the transition to dormancy and thickening of 
the cambial cell walls, Golgi activity is high and the 
plasma membrane contains numerous invaginations. 
Gradually the Golgi bodies become inactive, and the 
plasma membrane assumes a smooth outline. Cyclosis 
stops. The dormant cambial cells contain numerous free 
ribosomes not aggregated as polysomes and mostly 
smooth tubular endoplasmic reticulum. Cambial cells 
contain all of the cytoplasmic components typical of 
parenchymatous cells. 

Reactivation of the cambium is preceded by a resump¬ 
tion of cyclosis followed by the hydrolysis of storage 
products and coalescence of the numerous small vacu¬ 
oles to form fewer larger vacuoles. The formation of 
fewer and larger vacuoles in cambial cells of Populus 
trichocarpa during reactivation has been shown to be 
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FIGURE 12.13 

Dormant (A) and active (B) cambia of basswood (Tilia americana) as seen in tangential sections. Note the beaded 
appearance of the radial walls of the dormant fusiform cells in A, and the phragmoplasts (arrows) in dividing fusiform 
cells in B. (Both, x400.) 


associated with an increase uptake of K + , probably 
mediated by the activity of a plasma membrane H + - 
ATPase (Arend and Fromm, 2000). Concomitantly the 
plasma membrane becomes irregular in outline and 
begins to form numerous small invaginations. Some 
invaginations increase in size, protrude into the vacuole, 
and push the tonoplast inward. These invaginations, 
with their contents, eventually pinch off into the 
vacuole. This is a period of much membrane trafficking. 
Cambial reactivation is also preceded by a partial loos¬ 
ening of the radial walls, especially in cell junctions 
(Rao, 1985; Funada and Catesson, 1991). With the 
renewal of cambial activity, the radial walls of the 
cambial cells thin down (Fig. 12.13B). 

The cortical microtubules of fusiform cambial cells 
are randomly arranged (Chaffey, 2000; Chaffey et al., 


2000; Funada et al., 2000; Chaffey et al., 2002). Bundles 
of actin filaments have been observed in fusiform 
cambial cells (Chaffey, 2000; Chaffey and Barlow, 2000; 
Funada et al., 2000). They are more or less longitudi¬ 
nally oriented or arranged as a series of parallel helices 
of low pitch. The actin filament bundles apparently 
extend the length of the cell. The cortical microtubules 
in ray cells of the cambial zone are also randomly 
arranged. By contrast, bundles of actin filaments are less 
frequent in ray cambial cells than in fusiform cambial 
cells, and they are randomly arranged (Chaffey and 
Barlow, 2000). These arrangements of microtubules and 
actin filaments persist throughout the seasonal cycle in 
both cambial cell types. 

The most conspicuous feature of the fusiform cells 
of active cambia is the presence of a large central vacuole 
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FIGURE 12.14 


Electron micrograph of transverse section of dormant 
cambium of black locust ( Robinia pseudoacacia). The 
cambial zone (cz) is bordered by mature xylem (x) above 
and by phloem parenchyma cells (ppc) immediately 
below. The two rows of fusiform cells are bordered by 
a ray (r) on the right. Note numerous small vacuoles 
(clear areas) in the fusiform cells. (From Farrar and 
Evert, 1997a, Fig. 2. © 1997, Springer-Verlag.) 


(Fig. 12.15A). These cells also are characterized by the 
presence of mostly rough endoplasmic reticulum, ribo¬ 
somes mostly aggregated as polysomes, and consider¬ 
able Golgi activity. Table 12.2 summarizes, in general, 
some of the cytological changes that occur in the 
cambium during the seasonal cycle. 

The nuclei of the fusiform cambial cells also exhibit 
seasonal variations. In conifers, the nuclei tend to be 
much longer and narrower during the fall and winter 
than during the spring and summer (Bailey, 1920b). In 
the hardwoods Acer pseudoplatanus (Catesson, 1980) 
and Tectona grandis (Dave and Rao, 1981), cessation of 
cambial activity is followed by a decrease in diameter of 
the nucleoli, which assume a resting appearance indica¬ 
tive of a state of low RNA synthesis. Similar changes in 
nuclear behavior have been observed in Abies balsamea 
(Mellerowicz et ah, 1993). Fluctuations in DNA content 
also have been demonstrated in the fusiform cambial 
cells of balsam hr (Mellerowicz et al., 1989, 1990, 1992; 


Lloyd et al., 1996). At the end of the growing season 
(September in Central New Brunswick, Canada) the 
interphase nuclei in balsam hr remained in the G| phase 
and at the 2C DNA level until after December, when 
DNA synthesis (S phase) was resumed. DNA levels were 
maximal at the beginning of cambial activity in April. 
They decreased during the cambial growing season and 
reached minimum levels in September. 

The uninucleate condition of fusiform cambial cells 
was hrst recognized by Bailey (1919, 1920c) and since 
then has generally been accepted as such by other inves¬ 
tigators. Occasional reports of multinucleate fusiform 
cells have appeared in the literature (Patel, 1975; Ghouse 
and Khan, 1977; Hashmi and Ghouse, 1978; Dave and 
Rao, 1981; Iqbal and Ghouse, 1987; Venugopal and 
Krishnamurthy, 1989). In all such cases the putative 
multinucleate condition was detected in tangential sec¬ 
tions of cambia viewed with the light microscope. It is 
likely that the multinucleate appearance results from 
the narrow radial diameters of the exactly superim¬ 
posed fusiform cells whose nuclei lie close to the same 
focal plane (Farrar and Evert, 1997b). Utilizing confocal 
laser scanning microscopy, which clearly allowed adja¬ 
cent layers of cells in the cambium to be distinguished 
and the number of nuclei per cell to be determined, 
Kitin and co-workers (Kitin et al., 2002) were able to 
show that the fusiform cells in the cambium of Kalo- 
panax pictus are exclusively uninucleate. The putative 
multinucleate condition of the fusiform cells in the per¬ 
tinent tree species needs to be critically reexamined. 

Little information is available on the distribution and 
frequency of plasmodesmata in the walls of cambial 
cells. In Fraxinus excelsior, the plasmodesmatal fre¬ 
quency has been reported to be highest in the tangential 
walls between ray cells and lowest in the tangential 
walls between fusiform cells (Goosen-de Roo, 1981). In 
Robinia pseudoacacia (Farrar, 1995), plasmodesmata 
are scattered throughout the tangential walls between 
fusiform cells; that is, they are not aggregated in primary 
pit-fields. By contrast, plasmodesmata in tangential walls 
between ray cells are aggregated in primary pit-fields. 
Moreover, plasmodesmata are aggregated in primary pit- 
fields in the radial walls between all cell combinations 
in the cambial region: between fusiform cells, between 
ray cells, and between fusiform cells and ray cells. The 
plasmodesmatal frequency (plasmodesmata per microm¬ 
eter of cell wall interface) is highest in the tangential 
walls between ray cells. The lowest plasmodesmatal 
frequencies occur in the tangential walls between fusi¬ 
form cells. 


I CYTOKINESIS OF FUSIFORM CELLS 

As discussed previously (Chapter 4), long before the 
initiation of cytokinesis in relatively small vacuolated 
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Radial views of fusiform cells in the active cambium of black locust (Robinia pseudoacacia). A, view of cambial 
zone showing highly vacuolate, uninucleate fusiform cells. Arrows point to recently formed tangential walls. B, view 
of phragmoplast (arrowheads) and developing cell plate in dividing fusiform cell. The phragmosome is represented 
by the region of cytoplasm just in advance of the phragmoplast (asterisk). Other details: n, nucleus; v, vacuole. (From 
Farrar and Evert, 1997b, Figs. 2 and 17. © 1997, Springer-Verlag.) 

plant cells the nucleus migrates to the center of the ing and phragmosome formation, a preprophase 

cell. The strands of cytoplasm supporting the nucleus band of microtubules typically is formed, marking 

then aggregate into a cytoplasmic plate, the phragmo- the plane of the future cell plate. Thus both the 

some, that bisects the cell in the plane to be assumed phragmosome and preprophase band define the same 

later by the cell plate. In addition to nuclear position- plane. 
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TABLE 12.2 ■ Cytological Changes in Cambium during the Seasonal Cycle 

Physiological Stage 

Activity 

Transition to Dormancy 

Dormancy 

Reactivation 

Nucleus 

Dividing 

G| stage 

S stage 

S or G 2 stage 

Nucleolus diameter 

Rather large 

Decreasing 

Rather small 

Increasing 

Vacuoles 

Few, large 

Several, fragmenting 

Small, numerous 

Numerous, 





coalescing 

Cyclosis 

Yes 

Yes 

No 

Yes 

Golgi bodies 

Numerous, 

Numerous, active 

Few, mostly 

Resumption of 


active 


inactive 

activity 

ER 

Rough 

Rough 

Mostly smooth 

Rough 

Ribosomes 

Polysomes 

Polysomes 

Free 

Polysomes 

Actin filaments 

Bundles in some 

NR 

Bundles in 

NR 


species 


some species 


Cortical microtubules 

Random 

NR 

Helically 

NR 




arranged 


Plasma membrane 

Irregular, some 

Often large invaginations 

Smooth 

Irregular, some 


invaginations 



invaginations 

Mitochondria 

Round to oval 

Round to elongated 

Round to oval 

Round to 





elongated 

Plastids 

Small with tubules 

Small with tubules or a 

Small with tubules 

Small with tubules 


or a few 

few thylakoids 

or a few 

or a few 


thylakoids 


thylakoids 

thylakoids 


Source: Adapted from Lachaud et al., 1999. 

Note: The presence of phytoferritin or of dense inclusions and the presence and seasonal distribution of starch in the plastids depend 
on plant species. NR = not recorded. 


Cytokinesis of the fusiform cells in the vascular 
cambium is of special interest because of the great 
lengths of these highly vacuolated cells, compared with 
the relatively small dimensions of most vacuolated plant 
cells. (Fusiform cells may be several hundred times as 
long as they are wide radially.) Yet, when a fusiform 
cambial cell divides longitudinally, it must form a new 
cell wall along its entire length. In such a division the 
diameter of the phragmoplast initially is very much 
shorter than the long diameter, or length, of the cell 
(Fig. 12.16). Consequently the phragmoplast and the 
cell plate reach the longitudinal walls of the fusiform 
cell soon after mitosis, but the progress of the phragmo¬ 
plast and the cell plate toward the ends of the cell is an 
extended process. Before the side walls are reached, the 
phragmoplast appears as a halo about the daughter 
nuclei in tangential sections of the cambium (Fig. 
12.16A). After the side walls are intersected by the cell 
plate—but before the ends of the cell are reached—the 
phragmoplast appears as two bars intersecting the side 
walls (Fig. 12.16A). In radial sections, the phragmoplasts 
are seen in sectional view. There they have a roughly 
wedge-shaped outline, being bluntly convex in front 
and tapering at the rear along the cell plate (Figs. 12.15B 
and 12.16B). 

Both callose and myosin have been immunolocalized 
in the cell plate of fusiform cambial cells, but not in the 


portion of the plate forming within the phragmoplast, 
in roots and shoots of Populus tremula x P. tremuloi- 
des, Aesculus hippocasternum, and Pinas pinea 
(Chaffey and Barlow, 2002). Tubulin and actin, by 
contrast, were largely confined to the phragmoplast, 
whereas actin filaments were localized alongside the 
growing cell plate, except for the portion of the plate 
forming within the phragmoplast. It has been suggested 
that an acto-myosin contractile system may play a role 
in pushing the phragmoplast toward the parental cell 
walls (Chaffey and Barlow, 2002). 

Few ultrastructural studies have been published on 
cell division in large, highly vacuolated fusiform cells of 
the vascular cambium (Evert and Deshpande, 1970; 
Goosen-de Roo et al., 1980; Farrar and Evert, 1997b; 
Rensing et al., 2002). Those studies have revealed that 
the ultrastructure and sequence of events of mitosis and 
cytokinesis in dividing fusiform cells are essentially 
similar to those observed during the division of shorter 
cells, with two notable exceptions. In five of the species 
examined— Tilia americana , Ulmus americana (Evert 
and Deshpande, 1970), Robinia pseudoacacia (Farrar 
and Evert, 1997b), Pinas ponderosa and P. contorta 
(Rensing et al., 2002)—preprophase bands appear not 
to exist in the fusiform cells, although such bands were 
found in dividing ray cells of the three hardwood 
species. In addition, in the same five species, phragmo- 
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FIGURE 12.16 

Cytokinesis in vascular cambium of Nicotiana tabacum as seen in tangential (A) and radial (B-D) sections of stem. 
Partly formed cell plates in surface (A) and side (B) views. C, early stage of division; D, later stage. (A, B, X120; C, 
D, x600.) 


somes do not extend the length of the dividing cells. 
Rather in the fusiform cells of these species the phrag- 
mosorne is represented by a broad cytoplasmic plate 
that migrates to the ends of the cell just in advance of 
the phragmoplast. It is pertinent to note that Oribe et 
al. (2001), utilizing immunofluorescence and confocal 
laser scanning microscopy, also found no evidence of 
the presence of preprophase bands in fusiform cambial 
cells of Abies sachalinensis ; by contrast, preprophase 
bands were observed in ray cambial cells. 

Preprophase bands, consisting of a relatively small 
number of microtubules, have been reported to occur 
in the fusiform cells of Fraxinus excelsior (Goosen-de 
Roo et al., 1980). Similar, relatively small, groups of 
microtubules were found along the radial walls of fusi¬ 
form cells in Robinia pseudoacacia, but they were not 
interpreted as preprophase bands (Farrar and Evert, 
1997b). On the other hand, apparently extended phrag- 
mosomes have been illustrated in radial sections of fusi¬ 
form cells in the vascular cambium of Fraxinus excelsior 
(Goosen-de Roo et al., 1984). The tonoplast-bound 
phragmosomes consisted of a thin, perforated cytoplas¬ 


mic layer located in the plane of the future cell plate 
and contained both microtubules and bundles of actin 
filaments. Although Arend and Fromm (2003) state that 
in fusiform cells of Populus trichocarpa “the phragmo- 
some forms a long, dilated cytoplasmic strand through¬ 
out the cell,” adequate documentation in support of this 
statement is wanting. 


I SEASONAL ACTIVITY 

In woody perennials of temperate regions, periods of 
growth and reproduction alternate with periods of rela¬ 
tive inactivity during winter. The seasonal periodicity 
also finds its expression in the cambial activity, and 
occurs in both deciduous and evergreen species. Pro¬ 
duction of new cells by the vascular cambium slows 
down or ceases entirely during dormancy, and the vas¬ 
cular tissues mature more or less closely to the cambial 
initials. 

In the spring the dormant period is succeeded by 
reactivation of the vascular cambium. Workers long 
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have recognized two phases in the resumption of 
cambial activity: (1) a phase of radial enlargement of the 
cambial cells (“swelling” of the cambium), during which 
the fusiform cells become highly vacuolated, followed 
by (2) the initiation of cell division (Larson, 1994). 
Although the resumption of cambial activity may be 
preceded by a decrease in density of their protoplasts, 
the cambial cells do not enlarge radially prior to cell 
division in all temperate zone species (Evert, 1961, 
1963b; Derr and Evert, 1967; Deshpande, 1967; Davis 
and Evert, 1968; Tucker and Evert, 1969). In Robinia 
pseudoacacia , cell division begins prior to cell expan¬ 
sion, when many of the cambial cells are still densely 
cytoplasmic, contain numerous small vacuoles, and 
have abundant lipid droplets—in other words, when 
the cambial cells still have many of the characteristics 
of a dormant cambium (Fig. 12.17; Farrar and Evert, 
1997b). 

When the cambial cells expand, their radial walls 
become thinner and weaker. As a result the bark (all 
tissues outside the vascular cambium) may be easily 
separated from, or peeled off, the stem. Such separation 
of the bark from the wood is commonly called “slipping 
of the bark.” The slippage of bark occurs not only 
through the cambial zone but also—and perhaps most 
often—through the differentiating xylern where the tra- 
cheary elements have attained their maximum diame¬ 
ters but are still without secondary walls. Slippage rarely 
occurs through the differentiating phloem. Swelling of 
the cambium and slippage of the bark are often used as 
an indication of radial growth, or of cambial activity. 
Slippage may occur, however, before cambial activity 
begins (Wilcox et al., 1956). 

Some workers rely on the number of layers of undif¬ 
ferentiated cells in the cambial zone for recognizing 
cambial reactivation or the degree of cambial activity 
(e.g., Paliwal and Prasad, 1970; Paliwal et al., 1975; Vil- 
lalba and Boninsegna, 1989; Rajput and Rao, 2000). It is 
difficult, however, to distinguish between cells that are 
still meristematic and those that are in early stages of 
differentiation. 

The presence of differentiating xylem has also been 
used as an indication of cambial activity because of a 
long-held concept that xylem and phloem production 
begin simultaneously or that xylem production pre¬ 
cedes that of phloem. In many species there is no regu¬ 
larity in the location of the first periclinal divisions, and 
two or more fusiform cells in a given radial file may 
begin to divide simultaneously. The first additive divi¬ 
sions may be made toward either the xylem or the 
phloem, depending on the plant species. Any compre¬ 
hensive study of cambial activity therefore requires the 
consideration of both xylem and phloem production. 

Recognition of the relative times of initiation and 
cessation of xylem and phloem production is often con¬ 
founded by the presence in the cambial zone of over- 



FIGURE 12.17 


Radial view of fusiform cells in cambial zone of black 
locust (Robinia pseudoacacia'). Cell division has just 
recently begun in this cambium, whose cells still contain 
numerous small vacuoles and abundant lipid droplets, 
both of which are characteristic of the dormant 
cambium. Arrow points to recently formed cell wall and 
arrowheads to a phragmoplast in a fusiform cell in 
the process of dividing. (From Farrar and Evert, 1997b, 
Fig. 1. © 1997, Springer-Verlag.) 
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FIGURE 12.18 

Transverse sections showing xylem and phloem incre¬ 
ments in stems of (A) trembling aspen (Populus tremu- 
loides ) and (B) white oak ( Quercus alba ) trees. Note 
that the size of the xylem increments greatly exceeds 
that of the phloem increments. Details: pi, phloem 
increment; xi, xylem increment. (Both, x32. A, from 
Evert and Kozlowski, 1967.) 
-► 


wintering phloem (see below) and/or xylem mother 
cells (Tepper and Hollis, 1967; Zasada and Zahner, 1969; 
Imagawa and Ishida, 1972; Suzuki et al., 1996), which 
are indistinguishable from the initials and which com¬ 
plete their differentiation in the spring. It is often uncer¬ 
tain whether authors have distinguished between the 
maturation of such overwintering elements and the pro¬ 
duction and subsequent differentiation of cells formed 
by new cambial activity. In addition, with regard to the 
cessation of production of vascular tissue, the terms 
production and differentiation are often used inter¬ 
changeably, so a clear distinction is not always made 
between the production of new cells by cell division 
and the subsequent differentiation of these cells. Xylem 
and phloem differentiation may continue for some time 
after cell division has been completed; hence the pres¬ 
ence of differentiating cells cannot be reliably used as 
an indication of cambial activity. Only the presence of 
mitotic figures and/or phragmoplasts can reliably be 
used as signs of cambial activity. 

The Size of the Xylem Increment Produced during 
One Year Generally Exceeds That of the Phloem 

In Eucalyptus camaldulensis cell production toward 
the xylem was about four times that toward the phloem 
(Waisel et al., 1966), and in Carya pecan , about five 
times (Artschwager, 1950). Xylem to phloem ratios 
observed for some conifers were 6:1 in Cupressus sem¬ 
per virens (Liphschitz et al., 1981), 10:1 in Pseudotsuga 
menziesii (Grillos and Smith, 1959), 14:1 in Abies con- 
color (Wilson, 1963), and 15:1 in a vigorously growing 
Thuja occidentalis (Bannan, 1955). On the other hand, 
in the tropical hardwood Mimusops elengi (Ghouse and 
Hashmi, 1983), almost equal amounts of xylem and 
phloem were produced, and in Polyalthia longifolia , 
phloem production exceeded that of xylem by at least 
500 micrometers per year (Ghouse and Hashmi, 1978). 
Figure 12.18 shows the relative size of the last-formed 
xylem and phloem increments in Populus tremuloides 
and Quercus cdba. In both species the xylem to phloem 
ratio was 10:1. 

The size of a growth increment may vary greatly 
around the circumference of a stem from one part of a 
transverse section to another. In Pyrus communis, the 
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size of the phloem increment produced during one year 
varied little from one part of a transverse section to 
another, whereas the seasonal amount of xylem varied 
greatly (Evert, 1961). Similarly, in Thuja occidentalism 
the annual increment of phloem was about the same 
regardless of the size of the corresponding xylem incre¬ 
ment (Bannan, 1955). 

Although the relative size of the xylem and phloem 
increments were not recorded, the number of tracheids 
produced annually by Picea glauca trees growing in 
Alaska and New England were found to be the same, 
even though the period of cambial activity was much 
shorter in Alaska (65° N) than in New England (43° N) 
(Gregory and Wilson, 1968). The Alaska white spruce 
had adapted to the shorter growing season by increasing 
the rate of cell division in the cambial zone. 

The rate of periclinal division of ray initials typically 
is low compared with that of fusiform initials. In Pyrus 
mains (Malus domestica) periclinal division of the ray 
initials did not begin until about a month and a half after 
periclinal division was initiated in the fusiform cells 
(Evert, 1963b). This coincided with the beginning 
of xylem production. Before then the ray cells of the 
cambial zone merely elongated radially, keeping up with 
the increase in radial growth that occurred primarily 
toward the phloem. Maximal division of ray initials took 
place in June, and cessation of division occurred by 
early July. After that time the newly formed ray cells 
elongated radially until radial growth was completed. 

In most diffuse-porous species and conifers of tem¬ 
perate regions, the initiation of new phloem production 
and differentiation precedes that of new xylem produc¬ 
tion and differentiation. This is reflected in Tables 12.3 
and 12.4, which, with the exception of Pyrus commu¬ 
nis (from Davis, California) and Malus domestica (from 
Bozeman, Montana), include trees that grew largely 
within a 5 kilometer radius of the University of Wiscon- 
sin-Madison campus. Note that in the hardwood species 
lacking mature sieve elements during winter, the first 
sieve elements to differentiate in the spring arise 
from overwintering phloem mother cells (Table 12.3). 
Although some mature sieve elements are present year- 
round in the conifers, the first sieve elements to differ¬ 
entiate in the spring also are represented by overwintering 
phloem mother cells (Table 12.4). 

Initiation of phloem production also precedes that of 
xylem production in the temperate diffuse-porous hard¬ 
woods Acerpseudoplatanus (Cockerham, 1930; Elliott, 
1935; Catesson, 1964), Salix fragilis (Lawton, 1976), 
Salix viminalis (Sennerby-Forsse, 1986), and Salix 
dasyclados (Sennerby-Forsse and von Fircks, 1987). In 
contrast to the conifers listed in Table 12.4, the initiation 
of xylem production precedes that of phloem produc¬ 
tion in Thuja occidentalis (Bannan, 1955), Pseudotsuga 
menziesii (Grillos and Smith, 1959; Sisson, 1968), and 
Juniperus californica (Alheri and Kemp, 1983). 


In the ring-porous hardwood species, new phloem 
and xylem production and differentiation begin almost 
simultaneously (Table 12.3). This also is true for the 
diffuse-porous species Tilia americana and Vitis 
riparia, which differ from the other diffuse-porous 
species listed in Table 12.3 in their possession of large 
numbers of mature sieve elements that overwinter and 
function for one or more additional years (Chapter 14). 
Unlike its ring-porous hardwood counterparts, in 
the ring-porous gymnosperm Ephedra californica, 
xylem production and differentiation precede phloem 
production and differentiation (Alheri and Mottola, 
1983). 

A Distinct Seasonality in Cambial Activity Also Occurs 
in Many Tropical Regions 

As mentioned previously (Chapter 11), a distinct season¬ 
ality in cambial activity also occurs in many tropical 
regions that experience severe annual dry seasons. Most 
of the detailed studies from these regions have been 
conducted on trees of India. Table 12.5 shows the results 
of some such studies. It is instructive to compare the 
results of these studies with those of their counterpart 
temperate hardwoods (Table 12.2). Note: (1) The rela¬ 
tively longer periods of cambial activity in the tropical 
species, compared with the temperate species; (2) only 
Liquidambar formosana, a subtropical species from 
Taiwan, does not have mature sieve elements present in 
the phloem year-round; (3) in the tropical diffuse-porous 
species, considerable variability exists in the relative 
times of initiation of new xylem and phloem produc¬ 
tion. Polyalthia exhibits two periods of phloem produc¬ 
tion, one before and the other after a period of xylem 
production. In Mimusops and Delonix, new xylem pro¬ 
duction is initiated before that of phloem, by little more 
than a month in Mimusops but by five months in 
Delonix ; and (4) in the tropical ring-porous species, 
new xylem and phloem production and differentiation 
begin almost simultaneously, as in their temperate ring- 
porous counterparts. 

In some tropical plant species the cambial cells divide 
more or less continuously, and the xylem and phloem 
elements undergo gradual differentiation. Based on the 
absence of discernible growth rings in the xylem, it has 
been estimated that about 75% of the trees growing in 
the rainforest of India exhibit continuous cambial activ¬ 
ity (Chowdhury, 1961). The percentage of such trees 
drops to 43% in the rainforest of the Amazon Basin 
(Mainiere et al., 1983) and to only 15% in that of Malaysia 
(Koriba, 1958). In a study of the woody flora of South 
Florida, with a predominant West Indian element, 59% 
of the tropical species lacked growth rings, apparently 
the result of continuous cambial activity, even though 
the climate was markedly seasonal (Tomlinson and 
Craighead, 1972). In some tropical species (e.g., Shorea 
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TABLE 12.3 ■ Cambial Activity and Times of Initiation of New Phloem (P) 
and Xylem (X) Production in Temperate-Zone Woody Angiosperms 

Pyrus communis 
Malus sylvestris 
Populus tremuloides 
Parthenocissus inserts 
Rhus glabra a 
Robinia pseudoacacia a 
Celastrus scandens a 

Acer negundo 
Tilia americana 
Vitis riparia 
Quercus spp a 
Ulmus americana a 

a Ring-porous species 

* First functional sieve elements arise from phloem mother cells 
that overwinter on outer margin of cambial zone 
R Reactivation 

j | No overwintering mature sieve elements 
| | Some mature sieve elements present year-round 
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Sources: Pyrus communis —Evert, I960; Pyrus malus —Evert, 1963b; Populus tremuloides — 
Davis and Evert, 1968; Parthenocissus inserta —Davis and Evert, 1970; Rhus glabra —Evert, 
1978; Robinia pseudoacacia —Derr and Evert, 1967; Celastrus scandens—Davis and Evert, 
1970; Acer negundo —Tucker and Evert, 1969; Tilia americana —Evert, 1962; Deshpande, 1967; 
Vitis riparia —Davis and Evert, 1970; Quercus spp.—Anderson and Evert, 1965; Ulmus 
Americana —Tucker, 1968. 

Note: In species with no overwintering mature sieve elements, the first functional sieve 
elements in spring originate from phloem mother cells that overwinter on the outer margin 
of the cambial zone. In two of the species (Tilia americana and Vitis riparia), with some mature 
sieve elements present year-round, the sieve elements that overwinter develop dormancy 
callose at their sieve plates and lateral sieve areas in late fall; the dormant sieve elements 
are reactivated in spring before the renewal of cambial activity. The times of cessation of 
phloem and xylem production and differentiation are not indicated. 


spp.; Fujii et al., 1999) cell division in the cambium, 
although continuous year-round, slows down sufficiently 
seasonally, so indistinct growth boundaries can be 
discerned in the xylem. Virtually no information is 
available on the relative times of xylem and phloem 
production in tropical species exhibiting continuous 
cambial activity. 

The annual course of cambial activity may serve as 
an indicator of the geographic origin of a species (Fahn, 


1962, 1995; Liphschitz and Lev-Yadun, 1986). This is 
exemplified by the annual course of cambial activity in 
various woody plants growing in the Mediterranean and 
desert (Negev) regions of Israel. The range of tempera¬ 
ture in these regions is such that cambial activity may 
occur year-round, provided that such activity is a genetic 
characteristic of the plant. In desert regions, however, 
the amount of available soil water becomes a major 
factor in the control of cambial activity. Plants of 
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TABLE 12.4 ■ Cambial Activity and Times of Initiation of New Phloem (P) 
and Xylem (X) Production and Differentiation in Several Temperate-Zone 
Conifers 



a Pinus banksiana, P. resinosa, P. strobus 

+ Phloem mother cells on outer margin of 
cambial zone begin to differentiate 

j | Some mature sieve elements present year-round 


Sources: Abies balsamea —Alfieri and Evert, 1973; Larix laricina —Alfieri and Evert, 1973; 
Picea mariana —Alfieri and Evert, 1973; Pinus spp.—Alfieri and Evert, 1968. 

Note: In these species some of the last-formed sieve cells remain functional through 
winter until new sieve elements differentiate in spring. The first new sieve elements in 
spring arise from phloem mother cells that overwinter on the outer margin of the cambial 
zone. The times of cessation of phloem and xylem production and differentiation are not 
indicated. 


temperate Mediterranean origin (Cedrus libani, Cratae¬ 
gus azarolus , Quercus calliprinos, Q. ithaburensis , Q. 
boissieri, Pistacia lentiscus , and P. palaestina ) growing 
in the Mediterranean region of Israel exhibit an annual 
cycle of cambial activity, with a dormant period, similar 
to that of their counterparts growing in the cool 
northern temperate zone (Fahn, 1995). Two plants of 
Australian origin ( Acacia saligna and Eucalyptus 
camaldulensis ), also growing in the Mediterranean 
region, exhibit cambial activity throughout most or all 
of the year, as do their Southern Hemisphere counter¬ 
parts. Plants of Sudanian and Saharo-Arabian origin 
growing in the Negev also exhibit more or less continu¬ 
ous cambial activity. They survive in the desert either 
because they have deep roots and grow in wadies 
(stream beds that are dry except in the rainy season) or 
grow in sand dunes or salt marshes. 

The annual rhythm of cambial activity was compared 
in Proustia cuneifolia and Acacia caven, two typical 
shrubs of the matorral in the semiarid region of central 
Chile (Aljaro et al., 1972). Proustia, a drought-deciduous 
shrub, shows a typical desert cambial rhythm, highly 
sensitive to rainfall, and with activity limited to periods 
of adequate rainfall (Fahn, 1964). It loses its leaves at 
the beginning of the dry season in early summer and 
remains dormant until the wet season begins in winter. 
Acacia, an evergreen, exhibits cambial activity almost 
year-round. Adaptation in Acacia is believed to consist 
in developing long roots capable of tapping under¬ 


ground water. Although both shrubs grow together, 
they have different strategies for the same xeric 
conditions. 


ICRUSflL RELATIONS IN CRMBIRL ACTIVITY 

Several aspects of hormonal involvement in cambial 
activity and the differentiation of cambial derivatives 
have been considered in the previous chapter and will 
not be reconsidered here. All five of the major groups 
of plant hormones (auxins, gibberellins, cytokinins, 
abscisic acid, ethylene) have been shown to be present 
in the cambial region and each, at one time or another, 
has been implicated in the control of cambial activity 
(Savidge, 1993; Little and Pharis, 1995; Ridoutt et al., 
1995; Savidge, 2000; Sundberg et al., 2000; Mellerowicz 
et al., 2001; Helariutta and Bhaleroo, 2003). Consider¬ 
able experimental evidence indicates, however, that 
auxin exerts the predominant role (Kozlowski and 
Pallardy, 1997). 

Seasonal variation in IAA levels frequently has been 
described as the primary physiological factor regulating 
the cambium’s seasonal activity—IAA biosynthesis in 
the spring by elongating shoots and expanding leaves 
being responsible for the renewal of cell division, and 
declining IAA levels in late summer and autumn result¬ 
ing in the cessation of cambial activity (Savidge and 
Wareing, 1984; Little and Pharis, 1995). Experiments 
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TABLE 12.5 ■ Cambial Activity and Times of Initiation of New Phloem (P) 
and Xylem (X) Production in Several Tropical Hardwoods 



a Ring-porous species 

* First functional sieve elements arise from phloem mother cells 
on outer margin of cambial zone 

+ Phloem mother cells (in Pterocarya, partially differentiated sieve 
elements) on outer margin of cambial zone begin to differentiate 

R Reactivation 

j | Mature sieve elements not present year-round 
P] Some mature sieve elements present year-round 


Sources: Liquidambar formosana —Lu and Chang, 1975; Polyalthia longifolia —Ghouse and 
Hashmi, 1978; Mimusops elengi —Ghouse and Hashmi, 1980b, 1983; De/on/x regia —Ghouse 
and Hashmi, 1980c; Grewia tiliaefolia —Deshpande and Rajendrababu, 1985; Pterocarya stenop- 
tera —Zhang et al., 1992; Tectona grandis —Rao and Dave, 1981; Rajput and Rao, 1998b; Rao 
and Rajput, 1999. 

Note: Of the species represented here, only Liquidambar formosana does not have mature 
sieve elements present year-round. Polyalthia longifolia exhibits two periods of phloem pro¬ 
duction. The times of cessation of phloem and xylem production and differentiation are not 
indicated. 


with several species indicate that the transition from 
activity to dormancy in the cambium is not regulated by 
changes in the concentration of IAA or ABA, which are 
known to stimulate and inhibit cambial activity, respec¬ 
tively, but rather by changes in the sensitivity of cambial 
cells to IAA (Lachaud, 1989; Lloyd et al., 1996). 

The cessation of cambial activity and the onset of 
dormancy in woody species of temperate regions are 
induced by short days and cold temperatures (Kozlowski 
and Pallardy, 1997). In late summer-early autumn, short 
days induce the initial stage of dormancy called rest, 
during which the cambium is incapable of responding 
to IAA even though environmental conditions may be 
favorable for growth. Then, in early winter, the cambium 
enters the quiescent stage of dormancy, which is induced 
by chilling. Given favorable environmental conditions 
(suitable temperatures, adequate water), the quiescent 
cambium is capable of responding to IAA. 


Sucrose has been shown to play a major role in 
cambial metabolism, the demand for it being greatest 
during the period of rapid cell division and cell growth 
in spring and summer (Sung et al., 1993a, b; Krabel, 
2000). Plasma membrane H + -ATPase has been localized 
in the cambial zone, in differentiating xylem elements, 
and in ray cells surrounding the vessels in the mature 
xylem of Populus spp. (Arend et al., 2002). It has 
been suggested that the plasma membrane H + -ATPase, 
which is up-regulated and activated by auxin, plays 
a role in the uptake of sucrose via symport into the 
rapidly growing cambial cells (Arend et al., 2002). 
Throughout the growing season, sucrose synthase is the 
dominant enzyme for sucrose metabolism (Sung et al., 
1993a, b). 

Resumption of cambial activity has long been related 
to new primary growth from buds. In many diffuse- 
porous hardwoods cambial activity generally is depicted 
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as beginning beneath the expanding buds and from 
there slowly spreading basipetally toward the main 
branches, the trunk, and the roots. By contrast, in ring- 
porous hardwoods and conifers, reactivation events are 
depicted as occurring well before bud break and spread¬ 
ing rapidly throughout the trunk. 

The difference in growth patterns between diffuse- 
porous hardwoods, on the one hand, and conifers and 
ring-porous hardwoods, on the other, is not so clear-cut. 
No fundamental difference in the pattern of cambial 
reactivation was found between ring-porous Quercus 
robur and diffuse-porous Fagus sylvatica (Lachaud and 
Bonnemain, 1981). In both species, cambial reactivation 
was found to proceed downward from swelling buds in 
the branches and to occur simultaneously throughout 
the trunk. Similar patterns were found for ring-porous 
Castanea sativa and the diffuse-porous Betula verru¬ 
cosa and Acer campestre (Boutin, 1985). In diffuse- 
porous Salix viminalis, cambial activity preceded bud 
break by almost two months (Sennerby-Forsse, 1986). 
Occasional reports of exceptions to a basipetal spread 
of cambial reactivation are found throughout the earlier 
literature. In several instances radial growth was 
reported to begin simultaneously in many parts of the 
tree and, in others, in older parts in advance of younger 
parts (Hartig, 1892, 1894; Mer, 1892; Chalk, 1927; 
Lodewick, 1928; Fahn, 1962). Much of the research on 
cambial growth has been undertaken with a primary 
interest in wood formation (Atkinson and Denne, 1988; 
Suzuki et al,, 1996). Since wood formation is a conse¬ 
quence of cambial activity, it is not unlikely that many 
of the reports describing the beginning of radial growth 
actually describe the beginning of xylern production. 

A detailed study of the initiation of cambial activity 
in diffuse-porous Tilia americana revealed that the 
beginning of cell division and the beginning of vascular 
differentiation are not restricted to regions in the neigh¬ 
borhood of buds (Deshpande, 1967). The initiation of 
cell division occurred in many different areas of the 
cambium at all levels of the tree. The first mitoses were 
few, scattered and discontinuous, and difficult to detect 
in transverse sections, requiring examination of a great 
many longitudinal sections. The first cell divisions 
occurred in the cambium at the same time as mitotic 
activity began in the buds. Beginning of differentiation 
of newly produced cambial derivatives into xylern and 
phloem elements was also widespread and occurred 
throughout the shoot system in areas previously “awak¬ 
ened.” Further cambial activity apparently was influ¬ 
enced by the expanding shoots. A marked acceleration 
in cambial activity took place in one-year-old shoots 
beneath the foliating (leaf-forming) buds, most notably 
beneath the bud traces. Soon a gradient of cambial activ¬ 
ity was established along the axis, with greater activity 
taking place in the one-year-old stem and lesser activity 
occurring in successively older stems. Gradually accel¬ 


eration of cambial activity spread to lower levels of the 
tree. What in the past has been considered a basipetal 
initiation of cambial activity may rather be a basipetal 
acceleration of cambial activity. 

That cambial activity may be initiated without auxin 
or a stimulus emanating from the buds finds support 
from results of girdling and bark isolation studies. In a 
nine-year-old Pinus sylvestris stem girdled during the 
winter, cambial activity occurred below the girdle in 
the next spring (Egierszdorff, 1981). It was concluded 
that auxin stored in the trunk over the winter permitted 
the initiation of divisions independently of the supply 
of auxin from the top. Studies involving the isolation of 
circular patches of bark on the sides of Populus tremu- 
loides (Evert and Kozlowski, 1967) and Acer saccharum 
(Evert et al., 1972) trees at breast height at various times 
during the dormant and growing seasons also indicate 
that a stimulus moving downward from expanding buds 
is not required to initiate cambial activity. In all of the 
trembling aspen trees and in half of the sugar maples, 
isolation of the bark during the dormant season (in 
November, February, or March) did not prevent initia¬ 
tion of cambial activity in the isolated areas. Normal 
cambial activity and phloem and xylem development 
were prevented in the isolated areas, however, indicat¬ 
ing that normal activity and development require a 
supply of currently translocated regulatory substances 
from the shoots. 
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CHAPTER THIRTEEN 


Phloem: Cell Types and 
Development Dspecls 


The phloem, although correctly called the principal 
food-conducting tissue of vascular plants, plays a much 
greater role than that in the life of the plant. A wide 
range of substances are transported in the phloem. 
Among those substances are sugars, amino acids, micro¬ 
nutrients, lipids (primarily in the form of free fatty acids; 
Madey et al., 2002), hormones (Baker, 2000), the floral 
stimulus (florigen; Hoffmann-Benning et al., 2002), and 
numerous proteins and RNAs (Schobert et al., 1998), 
some of which, in addition to the hormones, floral stim¬ 
ulus, and sucrose (Chiou and Bush, 1998; Lalonde et al., 
1999), serve as informational or signaling molecules 
(Ruiz-Medrano et al., 2001). Dubbed the “information 
superhighway” (Jorgensen et al., 1998), the phloem 
plays a major role in inter-organ communication and in 
the coordination of growth processes within the plant. 
Long-distance signaling in plants occurs predominantly 
through the phloem (Crawford and Zambryski, 1999; 
Thompson and Schulz, 1999; Ruiz-Medrano et al., 2001; 
van Bel and Gaupels, 2004). The phloem also transports 
a large volume of water and may serve as the principal 
source of water for fruits, young leaves, and storage 
organs such as tubers (Ziegler, 1963; Pate, 1975; Lee, 


1989, 1990; Araki et al., 2004; Nerd and Neumann, 
2004). 

As a rule, the phloem is spatially associated with the 
xylem in the vascular system (Fig. 13-1) and, like the 
xylem, may be classified as primary or secondary on 
the basis of its time of appearance in relation to the 
development of the plant or organ as a whole. The 
primary phloem is initiated in the embryo or young 
seedling (Gahan, 1988; Busse and Evert, 1999), is con¬ 
stantly added to during the development of the primary 
plant body, and completes its differentiation when the 
primary plant body is fully formed. The primary phloem 
is derived from the procambium. The secondary 
phloem (Chapter 14) originates from the vascular 
cambium and reflects the organization of this meristem 
in its possession of axial and radial systems. The phloem 
rays are continuous through the cambium with those of 
the xylem, providing a pathway for radial transport of 
substances between the two vascular tissues. 

Although the phloem commonly occupies a position 
external to the xylem in stem and root or abaxial (on 
the lower side) in leaves and leaf-like organs, in many 
eudicot families (e.g., Apocynaceae, Asclepiadaceae, 
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FIGURE 13.1 

A, transverse section of a Cucurbita stem. Herbaceous vine with discrete vascular bundles, each having phloem on 
opposite sides of the xylem (bicollateral bundles). The vascular region is delimited on the outside by sclerenchyma 
(perivascular fibers). The cortex is composed of parenchyma and collenchyma. There is an epidermis. A cavity has 
replaced the pith. Small strands of extrafascicular sieve tubes and companion cells traverse parenchyma of the vas¬ 
cular region and cortex. B, transverse section of Cucurbita vascular bundle showing external and internal phloem. 
Typically a vascular cambium develops between the external phloem and the xylem but not between the internal 
phloem and the xylem. (A, x8; B, X130.) 


Convolvulaceae, Cucurbitaceae, Myrtaceae, Solanaceae, 
Asteraceae) part of the phloem is located on the oppo¬ 
site side as well (Fig. 13-1). The two types of phloem are 
called external phloem and internal phloem, or 
intraxylary phloem, respectively. The internal phloem 
is largely primary in development (in some perennial 
species the addition of internal phloem is prolonged 
into the secondary stage of growth of the axis) and 
begins to differentiate later than the external phloem 
and usually also later than the protoxylem (Esau, 1969). 
A notable exception is found in the minor veins of 
Cucurbita pepo leaves, in which the adaxial (on the 
upper side) phloem differentiates in advance of the 
abaxial phloem (Turgeon and Webb, 1976). In certain 
families (e.g., Amaranthaceae, Chenopodiaceae, Nyc- 
taginaceae, Salvadoraceae) the cambium, in addition to 
producing phloem outward and xylem inward, periodi¬ 
cally forms some strands or layers of phloem toward the 


interior of the stem so that the phloem strands become 
embedded in the xylem. Such phloem strands are 
referred to as included phloem, or interxylary 
phloem. 

Sieve tubes that form lateral connections between 
their counterparts in the primary phloem of longitudi¬ 
nal vascular bundles in internodes and petioles are 
common in many species of seed plants (Figs. 13.1A and 
13.2; Aloni and Sachs, 1973; Oross and Lucas, 1985; 
McCauley and Evert, 1988; Aloni and Barnett, 1996). 
Referred to as phloem anastomoses, they also connect 
the internal and external phloem in stems (Esau, 1938; 
Fukuda, 1967; Bonnemain, 1969) and the adaxial with 
the abaxial phloem in leaves (Artschwager, 1918; 
Hayward, 1938; McCauley and Evert, 1988). In a study 
on the functional significance of the phloem anastomo¬ 
ses in stems of Dahlia pinnata (Aloni and Peterson, 
1990), it was found that the phloem anastomoses do not 
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FIGURE 13.2 


Phloem anastomoses (two marked by arrows) as seen in 
a thick section of a Dahlia pinnata internode after 
clearing and staining with aniline blue. The photo¬ 
graph was taken with an epifluorescent microscope. 
The numerous dots indicate the sites of callose, which 
occur at the lateral sieve areas and sieve plates of the 
sieve tubes. Two longitudinal vascular bundles, inter¬ 
connected by phloem anastomoses, can be seen here. 
In Dahlia there are about 3000 phloem anastomoses 
per internode. (Courtesy of Roni Aloni.) 


function under normal conditions. When the longitudi¬ 
nal strands were severed, however, the anastomoses 
began to function in transport. It was concluded that 
although the phloem anastomoses of the Dahlia inter¬ 
nodes are capable of functioning, they serve mainly as 
an emergency system that provides alternative pathways 
for assimilates around the stem (Aloni and Peterson, 
1990). 

The overall development and structure of the phloem 
tissue parallels those of the xylern, but the distinct func¬ 
tion of the phloem is associated with structural charac¬ 


teristics peculiar to this tissue. The phloem tissue is less 
sclerified and less persisting than the xylem tissue. 
Because of its usual position near the periphery of stem 
and root, the phloem becomes much modified in rela¬ 
tion to the increase in circumference of the axis during 
secondary growth, and portions of it no longer involved 
with conduction eventually may be cut off by a peri¬ 
derm (Chapter 15). The old xylem, in contrast, remains 
relatively unchanged in its basic structure. 


I CELL TVPES OF THE PHLOEM 

Primary and secondary phloem tissues contain the same 
categories of cells. The primary phloem, however, is not 
organized into two systems, the axial and the radial; it 
has no rays. The basic components of the phloem are 
the sieve elements and various kinds of parenchyma 
cells. Fibers and sclereids are common phloem compo¬ 
nents. Laticifers, resin ducts, and various idioblasts, spe¬ 
cialized morphologically and physiologically, may also 
be present in the phloem. In this chapter only the prin¬ 
cipal cell types are considered in detail. The summary 
illustration (Fig. 13-3) and the list of phloem cells in 
Table 13.1 are based on the characteristic composition 
of the secondary phloem. 

The principal conducting cells of the phloem are the 
sieve elements, so called because of the presence in 
their walls of areas (sieve areas) penetrated by pores. 
Among seed plants the sieve elements may be segre¬ 
gated into the less specialized sieve cells (Fig. 13-4A) 
and the more specialized sieve-tube elements, or 
sieve-tube members (Fig. 13-4B-H). This classification 
parallels that of tracheary elements into the less special¬ 
ized tracheids and the more specialized vessel elements. 
The term sieve tube designates a longitudinal series of 
sieve-tube elements, just as the term vessel denotes a 
longitudinal series of vessel elements. In both classifica¬ 
tions the characteristics of wall structure—pits and per¬ 
foration plates in the tracheary elements, sieve areas and 
sieve plates (see below) in the sieve elements—may 
serve to distinguish the elements of the two kinds of 
categories. However, whereas vessel elements are found 
in angiosperms, the Gnetophyta, and certain seedless 
vascular plants, sieve-tube elements occur only in angio¬ 
sperms. Moreover, use of the term sieve cell is restricted 
to gymnospermous sieve elements, which—considered 
later in this chapter—are remarkably uniform in struc¬ 
ture and development. The sieve elements of the seed¬ 
less vascular plants, or vascular cryptogams, show much 
variation in structure and development and are simply 
referred to by the general term sieve element (Evert, 
1990a). 

Young sieve elements contain all of the cellular com¬ 
ponents characteristic of young plant cells. As they dif¬ 
ferentiate, the sieve elements undergo profound changes, 





360 | Esau’s Plant Anatomy, Third Edition 



FIGURE 13.3 


Cell types in the secondary phloem of a eudicot, Robinia pseudoacacia. A—E, longitudinal views; F—J, transverse 
sections. A, J, fiber. B, sieve-tube element and companion cells. F, sieve-tube element in plane of sieve plate and 
companion cell. C, G, phloem parenchyma cells (parenchyma strand in C). D, H, crystal-containing parenchyma 
cells. E, I, sclereids. K—M, ray cells in tangential (K), radial (L), and transverse (M) sections of phloem. (From Esau, 
1977.) 


TABLE 13.1 ■ Cell Types of the Secondary Phloem 


Cell Types 

Principal Functions 

Axial system 

Sieve elements 

Sieve cells 

Long-distance conduction 

(in gymnosperms) 

of food materials; 

Sieve-tube elements, 

i long-distance 

with companion cells 

signaling 

(in angiosperms) 


Sclerenchyma cells 

Support; sometimes 

Fibers -i 

storage of food 

Sclereids / 

materials 

Parenchyma cells ■« 

Storage and radial 

Radial (ray) system > 

translocation 

Parenchyma J 

of food substances 


Source: Esau, 1977. 


the major ones being breakdown of the nucleus and 
tonoplast and formation of wall areas, the sieve areas, 
with pores that increase the degree of protoplasmic 
continuity between vertically or laterally adjoining sieve 
elements. Whereas tracheary elements undergo pro¬ 
grammed cell death—a total autophagy—resulting in 


the entire loss of protoplasmic contents, sieve elements 
experience a selective autophagy (Fig. 135). At 
maturity the sieve element protoplast retains a plasma 
membrane, endoplasmic reticulum, plastids, and mito¬ 
chondria, all of which occupy a parietal position (along 
the wall) within the cell. 


I THE RNGIOSPERMOUS SIEVE-TUBE ELEMENT 

The angiospermous sieve-tube element is characterized 
by the presence of sieve plates, wall parts bearing sieve 
areas with pores that are larger than those of sieve areas 
on other wall parts of the same cell. With relatively few 
exceptions (e.g., protophloem elements in roots of Nico- 
tiana tabacum, Esau and Gill, 1972; metaphloem ele¬ 
ments in the aerial stem of the holoparasite Epifagus 
virginiana , Walsh and Popovich, 1977; sieve elements 
of many palms, Parthasarathy, 1974a, b; Lemna minor , 
Melaragno and Walsh, 1976; and all members of the 
Poaceae, Evert et al., 1971b; Kuo et al., 1972; Eleftheriou, 
1990), the protoplasts of sieve-tube elements contain 
P-protein (phloem protein, formerly called slime). In 
addition to sieve plates and P-protein, sieve-tube ele¬ 
ments typically are associated with companion cells, 
specialized parenchyma cells closely related to the 
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Variations in structure of sieve elements. A, sieve cell of Pinus pinea, with associated rays, as seen in tangential 
section. Others are sieve-tube elements with companion cells from tangential sections of phloem of the following 
species: B , Juglans hindsii; C, Malus domestica; D, Liriodendron tulipifera; E, Acer pseudoplatanus; F, Crypto- 
carya rubra; G, Fraxinus americana ; H, Wisteria sp. In B—G, the sieve plates appear in side views and their sieve 
areas are thicker than the intervening wall regions because of deposition of callose. (From Esau, 1977.) 


sieve-tube elements both ontogenetically and function¬ 
ally. The term sieve tube—companion cell complex, 
or sieve element—companion cell complex, com¬ 
monly is used to refer to a sieve-tube element and its 
associated companion cell(s). 

In Some Taxa the Sieve-Tube Element Walls Are 
Remarkably Thick 

The walls of sieve-tube elements commonly are 
described as primary and with standard microchemical 
tests usually give positive reactions for only cellulose 
and pectin (Esau, 1969). In the leaves of grasses, the 
last-formed sieve tubes of the longitudinal bundles typi¬ 


cally have relatively thick cell walls (Fig. 13-6). In some 
species— Triticum aestivum (Kuo and O’Brien, 1974), 
Aegilops comosa (Eleftheriou, 1981), Saccharum offlci- 
narum (Colbert and Evert, 1982), Hordeum vulgare 
(Dannenhoffer et al., 1990)—these walls are lignified. 
Although variable in thickness, the walls of sieve-tube 
elements usually are distinctly thicker than those of the 
surrounding parenchymatous cells, a character that may 
facilitate recognition of the sieve-tube element. 

In many species the walls of the sieve-tube elements 
consist of two morphologically distinct layers, a rela¬ 
tively thin outer layer and a more or less thick inner layer. 
In fresh sections the distinct inner layer exhibits a shiny 
or glistening appearance and, hence, received the name 































Diagrams illustrating differentiation of a sieve-tube element. A, precursor of sieve-tube element in division. B, after 
division: sieve-tube element with nacreous wall and P-protein body; dividing companion cell precursor (stippled). 
C, nucleus degenerating, tonoplast partly broken down, P-protein dispersed; median cavities in future sieve plates; 
two companion cells (stippled). D, mature sieve-tube element; pores in sieve plates open; they are lined with callose 
and some P-protein. In addition to plastids, mitochondria are present. No endoplasmic reticulum is shown. (From 
Esau, 1977.) 


nacreous (having a pearly luster) wall. The nacreous 
layer contains less cellulose than the outer wall layer and 
is pectin-poor (Esau and Cheadle, 1958; Botha and Evert, 
1981). Sometimes the nacreous layer is so thick as almost 
to occlude the lumen of the cell. Although some workers 
have classified this wall layer as secondary, its behavior 
is quite variable. In primary sieve-tube elements, it com¬ 
monly is transitory in nature and becomes reduced in 
thickness as the cell approaches maturity and then disap¬ 
pears at about the time the cell reaches maturity. In sec¬ 
ondary phloem sieve-tube elements, the nacreous layer 
may or may not be reduced in thickness with age (Fig. 
13.7; Esau and Cheadle, 1958; Gilliland et al., 1984). The 
nacreous layer does not extend into the region of the 
sieve areas and sieve plates. 

Through the use of mild extraction procedures for 
the removal of noncellulosic wall components and of 
electron microscopy, the nacreous thickenings of certain 
eudicots have been shown to have a polylamellate struc¬ 
ture, the concentrically arranged lamellae consisting of 
densely packed microfibrils (Deshpande, 1976; 
Catesson, 1982). The nacreous walls in sieve-tube 


elements of the seagrasses also exhibit a polylamellate 
appearance without extraction (Kuo, 1983). 

After fixation with glutaraldehyde-osmium tetroxide 
and staining with uranyl acetate and lead citrate, the 
inner surface of the wall of sieve-tube elements often 
appears considerably more electron dense than the rest 
of the wall (Fig. 13-8; Evert and Mierzwa, 1989). This 
region, which often shows netted and/or striate pat¬ 
terns, apparently is a pectin-rich layer of nonmicrohbril- 
lar material and, unlike the nacreous thickening, extends 
into the sieve areas and sieve plates (Lucas and 
Franceschi, 1982; Evert and Mierzwa, 1989). In sieve 
tubes of the leaf-blade veins of Hordeum vulgare this 
electron-dense inner wall region is thickest at the lateral 
sieve areas and the sieve plates where it is permeated 
by a labyrinth of tubules formed by the plasma mem¬ 
brane (Evert and Mierzwa, 1989). Along the lateral walls 
between sieve areas this inner wall region is permeated 
by numerous microvilli-like evaginations of the plasma 
membrane, greatly increasing the cell wall-plasma 
membrane interface and giving it the appearance of a 
brush border. 
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FIGURE 13.6 


Electron micrograph of portion of a large vascular bundle from a 
barley ('Hordeum vulgare ) leaf. Note the thick walls of the four 
last-formed sieve tubes (solid dots) bordering the xylem, and the 
relatively thin walls of the sieve tubes (open dots) formed earlier. 
Other detail: x, xylem. (From Dannenhoffer et al., 1990.) 


FIGURE 13.7 


Transverse (A) and radial longitudi¬ 
nal (B) sections of the secondary 
phloem of Magnolia kobus. Note 
the thick inner wall layer (n, nacre¬ 
ous layer) of the sieve tubes. (From 
Evert, 1990b, Figs. 16.19 and 16.20. 
© 1990, Springer-Verlag.) 
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Electron micrograph of a barley (Hordeum vulgare) 
sieve tube, as seen in transverse section through a lon¬ 
gitudinal bundle of leaf. The inner surface of the wall, 
which is markedly more electron dense than the rest of 
the wall, is thickest at the sites of pore-plasmodesmata 
connections (arrows) with parenchymatous elements. 
Other details: er, endoplasmic reticulum; m, mitochon¬ 
drion. (From Evert and Mierzwa, 1989, Fig. 2. © 1989, 
Springer-Verlag.) 


Sieve Plates Usually Occur on End Walls 

As mentioned previously, in the angiosperms the size of 
the sieve-area pores varies considerably on the walls 
of the same cell (Fig. 13.9A-C). The diameter of pores 
in the sieve areas ranges from a fraction of a micrometer 
(little wider than a plasmodesma) to 15 pm and probably 
more in some eudicots (Esau and Cheadle, 1959). Sieve 
areas with the larger pores usually occur on the end 
walls, those with the smaller pores on the side, or lateral, 
walls. Hence the sieve plates usually occur on the 
end walls, the sieve-tube elements being arranged end 
on end, forming a sieve tube. Sieve plates may occur on 
side walls. Some sieve plates bear only a single sieve area 
(Fig. 13-9A; simple sieve plate), while others bear two 
or more (Fig. 13-9D, E; compound sieve plate). 

In routine preparations of conducting phloem, the 
sieve pores typically are lined with the wall constituent 
callose (Chapter 4). Most, if not all, of the callose asso¬ 


ciated with conducting sieve-tube elements is deposited 
there in response to mechanical injury or some other 
kind of stimulation (Evert and Derr, 1964; Esau, 1969; 
Eschrich, 1975). Not all of the callose associated with 
sieve pores is such wound callose. Callose normally 
accumulates at the sieve plates and lateral sieve areas of 
senescing sieve elements (Fig. 13.10). This definitive 
callose disappears some time after the sieve element 
dies. Callose usually accumulates at the sieve plates and 
lateral sieve areas of secondary phloem sieve-tube ele¬ 
ments that function for more than one growing season 
(Davis and Evert, 1970). In temperate regions this 
dormancy callose is deposited in the fall and then 
is removed in early spring during reactivation of the 
dormant, overwintering sieve elements. 

Callose Apparently Plays a Role in 
Sieve-Pore Development 

In young sieve-tube elements, the sieve area (or areas) 
of the incipient sieve plate is penetrated by variable 
numbers of plasmodesmata, each of which is associated 
with a cisterna of endoplasmic reticulum on both sides 
of the wall (Fig. 13.11A). The pore sites first become 
distinguishable from the rest of the wall with the appear¬ 
ance of callose beneath the plasma membrane around 
each plasmodesma on both sides of the wall. The paired 
callose deposits, commonly called platelets, assume 
the form of collars or cones interrupted in the center 
where the plasmodesma is located (Fig. 13.11B, C). The 
platelets undergo rapid enlargement and initially may 
exceed the rest of the wall in their rate of thickening. 
Thickening of the cellulosic-pectin portion of the wall 
may overtake the callose platelets; then the pore sites 
appear as depressions in the plate. The presence of the 
callose platelets at the pore sites apparently precludes 
further deposition of cellulose there so that the cellu- 
losic wall parts sandwiched between platelets remain 
thin. Localization of callose platelets at the pore sites 
and thickening of the wall are among the earliest indica¬ 
tors of sieve-element development. 

Perforation of the pore sites begins at about the time 
of nuclear degeneration. The removal of wall material 
begins in the region of the middle lamella surrounding 
the plasmodesma (Fig. 13.11D, E). In some instances, a 
median cavity is formed initially and then further simul¬ 
taneous removal of the callose platelets and of the wall 
substance sandwiched between them results in forma¬ 
tion of the pore (Deshpande, 1974, 1975). In others, lysis 
in the region of the middle lamella results in a merging 
of the opposing callose platelets so that initially the 
young pore is lined with callose (Esau and Thorsch, 
1984, 1985). The cisternae of endoplasmic reticulum 
remain closely appressed to the plasma membrane bor¬ 
dering the callose platelets throughout pore develop¬ 
ment, only to be removed as the pores attain their full 
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parenchyma cell 


sieve areas 


parenchyma cells 




FIGURE 13.9 

A, simple sieve plates of Cucurbita in surface view. B, C, lateral sieve areas in sieve-tube elements and primary pit- 
fields in parenchyma cells of Cucurbita in surface view. D, surface view of compound sieve plate of Cocos , a monocot 
with sieve areas in reticulate arrangement. E, part of similar sieve plate. Light spots are callose cylinders. (A—C, from 
Esau et al., 1953; D, E, from Cheadle and Whitford, 1941.) 


size (Fig. 13.11F). Development of the lateral sieve-area 
pores is essentially similar to that of the sieve-plate 
pores (Evert et al., 1971a). 

Whether callose is universally involved with sieve- 
pore formation is problematic. Callose was not found at 
any stage of sieve-pore development in the root proto¬ 
phloem of the small aquatic monocotyledon Lenina 
minor (Walsh and Melaragno, 1976). Callose could be 
induced to form, however, in response to injury. 

Changes in the Appearance of the Plastids and the 
Appearance of P-protein Are Early Indicators of 
Sieve-Tube Element Development 

Initially the young sieve-tube element protoplast (Fig. 
13-12) resembles the protoplast of other procambial 
cells or recent cambial derivatives. Both young, nucleate 
sieve-tube elements and their neighboring nucleate cells 
contain Golgi bodies, plastids, and mitochondria. Vari¬ 
able numbers of vacuoles are delimited from the cytosol 


by tonoplasts. The cytoplasm is rich in free ribosomes 
and contains a network of rough endoplasmic reticu¬ 
lum. Microtubules, mostly oriented at right angles to the 
long axis of the cell, occur next to the plasma mem¬ 
brane, bordering a thin cell wall. Longitudinally ori¬ 
ented bundles of actin filaments are fairly numerous. 
With the exception of the microtubules, the various 
cellular components are more or less randomly distrib¬ 
uted throughout the cell. 

Changes in the appearance of the plastids, which 
initially are similar in appearance to those of neighbor¬ 
ing cells, are early indicators of sieve-tube development. 
As a sieve-tube plastid matures, its stroma becomes less 
dense, and inclusions characteristic of the plastid type 
may appear (Fig. 13-13A-D). Until then, it is often diffi¬ 
cult to distinguish the plastids from the mitochondria. 
In mature sieve-tube elements the stroma is electron- 
transparent, and often the internal membranes (thyla- 
koids) are sparse. Sieve-tube plastids occur in two basic 
types, S-type (S, starch) and P-type (P, protein) (Behnke, 
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FIGURE 13.10 


Longitudinal view (tangential section) of nonfunctional 
sieve-tube elements with massive deposits of definitive 
callose (arrows) at the sieve plates and lateral sieve areas 
in the secondary phloem of elm ( Ulmus americana). 
Other details: c, crystalliferous cells; f, fiber; r, ray. 
(x400. From Evert et al., 1969.) 


1991a). The S-type occurs in two forms, one of which 
contains only starch (Fig. 13-13A, C); the other is devoid 
of any inclusion. The P-type exists in six forms and 
contains one or two kinds of proteinaceous inclusions 
(crystals, Fig. 13.13B, D, and/or filaments, Fig. 13.13E). 
Two of the six also contain starch. All of the mono¬ 
cots have P-type plastids, and those containing only 
cuneate protein crystals (Fig. 13-13B, D) are dominant 
(Eleftheriou, 1990). Unlike ordinary starch, sieve-tube 
starch stains brownish red rather than blue-black with 
iodine (TKI). The sieve-tube starch in Phaseolus vul¬ 
garis is a highly branched molecule of the amylopectin 
type with numerous a(l—>6) linkages (Palevitz and 
Newcomb, 1970). Plastid differences in sieve elements 
are taxonomically useful (Behnke, 1991a, 2003). 

Another early indicator of sieve-tube element devel¬ 
opment is the appearance of P-protein, which first 
becomes discernible with the light microscope as dis¬ 


crete bodies, one or more per cell (Fig. 13.14A, B). The 
P-protein bodies appear after the precursor of the sieve- 
tube element has divided to give rise to one or more 
companion cells. Most species have dispersive P- 
protein bodies. Small at first, these P-protein bodies 
increase in size (Fig. 13.14A, B) and eventually begin to 
disperse, forming strands or networks in the parietal 
layer of cytoplasm. By this time the nucleus has begun 
to degenerate. After the tonoplast disappears, the dis¬ 
persed P-protein is found in a parietal position in the 
cell lumen and sieve-plate pores (Figs. 13.15 and 13.16D; 
Evert et al., 1973c; Fellows and Geiger, 1974; Fisher, D. 
B., 1975; Turgeon et al., 1975; Lawton, D. M., and 
Newman, 1979; Deshpande, 1984; Deshpande and 
Rajendrababu, 1985; Russin and Evert, 1985; Knoblauch 
and van Bel, 1998; Ehlers et al., 2000), provided that 
care has been taken to disturb the phloem as little as 
possible during sampling. Otherwise, with the release 
of the high hydrostatic pressures of the sieve-tube con¬ 
tents at the time the sieve tubes are severed, the P- 
protein may become dispersed throughout the lumen 
or accumulate, upon surging, as slime plugs on the 
sides of the sieve plates away from the sites of pressure 
release. 

At the electron microscope level the P-protein often 
appears in filaments of tubular form, with subunits 
arranged helically (Fig. 13.16A-C). The P-protein fila¬ 
ments in Cucurbita maxima are composed of two very 
abundant proteins: phloem protein 1 (PP1), a 96kDa 
protein filament, and phloem protein 2 (PP2), a 25kDa 
dimeric lectin that binds covalently to PP1. Protein and 
mRNA localization patterns indicate that PP1 and PP2 
are synthesized in companion cells of differentiating 
and mature sieve element-companion cell complexes 
and that polymerized forms of P-protein accumulate in 
the sieve-tube elements during differentiation 
(Bostwick et al., 1992; Clark et al., 1997; Dannenhoffer 
et al., 1997; Golecki et al., 1999). Apparently the PP1 and 
PP2 subunits synthesized in companion cells are trans¬ 
ported into the sieve-tube elements via the pore- 
plasmodesmata connections in their common walls. 
Thus far the role of the filamentous P-protein remains 
uncertain. It has been suggested that the PP1 serves to 
seal the sieve-plate pores of injured elements, represent¬ 
ing the sieve tubes first line of defense against the loss 
of assimilates, with wound callose shoring up the 
defenses at variable rates (Evert, 1990b). The role of the 
lectin (PP2) is no less uncertain. PP2 subunits have been 
found to move in the assimilate stream from source to 
sink (see below) and to cycle between sieve elements 
and companion cells (Golecki et al., 1999; Dinant et al., 
2003). PP2-like genes have been identified in 16 genera 
of seed plants, including a gymnosperm (Picea taeda) 
and four genera of Poaceae, none of which contain PP1. 
A PP2-like gene was also found in a nonvascular plant, 
the moss Physcomitrella patens. It appears that PP2-like 
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FIGURE 13.11 


Developing sieve plates in sieve-tube elements from internodes of cotton (Gossypium hirsutum), as seen in sectional 
(A, B, D, F) and surface views (C, E). A, a plasmodesma, which marks the site of a future pore. Some callose (c) has 
been deposited beneath cisternae of endoplasmic reticulum (er). B, C, callose platelets (c) enclose the plasmodesmata 
(pd) at the pore sites. D, E, pores have begun to develop with widening of the plasmodesmatal canal. F, mature sieve 
plate with open pores (po) lined with small amounts of callose and filled with P-protein. Other details: dt, desmotu- 
bule; ml, middle lamella. (From Esau and Thorsch, 1985.) 
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FIGURE 13.12 

Longitudinal view of young sieve-tube element (SE) and companion cell (CC) from leaf of tobacco (Nicotiana 
tabacum). Arrowheads mark discernible plasmodesmata in the two ends (future sieve plates) of the sieve-tube 
element and in the common wall between sieve-tube element and companion cell (sites of future pore-plasmodesmata 
connections). Numerous small vacuoles (v) occur above and below the nucleus of the sieve-tube element. (From Esau 
and Thorsch, 1985.) 
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Sieve-tube plastids. Immature (A) and mature (C) S-type plastids in bean ( Phaseolus ) root tip; immature (B) and 
mature (D) P-type plastids with cuneate protein crystals (dense inclusions), in onion ( Allium ) root tip. E, P-type 
plastids, with filamentous protein inclusions (f), in sieve tube of spinach ( Spinacia ) leaf. Other details: er, endoplas¬ 
mic reticulum; s, starch; w, wall. 














Immature and mature sieve-tube elements in the stem phloem of squash (Cucurbita maxima ), as seen in longitudinal 
(A) and transverse (B, C) sections. A, two immature sieve-tube elements (on right and in center) contain numerous 
P-protein bodies (arrows). The P-protein bodies in the sieve-tube element on the right have begun to disperse in the 
parietal layer of cytoplasm. The nucleus (n) in this element has begun to degenerate and is barely discernible. A 
strand of companion cells (cc) accompanies the mature sieve-tube elements, far right and left. A slime plug (sp) can 
be seen in the sieve-tube element on lower left. B, two immature sieve tubes. Large P-protein bodies (arrows) can 
be seen in sieve tube on the left, an immature (simple) sieve plate in face view in the one on the right, above. The 
small, dense cells are companion cells. C, two mature sieve-tube elements. A slime plug (sp) can be seen in the sieve- 
tube element on the left, a mature sieve plate in the one on the right. The small dense cells are companion cells. 
(A, X300; B, C, X750.) 



FIGURE 13.15 

Electron micrograph of portion of mature Cucurbita 
maxima sieve plate in surface view. The pores are lined 
by a narrow callose cylinder (c) and plasma membrane (not 
labeled). Elements of endoplasmic reticulum (er) and P- 
protein (pp) are also found along margins of pores. (From 
Evert et al., 1973c, Fig. 2. © 1973, Springer-Verlag.) 
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P-protein. Sieve-tube elements of Poinsettia (A), Nicotiana tabacum (B), Nelumbo nucifera (C), and Cucurbita 
pepo (D). A, portion of a P-protein body showing tubular filaments. B, high magnification of negatively stained 
phloem exudate reveals the double-stranded structure of the P-protein filament. C, P-protein accumulated in a sieve- 
plate pore shows horizontal striations in the extended filaments; callose (c) lining the pore beneath the plasma 
membrane (pm). D, transverse section showing portions of wall (w) and parietal layer of cytoplasm of mature sieve- 
tube element (above). The parietal layer in this view consists of the plasma membrane (pm), discontinuous profiles 
of endoplasmic reticulum (er), and P-protein (pp). Pore-plasmodesmata connections can be seen in the sieve-tube 
element (pore-side)-companion cell (plasmodesmata-side) wall. Other details: po, pore; pd, plasmodesmata. 
(B, reprinted from Cronshaw et al., 1973- © 1973, with permission from Elsevier; C, from Esau, 1977; D, from Evert 
et al., 1973c, Fig. 6. © 1973, Springer-Verlag.) 
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proteins may have properties that are not exclusively 
related to PP1 or vascular-specific functions (Dinant et 
al., 2003). It has been suggested that PP2 may serve to 
immobilize bacteria and fungi at wound sites or as an 
anchor for the organelles that persist along the walls in 
mature, conducting sieve-tube elements. Minute, clamp¬ 
like structures, which have been proposed to be respon¬ 
sible for the peripheral positioning of the components 
in mature sieve elements, have been found in Vida faba 
and Lycopersicon esculentum sieve-tube elements 
(Ehlers et al., 2000). The chemical nature of these 
“clamps” is unknown. 

In some taxa (basically woody families), the P-protein 
bodies disperse only partially or not at all (nondisper- 
sive P-protein bodies, Fig. 13-17; see also Fig. 13-36A; 
Behnke, 1991b). Cytoplasmic inclusions once regarded 
as extruded nucleoli are examples of these (Deshpande 
and Evert, 1970; Esau, 1978a; Behnke andKiristis, 1983). 
Often cited as examples of nondispersive P-protein 
bodies are the tailed or tailless spindle-shaped crystal¬ 
line P-protein bodies of the Fabaceae, previously called 
persistent slime bodies by light microscopists (Esau, 
1969). It has been shown, however, that these P-protein 
bodies are able to undergo rapid and reversible calcium- 
controlled conversions from the condensed “resting 
state” into a dispersed state, in which they occlude the 
sieve tubes (Knoblauch et ah, 2001). Dispersal of the 
crystalloids is triggered by plasma membrane leakage 
and abrupt turgor changes. It has been suggested that 
the ability of the P-protein to cycle between dispersal 
and condensation may provide an efficient mechanism 
to control sieve tube conductivity (Knoblauch et al., 
2001). Four major forms of nondispersive P-protein 
bodies can be recognized in eudicotyledonous sieve- 
tube elements: spindle-shaped, compound-spherical, 
rod-shaped, and rosette-like (Behnke, 1991b). The great 
majority of nondispersive protein bodies are of cytoplas¬ 
mic origin. Nuclear nondispersive protein bodies have 
been found in two eudicot families, the Boraginaceae 
and Myristicaceae (Behnke, 1991b), and in the monocot 
family Zingiberaceae (Behnke, 1994). 

Nuclear Degeneration May Be Chromatolytic 
or Pycnotic 

One of the major events in the final stages of sieve- 
element ontogeny is the degeneration of the nucleus. In 
most angiosperms—both eudicots (Evert, 1990b) and 
monocots (Eleftheriou, 1990)—nuclear degeneration is 
by chromatolysis, a process involving the loss of stain- 
able contents (chromatin and nucleoli) and eventual 
rupture of the nuclear envelope (Fig. 13.18B). Pycnotic 
degeneration, during which the chromatin forms a 
very dense mass prior to rupture of the nuclear enve¬ 
lope, has been reported to occur primarily in differen¬ 
tiating protophloem sieve-tube elements. 


At about the time the nuclei begin to degenerate, the 
cisternae of endoplasmic reticulum begin to form stacks 
(Figs. 13.18A and 13.19A). During the stacking process 
the endoplasmic reticulum begins to migrate toward the 
wall, and the ribosomes disappear from the surfaces 
that face one another in a stack, although electron-dense 
material, possibly enzymes, accumulate between the 
cisternae (Fig. 13.19A, B). Ribosomes on the outer sur¬ 
faces of the membrane stacks disappear concomitantly 
with the free ribosomes of the cytoplasm. With increas¬ 
ing maturation of the sieve-tube element, the now 
entirely smooth endoplasmic reticulum may undergo 
further modification into convoluted, lattice-like, and 
tubular forms. In most fully mature sieve-tube elements 
the endoplasmic reticulum is represented largely by a 
complex network—a parietal, anastomosing system— 
that lies next to the plasma membrane, along with the 
surviving organelles and the P-protein. Only two kinds 
of organelles are retained, the plastids and mitochondria 
(Fig. 13.19C). Neither microtubules nor actin filaments 
have been discerned in electron micrographs of mature 
sieve-tube elements, although both actin and profilin, 
which has been implicated in the regulation of actin 
filament polymerization (Staiger et al., 1997), have been 
found at high levels in sieve-tube exudate (Guo et al., 
1998; Schobert et al., 1998). 

The two delimiting membranes, plasma membrane 
and tonoplast, show contrasting behavior. Whereas the 
plasma membrane persists as a selectively permeable 
membrane, the tonoplast breaks down and the delimita¬ 
tion between vacuole and parietal cytoplasm disap¬ 
pears. With clearing of the lumina of the superimposed 
sieve-tube elements and development of unoccluded 
sieve-plate pores between them, the sieve tube becomes 
an ideal conduit for the flow of solution of the assimilate 
stream (Figs. 13.15 and 13.20). 


I COMPANION CELLS 

Sieve-tube elements are characteristically associated 
with specialized parenchyma cells called companion 
cells. Typically, companion cells are derived from the 
same mother cell as their associated sieve-tube elements, 
so that the two kinds of cells are closely related ontoge- 
netically (Fig. 13-5). In the formation of the companion 
cells the meristematic precursor of the sieve-tube 
element divides longitudinally one or more times. One 
of the resulting cells, usually distinguished by being 
larger, differentiates into the sieve-tube element. One or 
more companion cells may be associated with a single 
sieve-tube element, and the companion cells may occur 
on one or more sides of the sieve-tube element wall. In 
some taxa the companion cells occur in vertical series 
(companion cell strands; Fig. 13.21B, C), the result of 
divisions of their immediate precursor. Companion cells 




Phloem: Cell Types and Developmental Aspects | 373 



w 


Nondispersive P-protein bodies. A, Quercus alba. Compound-spherical body near sieve plate in mature sieve-tube 
element. B, Quercus alba. Detail of spherical body. C, Rhus glabra. Compound-spherical body in mature sieve-tube 
element. Described as “stellate,” by Deshpande and Evert (1970). D, Robinia pseudoacacia. Transverse view of 
spindle-shaped body in immature sieve-tube element. E, R. pseudoacacia. Longitudinal view of spindle-shaped body 
in mature sieve-tube element. F, Tilia americana. Portion of compound-spherical body. The peripheral region (above) 
is composed of rod-like components; the more dense, central region (below) shows little or no substructure. The 
spherical bodies of Quercus and Tilia were once regarded as extruded nucleoli. (A—C, and F, reprinted from Desh¬ 
pande and Evert, 1970. © 1970, with permission from Elsevier; D, E, from Evert, 1990b, Figs. 6.16 and 6.17. © 1990, 
Springer-Verlag.) 
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FIGURE 13.18 


A, immature protophloem sieve-tube element in root of tobacco (Nicotiana tabacum). Stacking of the endoplasmic 
reticulum (er) has begun, and most of the plastids (pi) and mitochondria (m) have become distributed along the wall. 
The nucleus (n) has begun to lose stainable contents, and the pore sites of the developing sieve plates in both end 
walls are marked by the presence of pairs of callose platelets. A single plasmodesma (pd) traverses the platelets, one 
platelet on either side of the wall. Other details: gb, Golgi body; w, wall between parenchyma cells. B, partly col¬ 
lapsed nucleus (n) in immature sieve-tube element at later stage than in A. The organelles now are located along the 
wall (w). (Reprinted from Esau and Gill, 1972. © 1972, with permission from Elsevier.) 




Transverse sections of immature (A, B) and mature (C) protophloem sieve-tube elements in root of tobacco ( Nicoti- 
ana tabacum). A, the stacked endoplasmic reticulum (er) and organelles (mitochondria, m, and plastids, pi) already 
are in a peripheral position. Golgi bodies (gb) and abundant ribosomes are still present. B, detail of stacked endo¬ 
plasmic reticulum. C, the mature sieve element has a clear appearance. Other detail: w, wall. (A, B, reprinted from 
Esau and Gill, 1972. © 1972, with permission from Elsevier.) 
















376 | Esau’s Plant Anatomy, Third Edition 



FIGURE 13.20 

Longitudinal sections of portions of mature sieve-tube elements, showing parietal distribution of cytoplasmic com¬ 
ponents and sieve plates with unoccluded pores. A, Cucurbita maxima. Unlabeled arrows point to P-protein. Other 
details: CC, companion cell; PC, parenchyma cell. B, Zea mays. Typical of monocotyledonous sieve-tube elements, 
those of maize contain P-type plastids (pi), with cuneate protein crystals. Maize, a member of the Poaceae, lacks 
P-protein. (A, from Evert et al., 1973c, Fig. 11. © 1973, Springer-Verlag; B, courtesy of Michael A. Walsh.) 


also vary in size. Some—both individual cells and 
strands—are as long as the sieve-tube element with 
which they are related (Fig. 13.21A); others are shorter 
than the sieve-tube element (Fig. 13.21D-I; Esau, 1969). 
The ontogenetic relation of companion cells to sieve- 
tube elements is usually regarded as a specific charac¬ 
teristic of these cells, although some parenchymatous 
elements commonly regarded as companion cells may 
not be derived from the same mother cell as their associ¬ 
ated sieve-tube element (e.g., in longitudinal veins of the 
maize leaf blade; Evert et al., 1978). The relation is, 


however, typical in angiosperms, and the presence of 
companion cells is included in the definition of the 
sieve-tube element as contrasted with the sieve cell. 

Whereas the sieve-tube element protoplast under¬ 
goes a selective autophagy and assumes a clear appear¬ 
ance during its ontogeny, the companion cell protoplast 
commonly increases in density as it approaches matu¬ 
rity. This increase in density is due in part to an increase 
in density in the ribosome (polysome) population and 
partly to an increase in density of the cytosol itself 
(Behnke, 1975; Esau, 1978b). The mature companion 
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FIGURE 13.21 
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Calycanthus occidentalis Pyrus communis 


Companion cells (longitudinal views). A, sieve-tube elements of Tilia americana with companion cells (stippled) 
that extend the length of the element, from sieve plate to sieve plate. B, sieve-tube element of Eucalyptus, with long 
strand of companion cells. The dense bodies near the sieve plates are nondispersive P-protein bodies once believed 
to be extruded nucleoli. C, sieve-tube element of Daucus (carrot), with strand of three companion cells. The small 
bodies near sieve plates are plastids with starch; the large body is P-protein. D—F, portions of sieve-tube elements of 
Vitis; companion cells hatched. G, sieve-tube elements with companion cells of Calycanthus occidentalis ; H, I, por¬ 
tions of sieve-tube elements of Pyrus communis, with companion cells. (A, X255; B, X230; C, X390; D-F, x95; G-I, 
X175. A, from Evert, 1963. © 1963 by The University of Chicago. All rights reserved; B, from Esau, 1947; C, adapted 
from Esau, 1940. Hilgardia 13(5), 175-226. © 1940 Regents, University of California; D—F, from Esau, 1948. Hilgardia 
18(5), 217-296. © 1948 Regents, University of California; G, reproduced by permission University of California Press: 
Cheadle and Esau, 1958. Univ. Calif. Publ. Bot. © 1958, The Regents of the University of California; H, I, reproduced 
by permission University of California Press: Evert, I960. Univ. Calif. Publ. Bot. © I960, The Regents of the University 
of California.) 


cell also contains numerous mitochondria, rough endo¬ 
plasmic reticulum, plastids, and a prominent nucleus. 
Companion cell plastids typically lack starch, although 
some exceptions exist (e.g., in Cucurbita, Esau and 
Cronshaw, 1968; Amaranthus, Fisher, D. G., and Evert, 
1982; Solarium, McCauley and Evert, 1989). The cells 
are vacuolated to various degrees. 


Companion cells are intimately connected with their 
associated sieve-tube elements by numerous cytoplas¬ 
mic connections, consisting of a pore on the sieve-tube 
element side of the wall and much-branched plasmodes- 
mata on the companion cell side (Fig. 13.22). During 
development of these connections callose appears at the 
site of the future pore on the sieve-tube element side of 
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FIGURE 13.22 

Longitudinal views of pore-plasmodesmata connections. A, immature and B, mature connections in sieve-tube 
element-comp anion cell walls of cotton (Gossypium hirsutum ) internodes. Note branched plasmodesmata in com¬ 
panion-cell side of wall. A, during development, callose deposition is limited to the plasmodesmata (future pores) 
on the sieve-tube element side of the wall. B, in this mature sieve-tube element the pore is partially constricted by 
(presumably) wound callose. C, pore-plasmodesmata connections in the thickened portion of sieve-tube element- 
companion cell wall in minor vein of cottonwood (Populus deltoides ) leaf. The plasmodesmata are highly branched 
in the companion cell wall. D, pore-plasmodesmata connections in the common wall between sieve-tube element 
and companion cell in a leaf vein of barley (Hordeum vulgare). An aggregate of endoplasmic reticulum is associated 
with the pore on the sieve-tube element side. Details: c, callose; CC, companion cell; dt, desmotubule; er, endoplas¬ 
mic reticulum; pm, plasma membrane; SE, sieve-tube element. (A, B, from Esau and Thorsch, 1985; C, from Russin 
and Evert, 1985; D, from Evert et al., 1971b, Fig. 4. © 1971, Springer-Verlag.) 




Phloem: Cell Types and Developmental Aspects | 379 


the wall (Fig. 13.22A). Pore formation is initiated with 
development of a median cavity in the region of the 
middle lamella, and formation of branched plasmo- 
desmata is associated with a buildup of cell wall on 
the companion cell side (Deshpande, 1975; Esau and 
Thorsch, 1985). Hence these branched plasmodesmata 
are not secondary plasmodesmata but rather modified 
primary plasmodesmata (Chapter 4). It is generally pre¬ 
sumed that the parietal network of endoplasmic reticu¬ 
lum of the mature sieve-tube element is connected with 
the endoplasmic reticulum of the companion cell via the 
desmotubules in the companion cell wall. 

Typically the walls of companion cells are neither 
sclerified nor lignified, and commonly the companion 
cells collapse when their associated sieve-tube elements 
die. Sclerification of companion cells has been reported 
in nonconducting phloem of Carpodetus serratus 
(Brook, 1951) and Tilia americana (Evert, 1963). In the 
minor veins of mature leaves of many herbaceous eudi- 
cots, the companion cells possess irregular ingrowths 
of wall material, which is typical of transfer cells (see 
below; Pate and Gunning, 1969). 

Inasmuch as the mature sieve-tube element lacks a 
nucleus and ribosomes at maturity, it long has been 
presumed that these elements depend on the compan¬ 
ion cells for their livelihood, the informational mole¬ 
cules, proteins, and ATP necessary for their maintenance 
being delivered to them via the pore-plasmodesmata 
connections (referred to as “pore-plasmodesma units” 
by some workers; van Bel et al., 2002) in the sieve tube- 
companion cell walls. The interdependence of these 
two cells is further supported by the fact that both cease 
to function and die at the same time. Clearly the com¬ 
panion cell is the life-support system of the sieve-tube 
element. 

Microinjection of either companion cells or sieve 
tubes with fluorescently labeled probes have revealed 
that the size exclusion limit of plasmodesmata in 
mature sieve tube-companion cell complexes is rela¬ 
tively large—between 10 and 40kDa—and that move¬ 
ment between companion cell and sieve-tube element 
occurs in both directions (Kempers and van Bel, 1997). 
Substantial evidence indicates that proteins synthesized 
in the companion cells cycle between the companion 
cells and sieve-tube elements (Thompson, 1999), and 
transgenic plants expressing green fluorescent protein 
(GFP)—presumably synthesized in companion cells— 
have demonstrated that movement of the GFP through¬ 
out the plant in the assimilate stream (Imlau et al., 
1999). Only a few of the estimated 200 endogenous 
soluble proteins present in phloem exudate or sieve- 
tube sap have been identified. Among them are ubiqui- 
tin and chaperones, which have been implicated in 
protein turnover in mature sieve-tube elements 
(Schobert et al., 1995). Whereas some of the phloem 
proteins might serve as long-distance signaling mole¬ 


cules, many likely play a role in the maintenance of the 
sieve-tube elements. 

HUE MECHANISM OF PHLOEM TRANSPORT 
IN HNGIOSPERMS 

Originally proposed by Ernst Munch (1930) and modi¬ 
fied by others (see below; Crafts and Crisp, 1971; 
Eschrich et al., 1972; Young et al., 1973; van Bel, 1993), 
the osmotically generated pressure-flow mecha¬ 
nism is widely accepted to explain the flow of assimi¬ 
lates through angiospermous sieve tubes between the 
sources of assimilates and the sites of utilization, or 
sinks, of those assimilates. Assimilates are said to follow 
a source-to-sink pattern. The principal sources (net 
exporters) of assimilates are photosynthesizing leaves, 
although storage tissues may also serve as important 
sources. All plant parts unable to meet their own nutri¬ 
tional needs may act as sinks (net importers of assimi¬ 
lates), including meristematic tissues, below ground 
parts (e.g., roots, tubers, rhizomes), fruits, seeds, and 
most parenchymatous cells of cortex, pith, xylem, and 
phloem. 

Simply explained, the osmotically generated pres¬ 
sure-flow mechanism operates as follows (Fig. 13.23). 
Sugars entering the sieve tubes at the source bring about 
an increase in solute concentration there. With the 
increase in solute concentration, the water potential is 
decreased, and water from the xylem enters the sieve 
tube by osmosis. The removal of sugar at the sink has 
the opposite effect. There the solute concentration falls, 
the water potential is increased, and water leaves the 
sieve tube. With the movement of water into the sieve 
tube at the source and out of it at the sink, the sugar 
molecules are carried passively by the water along the 
concentration gradient by a volume, or mass, flow 
between source and sink (Eschrich et al., 1972). 

In the original Munch model of pressure flow, the 
sieve tubes were regarded as impermeable conduits. In 
fact the sieve tube between source and sink is bounded 
by a selectively permeable membrane, the plasma mem¬ 
brane, not only at source and sink but all along the 
pathway (Eschrich et al., 1972; Phillips and Dungan, 
1993). The presence of a selectively permeable mem¬ 
brane is essential for osmosis, the generating force, for 
the mechanism to operate; hence the need for a living 
conduit. With regard to the osmotically generated pres¬ 
sure-flow mechanism, the plasma membrane is the most 
important component of the cell. Water enters and 
leaves the sieve tube by osmosis along its entire length. 
Few, if any, of the original water molecules entering the 
sieve tube at the source find their way to the sink, 
because they are exchanged with other water molecules 
that enter the sieve tube from the phloem apoplast 
along the transport pathway (Eschrich et al., 1972; 
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Flow of water in Sink 

transpiration stream 

FIGURE 13.23 

Diagram of osmotically generated pressure-flow mechanism. Dots represent sugar molecules that have their origin 
in photosynthesizing cells in the leaf (the source). Sugar is loaded into the sieve tube via the companion cells at the 
source. With the increased concentration of sugars, the water potential is decreased and water enters the sieve tube 
by osmosis. Sugar is removed (unloaded) at the sink, and the sugar concentration falls; as a result the water potential 
increases, and water leaves the sieve tube. With the movement of water into the sieve tube at the source and out of 
it at the sink, the sugar molecules are carried passively by the water along the concentration gradient between source 
and sink. Water enters and leaves the sieve tube all along the pathway from source to sink. Evidence indicates that 
few, if any, of the original water molecules entering the sieve tube at the source make it to the sink, because they 
are exchanged with other water molecules that enter the sieve tube from the phloem apoplast along the pathway. 
(After Raven et al., 2005.) 
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Phillips and Dungan, 1993)- Water exiting the sieve tube 
at the sink is recirculated in the xylern (Kockenberger 
et al., 1997). All along the pathway photoassimilates 
originating in the leaves are removed to maintain mature 
tissues and to supply the needs of growing tissues (e.g., 
the vascular cambium and its immediate derivatives). In 
addition, substantial amounts of photoassimilates com¬ 
monly escape, or leak, from the sieve tubes along the 
pathway (Hayes et al., 1987; Minchin and Thorpe, 
1987). 

The functioning of the phloem in the distribution of 
photoassimilates throughout the plant depends on the 
cooperation between the sieve-tube elements and their 
companion cells (van Bel, 1996; Schulz, 1998; Oparka 
and Turgeon, 1999). The nature of the cooperation is 
reflected in part by the relative size of the sieve tubes 
and companion cells along the pathway. In the collec¬ 
tion phloem of minor veins of source leaves (the small 
veins embedded in the mesophyll tissue, or photosyn¬ 
thetic ground tissue) the companion cells are typically 
larger than their often diminutive sieve-tube elements 
(Figs. 13.24-13.26; Evert, 1977, 1990b). This size differ¬ 
ence is considered a reflection of the active role played 
by the companion cells in the collection, or uptake 
(against a concentration gradient) of photoassimilates, 
which then are transferred to the sieve-tube elements 
via the pore-plasmodesmata connections in the sieve 
tube-companion cell walls. This active process is called 
phloem loading (see below). 

In the release phloem of terminal sinks the com¬ 
panion cells are greatly reduced in size or absent alto¬ 
gether (Offler and Patrick, 1984; Warmbrodt, 1985a, b; 
Hayes et al., 1985). In most sink tissues (e.g., of devel¬ 
oping roots and leaves) unloading takes place symplas- 
tically. The actual unloading process is probably passive, 
not requiring an expenditure of energy by the compan¬ 
ion cells. Transport into sink tissues, called post¬ 
phloem or post-sieve-tube transport (Fisher, D. B., 
and Oparka, 1996; Patrick, 1997), however, depends on 
metabolic energy. In symplastic unloaders, energy is 
needed to maintain the concentration gradient between 
the sieve-tube-companion cell complexes and sink 
cells. In apoplastic unloaders, energy is needed to accu¬ 
mulate sugars to high concentrations in sink cells, such 
as those of sugar beet roots and sugarcane stems, 
although apoplastic unloading in mature sugarcane 
internodes has been questioned (Jacobsen et al., 1992). 
In potato, apoplastic unloading of sucrose was found 
to predominate in stolons undergoing extensive growth; 
however, during the first visible signs of tuberization, 
a transition occurred from apoplastic to symplastic 
unloading (Viola et al., 2001; see also Kuhn et al., 
2003). 

In transport phloem, the cross-sectional area of the 
sieve tubes is greater than that of their counterparts in 
collection and release phloem, and the companion cells 



Transverse section through a minor vein of Cucumis 
melo leaf. In this plane of section the abaxial (lower) 
phloem contains two diminutive sieve tubes (s) bor¬ 
dered by four intermediary cells (ic) in addition to a 
parenchyma cell (pc). The adaxial phloem consists of a 
single sieve tube (s) and companion cell (cc). Note the 
numerous plasmodesmata (arrowheads) in the common 
wall between the intermediary cells and bundle-sheath 
cells (bs). This is a type 1 minor vein, and a symplastic 
loader. Other details: t, tracheary element; vp, vascular 
parenchyma cell. (From Schmitz et al., 1987, Fig. 1. © 
1987, Springer-Verlag.) 
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FIGURE 13.25 


Transverse section of portion of a minor vein of a sugar beet (Beta vulgaris ) leaf. In this plane of section the vein 
contains four sieve tubes (s) and seven “ordinary” companion cells (cc), that is, companion cells without wall 
ingrowths. This is a type 2a minor vein and an apoplastic phloem loader. Other details: bs, bundle-sheath cell; php, 
phloem parenchyma cell; t, tracheary element; vp, vascular parenchyma cell. (From Evert and Mierzwa, 1986.) 


are intermediate in size between those in the collection 
and release phloem or are entirely absent (Figs. 13.IB 
and 13.14B, C). The transport phloem has a dual task. 
One is to deliver photoassimilates to the terminal sinks. 
This necessitates retention of sufficient photoassimilate 
to maintain a pressure flow. As mentioned previously, 
leakage of photoassimilate from the sieve tubes is a 
common phenomenon along the transport phloem, or 
pathway, between source and sink. It is believed that 
the companion cells are involved with the retrieval of 
leaked photoassimilates. Retention of photoassimilates 
in transport phloem is enhanced by the near symplastic 
isolation of the sieve tube-companion cell complexes 


there (van Bel and van Rijen, 1994; van Bel, 1996). The 
second task of the transport phloem is to provide nour¬ 
ishment to heterotrophic tissues along the pathway, 
including axial sinks such as cambial tissues. 


I THE SOURCE LEAF HND MINOR VEIN PHLOEM 

As mentioned previously, mature photosynthesizing 
leaves are the principal sources of the plant. In most 
angiosperms other than monocots, the vascular bundles, 
or veins, of the leaf are arranged in a branching 
pattern, with successively smaller veins branching from 
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FIGURE 13.26 

Transverse section of portion of a minor vein of a marigold (Tagetes pcitula ) leaf. In this plane of section the vein 
contains two sieve tubes (s) and three companion cells (cc) with wall ingrowths, that is, the companion cells are 
transfer cells, or A-type cells (Pate and Gunning, 1969). This is a type 2b minor vein and an apoplastic phloem loader. 
Other details: bs, bundle-sheath cell; php, phloem parenchyma cell; t, tracheary element; vp, vascular parenchyma 
cell. 


somewhat larger ones. This type of vein arrangement is 
known as reticulate, or netted, venation. Often the 
largest vein extends along the long axis of the leaf as a 
midvein. The midvein, along with its spatially associated 
ground tissue, makes up the so-called midrib of such 
leaves. Other, somewhat smaller veins branching from 
the midvein typically are associated with rib tissue too. 
All veins associated with ribs (protrusions most com¬ 
monly on the underside of the leaf) are called major 
veins. The small veins of the leaf that are more or less 
embedded in mesophyll tissue and not associated with 
ribs are called minor veins. The minor veins are com¬ 


pletely enclosed by a bundle sheath consisting of com¬ 
pactly arranged cells. In eudicot leaves the bundle-sheath 
cells commonly are parenchymatous and may or may 
not have chloroplasts. Xylem occurs commonly on the 
upper side of a vein and phloem on the lower side (Figs. 
13.25 and 13.26). 

The minor veins play the principal role in the collec¬ 
tion of photoassimilate. Before being taken up by the 
sieve tube-companion cell complexes of the minor 
veins, photoassimilate produced by photosynthesis in 
the mesophyll cells and destined to be exported from 
the leaf must first traverse the bundle sheaths enclosing 





384 | Esau’s Plant Anatomy, Third Edition 


the veins. From the sieve tubes of the minor veins the 
photoassimilate, which is in solution in the sieve-tube 
sap, flows into successively larger veins and eventually 
into the major veins—transport veins—for export from 
the leaf. Thus the assimilate stream of the leaf is analo¬ 
gous to a watershed, with small streams feeding into 
successively larger streams. 

Several Types of Minor Veins Occur in 
Dicotyledonous Leaves 

The minor veins of “dicotyledonous” (magnoliids and 
eudicots) leaves vary in their structure and in the 
degree of symplastic continuity of their sieve tube- 
companion cell complexes with other cell types of the 
leaf. In some plants, the frequency of plasmodesmata 
between the bundle-sheath cells and companion cells 
is abundant or moderate, whereas in others, plasmo¬ 
desmata are infrequent at that interface (Gamalei, 
1989, 1991). On that basis, two general types of minor 
veins have been recognized (Gamalei, 1991). Those 
with abundant plasmodesmata at the bundle sheath- 
companion cell interface (>10 plasmodesmata per pm 2 
of interface) are termed type 1 and those with few 
plasmodesmata at that interface are termed type 2. The 
type 1 minor veins are also termed open, and the type 
2, closed. The veins with moderate plasmodesmatal 
contacts between the bundle-sheath cells and compan¬ 
ion cells (<10 plasmodesmata per pm 2 of interface) are 
intermediate between types 1 and 2 and are termed 
type l-2a. (Arabidopsis thaliana is a type l-2a species; 
Haritatos et al., 2000.) Two subcategories of type 2 are 
distinguished: type 2a, with sporadic plasmodesmatal 
contacts (<1 per pm 2 of interface), and type 2b, with 
virtually no plasmodesmatal contacts (<0.1 per pm 2 of 
interface). Thus the span in plasmodesmatal frequency 
at the bundle sheath-companion cell interface between 
type 1 and type 2b is about three orders of 
magnitude. 

Because of the great variation in frequency of plas¬ 
modesmata at the bundle sheath-companion cell inter¬ 
face of the minor veins among species, the concept 
arose that two mechanisms of phloem loading exist, 
symplastic and apoplastic (van Bel, 1993). The type 1 
species, with an abundance of plasmodesmata linking 
their minor vein companion cells to the bundle sheaths 
became regarded as symplastic loaders, and the type 2 
species, with a paucity of such connections, as apoplas¬ 
tic loaders (Gamalei, 1989, 1991, 2000; van Bel, 1993; 
Grusak et al., 1996; Turgeon, 1996). 

Although the mechanism of apoplastic loading has 
long been understood (see below), an explanation for 
symplastic loading involving active transport through 
plasmodesmata is wanting. As noted by Turgeon and 
Medville (2004), “Active transport of small molecules 


through plasmodesmata is unknown, and diffusion 
against a concentration gradient is impossible.” 

Type I Species with Specialized Companion Cells, 
Termed Intermediary Cells, Are Symplastic Loaders 

The minor veins of some type 1 species are character¬ 
ized by the presence of specialized companion cells 
called Intermediary cells (Fig. 13-24). Typically these 
are especially large cells having dense cytoplasm with 
an extensive labyrinth of endoplasmic reticulum, 
numerous small vacuoles, rudimentary plastids, and 
fields of highly branched plasmodesmata leading into 
them from the bundle-sheath cells (Turgeon et al., 
1993). Only eight families with “true” intermediary 
cells have thus far been identified: Acanthaceae, Celas- 
traceae, Cucurbitaceae, Hydrangaceae, Lamiaceae, 
Oleaceae, Scrophulariaceae, and Verbenaceae (see ref¬ 
erences in Turgeon and Medville, 1998, and Turgeon et 
al., 2001). 

The presence of intermediary cells is always corre¬ 
lated with the transport of large quantities of raffinose 
and stachyose, in addition to some sucrose (Turgeon et 
al., 1993). Species with intermediary cells are regarded 
as symplastic loaders (Turgeon, 1996; Beebe and Russin, 
1999), and a polymer trap mechanism has been pro¬ 
posed to explain phloem loading involving the inter¬ 
mediary cells (Turgeon, 1991; Haritatos et al., 1996). 
Briefly, sucrose synthesized in the mesophyll diffuses 
via plasmodesmata from the mesophyll cells to the 
bundle-sheath cells and into the intermediary cells. In 
the intermediary cells, raffinose and stachyose are syn¬ 
thesized from the sucrose, thus maintaining a diffusion 
gradient between the mesophyll cells and the intermedi¬ 
ary cells. Raffinose and stachyose molecules are too 
large to diffuse back through the plasmodesmata into 
the bundle-sheath cells and, hence, accumulate to high 
concentrations in the intermediary cells. From the inter¬ 
mediary cells the raffinose and stachyose diffuse into 
the sieve tubes via the pore-plasmodesmata connections 
in their common walls and are carried away in the 
assimilate stream by mass flow. 

Data on type 1 species lacking intermediary cells are 
limited. The few such species that have been investi¬ 
gated are apoplastic loaders. These include Lirioden- 
dron tulipifera (Magnoliaceae) (Goggin et al., 2001), 
Clethra barbinervis and Liquidambar struraciflua 
(both Altingiaceae) (Turgeon and Medville, 2004). All 
three species transport sucrose almost exclusively. Obvi¬ 
ously, plasmodesmatal frequency alone cannot be used 
as an indicator of phloem-loading strategy. The results 
of such studies have led Turgeon and Medville (2004) 
to propose that symplastic loading may be restricted to 
species that transport polymers, such as raffinose-family 
oligosaccharides in quantity, and that other species, no 
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matter how numerous their minor vein plasmodesmata, 
may load via the apoplast. 

Species with Type 2 Minor Veins Are 
Apoplastic Loaders 

As indicated previously, the mechanism of apoplastic 
loading is well established. Sucrose is the principal 
transport sugar of apoplastic loaders. Apoplastic loading 
of sucrose molecules involves sucrose-proton co¬ 
transport, which is energized by a plasma membrane 
ATPase and mediated by a sucrose transporter located 
on the plasma membrane (Lalonde et al., 2003). In 
potato, tomato, and tobacco, the leaf sucrose trans¬ 
porter (SUT1) localizes to the plasma membrane of the 
sieve element, not to that of the companion cell (Kuhn 
et al., 1999), whereas in Arabidopsis (Stadler and Sauer, 
1996; Gottwald et al., 2000) and Plantago major 
(Stadler et al., 1995), the sucrose transporter (SUC2) 
is specifically expressed in the companion cells. A 
plasma membrane H + -ATPase has also been localized 
to Arabidopsis companion cells (DeWitt and Sussman, 
1995). The difference in location of the sucrose trans¬ 
porter may indicate that in some apoplastic loaders the 
uptake of sucrose occurs via the sieve element plasma 
membrane and in others via the plasma membrane of 
the companion cells. Thus, unlike those type 1 species, 
in which sugar is concentrated by energy used to syn¬ 
thesize rafhnose and stachyose in intermediary cells, 
the type 2 species use energy to concentrate sugar 
via a sucrose-proton co-transport at the plasma 
membrane. 

The companion cells of type 2a minor veins have 
smooth walls, and commonly they are referred to as 
ordinary companion cells (Fig. 13.25). Those of type 2b 
minor veins have wall ingrowths, and therefore they are 
transfer cells (Fig. 13.26). 

In some species, two types of transfer cell occur in 
the minor vein phloem. Designated A-type and B-type 
(Pate and Gunning, 1969), the former are companion 
cells and the latter phloem parenchyma cells. Either A- 
cells or B-cells or both may be present in a minor vein 
(Fig. 7.5), depending on the species. 

The minor veins of Arabidopsis thaliana, a type l-2a 
species, have B-type cells and ordinary companion cells 
(Haritatos et al., 2000). Noting that the B-type cells 
make numerous contacts with both the bundle-sheath 
cells and companion cells, Haritatos et al. (2000) sug¬ 
gested that the most likely route of sucrose transport in 
Arabidopsis minor veins is from the bundle sheath to 
the phloem parenchyma cells (the B-type cells) through 
plasmodesmata, followed by efflux into the apoplast 
across the plasma membrane bordering the wall 
ingrowths and carrier-mediated uptake into the sieve 
element-companion cell complexes. 


The Collection of Photoassimilate by the Minor Veins 
in Some Leaves May Not Involve an Active Step 

In some plants the mechanism by which sucrose enters 
the sieve tube-companion cell complexes of the minor 
veins seems not to involve an active step, that is, not 
to involve phloem loading per se. These are plants 
with open minor veins that transport large amounts of 
sucrose and only small amounts of rafhnose and 
stachyose. Willow ( Salix babylonica ; Turgeon and 
Medville, 1998) and cottonwood ( Populus delta ides : 
Russin and Evert, 1985) are representative of such 
plants. Both are type 1 plants, according to Gamalei 
(1989). In willow and cottonwood, no evidence could 
be found for the accumulation of sucrose against a 
concentration gradient in the minor vein phloem. 
Apparently the sucrose diffuses symplastically along a 
concentration gradient from the mesophyll to the sieve 
tube-companion cell complexes of the minor veins 
(Turgeon and Medville, 1998). The lack of a loading 
step corresponds to the Munch (1930) model of phloem 
transport. Munch considered the chloroplasts of the 
mesophyll cells as the “source” of the concentration 
gradient, and presumed that once the sugar entered the 
sieve tubes in the minor veins, it would be carried away 
by a mass how of solution, presumably because the 
hydrostatic pressure in the sieve tubes of the stem 
would be lower than that of the sieve tubes in the 
leaf. 

Some Minor Veins Contain More Than One Kind of 
Companion Cell 

Thus far our discussion of minor veins has placed them 
in clear-cut categories, each characterized by the pres¬ 
ence of a specihc type of companion cell. In some 
species, however, the minor veins contain more than 
one type of companion cell. For example, both inter¬ 
mediary cells and ordinary companion cells are found 
in minor veins of the Cucurbitaceae (Fig. 13-24; Cucur- 
bitapepo , Turgeon et al., 1975; Cucumis melo, Schmitz 
et al., 1987), Coleus blumei (Fisher, D. G., 1986), and 
Euonymus fortunei (Turgeon et al., 2001). This combi¬ 
nation of companion cell types is also found in several 
Scrophulariaceae {Alonsoc meridonalis , Knop et al., 
2001; and Alonsoc warscewiczii , Mimulus cardinalis, 
Verbascum chaixi , Turgeon et al., 1993). The minor 
veins of some Scrophulariaceae contain intermediary 
cells and transfer cells ( Nemesia strumosa , Rhodochi- 
ton atrosanguineum , Turgeon et al., 1993), and those 
of others modified intermediary cells and transfer cells 
(Ascarina spp., Turgeon et al., 1993; Knop et al., 2001). 
Some modified intermediary cells in Ascarina scandens 
even had a few wall ingrowths (Turgeon et al., 1993). 
The presence of minor veins with more than one 
type of companion cell suggests that more than one 
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mechanism of phloem loading may operate in single 
veins of some plants (Knop et al., 2004). 

The Minor Veins in Leaf Blades of the Poaceae 
Contain Two Types of Metaphloem Sieve Tubes 

The vascular system of grass leaves, unlike that of 
“dicotyledonous” leaves, with its netted arrangement, 
consists of longitudinal strands interconnected by trans¬ 
verse bundles. This vein arrangement is called striate, 
or parallel, venation. In any given transverse section 
of the leaf blade, three types of longitudinal vascular 
bundle can be recognized—large, intermediate, and 
small—on the basis of their size, the composition of 
their xylem and phloem, and the nature of their contigu¬ 
ous tissues (Colbert and Evert, 1982; Russell and Evert, 
1985; Dannenhoffer et al., 1990). Although all longitu¬ 
dinal bundles are able to transport photoassimilate for 
some distance down the blade, it is the large bundles 
that are primarily involved with longitudinal transport 
and export of photoassimilate from the leaf. The small 
bundles, on the other hand, are the bundles primarily 
involved with phloem loading and the collection of 
photoassimilate. Photoassimilate collected in the small 
bundles, which do not extend into the leaf sheath, is 
transferred laterally to larger bundles via the transverse 
veins for export from the blade (Fritz et al., 1983, 1989). 
In the blade the intermediate bundles also are involved 
with the collection of photoassimilates; hence both 
intermediate and small bundles may be considered 
minor veins. 

The metaphloem of the minor veins contains two 
kinds of sieve tube, thin-walled and thick-walled (Fig. 
13.27; Kuo and O’Brien, 1974; Miyake and Maeda, 1976; 
Evert et al., 1978; Colbert and Evert, 1982; Eleftheriou, 
1990; Botha, 1992; Evert et al., 1996b). More important 
than the relative thickness of their walls is the fact that 
thin-walled sieve tubes, which are first-formed, are 
associated with companion cells. The thick-walled 
sieve tubes, which are the last vascular elements to 
mature, lack companion cells. 

In mature maize (Evert et al., 1978) and sugarcane 
(Robinson-Beers and Evert, 1991) leaves the thin-walled 
sieve tubes and their companion cells—the sieve tube- 
companion cell complexes—are virtually isolated sym- 
plastically from the rest of the leaf. The thick-walled 
sieve tubes lack companion cells but are connected 
symplastically to vascular parenchyma cells that also 
abut the vessel elements of the xylem. Microauto- 
radiographic studies on the maize leaf indicate that the 
thin-walled sieve tubes are capable themselves of accu¬ 
mulating photoassimilates from the apoplast, whereas 
the thick-walled sieve tubes are involved with the 
retrieval of sucrose transferred to them by the vascular 
parenchyma cells bordering the vessels (Fritz et al., 
1983). 



FIGURE 13.27 


Transverse section of a small vascular bundle in a maize 
(Zea mays) leaf. This small bundle contains a single 
thin-walled sieve tube (open dot) and its associated com¬ 
panion cell (cc) and two thick-walled sieve tubes (solid 
dots), which are separated from the vessels (v) by vas¬ 
cular parenchyma cells (vp). The bundle is surrounded 
by a bundle sheath (bs). (From Evert et al., 1996a. © 
1996 by The University of Chicago. All right reserved.) 


I THE GVMN0SPERMQU5 SIEVE CELL 

Sieve cells typically are considerably elongated cells (in 
the secondary phloem of conifers, 1.5 to 5 mm long) 
with tapering end walls not easily distinguished from 
the lateral walls (Fig. 13.4A). The sieve areas are more 
numerous on the overlapping ends of the sieve cells but 
have essentially the same degree of differentiation as 
those of the lateral walls. In other words, unlike sieve- 
tube elements, sieve cells lack sieve plates. Moreover, 
unlike the open sieve pores of sieve-tube elements, the 
sieve pores of sieve cells are traversed by numerous 
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elements of tubtilar endoplasmic reticulum. In addition, 
whereas sieve-tube elements typically contain P-protein, 
sieve cells lack P-protein at all stages of their develop¬ 
ment. Sieve cells also lack companion cells but are 
associated functionally with Strasburger cells, or 
albuminous cells (Fig. 13.28), which are analogous to 
the companion cell. Strasburger cells rarely are ontoge- 
netically related to their associated sieve cells. 

Most of the information on the sieve cell comes from 
studies on the secondary phloem of conifers. However, 
in most respects, the development and structure of 
other gymnospermous sieve cells parallel those of conif¬ 
erous sieve cells (Behnke, 1990; Schulz, 1990). 

The Walls of Sieve Cells Are Characterized as Primary 

Considerable variation exists in the thickness of sieve 
cell walls. With the exception of the Pinaceae, the walls 
of gymnospermous sieve cells are characterized as 
primary. In the secondary phloem sieve cells of Pina¬ 


ceae the walls are thick and are interpreted as having 
secondary thickening (Abbe and Crafts, 1939). This 
thickening, which has a lamellate appearance (Fig. 
13-29), does not cover the sieve areas but forms a border 
around them. Distinct secondary walls have not been 
recorded in the sieve cells of any other gymnospermous 
taxa. 

Callose Does Not Play a Role in Sieve-Pore 
Development in Gymnosperms 

The sieve areas of gymnosperms develop from portions 
of the wall traversed by numerous plasmodesmata. In 
contrast with sieve-pore development in angiosperms, 
neither small endoplasmic reticulum cisternae nor 
callose platelets are involved with sieve-pore develop¬ 
ment in gymnosperms (Evert et ah, 1973b; Neuberger 
and Evert, 1975, 1976; Cresson and Evert, 1994). 

Prior to pore formation, selective deposition of wall 
material, similar in appearance to that of the primary 



FIGURE 13.28 

Transverse section showing connections between Strasburger cell (StC) and mature sieve cell (SC) in the hypocotyl 
of Pinus resinosa. Plasmodesmata (pd) occur on the Strasburger-cell side of the wall and pores on the sieve-cell side. 
The pores are occluded with callose (c) and bordered by a massive aggregate of endoplasmic reticulum (er). Other 
details: gb, Golgi body; m, mitochondrion; ob, oil body. (From Neuberger and Evert, 1975.) 






Transverse sections of mature sieve cells in the hypocotyl of Pinus resinosa. A, shows necrotic nucleus (n) bordered 
by large aggregate of endoplasmic reticulum (er). B, illustrates the typical distribution of cellular components of 
mature sieve cells, including endoplasmic reticulum (er), mitochondria (m), and plastids (pi). Note lamellate appear¬ 
ance of the walls (w). (From Neuberger and Evert, 1974.) 


wall, results in thickening of the sieve-area wall. Very 
early in sieve-cell differentiation, median cavities appear 
in the region of the middle lamella in association with 
the plasmodesmata. As sieve-area differentiation pro¬ 
ceeds, the median cavities gradually increase in size 
and merge to form a single large (compound) median 
cavity. Concomitantly, the plasmodesmata widen more 
or less uniformly throughout their length and aggre¬ 
gates of smooth tubular endoplasmic reticulum appear 
opposite the developing pores. These membrane aggre¬ 
gates persist at the sieve areas throughout the life of 
the sieve cell (Neuberger and Evert, 1975, 1976; Schulz, 
1992). Numerous elements of tubular endoplasmic 
reticulum traverse the plasma-membrane lined pores 
and median cavities, unifying the aggregates on either 


side of the wall (Fig. 13-30). Note that unlike the angio- 
spermous sieve pores, which are continuous across the 
common wall, the sieve pores of gymnosperms extend 
only half-way to the median cavity. Callose may or may 
not line the pores of conducting sieve cells, and when 
present, it is probably wound callose. Definitive callose 
typically accumulates at the sieve areas of senescing 
sieve cells. It eventually disappears after the sieve cell 
dies. 

Little Variation Exists in Sieve-Cell Differentiation 
among Gymnosperms 

As with young sieve-tube elements, young sieve cells 
contain all of the components characteristic of young 
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FIGURE 13.30 

Oblique section of sieve area in wall (w) between mature sieve cells in hypocotyl of Pinus resinosa. Massive aggre¬ 
gates of tubular endoplasmic reticulum (er) border the sieve area on both sides. Endoplasmic reticulum (er) can be 
seen traversing the pores (po) and entering the median cavity (me), which contains much endoplasmic reticulum. 
(From Neuberger and Evert, 1975.) 


nucleate plant cells. Similarly the sieve cell undergoes a 
selective autophagy during maturation, resulting in dis¬ 
organization and/or disappearance of most cellular com¬ 
ponents, including nucleus, ribosomes, Golgi bodies, 
actin filaments, microtubules, and tonoplast. 

The first visible indication of sieve-cell differentiation 
is an increase in thickness of the wall (Evert et al., 
1973a; Neuberger and Evert, 1976; Cresson and Evert, 
1994). Among the protoplasmic components the plas- 
tids early show the most marked changes. These two 
features enable one to distinguish between very young 
sieve cells and their neighboring parenchymatous ele¬ 
ments. Both S- and P-type plastids occur in sieve cells. 
S-type plastids are found in all taxa but the Pinaceae, 
which contain only the P-type (Fig. 13.29B; Behnke, 
1974, 1990; Schulz, 1990). 

Nuclear degeneration in sieve cells is pycnotic, with 
the degenerate nucleus commonly persisting as an elec¬ 
tron-dense mass (Fig. 13.29A), sometimes with portions 
of the nuclear envelope intact (Behnke and Paliwal, 


1973; Evert et al., 1973a; Neuberger and Evert, 1974, 
1976). Besides nuclear pycnosis and modification of the 
plastids the most impressive changes to occur to the 
cytoplasmic components during sieve-cell differentia¬ 
tion involves the endoplasmic reticulum. The original 
rough endoplasmic reticulum of the young sieve cell 
loses its ribosomes and is incorporated into an exten¬ 
sive, newly formed system of smooth tubular endoplas¬ 
mic reticulum. As indicated earlier, aggregates of tubular 
endoplasmic reticulum appear early opposite develop¬ 
ing sieve areas and persist there throughout the life of 
the mature cell. In Pinus (Neuberger and Evert, 1975) 
and Ephedra (Cresson and Evert, 1994) the aggregates 
associated with the sieve areas are interconnected with 
one another longitudinally by a network of parietal 
endoplasmic reticulum. Thus the endoplasmic reticu¬ 
lum of the mature sieve cell constitutes an extensive 
system that is also continuous with that of neighbor¬ 
ing sieve cells via the sieve-area pores and median 
cavities. 
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ISTRRSBURGER CELLS 

The counterpart of the companion cell in gymnosperm 
phloem is the Strasburger cell, named after Eduard 
Strasburger who gave it the name “Eiweisszellen,” or 
albuminous cell. The principal feature distinguishing 
the Strasburger cell from other parenchymatous ele¬ 
ments of the phloem is its symplastic connections with 
the sieve cells. These connections are reminiscent of the 
connections between sieve-tube elements and compan¬ 
ion cells: pores on the sieve-cell side and branched 
plasmodesmata on the Strasburger-cell side (Figs. 13.28 
and 13-31). The sieve cell-Strasburger cell connections 
have fairly large median cavities containing numerous 
elements of smooth tubular endoplasmic reticulum, 
which is continuous with the parietal network of endo¬ 
plasmic reticulum on the sieve-cell side via the large 
aggregates of tubular endoplasmic reticulum border¬ 
ing the pores. On the Strasburger-cell side, tubules of 
endoplasmic reticulum are continuous with the des- 
motubules of the plasmodesmata in the Strasburger-cell 
wall. 



FIGURE 13.31 

Pore-plasmodesmata connections between a sieve cell 
(left) and a Strasburger cell (right) in young stem of 
Ephedra viridis. Arrows point to branched plasmodes¬ 
mata in Strasburger-cell wall. Callose (c) constricts the 
pores, obscuring their contents, but does not extend 
into the median cavity (me). An aggregate of endoplas¬ 
mic reticulum (er) is associated with the pores. (From 
Cresson and Evert, 1994.) 


Like companion cells, Strasburger cells contain 
numerous mitochondria and a large ribosome (poly¬ 
some) population, in addition to other cellular compo¬ 
nents characteristic of nucleate plant cells. As mentioned 
previously, unlike the companion cells, the Strasburger 
cell rarely is ontogenetically related to its associated 
sieve cell. 

Presumably the role of the Strasburger cell is similar 
to that of companion cells: maintenance of its associated 
sieve element. Histochemical data strongly implicate the 
Strasburger cell with a role in long-distance transport of 
substances in the sieve cells (Sauter and Braun, 1968, 
1972; Sauter, 1974). Marked increases in both respira¬ 
tory (Sauter and Braun, 1972; Sauter, 1974) and acid 
phosphatase (Sauter and Braun, 1968, 1972; Sauter, 
1974) activity occurred in Strasburger cells at the time 
their associated sieve cells reached maturity. No increase 
in activity could be detected in Strasburger cells that 
bordered immature sieve cells or in other parenchyma¬ 
tous elements of the phloem that lack connections with 
the sieve cells. The Strasburger cells die when their 
associated sieve cells die. 

HUE MECHANISM OF PHLOEM TRRNSPORT 
IN GVMNOSPERMS 

The mechanism of phloem transport in gymnosperms 
remains to be elucidated. With the sieve areas covered 
with aggregates of endoplasmic reticulum and most of 
the pore space occupied by tubular elements of endo¬ 
plasmic reticulum, the resultant resistance to a volume 
flow would seem to be incompatible with a pressure- 
flow mechanism. Yet the transport velocity of assimilates 
in the phloem of the conifer Metasequoia glyptostro- 
boides, 48 to 60 cm per hour (Willenbrink and Koll- 
mann, 1966), essentially falls within the range of 
velocities, 50 to 100 cm per hour, commonly cited for 
angiosperms (Crafts and Crisp, 1971; Kursanov, 1984). 
The answer to the puzzle will undoubtedly be solved 
when the role of the sieve-cell endoplasmic reticulum 
is known. Being such a prominent component of the 
sieve-cell protoplast, it is inconceivable that the endo¬ 
plasmic reticulum, which forms a continuous system 
that extends from one sieve cell to the next, does not 
play a prominent role in long-distance transport. 

An active role for the endoplasmic reticulum is sup¬ 
ported by the localization of the enzymes nucleoside 
triphosphatase and glycerophosphatase at the endo¬ 
plasmic reticulum aggregates bordering the sieve areas 
(Sauter, 1976, 1977). Such a role for the endoplasmic 
reticulum is further supported by its staining with the 
cationic dye DiOC (Schulz, 1992). DiOC presumably 
marks membranes that have a significant membrane 
potential with a negative charge inside (Matzke and 
Matzke, 1986). It has been suggested that the endoplas- 
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mic reticulum of the sieve cells is able to regulate the 
long-distance gradient of assimilates by reestablishing 
the gradient in each sink (Schulz, 1992). Schulz (1992) 
noted that (1) the activity of nucleoside triphosphatases 
at the endoplasmic reticulum complexes, or aggregates, 
(2) the presence of a proton gradient across these mem¬ 
branes, and (3) the high membrane surface suggest that 
phloem transport in gymnosperms does not only depend 
on loading in source leaves and unloading in sinks but 
also requires energy-consumptive steps within the 
transport path. 


I PARENCHYMA CELLS 

The phloem contains variable numbers of parenchyma 
cells other than companion cells and Strasburger cells. 
Parenchyma cells containing various substances, such 
as starch, tannins, and crystals, are regular components 
of the phloem. Crystal-forming parenchyma cells may 
be subdivided into small cells, each containing a single 
crystal (Fig. 13.3D). Such chambered crystalliferous 
cells are commonly associated with fibers or sclereids 
and have lignihed walls with secondary thickenings 
(Nanko et al., 1976). 

The parenchyma cells of the primary phloem are 
elongated and are oriented, like the sieve elements, with 
their long axes parallel with the longitudinal extent of 
the vascular tissue. In the secondary phloem (Chapter 
14), parenchyma cells occur in two systems, the axial 
and the radial systems, and are classified as axial paren¬ 
chyma cells, or phloem parenchyma cells, and ray 
parenchyma cells, respectively. The axial parenchyma 
may occur in parenchyma strands or as single fusiform 
parenchyma cells. A strand results from division of a 
precursor cell into two or more cells. The ray paren¬ 
chyma cells constitute the phloem rays. 

In many eudicots some parenchyma cells may arise 
from the same mother cells as the sieve-tube elements 
(but before the companion cells are formed). Paren¬ 
chyma cells, especially those ontogenetically related to 
the sieve-tube elements, may die at the end of the func¬ 
tioning period of the associated sieve-tube elements. 
Parenchyma cells thus may intergrade with companion 
cells in their relation to the sieve-tube elements, and the 
two are not always unequivocally distinguishable from 
one another even at the electron microscope level (Esau, 
1969). The more closely related ontogenetically paren¬ 
chyma cells are to the sieve-tube elements, the more 
closely they resemble companion cells both in appear¬ 
ance and in frequency of cytoplasmic connections with 
the sieve-tube elements. The symplastic connection of 
parenchyma cells with sieve-tube elements is brought 
about largely, however, through the companion cells. 

In conducting phloem, the phloem parenchyma and 
ray parenchyma cells apparently have primary unligni- 


fied walls. In some instances, where the parenchyma 
cells are in contact with fibers, they may develop ligni¬ 
hed secondary walls. After the tissue ceases to conduct, 
the parenchyma cells may remain relatively unchanged, 
or they may become sclerihed. In many plants a 
phellogen eventually arises in the phloem (Chapter 15). 
It is formed by the phloem parenchyma and the ray 
parenchyma. 

ISCLERENCHVMA CELLS 

The fundamental structure of fibers and sclereids, their 
origin, and their development were considered in 
Chapter 8. Fibers are common components of both 
primary and secondary phloem. In the primary phloem, 
fibers occur in the outermost part of the tissue; in the 
secondary phloem, in various distributional patterns 
among the other phloem cells of the axial system. In 
some plants, the fibers are typically lignihed; in others, 
they are not. The pits in their walls are usually simple, 
but may be slightly bordered. The fibers may be septate 
or nonseptate and may be living or nonliving at matu¬ 
rity. Living fibers serve as storage cells as they do in the 
xylem. Gelatinous fibers also occur in the phloem. In 
many species, primary and secondary fibers are long 
and are used as a commercial source of fiber ( Linurn, 
Cannabis, Hibiscus]). 

Sclereids are also frequently found in phloem. They 
may occur in combination with fibers or alone, and they 
may be present in both axial and radial systems of the 
secondary phloem. Sclereids typically differentiate in 
older parts of the phloem as a result of sclerihcation of 
parenchyma cells. This sclerihcation may or may not be 
preceded by intrusive growth of the cells. During such 
growth the sclereids often become branched or may be 
elongated. The distinction between hbers and sclereids 
is not always sharp, especially if the sclereids are long 
and slender. The intermediate cell types are called 
hber-sclereids. 

I LONGEVITY OF SIEVE ELEMENTS 

The behavior of sieve elements and neighboring cells 
during the transition of the phloem from a conducting 
to a nonconducting condition has long been recognized 
(Esau, 1969). Commonly the earliest sign of the initia¬ 
tion of cessation of function of sieve elements is the 
appearance of dehnitive callose at the sieve areas. The 
callose, which may accumulate in massive amounts, 
usually disappears entirely some time after the proto¬ 
plasmic contents of the element have degenerated. As 
mentioned previously, death of the sieve elements is 
accompanied by death of their companion cells or Stras¬ 
burger cells, and sometimes of other parenchymatous 
cells as well. With the loss of turgor pressure by the 
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degenerating sieve elements and growth adjustments 
within the tissue, the sieve elements and closely associ¬ 
ated parenchymatous cells may collapse and become 
obliterated. The sieve elements may remain open, 
however, and become filled with air. Tylosoids (tylose- 
like protrusions from contiguous parenchymatous cells) 
may invade the lumina of the dead sieve elements or 
simply push the sieve element wall to one side, causing 
collapse of the sieve element (e.g., in Vitis, Esau, 1948; 
in the metaphloem of palms, Parthasarathy and 
Tomlinson, 1967). In Smilax rotundifolia it is the com¬ 
panion cells that form tylosoids, which then may become 
sclerified (Ervin and Evert, 1967). In a study of the sec¬ 
ondary phloem of six forest trees from Nigeria, tylosoids 
were found in the secondary phloem of all trees that 
normally formed tyloses (Lawton and Lawton, 1971). 

The shortest-lived sieve elements are those of the 
protophloem, which soon are replaced by metaphloem 
sieve elements. In plant parts with little or no secondary 
growth, most of the metaphloem sieve elements remain 
functional for the life of the part in which they occur, 
a matter of months. In the rhizomes of Polygonatum 
canaliculatum and Typha latifolia and the aerial stems 
of Smilax hispida and Smilax latifolia (all four species 
are perennial monocots), many metaphloem sieve-tube 
elements remain functional for two or more years (Ervin 
and Evert, 1967, 1970). In Smilax hispida some mature 
5-year-old sieve-tube elements were still alive (Ervin 
and Evert, 1970). This pales when compared with the 
decades-old living metaphloem sieve-tube elements of 
some palms (Parthasarathy, 1974b). 

In many temperate species of woody angiosperms 
the secondary phloem sieve-tube elements function 
only during the season in which they are formed, 
becoming nonfunctional in the fall, so the phloem lacks 
mature living sieve tubes during winter (Chapter 14). 
Similar growth patterns have been reported for some 
subtropical and tropical species. On the other hand, in 
some woody angiosperms large numbers of secondary 
sieve-tube elements may function for two or more 
seasons (e.g., for five years in Tilia americana , Evert, 
1962; 10 years in Tilia cordata, Holdheide, 1951), 
becoming dormant in late fall and becoming reactivated 
in spring. In the secondary phloem of needle leaves of 
Pinas longaeva, individual sieve cells live 3-8 to 6.5 
years (Ewers, 1982). 


I TRENDS IN SPECIALIZATION OF SIEVE-TUBE ELEMENTS 

The evolutionary changes of sieve-tube elements have 
been studied comprehensively in the metaphloem of the 
monocotyledons (Cheadle and Whitford, 1941; Cheadle, 
1948; Cheadle and Uhl, 1948). In 219 species of 158 
genera of 33 families of monocots, only sieve-tube ele¬ 


ments were found. These sieve-tube elements showed 
the following trends in evolutionary specialization: (1) 
a gradual change in the orientation of the end walls from 
very oblique, or inclined, to transverse, (2) a progressive 
localization of highly specialized sieve areas (areas with 
larger pores) on the end walls, (3) a stepwise change 
from compound to simple sieve plates, and (4) a pro¬ 
gressive decrease in conspicuousness of the sieve areas 
on the side walls. The specialization has progressed 
from the leaf toward the root; that is, the most highly 
specialized sieve-tube elements occur in leaves, inflores¬ 
cence axes, corms, and rhizomes, and the less highly 
evolved ones in the roots. Essentially similar results 
were obtained in an extensive study of the metaphloem 
of palms (Parthasarathy, 1966). Thus the direction of 
specialization of sieve-tube elements in monocots is 
opposite to that in which the evolution of the tracheary 
elements has occurred (Chapter 10). 

Discussions of the phylogenetic trends in specializa¬ 
tion of sieve-tube elements in the woody angiosperms 
(largely eudicots) pertains to those of the secondary 
phloem (Zahur, 1959; Roth, 1981; den Outer, 1983, 
1986). Included among the trends in specialization of 
these elements is a decrease in length, the most reliable 
and consistent measure of the degree of specialization 
for vessel elements in the secondary xylem of woody 
angiosperms (Chapter 10; Bailey, 1944; Cheadle, 1956). 
The phylogenetic decrease in length of vessel elements 
is correlated with the shortening of the fusiform initials 
leading to storied cambia. Indeed, an analysis of the 
characters associated with storied structure in the sec¬ 
ondary phloem of 49 species of woody eudicots revealed 
highly specialized sieve-tube elements. These elements 
were generally short with simple sieve plates on slightly 
oblique to transverse end walls and had poorly devel¬ 
oped and relatively few sieve areas in the side walls (den 
Outer, 1986). However, the phylogenetic decrease in 
length, so well established for vessel elements, is less 
direct and less consistent in the evolution of sieve-tube 
elements. That is because in many species of woody 
angiosperms an ontogenetic decrease in length of the 
phloem mother cells by transverse divisions (secondary 
partitions) obscures the length relations between the 
sieve-tube elements and the fusiform initials (Esau and 
Cheadle, 1955; Zahur, 1959). 

One might expect the less specialized sieve-tube ele¬ 
ments to resemble the sieve cells of gymnosperms. To 
the extent that the primitive sieve-tube elements are 
relatively long and with a poor distinction between the 
sieve areas on end and side walls, that is true. How¬ 
ever, no angiospermous sieve elements have sieve areas 
similar to the endoplasmic-reticulum containing sieve 
areas of gymnospermous sieve cells. The structure of 
sieve cells among gymnosperms is remarkably uniform 
and stands in sharp contrast to that of the P-protein 
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containing sieve-tube elements, which typically are 
associated with ontogenetically related companion 
cells. Only the secondary phloem sieve elements of 
Austrobaileya scandens among angiosperms have been 
reported as lacking sieve plates (Srivastava, 1970). The 
sieve pores in the greatly inclined end walls of these 
cells are similar in size to those in the lateral walls (see 
Fig. 14.7B). Noting, however, that the sieve-area pores 
in the Austrobaileya sieve elements are not intercon¬ 
nected by a common median cavity in the region of the 
middle lamella, as are those in gymnospermous sieve 
cells (see below), Behnke (1986) chose to designate the 
end walls, with their multiple sieve areas, compound 
sieve plates. Regardless, these sieve elements contain P- 
protein and have companion cells. Having at least two 
of the three characters shared by sieve-tube elements— 
the other being sieve plates—the sieve elements of Aus¬ 
trobaileya may be regarded as primitive sieve-tube 
elements. 


I SIEVE ELEMENTS OF SEEDLESS VASCULAR PLANTS 

Before the use of the electron microscope in the study 
of phloem tissue, the distinction between sieve-tube 
elements and sieve cells was made largely on the dif¬ 
ferences in the size and distribution of the sieve pores, 
that is, on the presence (sieve-tube elements) or absence 
(sieve cells) of sieve plates. With few exceptions the 
sieve elements of seedless vascular plants, or vascular 
cryptogams, clearly lacked sieve plates and, accord¬ 
ingly, were classified as sieve cells. With the electron 
microscope, it was found that considerable variation 
exists in the distribution, size, contents, and develop¬ 
ment of the sieve-element pores in the vascular cryp¬ 
togams, and that none of the sieve areas in this diverse 
group of plants is similar to those, with median cavi¬ 
ties and pores that extend only half-way, of gymno¬ 
spermous sieve cells. Although the sieve pores in the 
sieve-element walls of some vascular cryptogams 
(the ferns, including the whisk ferns, and the horse¬ 
tails) are traversed by many endoplasmic reticulum 
membranes (Fig. 13-32A, B, D), these membranes are 
not similar in appearance to the masses of tubular 
elements associated with the sieve areas in 
gymnospermous sieve cells. In some vascular crypto¬ 
gams (the lycopods) the sieve pores are virtually free 
of any endoplasmic reticulum membranes (Fig. 13-32C). 
In addition, the vascular cryptogams lack parenchyma 
cells analogous to Strasburger cells. All things consid¬ 
ered, the sieve elements of the vascular cryptogams are 
not similar to those of the gymnosperms, hence the 
reason for restricting use of the term sieve cell to the 
sieve elements of gymnosperms. Nor are the sieve ele¬ 
ments of the vascular cryptogams similar to the angio- 


spermous sieve-tube element, for all lack P-protein at 
all stages of their development and all lack parenchyma 
cells analogous to companion cells. 

The sieve elements of the vascular cryptogams 
undergo a selective autophagy, resulting in degenera¬ 
tion of the nucleus and in the loss of the same cytoplas¬ 
mic components, as do their gymnosperm and 
angiosperm counterparts. With the exception of the 
lycopods, the most distinctive feature of the sieve ele¬ 
ments in all other groups of seedless vascular plants is 
the presence of refractive spherules, single mem¬ 
brane-bound, electron-dense proteinaceous bodies (Fig. 
13-32A, B, D) that appear highly refractive when viewed 
in unstained sections with the light microscope. Both 
the endoplasmic reticulum and the Golgi apparatus 
have been implicated with the formation of refractive 
spherules. (See Evert, 1990a and the literature cited 
therein for detailed considerations of the sieve elements 
in vascular cryptogams.) 


IPRIMRRV PHLOEM 

The primary phloem is classified into protophloem and 
metaphloem on the same basis that the primary xylem 
is classified into protoxylem and metaxylem. The pro¬ 
tophloem matures in plant parts that are still under¬ 
going extension growth, and its sieve elements are 
stretched and soon become nonfunctional. Eventually 
they are completely obliterated (Figs. 13-33 and 13-34). 
The metaphloem differentiates later and, in plants 
without secondary growth, constitutes the only con¬ 
ducting phloem in adult plant parts. 

The protophloem sieve elements of angiosperms are 
usually narrow and inconspicuous, but they are enucle¬ 
ate and have sieve areas with callose. Companion cells 
may be absent from the protophloem in both roots and 
shoots. Often the nucleate cells associated with the 
first sieve elements are not sufficiently distinct to be 
recognized as companion cells, even though they may 
have been derived from the same precursor as the 
sieve element (Esau, 1969). Many grass roots develop 
protophloem poles consisting of a protophloem sieve 
element and two distinct companion cells that flank the 
sieve element internally, that is, on the surface opposite 
the pericycle (Fig. 13-35; Eleftheriou, 1990). The absence 
of companion cells in a given protophloem strand is 
not necessarily consistent. Some protophloem sieve ele¬ 
ments may have companion cells and others not, as in 
the protophloem of Lepidium sativum, Sinapsis alba, 
and Cucurbita pepo roots (Resell, 1961) and that of the 
large vascular bundles in maize (Evert and Russin, 1993) 
and barley (Evert et al., 1996b) leaves. 

In many eudicots the protophloem sieve elements 
occur among conspicuously elongated living cells. In 
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Electron micrographs of sieve-area pores in some seedless vascular plants. A, in the eusporangiate fern Botrychium 
virginianum the pores are filled with numerous membranes, apparently tubular endoplasmic reticulum. B, endo¬ 
plasmic reticulum-filled pore in the wall between mature sieve elements in aerial stem of the horsetail Equisetum 
hyemale. C, unoccluded pores (po) in the wall between mature sieve elements in the corrn of the quillwort Isoetes 
muricata. D, endoplasmic reticulum-filled pores in the wall between mature sieve elements in an aerial shoot of the 
whisk fern Psilotum nudum. The electron-dense bodies in A, B, and D are refractive spherules. (A, from Evert, 1976. 
Reproduced with the permission of the publisher; B, from Dute and Evert, 1978. By permission of Oxford University 
Press; C, from Kruatrachue and Evert, 1977; D, from Perry and Evert, 1975.) 
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FIGURE 13.33 

Transverse sections of vascular bundles of oat (Avena sativa ) in two stages of differentiation. A, first elements of 
protophloem and protoxylem have matured. B, metaphloem and metaxylem are mature; protophloem is crushed; 
protoxylem is replaced by a lacuna. (A, from Esau, 1957a; B, from Esau, 1957b. Hilgardia 27 (1), 15-69. © 1957 
Regents, University of California.) 


numerous species these elongated cells are fiber pri- 
rnordia. While the sieve elements cease to function and 
are obliterated, the fiber primordia increase in length, 
develop secondary walls, and mature as fibers called 
primary phloem fibers, or protophloem fibers (Fig. 
13-36). Such fibers are found on the periphery of the 
phloem region in numerous eudicot stems and are often 
erroneously called pericyclic fibers (Chapter 8). In the 
leaf blades and the petioles of eudicots the protophloem 
cells remaining after the destruction of the sieve tubes 
often differentiate into long cells with collenchymati- 
cally thickened unlignified walls. The strands of these 
cells appear, in transverse sections, like bundle caps 
delimiting the vascular bundles on their abaxial sides. 
This type of transformation of the protophloem in leaves 
is widely distributed and occurs also in those species 
that have primary phloem fibers in the stem (Esau, 
1939). Primary phloem fibers occur in roots also. With 
its transformation the protophloem loses all similarity 
to phloem tissue. 

The first-formed phloem elements in gymnosperms 
have caused difficulties in their recognition as sieve 


elements. Referred to as precursory phloem cells 
(liber precurseur, Chauveaud, 1902a, b), these cells 
intergrade with both parenchyma cells and sieve ele¬ 
ments. Chauveaud (1910) recognized the precursory 
phloem only in roots, hypocotyls, and cotyledons. Sub¬ 
sequently it was found that the first phloem elements 
may have no readily distinguishable sieve areas in the 
shoots of gymnosperms as well, and they were com¬ 
pared with the precursory phloem cells of Chauveaud 
(Esau, 1969). 

Since the metaphloem matures after the growth in 
length of the surrounding tissues is completed, it is 
retained as a conducting tissue longer than the proto¬ 
phloem. Some herbaceous eudicots and most monocots 
produce no secondary tissues and depend entirely on 
the metaphloem for assimilate transport after their 
bodies are fully developed. In woody and herbaceous 
species having cambial secondary growth the metaph¬ 
loem sieve elements become inactive after the second¬ 
ary conducting elements differentiate. In such plants 
the metaphloem sieve elements may be partly crushed 
or completely obliterated. 
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protophloem 


obliteration 


Differentiation of primary phloem as seen in transverse sections of shoots of Vitis vinifera. A, two procambial 
bundles, one with one sieve tube and the other with several. B, vascular bundle with many protophloem sieve tubes. 
Some of these are obliterated. Protoxylem present in A, B. C, protophloem sieve tubes obliterated and metaphloem 
is differentiated (lower half of figure). Protophloem represented by primordia of fibers. Metaphloem consists of sieve 
tubes, companion cells, phloem parenchyma, and much enlarged tannin-containing parenchyma cells. (All, x600. 
From Esau, 1948. Hilgardia 18 (5), 217-296. © 1948 Regents, University of California.) 
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FIGURE 13.35 

Transverse section of vascular cylinder in differentiating root of barley (Hordeum vulgare). The vascular cylin¬ 
der has eight mature protophloem sieve tubes, each accompanied by two companion cells. The metaphloem sieve 
tubes are immature. In the xylern, which is all immature, the metaxylem elements are more highly vacuolated than 
the protoxylem elements. (From Esau, 1957b. Hilgardia 27 (1), 15-69. © 1957 Regents, University of California.) 


The sieve elements of the metaphloem are commonly 
longer and wider than those of the protophloem, and 
their sieve areas are more distinct. Companion cells 
and phloem parenchyma are regularly present in the 
metaphloem of the eudicots (Fig. 13-36A). In the mono¬ 
cots the sieve tubes and companion cells often form 
strands containing no phloem parenchyma among them, 
although such cells may be present on the periphery of 
the strands (Cheadle and Uhl, 1948). In such phloem 
the sieve elements and companion cells form a regular 
pattern, a feature that is considered to be phylogeneti- 
cally advanced (Carlquist, 1961). A monocotyledonous 
type of metaphloem, without phloem parenchyma cells 
among the sieve tubes, may be found in herbaceous 
eudicots (Ranunculaceae). 

The metaphloem of eudicots usually lacks fibers 
(Esau, 1950). If primary phloem fibers occur in eudi¬ 
cots, they arise in the protophloem (Figs. 13-34C and 
13.36B), but not in the metaphloem, even if such ele¬ 
ments are later formed in the secondary phloem. In 
herbaceous species the old metaphloem may become 
strongly sclerified. Whether the cells undergoing such 


sclerification should be classified as fibers or as sclerotic 
phloem parenchyma is problematical. In monocots, 
sclerenchyma encloses the vascular bundles as bundle 
sheaths and may also be present in the metaphloem 
(Cheadle and Uhl, 1948). 

The delimitation between protophloem and meta¬ 
phloem is sometimes rather clear, as, for example, in 
the aerial roots of monocots having only sieve tubes in 
the protophloem and distinct companion cells 
associated with the sieve tubes in the metaphloem. In 
eudicots the two tissues usually merge gradually, and 
their delimitation must be based on a developmental 
study. 

In plants having secondary phloem the distinction 
between this tissue and the metaphloem may be quite 
uncertain. The delimitation of the two tissues is particu¬ 
larly difficult if radial seriation of cells occurs in both 
tissues. An exception has been found in Primus species 
and Citrus limonia, in which the last cells initiated on 
the phloem side by the procambium mature as large 
parenchyma cells and sharply delimit the primary from 
the secondary phloem (Schneider, 1945, 1955). 





Phloem from bean ( Phaseolus vulgaris) leaf. A, longitudinal section showing part of a sieve tube with two complete 
and two incomplete sieve-tube elements (s). Companion cell at cc. Spindle-shaped nondispersive P-protein bodies in 
three of the elements. B, transverse section including no longer conducting protophloem with fibers, metaphloem, 
and some secondary phloem. Sieve element at s, companion cell at cc. (From Esau, 1977.) 
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CHAPTER FOURTEEN 


Phloem: Secondary Phloem and Variations 
in Its Structure 


Inasmuch as the secondary phloem is derived from the 
vascular cambium, the arrangement of cells in the sec¬ 
ondary phloem parallels that in the secondary xylem. 
A vertical or axial system of cells, derived from the 
fusiform initials of the cambium, is interpenetrated by 
the horizontal or radial system derived from the ray 
initials (Fig. 14.1). The principal components of the axial 
system are sieve elements (either sieve cells or sieve- 
tube elements, the latter with companion cells), paren¬ 
chyma cells, and fibers. Those of the radial system are 
ray parenchyma cells. 

Storied, nonstoried, and intermediate types of 
arrangement of phloem cells may be found in different 
species of plants. As in the xylem, the type of arrange¬ 
ment is determined, first, by the morphology of the 
cambium (i.e., whether or not it is storied) and, second, 
by the degree of elongation of the various elements of 
the axial system during tissue differentiation. 

Many conifers and woody angiosperms show a divi¬ 
sion of secondary phloem into annual growth incre¬ 
ments (Huber, 1939; Holdheide, 1951; Srivastava, 1963), 
although this division is less clear than in the secondary 
xylem and may be obscured by growth conditions. The 


growth increments in the phloem are distinguishable if 
the cells of the early phloem expand more strongly than 
those of the late phloem. In the Pinaceae, several layers 
of relatively wide early-phloem sieve cells are formed, 
followed by a more or less continuous tangential band 
of parenchyma, and finally by several layers of some¬ 
what narrower late-phloem sieve cells (Holdheide, 1951; 
Alheri and Evert, 1968, 1973). In Ulmus americana , a 
temperate-zone hardwood, the sieve-tube elements, 
which occur in more or less distinct tangential bands, 
intergrade in width, from relatively wide early-phloem 
elements to narrower late-phloem elements. In Cithar- 
exylum myrianthum (Verbenaceae) and Cedrela fissi- 
lis (Meliaceae), both tropical hardwoods of Brazil, the 
late-formed sieve elements, which occur in scattered 
groups, are markedly narrower radially than earlier- 
formed elements and can be used reliably to delimit 
growth increments in the phloem (Veronica Angyal- 
lossy, personal communication). In Pyrus communis 
and Malus domestica, a band of future fiber-sclereids 
and crystalliferous cells overwinter in a meristematic 
state near the cambium and when mature can serve as 
a marker for delimiting the successive growth layers 
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Block diagrams of secondary phloem and vascular cambium of A, Thuja occidentalis (white cedar), a conifer, and 
of B, Liriodendron tulipifera (tulip tree), a hardwood. (Courtesy of I. W. Bailey; drawn by Mrs. J. P. Rogerson under 
the supervision of L. G. Livingston. Redrawn.) 


(Evert, I960, 1963). Many gymnosperms and angio- 
sperms form tangential bands of fibers in the secondary 
phloem. The number of these bands is not necessarily 
constant from season to season, and therefore they 
cannot be safely used to determine the age of the phloem 
tissue. In conifers with phloem fibers, however, the 
fibers may be wider and have thicker walls in the early 
phloem, narrower and with thinner walls in the late 
phloem. Such a pattern has been observed in Chamaecy- 
paris lawsoniana (Huber, 1949 ),Juniperus communis 


(Holdheide, 1951), and Thuja occidentalis (Bannan, 
1955). In angiosperms, the first-formed band of phloem 
fibers in a given increment is often wider than the last- 
formed band (e.g., in Robinia pseudoacacia, Derr and 
Evert, 1967; and Tilia americana , in which the first- 
formed band of sieve-tube elements is also often wider 
than subsequently formed bands, Evert, 1962). The col¬ 
lapse of the sieve elements in the nonconducting phloem 
and the concomitant modifications in some other cells— 
notably the enlargement of the parenchyma cells— 
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contribute toward obscuring the structural differences 
that might exist in the different parts of a growth layer 
at its inception. 

The phloem rays are continuous with the xylem rays, 
since both arise from a common group of ray initials 
in the cambium. Together they constitute the vascular 
rays. Near the cambium the phloem and xylem rays of 
common origin are usually identical in height and width. 
However, the older part of the phloem ray, which is 
displaced outward by the expansion of the secondary 
plant body, may increase in width, sometimes very con¬ 
siderably. Before the phloem rays become dilated, their 
variations in form and size are similar to those of xylem 
rays in the same species. Phloem rays may be uniseriate, 
biseriate, or multiseriate. They vary in height, and small 
and large rays may be present in the same species. 

The rays may be composed of one kind of cell, or 
they may contain both kinds of cell, procumbent or 
upright. Phloem rays do not attain the same lengths as 
xylem rays because the vascular cambium produces less 
phloem than xylem. They are also not as long because 
the outer portions of the phloem commonly are sloughed 
through the activity of the phellogen, or cork cambium, 
the lateral meristem that produces the periderm 
(Chapter 15). 

Sometimes, with reference to stems and roots, it is 
convenient to treat as a unit the phloem and all the 
tissues located outside it. The nontechnical term bark 
is employed for this purpose (Fig. 14.2). In stems and 
roots possessing only primary tissues, bark most com¬ 
monly refers to the primary phloem and the cortex. In 
axes in a secondary state of growth, it may include the 
primary and the secondary phloem, various amounts of 
cortex, and the periderm. In old stems and roots, the 
bark may consist entirely of secondary tissues, of layers 
of dead secondary phloem sandwiched between layers 
of periderm, and of the living tissues inside the inner¬ 
most periderm (see Fig. 15.1). The innermost periderm 
and the tissues of the axis isolated by it may be com¬ 
bined under the designation of outer bark. The subja¬ 
cent living phloem may be designated the inner bark. 
Outer and inner bark cannot be distinguished in barks 
that have only a superficial periderm. Only the inner 
bark is considered in this chapter. 


I CONIFER PHLOEM 

In conifers the secondary phloem parallels the second¬ 
ary xylem in the relative simplicity of its structure (Fig. 
14.1A; Srivastava, 1963; den Outer, 1967). The axial 
system contains sieve cells and parenchyma cells, some 
of which may be differentiated as Strasburger cells. In 
the Pinaceae, the Strasburger cells of the axial system 
commonly occur as radial plates of cells, which are 
derivatives of declining fusiform initials (Srivastava, 


1963). Fibers and sclereids may also be present. The rays 
are uniseriate and contain parenchyma cells and Stras¬ 
burger cells, if these cells are present in the species. 
Most commonly the Strasburger cells are located at the 
margins of the rays, although occasionally they may be 
found in the middle of the ray. Where ray-Strasburger 
cells occur on the phloem side of the cambium, ray tra- 
cheids occur on the xylem side, except for Abies, which 
rarely has ray tracheids. The cell arrangement is nonsto- 
ried. Resin ducts normally are present in both axial and 
radial systems. Resin ducts also may be induced to form 
in reaction to mechanical or chemical wounding or to 
injury by insects or pathogens. These traumatic phloem 
resin ducts form tangentially anastomosing networks 
(Yamanaka, 1984, 1989; Kuroda, 1998). 

The sieve cells of conifers are slender, elongated ele¬ 
ments comparable to the fusiform initials from which 
they are derived (Figs. 13.4A and 14.1A). They overlap 
each other at their ends, and each is in contact with 
several rays. The sieve areas occur almost exclusively on 
the radial walls. They are particularly abundant on the 
ends, which overlap those of other sieve cells. In con¬ 
trast to the axial system of the secondary phloem of 
angiosperms, that of the conifers consists mainly of 
sieve elements, comprising up to 90% of the axial system 
in some Pinaceae. 

The axial parenchyma cells occur chiefly in longitu¬ 
dinal strands. They store starch at certain times of the 
year but are particularly conspicuous when they contain 
resinous and polyphenolic inclusions. The polyphenolic 
substances in the axil parenchyma cells of Picea abies 
have been shown to play a major role in defense against 
invasive organisms such as the blue-stain fungus, Cera- 
tocystis polonica (Franceschi et al., 1998). Calcium 
oxalate crystals are common in the secondary phloem 
of conifers (Hudgins et al., 2003). In Pinaceae the crys¬ 
tals accumulate intracellulary, in crystalliferous paren¬ 
chyma; in the non-Pinaceae crystal accumulation is 
extracellular, in the cell walls. In conifer stems the crys¬ 
tals, in combination with fiber rows (where present), 
provide an effective barrier against small bark-boring 
insects (Hudgins et ah, 2003). 

The distribution of cells in conifer phloem shows 
two major patterns. In the Pinaceae, which consistently 
lack fibers, the pattern is determined by the relative 
arrangement of the sieve cells and axial parenchyma 
cells. The axial parenchyma cells may form uniseriate 
tangential bands with bands of sieve cells so wide that 
the sieve cells become the basic elements of the axial 
system (Fig. 14.3A). The sieve cells may form much 
narrower bands, only one to three cells in width. The 
parenchyma bands are sometimes irregular, or the 
parenchyma cells are so sparsely distributed that a radial 
alternation with bands of sieve cells is barely discern¬ 
ible. In the Taxodiaceae, Cupressaceae, and parts of 
Podocarpaceae and Taxaceae, fibers are consistently 





Transverse section of the bark from an 18-year-old stem of Liriodendron tulipifera. Except for the cortex (co) and 
remnants of primary phloem, as evidenced by the presence of primary phloem fibers (f), this bark—all tissues outside 
the vascular cambium—consists almost entirely of secondary phloem; the original periderm is still present outside 
the cortex. Only a very narrow portion (0.1 mm wide) of the phloem next to the cambium (c) contains mature, living 
sieve tubes, that is, is conducting phloem (cph), the rest of the phloem is nonconducting. Some rays (r) are dilated. 
Other detail: x, xylern. (x37. Reproduced by permission University of California Press: Cheadle and Esau, 1964. Univ. 
Calif. Publ. Bot. © 1964, The Regents of the University of California.) 
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Transverse sections of secondary phloem of Pinus. Conducting phloem (cph) much smaller in amount than the non¬ 
conducting phloem (only partly shown in these figures), in which all sieve cells are crushed (cs) and only axial 
parenchyma cells (pc) and ray parenchyma cells (r) are intact. In A ( Pinus strobus ), the axial parenchyma cells are 
arranged in tangential bands and separate early phloem from late phloem in each increment. Portions of 7 growth 
increments can be seen here. In B ( Pinus sp.), the axial parenchyma cells are scattered. Other details: c, cambium; 
s, sieve cell; x, xylem; in A, unlabeled arrows point to definitive callose. (A, from Esau, 1977; B, from Esau, 1969. 
www.schweizerbart.de) 


present, and the characteristic pattern is based on a 
regular sequence of alternating tangential uniseriate 
bands of fibers, sieve cells, parenchyma cells, sieve cells, 
fibers, and so forth, in that order (see Fig. 14.5B). Dis¬ 
turbances in the pattern occur, and the sequence is less 
regular in some families than in others. A specific 
pattern may not be discernible (some Araucariaceae, 
e.g., Agathis australis , Chan, 1986) or one may develop 
as the stem ages. 

Considering the gymnosperms as a whole, den Outer 
(1967) recognized an evolutionary trend in the second¬ 
ary phloem toward increasing organization, regularity, 


and repetition. He grouped the tissues into three 
types: 

1. Pseudotsuga taxifolia type (some Pinaceae belong 
to this type), with Tsuga canadensis subtype (the 
other Pinaceae are grouped in this subtype). The axial 
system consists mainly of sieve cells, among which the 
few parenchyma cells occur either in discontinuous 
tangential bands (Fig. 14.3A) or scattered, forming a 
parenchyma-cell net (Fig. 14.3B). In the Pseudotsuga 
taxifolia type the ray parenchyma cells are connected 
symplastically to the sieve cells only indirectly via 
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Radial views showing distribution of the symplastic connections between the sieve cells (s) and cells of the rays near 
the cambium. A, in Pseudotsuga taxifolia such connections (arrows) occur between the sieve cells and ray- 
Strasburger cells (rSc), but not between sieve cells and phloem-ray parenchyma cells (phrc). B, in Tsuga canadensis 
symplastic connections (arrows) occur between sieve cells and all cells of the rays, both ray-Strasburger cells and 
phloem-ray parenchyma cells. Other details: c, cambium; pc, axial parenchyma cell; t, tracheid; wrpc, wood-ray 
parenchyma cell. (From den Outer, 1967.) 


the Strasburger cells (Fig. 14.4A), whereas in the Tsuga 
canadensis subtype both the ray parenchyma cells and 
Strasburger cells are connected directly to the sieve 
cells (Fig. 14.4B). With the exception of radial plates of 
cells, the Strasburger cells occur almost exclusively in 
the rays. 

2. Ginkgo biloba type (includes, in addition to Ginkgo 
biloba , Cycadaceae, Araucariaceae, and parts of Podo- 
carpaceae and Taxaceae). The axial system consists of 
bands of sieve cells and bands of parenchyma cells in 
nearly equal proportions (Fig. 14.5A). Only phloem- 
Strasburger cells occur; they form long longitudinal 
strands lying within the phloem-parenchyma cell 
bands. 

3. Chamaecyparis pisifera type (includes Cupres- 
saceae, Taxodiaceae, and parts of Podocarpaceae 
and Taxaceae). The axial system consists of a regular 
sequence of alternating cell types (Fig. 14.5B). The 
Strasburger cells lie usually scattered among the 
parenchyma cells, singly, never in long longitudinal 
strands. 

Thus, in this putative evolutionary series, the level 
of organization of the secondary phloem increases. It 
begins with an axial system consisting mostly of sieve 
cells and a scattering of parenchyma cells and sclereids 


and culminates in one composed of a regular, repeating 
sequence of tangential uniseriate layers of fibers, sieve 
cells, parenchyma cells, fibers, and so on. 

IRNGIOSPERM PHLOEM 

The secondary phloem of angiosperms shows a wider 
diversity of patterns of cell arrangement and more varia¬ 
tions in the components than the phloem of conifers. 
Storied, intermediate, and nonstoried arrangements of 
cells are encountered, and the rays may be uniseriate, 
biseriate, or multiseriate. Sieve-tube elements, compan¬ 
ion cells, and parenchyma cells are constant elements 
of the axial system, but fibers may be absent (Fig. 14.6A; 
Aristolochia, Austrobaileya, Calycanthus spp., Drimys 
spp., Rhus typhinci). Both systems may contain sclere¬ 
ids, secretory elements of schizogenous and lysigenous 
origins, laticifers, and various idioblasts, individualized 
cells with specialized contents, such as oil, mucilage, 
tannin, and crystals. Crystal formation is common and 
may occur in strand parenchyma cells, in ray paren¬ 
chyma cells, or in sclerenchyma cells. Chambered 
crystalliferous parenchyma strands typically surround 
bundles of fibers in the secondary phloem. Crystals may 
be so abundant as to contribute considerable mechani¬ 
cal support to the bark, even resulting in a hard bark in 
the absence of sclerenchyma (Roth, 1981). The bark of 
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Transverse sections of secondary phloem. A, from a twig of Ginkgo biloba. Sieve cells (s) and axial parenchyma cells 
(pc) in layers. Sieve cells partly collapsed, particularly in older phloem. Parenchyma cells turgid. In older stems the 
layers, or bands, of sieve cells and axial parenchyma are more obvious than here. B, from stem of Taxodium disti- 
chum. Cells alternate radially in sequence of fiber (f), sieve cell (s), parenchyma cell (pc), sieve cell (s), fiber (f), and 
so on. In nonconducting phloem (above) sieve cells are crushed by enlarged parenchyma cells. Other details: c, 
cambium; r, ray; x, xylem. (A, x600; B, x400. From Esau, 1969. www.schweizerbart.de) 


trees of tropical humid forests, in particular, have well- 
developed secretory systems (Roth, 1981). 

The Patterns Formed by the Fibers Can Be of 
Taxonomic Significance 

One of the most conspicuous differences in the appear¬ 
ance of the bark and secondary phloem of different 


species results from the distribution of the fibers, and 
the patterns formed by them are useful for identification 
(Holdheide, 1951; Chattaway, 1953; Chang, 1954; Zahur, 
1959; Roth, 1981; Archer and van Wyk, 1993; den Outer, 
1993). In certain angiosperms, the fibers are scattered, 
or irregularly dispersed, among other cells of the axial 
system (Fig. 14.6B; Campsis, Tecoma, Nicotiana, 
Cephalanthus, Laurus). In others, the fibers occur in 
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FIGURE 14.6 


Secondary phloem of woody angiosperms in transverse sections. A, Drimys winteri, which lacks fibers. The large 
cells are secretory cells. B, Campsis , fibers (f) scattered single. C, Castanea , fibers (f) in parallel tangential bands. 
D, Carya, fibers (f) surround groups of sieve elements (s) and parenchymatous cells. 


tangential bands, more or less regularly alternating with 
bands containing the sieve tubes and parenchymatous 
components of the axial system (Fig. 14.6C; Castanea, 
Corchorus, Liriodendron, Magnolia, Robinia, Tilla, 
Vais'), or they may be somewhat scattered. Fibers may 


be so abundant that the sieve tubes and parenchyma¬ 
tous cells occur as small groups surrounded by fibers 
(Fig. 14.6D; Carya, Eucalyptus, Ursiniopsis). In some 
species, sclerenchyma cells, usually sclereids or fiber- 
sclereids, differentiate only in the nonconducting part 
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of the phloem (Primus, Pyrus, Sorbus, Laburnum, Aes- 
culus). The septate fibers of Vitis are living cells con¬ 
cerned with storage of starch. 

Secondary Sieve-Tube Elements Show Considerable 
Variation in Form and Distribution 

The sieve tubes and axial parenchyma cells show varied 
spatial interrelationships. Sometimes the sieve tubes 
occur in long, continuous radial files, or they may form 
tangential bands with similar bands of parenchyma. In 
phloem having tangential bands of fibers alternating 
with bands of sieve-tube elements and associated paren¬ 


chyma, the sieve tubes are commonly separated by 
parenchyma from the fibers and the rays. The paren¬ 
chyma bands form a continuous network together with 
the rays (Ziegler, 1964; Roth, 1981). Considerable varia¬ 
tion exists in the proportion of parenchyma cells to 
other cell types comprising the axial system. In tropical 
lianas, such as Datura, the parenchyma cells are so 
abundant that they constitute the ground mass of the 
conducting phloem (den Outer, 1993). 

Many woody angiosperms have nonstoried phloem, 
with elongated sieve-tube elements bearing mostly com¬ 
pound sieve plates on the inclined end walls (Fig. 14.7A; 
Betula, Quercus, Populus, Aesculus, Tilia, Juglans, 



FIGURE 14.7 

Tangential sections of nonstoried secondary phloem of Liriodendron tulipifera (A) and Austrobaileya scandens (B), 
both of which have sieve-tube elements with compound sieve plates (sp) on inclined end walls. Several sieve plates 
can be seen in A, a single sieve plate in B. The greatly inclined sieve plates of Austrobaileya have numerous sieve 
areas (darts). Other details: f, fiber; pc, axial parenchyma cell; oc, oil cell in ray; r, ray. (A, xlOO; B, x4l3. B, Plate 3D 
from Esau, 1979, Anatomy of the Dicotyledons, 2nd ed., vol. I, C. R. Metcalfe and L. Chalk, eds., by permission of 
Oxford University Press.) 
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Liriodendrori). In some genera, the sieve areas of the 
sieve plates are distinctly more differentiated than the 
lateral sieve areas. In others, with greatly inclined end 
walls, as in those of Austrobaileya (Fig. 14.7B; Behnke, 
1986), the Winteraceae (Behnke and Kiritsis, 1983), and 
the Pomoideae (Evert, I960, 1963), there is less distinc¬ 
tion between the two kinds of sieve areas. Slightly in¬ 
clined ( Fagus, Acer) and transverse (Fig. 14.8; Fraxinus, 
Ulmus, Robinia) end walls usually bear simple sieve 
plates. The individual sieve-tube elements in such plants 
are relatively short, and if the phloem is derived from a 
cambium with short initials, the phloem may be more or 
less distinctly storied (Fig. 14.8B; den Outer, 1986). 

If the sieve-tube elements possess inclined end walls, 
the ends of the cells are roughly wedge-shaped and are 
so oriented that the wide side of the wedge is exposed 
in the radial section, the narrow in the tangential. The 
compound sieve plates are borne on the wide sides of 
the wedge-like ends and are therefore seen in face views 


in the radial sections and in sectional views in the 
tangential sections. 

As mentioned previously, the secondary phloem rays 
are comparable to the xylern rays of the same species 
but may become dilated in the older parts of the tissue. 
The degree of this dilatation is highly variable. The 
extreme dilatation of certain rays is one of the most 
conspicuous characteristics of the phloem of Tilia (see 
Fig. 14.16). The wide rays separate the axial system 
together with the undilated rays into blocks narrowed 
down toward the periphery of the stem. 

Sieve-tube elements, either solitary or in groups, are 
found in the phloem rays of some eudicots (e.g., in Fig. 
14.9, Vitis vinifera , Esau, 1948; Calycanthus occidenta¬ 
lism Cheadle and Esau, 1958; Strychnos nux-vomica, 
Leucosceptrum cannum, Dahlia imperialis, Gynura 
angulosa , Chavan et al., 1983; Erythrina indica, Acacia 
nilotica , Tectona grandis , Rajput and Rao, 1997). These 
“ray sieve elements” are analogous to the so-called 



Secondary phloem of black locust (Robiniapseudoacacia). A, transverse section showing part of a band of functional 
sieve tubes. Many of the sieve-tube elements (s) have been sectioned near the plane of their end walls, revealing their 
simple sieve plates (darts). The sieve-tube elements of the previous year’s phloem increment (above) have been 
crushed and obliterated (arrows); below is a band of fibers (f). B, tangential section, revealing the storied nature of 
the phloem. Darts point to the sieve plates. The dark bodies in the sieve-tube elements are nondispersive P-protein 
bodies. Other details: cc, companion cell; pc, parenchyma cell; r, ray. (A, x370; B, X180. A, from Evert, 1990b, 
Fig. 6.1. © 1990, Springer-Verlag; B, courtesy William F. Derr.) 
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FIGURE 14.9 


Tangential section of the secondary phloem of Vitis 
vinifera, showing a strand of short sieve-tube elements 
in a ray. Massive accumulations of callose (appears dark 
here) mark the sieve plates. Detail: s, sieve-tube ele¬ 
ments of axial system. (X290. From Esau, 1948. Hilgar- 
dia 18 (5), 217-296. © 1948 Regents, University of 
California.) 


perforated ray cells (vessel elements) encountered in 
the xylem rays of some species (Chapter 11). Both kinds 
of element may serve to interconnect their respective 
conducting elements on either side of a ray. Radially 
arranged sieve-tube elements also occur within some 
phloem rays (Rajput and Rao, 1997; Rajput, 2004). 
Whether the sieve-tube elements have their origin from 
ray cells per se or from potential ray cells (Cheadle and 
Esau, 1958) is problematic. Similar cells were encoun¬ 
tered in the phloem rays of Malus domestica and, 
through the examination of serial tangential sections, 
were found to be derived from declining fusiform ini¬ 
tials, some of which eventually were converted to ray 
initials that then gave rise only to ray parenchyma cells 
(Evert, 1963). Perhaps the same is true for perforated 
ray cells. 

Herbaceous eudicots possessing secondary growth 
( Nicotiana , Gossypium ) may have secondary phloem 
resembling that of woody species. Some herbaceous 
species, like the vine Cucurbita, have a secondary 
phloem scarcely distinguishable from the primary 
except in having larger cells. Cucurbita has external 
and internal phloem (Fig. 13-1), and commonly only the 


external phloem is augmented by secondary growth. 
The secondary phloem consists of wide sieve tubes, 
narrow companion cells, and phloem parenchyma cells 
of intermediate size. There are neither fibers nor rays. 
The sieve plates are simple with large pores. The lateral 
walls bear sieve areas that resemble primary pit-fields 
(Fig. 13-9C). They are much less specialized than the 
single sieve areas of the simple sieve plates. In trans¬ 
verse sections the small companion cells often appear 
as though cut out of the sides of the sieve tubes. Longi¬ 
tudinally, the companion cells usually extend from sieve 
plate to sieve plate, sometimes as a single cell, other 
times as a strand of two or more cells. 

Secondary phloem of relatively simple structure is 
found in eudicot storage organs, such as those of the 
carrot, the dandelion, and the beet. Storage parenchyma 
predominates in this kind of phloem, and the sieve 
tubes and companion cells appear as strands anastomos¬ 
ing within the parenchyma. 


I DIFFERENTIATION IN TRE SECONDHRV PHLOEM 

The derivatives of the vascular cambium commonly 
undergo some divisions before the various phloem ele¬ 
ments begin to differentiate. As mentioned in Chapter 
12, evidence indicates that most cambial derivatives 
divide periclinally at least once, giving rise to pairs of 
cells on the phloem side. In Thuja occidentalis, which 
produces a regular sequence of alternating cell types in 
the axial system, the derivative of a cambial initial com¬ 
monly divides periclinally once to produce two cells of 
which the outer generally becomes a sieve cell and the 
inner either a parenchyma strand or a fiber, according 
to the sequence in the pattern (Fig. 14.10; Bannan, 
1955). Occasionally a cambial derivative differentiates 
into a phloem cell without dividing periclinally. In 
woody angiosperms the divisions preceding sieve-tube 
element differentiation are varied in number and orien¬ 
tation. At least the divisions (one or more) forming the 
companion cell occur. In Malus domestica the cambial 
derivatives divide periclinally at least once. These divi¬ 
sions may yield pairs of sieve-tube elements (with their 
companion cells), pairs of parenchyma strands, or a pair 
consisting of a sieve-tube element (with companion cell) 
and a parenchyma strand (Fig. 14.11; Evert, 1963). In 
some species the divisions of the cambial derivatives are 
mainly anticlinal, including transverse, oblique, and/or 
longitudinal, resulting in assemblages containing various 
combinations of sieve-tube elements (with companion 
cells) and parenchyma cells, or of only sieve-tube ele¬ 
ments and companion cells (Esau and Cheadle, 1955; 
Cheadle and Esau, 1958, 1964; Esau, 1969). Among the 
anticlinal divisions are some that result in an ontoge¬ 
netic reduction of the potential length of the sieve-tube 
elements. 
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FIGURE 14.10 

Transverse section of secondary phloem from stem of Thuja occidentalis. The axial system consists of a regular 
alternating sequence of cell types: fiber (f), sieve cell (s), parenchyma cell (pc), sieve cell (s), fiber (f), and so on. 
The final periclinal division of a cambial derivative commonly gives rise to either a sieve cell and a fiber or a sieve 
cell and the precursor of a parenchyma strand. The sieve cell is the outer cell in both instances. Other details: 
c, camlium; r, ray; x, xylem. (x600. From Esau, 1969. www.schweizerbart.de) 


The differentiation of a phloem cell as a specific 
element of the phloem tissue begins after the various 
cell divisions are completed and the cell has been pro¬ 
grammed for differentiation. The fusiform cells that give 
rise to axial parenchyma cells commonly subdivide by 
transverse or oblique divisions (parenchyma strand for¬ 
mation), or they differentiate directly into long, fusiform 
parenchyma cells. Typically the various phloem cells 
increase in size but the parenchyma cells and sieve ele¬ 
ments undergo mainly lateral expansion, whereas the 
fibers may elongate by apical intrusive growth. In both 
gymnosperms and angiosperms the sieve elements 
undergo little or no increase in length, so at maturity 
the sieve elements are approximately as long as the 
cambial initials. Thus in angiosperms the sieve-tube ele¬ 
ments also correspond in length to the vessel elements 
in the secondary xylem. Ray cells commonly change 
little during differentiation, except that they expand 
somewhat. 


Sclerenchyma Cells in the Secondary Phloem 
Commonly Are Classified as Fibers, Sclereids, 
and Fiber-Sclereids 

There has been considerable deliberation over the clas¬ 
sification of sclerenchyma cells in the secondary phloem 
because there are no clear-cut criteria to categorize 
them either on the basis of their timing of maturation 
or their morphological characteristics (Esau, 1969). 
Although there are many intergrading types, the scle¬ 
renchyma cells of the secondary phloem commonly are 
classified as fibers, sclereids, and hber-sclereids as 
follows: 

Fibers are narrow, elongated sclerenchyma cells that 
develop close to the cambium and reach maturity 
in the conducting phloem (Fig. 14.12). They may 
or may not undergo intrusive growth, may or 
may not have lignihed walls, and may or may not 
retain their protoplasts at maturity. Although 
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FIGURE 14.11 

Secondary phloem of Malus domestica. Analysis of a 
radial file of cambial derivatives. A, drawings a-g illus¬ 
trate the radial file in transverse sections taken at levels 
indicated by the positions of a-g in B. In A, parenchyma 
cells are with nuclei, sieve elements numbered, and 
companion cells stippled. In B, the numbered solid lines 
represent sieve elements, the dotted lines companion 
cells, and the frequently broken lines parenchyma cells. 
Assemblages are indicated, in part, by horizontal lines 
that connect related cells. (x393- From Evert, 1963 ) 


crystal-containing cells may accompany sclereids 
or fiber-sclereids, chambered crystalliferous cells 
typically are found along the margins of fiber 
bands. 

Sclereids develop mainly in the nonconducting 
phloem by modification of already differentiated 
axial or ray parenchyma cells. Some, however, are 



FIGURE 14.12 


Transverse section of secondary phloem of black locust 
(Robinia pseudoacacia) showing mostly conducting 
phloem (cp). Cambial activity has resulted thus far in 
the production of three new bands of sieve tubes (s) and 
two of fibers (f). Sieve tubes of the nonconducting 
phloem (indicated by arrows) have collapsed. Other 
details: cz, cambial zone; dx, differentiating xylem; 
r, ray. (X150.) 


early individualized as sclereid primordia near the 
cambium and mature in the conducting phloem. 
The typical sclereid is shorter than a fiber, has a 
larger cell lumen, and a thick, often multilayered 
cell wall traversed by conspicuous simple pits that 
branch (ramiform pits). They range from 
unbranched brachysclereids (stone cells) to irreg¬ 
ular twisted forms such as those found in Abies 
(Fig. 14.13) and Eucalyptus bark (Chattaway, 1953, 
1955a). 

Fiber-sclereids originate from axial parenchyma 
cells in the nonconducting phloem. These cells 
undergo intrusive growth, so at maturity they may 
be indistinguishable from true fibers. 
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FIGURE 14.13 


Secondary phloem of Abies sachalinensis var. mayriana in transverse (A) and radial longitudinal (B) sections of 
stem. One-cell-wide tangential layers of axial parenchyma cells (pc) alternate with layers of sieve cells (s). In non¬ 
conducting phloem, parenchyma cells give rise to irregular twisted sclereids. Other details: c, cambium; dscl, differ¬ 
entiating sclereids; mscl, mature sclereids; r, rays; x, xylem. (Both, x92. From Esau, 1969. www.schweizerbart.de) 


The Conducting Phloem Constitutes Only 
a Small Part of the Inner Bark 

The phloem is considered to be differentiated into a 
conducting tissue involved with long-distance transport 
when the sieve elements become enucleate and develop 
the other specialized characteristics, including open 
sieve-area pores, of mature sieve elements. The width 
of the yearly increment of the conducting phloem 
produced in one season varies with the species and 
growth conditions and, as discussed in Chapter 12, is 
generally considerably narrower than the correspond¬ 
ing increment of xylem. Moreover, in many temperate- 


zone deciduous species of woody angiosperms a given 
increment of phloem functions for only a single season. 
During winter in such species there are no living mature 
sieve elements and, hence, no conducting phloem (see 
Table 12.3). In these species the first functional sieve 
elements in the spring arise from phloem mother cells 
that overwintered on the outer margin of the cambial 
zone (Fig. 14.14). 

In other species of woody angiosperms—both decid¬ 
uous and evergreen of temperate and tropical zones— 
and in conifers (see Tables 12.3, 12.4, and 12.5) at least 
some functional sieve elements are present in the phloem 
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FIGURE 14.14 



Diagram interpreting seasonal growth of secondary phloem in Pyrus communis (pear) stem. (Reproduced by per¬ 
mission University of California Press: Evert, I960. Unit). Calif. Publ. Bot. © I960, The Regents of the University of 
California.) 


year-round. The details vary. In most conifers all but the 
last-formed sieve cells cease to function during the same 
season in which they are derived from the vascular 
cambium. However, the former overwinter and remain 
functional until new sieve cells differentiate in the spring 
(Alheri and Evert, 1968, 1973). In juniperus californica, 
all sieve cells of the previous year’s phloem increment 
overwinter in a mature, functional state (Alheri and 
Kemp, 1983). A pattern similar to that found in most 
conifers is exhibited by the temperate-zone ring-porous 
hardwoods Quercus alba (Anderson and Evert, 1965) 
and Ulmus americana (Tucker, 1968). Relatively large 
numbers of sieve elements may remain functional for 
two or more seasons in certain species. In some temper¬ 
ate species dormancy callose develops in the fall on the 
sieve areas of sieve elements that will overwinter in a 
dormant state. When the sieve elements are reactivated 
in the spring, the dormancy callose is removed. This 
pattern occurs, for example, in Tilia phloem, whose 
sieve elements may function for as many as 5 years in T. 
americana (Evert, 1962) and 10 years in T. cordata 
(Holdheide, 1951), in Carya ovata , with sieve elements 
that function for 2 to 6 years (Davis, 1993b), and in Vitis 
(Esau, 1948; Davis and Evert, 1970) and in the biennial 


canes of Rubus allegheniensis (Davis, 1993a), with sieve 
elements that function for 2 years (Fig. 14.15). A similar 
pattern of dormancy and reactivation apparently occurs 
in the phloem of Greivia tiliaefolia, a tropical deciduous 
tree from India (Deshpande and Rajendrababu, 1985). 
Auxin has been implicated in the removal of dormancy 
callose from the secondary sieve tubes of Magnolia 
kobus (Aloni and Peterson, 1997). 

Because of the relatively narrow width of the yearly 
increment of phloem and its usually short functioning 
life, the layer of conducting phloem occupies only a 
small proportion of the bark. Huber (1939) found the 
width in millimeters of the conducting phloem to be 
0.23 to 0.325 for Larix and 0.14 to 0.27 for Picea. Some 
examples of the width in millimeters of the conducting 
phloem in deciduous species are 0.2 for Fraxinus amer¬ 
icana and 0.35 for Tectona grandis (Zimmermann, 
1961); 0.2 to 0.3 for Quercus , Pagus, Acer, and Betula; 
0.4 to 0.7 for Ulmus and Juglans; and 0.8 to 1.0 for Salix 
and Populus (Holdheide, 1951). All these examples are 
of temperate-zone trees except for that of Tectona 
grandis (teak), whose bark contains a modest amount 
of conducting phloem. Teak seemingly stands in sharp 
contrast with the Dipterocarpaceae, which were 
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FIGURE 14.15 

Diagram interpreting seasonal growth of secondary phloem in Vitts vinifera (grapevine) stem. (From Esau, 1948. 
Hilgardia 18 (5), 217-296. © 1948 Regents, University of California.) 


reported to have 5 to 6mm-wide bands of conducting 
phloem (Whitmore, 1962). The latter report has served 
to fuel the belief that the bark of tropical trees typically 
contains substantially wider bands of conducting 
phloem than their temperate-zone counterparts. The 
accuracy of Whitmore’s (1962) measurements has been 
questioned, however (Esau, 1969). Roth (1981) has 
noted that the conducting phloem occupies only a very 
small part of the inner bark width of trees of Venezuelan 
Guayana. The same is true of the inner bark of Cithar- 
exylurn myrianthum and Cedrela fissilis of Brazil 
(Veronica Angyallossy, personal communication). Sieve 
tubes occupy from 25% to 50% of the conducting phloem 
in woody angiosperms. 


I NONCONDUCTING PHLOEM 

The part of the phloem in which the sieve elements 
have ceased to function may be referred to as noncon¬ 
ducting phloem. This term is preferable to the ambigu¬ 


ous term nonfunctioning phloem because the part of 
the inner bark in which the sieve elements are dead and 
no longer conducting commonly retains living axial 
and ray parenchyma cells. These cells continue to store 
starch, tannins, and other substances until the tissue is 
separated from the living part of the bark by phellogen 
activity. 

There may be a lag between the time the sieve ele¬ 
ments stop conducting and their actual death, but the 
various signs of the inactive state of the sieve elements 
are readily detected. The sieve areas are either covered 
with a mass of callose (definitive callose) or entirely free 
of this substance; callose eventually disappears in old 
inactive sieve elements. The contents of the sieve ele¬ 
ments may be completely disorganized, or they may be 
absent and the cells filled with gas. The companion cells 
and some parenchyma cells of angiosperms and the 
Strasburger cells of conifers cease to function when 
their associated sieve elements die. The determination 
of the nonconducting state of the phloem is particularly 
certain if the sieve elements are more or less collapsed 





Phloem: Secondary Phloem and Variations in Its Structure | 423 


or obliterated. In some species, there is no obvious 
boundary between collapsed and noncollapsed phloem 
(e.g., in Euonymus bungeamus, Lin and Gao, 1993; 
arborescent Leguminosae, Costa et al., 1997; Eucalyptus 
globulus, Quilho et al., 1999). In others, the sieve ele¬ 
ments remain intact for several years after they die and 
may not collapse until after they have been separated 
from the inner bark by phellogen activity. Therefore the 
suggestion that the terms collapsed and noncollapsed 
phloem be used in place of conducting and nonconduct¬ 
ing phloem (Trockenbrodt, 1990) has not been adopted 
in this book. 

The Nonconducting Phloem Differs Structurally 
from the Conducting Phloem 

The phenomena that bring about the structural differ¬ 
ences between the conducting and nonconducting 
phloem may be placed into four categories: (1) the 
breakdown of sieve elements and some of the cells asso¬ 
ciated with them; (2) the dilatation growth resulting 
from enlargement and division of parenchyma cells, 
axial or ray cells or both (cell enlargement alone may 
occur); (3) the sclerification, that is, development of 
secondary walls in parenchyma cells; and (4) the accu¬ 
mulation of crystals (Esau, 1969). The characteristics of 
the nonconducting phloem as a whole are varied in dif¬ 
ferent plants, reflecting the manner and degree to which 
each of the four phenomena is expressed. In certain 
angiosperms, like Liriodendron, Tilia, Populus, and 
Juglans, the shape of the functionless sieve tubes 
changes little, although their companion cells collapse. 
In others, like Aristolochia and Robinia the sieve-tube 
elements and associated cells collapse completely, and 
since they occur in tangential bands, the crushed cells 
alternate more or less regularly with tangential bands of 
turgid parenchyma cells (Fig. 14.12). In still others the 
collapse of the sieve elements is accompanied by a con¬ 
spicuous shrinkage of the tissue and bending of rays. In 
conifers the collapse of the old sieve cells is very marked. 
The nonconducting phloem of Pinus shows dense 
masses of collapsed sieve cells interspersed with intact 
phloem parenchyma cells (Fig. 14.3), and the rays are 
bent and folded. In conifers having fibers in the phloem, 
the sieve cells are crushed between the fibers and the 
enlarging phloem parenchyma cells (Fig. 14.5B). In Vitis 
vinifera the inactive sieve tubes become filled with 
tyloses-like proliferations (tylosoids) from the axial 
parenchyma cells (Esau, 1948). 

Dilatation Is the Means by Which the Phloem Is 
Adjusted to the Increase in Circumference of the 
Axis Resulting from Secondary Growth 

Both axial and ray parenchyma may participate in dilata¬ 
tion growth but uniform participation of both is rare 
(Holdheide, 1951). Sometimes the ray cells merely 


extend tangentially, but more commonly the number of 
cells is increased in the tangential direction by radial 
divisions. These divisions may be restricted to the 
median part of a ray, giving the impression of a localized 
(dilatation) meristem (Fig. 14.16; Holdheide, 1951; 
Schneider, 1955). Usually only some rays become dilated; 
others remain as wide as they were at the time of origin 
in the cambium. 

The dilatation growth of axial parenchyma is fre¬ 
quently a less conspicuous phenomenon than that of 
rays, but it is very common (Esau, 1969). In the conifers, 
the enlargement and proliferation of axial parenchyma 
cells is the main form of dilatation (Liese and Matte, 



FIGURE 14.16 


Transverse section of Tilia americana (basswood) stem 
undergoing secondary growth. In the current year’s 
phloem three new tangential bands of phloem fibers (f) 
have been produced; the two nearest the wide cambial 
zone (cz) are still differentiating. A band of differentiat¬ 
ing sieve-tube elements, with P-protein bodies, can be 
seen bordering (to the outside) the newest band of 
fibers. A dilatation meristem (arrows) extends the length 
of the dilated ray. Other detail: dx, differentiating xylem. 
(X125.) 
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1962) and may continue for many years. Some enlarge¬ 
ment of axial parenchyma cells commonly occurs in 
connection with the collapse of inactive sieve elements. 
Axial parenchyma cells may also proliferate to the 
extent of forming wedges of tissue resembling dilated 
rays as in Eucalyptus (Chattaway, 1955b) and the Dip- 
terocarpaceae (Whitmore, 1962). Enlargement of axial 
parenchyma may continue for some time after the 
phloem has been cut off by a periderm (Chattaway, 
1955b; Esau, 1964). The dilatation of phloem generally 
is interrupted when a phellogen arises in the phloem 
and separates it from the inner bark. 

Sclerihcation of the nonconducting phloem is almost 
always associated with dilatation growth. Both axial and 
ray parenchyma cells may become sclerihed. One kind 
of sclerihcation is the development of hber-sclereids 
from axial parenchyma cells that undergo intrusive 
growth and deposit secondary walls in the innermost 
part of the nonconducting phloem. Some examples of 
species with hber-sclereids, as given by Holdheide (1951), 
are Ulmus scabra, Pyrus communis, Mains domestica, 
Sorbus aucuparia, Primus padus, Fraxinus excelsior , 
and Fagus sylvatica, Sclereid development is common 
in both the rays and the dilatation tissue in the axial 
system. In most cases sclerihcation is preceded by cell 
enlargement. Intrusive growth also may occur, resulting 
in bent or undulated walls. Sclerihcation of the noncon¬ 
ducting phloem may continue indehnitely, producing 
masses of sclereids. Sclerenchyma in Fagus may consti¬ 
tute 60% of the tissue (Holdheide, 1951). In certain tropi¬ 
cal barks, such as the Licania type, sclerenchyma may 
cover over 90% of the cross-sectional area in the noncon¬ 
ducting phloem (Roth, 1973). 

The nonconducting phloem also accumulates various 
substances such as crystals and phenolic substances. 
Although crystals occur in the conducting phloem, they 
usually accumulate in cells bordering those undergoing 
sclerihcation, and therefore the crystals may be particu¬ 
larly conspicuous in nonconducting phloem. The types 
and distribution of crystals are sufficiently characteristic 
to be useful in comparative studies (Holdheide, 1951; 
Patel and Shand, 1985; Archer and van Wyk, 1993). 
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CHAPTER FIFTEEN 


Periderm 


Periderm is a protective tissue of secondary origin. It 
replaces the epidermis in stems and roots that increase 
in thickness by secondary growth. Structurally the peri¬ 
derm consists of three parts: the phellogen, or cork 
cambium, the meristem that produces the periderm; 
the phellem, commonly called cork, produced by the 
phellogen toward the outside; and the phelloderm, 
a tissue often resembling cortical or phloem paren¬ 
chyma and consisting of the inner derivatives of the 
phellogen. 

The term periderm should be distinguished from the 
nontechnical term bark (Chapter 14). Although the 
word bark is employed loosely, and often inconsistently, 
it is a useful term if properly defined. Bark may be used 
most appropriately to designate all tissues outside the 
vascular cambium. In the secondary state, bark includes 
the secondary phloem, the primary tissues that may still 
be present outside the secondary phloem, the periderm, 
and the dead tissues outside the periderm. As the peri¬ 
derm develops, it separates, by means of a nonliving 
layer of cork cells, variable amounts of primary and 
secondary tissues of the axis from the subjacent living 
tissues. The tissue layers thus separated die, bringing 


about a distinction between the nonliving outer bark 
and living inner bark (Fig. 15.1). The technical term 
for outer bark is rhytidome. The conducting phloem is 
the innermost part of the living bark. As mentioned in 
Chapter 14, the term bark is sometimes used for stems 
and roots in the primary state of growth. It then includes 
the primary phloem, the cortex, and the epidermis. 
However, because of the radially alternate arrangement 
of xylem and phloem in roots in the primary state, the 
primary phloem of a root cannot be conveniently 
included with the cortex under the term bark. 

The structure and the development of periderm are 
better known in stems than in roots. Therefore most of 
the information on periderm presented in this chap¬ 
ter pertains to stems, unless roots are mentioned 
specifically. 


■ OCCURRENCE 

Periderm formation is a common phenomenon in roots 
and stems of woody angiosperms and gymnosperms. 
Periderm occurs also in herbaceous eudicots, especially 
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FIGURE 15.1 

Transverse section of bark and some secondary xylern from an old stem of basswood ( Tilia americana). Several 
periderms (arrows) can be seen traversing the outer bark (ob) in the upper third of the section. The periderms in 
basswood form overlapping layers as is characteristic of a scale bark. To the inside of the outer bark is the inner bark 
(ib), consisting largely of nonconducting phloem. The conducting phloem comprises a small layer of cells contiguous 
to the vascular cambium (vc). The inner bark is quite distinct from the more lightly stained xylem (x) in the lower 
third of the section. (Xll.) 


in the oldest parts of stem and root. Some monocots 
have periderm, and others a different kind of secondary 
protective tissue. Leaves normally produce no periderm, 
although scales of winter buds in some gymnosperms 
and woody angiosperms are an exception. 

The formation of periderm in stems of woody plants 
may be considerably delayed, as compared with that of 
the secondary vascular tissues. It may never occur, even 
though the stem continues to increase in thickness. In 
such instances the tissues outside the vascular cambium, 
including the epidermis, keep pace with the increase in 


axis circumference (species of Acacia, Acer, Citrus, 
Eucalyptus, Ilex, Laurus, Menispermum, Viscuni). The 
individual cells divide radially and enlarge tangentially. 

Periderm develops along surfaces that are exposed 
after abscission of plant parts, such as leaves and 
branches. Periderm formation is also an important stage 
in the development of protective layers near injured or 
dead (necrosed) tissues (wound periderm or wound 
cork), whether resulting from mechanical wounding 
(Tucker, 1975; Thomson et al., 1995; Oven et al., 1999) 
or invasion of parasites (Achor et al., 1997; Dzerefos and 
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Witkowski, 1997; Geibel, 1998). In several families of 
eudicots, periderm is formed in the xylem—interxylary 
cork—in relation to a normal dying back of annual 
shoots or a splitting of perennating roots and stems 
(Moss and Gorham, 1953; Ginsburg, 1963). The longitu¬ 
dinal splitting of the strap-shaped leaves of Welwitschia 
mirabilis occurs in areas of mesophyll breakdown and 
periderm formation (Salema, 1967). Periderms, in the 
shape of tubes, may form inside the bark under natural 
conditions or in response to wounding, isolating strands 
of phloem fibers (Evert, 1963; Aloni and Peterson, 1991; 
Lev-Yadun and Aloni, 1991). In apples and pears, russet- 
ing results from the replacement by periderm of the 
outer layers of the fruit over part or all of its surface (Gil 
et al., 1994). 


I CHARACTERISTICS OF THE COMPONENTS 

The Phellogen Is Relatively Simple in Structure 

In contrast to the vascular cambium, the phellogen has 
only one form of cell. In transverse section the phello¬ 
gen commonly appears as a continuous tangential layer 
(lateral meristem) of rectangular cells (Fig. 15.2A), each 
with its derivatives in a radial file extending outward 
through the cork cells and inward through the phello- 
derm cells. In longitudinal sections the phellogen 
cells are rectangular or polygonal in outline (Fig. 15.2B), 
sometimes rather irregular. It is sometimes difficult to 
distinguish phellogen cells from newly formed phello- 
derm cells (Wacowska, 1985). 


Several Kinds of Phellem Cells May Arise from 
the Phellogen 

The phellem cells are often approximately prismatic in 
shape (Fig. 15.3A, B), although they may be rather irregu¬ 
lar in the tangential plane (Fig. 15.3F). They may be 
elongated vertically (Fig. 15.3E, F), radially (Fig. 15.3B- 
E), or tangentially (Fig. 15.3A, narrow cells). They are 
usually compactly arranged; that is, the tissue lacks inter¬ 
cellular spaces. Notable exceptions are found in some 
trees of tropical humid forests (e.g., Alseis labatioides 
and Coutarea hexandra, Rubiaceae; Parkia pendula, 
Mimosaceae), in which intercellular spaces arise 
between radial files of cork cells, forming cork aeren- 
chyma (Roth, 1981). Flooding may result in increased 
phellogen activity and the production of loosely 
arranged radial files of cork cells (Fig. 15.4; Angeles et al., 
1986; Angeles, 1992). In flooded Ulmus americana 
stems the system of intercellular spaces of the cork was 
continuous with that of the cortex via intercellular 
spaces in the phellogen (Angeles et al., 1986). Cork cells 
are nonliving at maturity. They are then filled with air, 
fluid, or solid contents; some are colorless and others 
pigmented. 



Periderm consisting largely of cork in transverse (A) and 
longitudinal (B) sections of dormant Betula twig. (Both, 
x430.) 


Cork cells typically have suberized cell walls. The 
suberin usually occurs as a distinct lamella that covers 
the inner surface of the original primary cellulose wall. 
The suberin lamella has a layered appearance under the 
electron microscope because it consists of alternating 
electron-dense layers and electron-lucent layers (Fig. 
4.5; Thomson et al., 1995). Cork cells may have either 
thick or thin walls. In thick-walled cells a lignified cel¬ 
lulose layer occurs on the inner surface of the suberin 
lamella, which thus is embedded between two cellulose 
layers. Cork cells may have evenly or unevenly thick¬ 
ened walls. Some have U-shaped wall thickenings, with 
either the inner or outer tangential wall together with 
adjoining parts of the radial walls being thickened. In 
many Pinus species the thick-walled cells develop into 
heavily lignified stone cells (Fig. 15.5). The distinctly 
lamellate walls contain numerous ramiform (branched 
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FIGURE 15.3 


Variation in structure of phellem in stems. A, B, Rhus typhina. Phellem in transverse (A) and radial (B) sections of 
stem shows growth layers revealed in the alternation of narrower and wider cells. C, birch ( Betula populifolia ). 
Phellem with thick cell walls and conspicuous growth layers; radial section. D, Rhododendron maximum. Hetero¬ 
geneous phellem consisting of cells of different sizes; sclereids compose some of the layers of small cells; radial 
section. E, F, Vaccinium corymbosum. Phellem in radial (E, light-colored cells in the middle) and tangential (F) 
sections. Phellem cells vary in form in E. (From Esau, 1977.) 


simple) pits and possess many irregular projections 
along their margins. In tangential sections these sclere¬ 
ids resemble irregularly rounded, interlocked cogwheels 
(Howard, 1971; Patel, 1975). Cork cell walls may be 
brown or yellow, or they may remain colorless. 

In many species the phellem consists of cork cells 
and of nonsuberized cells called phelloids, that is, 
phellem-like cells. Like the cork cells, these nonsuber¬ 
ized cells may have either thick or thin walls, and they 
may differentiate as sclereids (Fig. 15.3D). In the bark of 


Melaleuca the phellogen gives rise to alternating layers 
of suberized and nonsuberized cells (Chiang and Wang, 
1984). The suberized cells remain radially flattened but 
the nonsuberized cells elongate radially soon after they 
are produced by the phellogen. The suberized cells are 
characterized by the presence of Casparian strips in 
their anticlinal walls. 

In some plants the phellem consists of thin-walled 
cells and thick-walled cells, often arranged in alternat¬ 
ing tangential bands of one or more cell layers (species 
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FIGURE 15.4 


Transverse section of Ulmus americana stem that had 
been flooded for 15 days. The activity of the phellogen 
increased in response to flooding, forming loosely 
arranged, filamentous-like strands of cork cells (arrows). 
Other details: ph, phloem; x, xylem. (x80. From Angeles 
et al., 1986.) 


of Eucalyptus and Eugenia , Chattaway, 1953, 1959; 
species of Emus, Picea, Larix , Srivastava, 1963; Betula 
populifolia; Robinia pseudoacacia , Waisel et al., 1967; 
some Cassinoideae of southern Africa, Archer and Van 
Wyk, 1993). There are many examples of layered cork 
among tropical trees (Roth, 1981). In some, the layers 
may simply be distinguished by their cell content. 
Phellem may consist entirely of thick-walled cells ( Cera- 
tonia siliqua; Torrubia cuspidata, Diplotropis pur¬ 
purea , Roth, 1981) or only of thin-walled cells (species 
of Abies, Cedrus, Srivastava, 1963; Pseudotsuga , 
Srivastava, 1963; Krahmer and Wellons, 1973). 

The layered appearance of phellem often makes it 
possible to distinguish growth increments in this tissue. 
In some species such as Betula populifolia , the growth 
increments are discernible because each consists of two 
distinct layers or bands of cells, one thick-walled, the 
other thin-walled (Fig. 15.3C). In other species consist¬ 
ing of only one type of cell, the increments may be dis¬ 
cernible because of differences in the radial dimensions 
of the cells, as exhibited by the phellem of Betula papy- 


rifera (Chang, 1954) and Rhus typhina (Fig. 15.3A, B). 
In Pseudotsuga menziesii , growth increments are dis¬ 
cernible because of the presence of denser and darker 
appearing zones of cork cells at the end of the incre¬ 
ments resulting from severe folding and crushing of 
their radial walls (Krahmer and Wellons, 1973; Patel, 
1975). In Picea glauca, each growth increment, which 
consists of bands of thick- and thin-walled cells, ends 
with one or more layers of crystal-containing cells 
(Grozdits et al., 1982). It is questionable whether all 
such growth increments represent annual increments. 

Cork used commercially as bottle cork comes from 
the cork oak, Quercus suber, which is native to the 
Mediterranean region. Consisting of thin-walled cells 
with air-filled lumina, it is highly impervious to water 
and gasses and resistant to oil. It is light in weight and 
has thermal insulating qualities. The first phellogen 
arises in the first year of growth in the cell layer imme¬ 
diately under the epidermis (Graca and Pereira, 2004). 
The first cork produced by the cork oak tree is of little 
commercial value. When the tree is about 20 years old, 
the original periderm is removed, and a new phellogen 
is formed in the cortex just a few millimeters below the 
site of the first one. The cork produced by the new phel¬ 
logen accumulates very rapidly, and after about nine 
years is thick enough to be stripped from the tree (Costa 
et al., 2001). Once again a new phellogen arises beneath 
the previous one, and after about another nine years the 
cork can be stripped again. This procedure may be 
repeated at about nine-year intervals until the tree is 150 
or more years old. After several strippings the new phel- 
logens arise in the nonconducting phloem. Mature cork 
is a compressible, resilient tissue. The commercially 
valuable properties—imperviousness to water and insu¬ 
lating qualities—also make the cork effective as a pro¬ 
tective layer on the plant surface. The dead tissue that 
becomes isolated by the periderm adds to the insulating 
effect of the cork. 

Considerable Variation Exists in the Width and 
Composition of Phelloderm 

The phelloderm is commonly depicted as consisting of 
cells resembling cortical or phloem parenchyma cells 
and distinguishable from the latter only by their position 
in the same radial files as the phellem cells. In fact, cells 
similar in appearance to those of the phellem may be 
found in the phelloderm, although those of the phello¬ 
derm do not have suberized walls. Many conifers have 
phelloderms consisting of both parenchymatous and 
sclerenchymatous elements (Fig. 15.5). Sclerification of 
all or part of phelloderm is common in barks of tropical 
trees. The sclereids may have evenly thickened walls or 
U-shaped wall thickenings, and layers of thin-walled 
unlignified cells may alternate with layers of lignified 
sclerenchyma cells. 
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Block diagram of portion of the outer bark (rhytidome) tissues from the stem of a southern pine. The arrow points 
to the stem exterior. A single periderm, consisting of phellem, phellogen, and phelloderm, is shown here, on either 
side of which is nonconducting phloem consisting of crushed sieve cells (esc) and enlarged axial parenchyma cells 
(pc). The phellem consists of thin-walled cells (1) and thick-walled stone cells (2), which in tangential view resemble 
interlocked cogwheels. The phelloderm consists of unexpanded thick-walled cells (3) and of expanded thin-walled 
cells (4). Other details: fr, fusiform ray; ur, uniseriate ray. (From Howard, 1971.) 


Some plants have no phelloderm at all. In others this 
tissue is one to three or more cells in depth (Fig. 15.6). 
The number of phelloderm cells in the same layer of 
periderm may change somewhat as the stem ages. In 
Tilia , for example, the phelloderm may be one cell deep 
in the first year, two in the second, and three or four 
later. The subsequent periderms formed beneath the 
first, in later years, contain as much phelloderm as the 
first or less. A relatively wide phelloderm was observed 
in stems and roots of certain Cucurbitaceae (Dittmer 
and Roser, 1963). In certain gymnosperms the phello¬ 
derm is very broad; in Ginkgo as many as 40 cell layers 


could be counted. In the barks of many tropical trees, 
the periderms have very thin phellems and the phello¬ 
derm is the principal protective layer. In Myrcia ama- 
zonia, for example, the phellem is only one cell 
layer thick. Enormously thick phelloderms have been 
observed in some tropical trees. For example, in Ficus 
sp. the phelloderm occupied more than a third of the 
entire bark width, and in Brosimum sp. two-thirds of 
the entire width (Roth, 1981). 

Unlike the typical compact arrangement of the 
phellem cells, the phelloderm cells have numerous 
intercellular spaces among them. In addition the phel- 
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FIGURE 15.6 



phelloderm 


Transverse section through the stem of Aristolochia (Dutchman’s pipe), showing the periderm, the phelloderm of 
which consists of several layers of cells. (xl40.) 


loderm cells—especially those of the first periderms— 
may contain numerous chloroplasts and be photo- 
synthetically active. This apparently is a common feature 
in conifers (Godkin et al., 1983). Chloroplasts also have 
been found in the phelloderm of Alstonia scholaris 
(Santos, 1926), Citrus limon (Schneider, 1955), and 
Populus tremuloides (Pearson and Lawrence, 1958) 
bark. The parenchymatous elements of the phelloderm 
may perform a storage function, mainly of starch. The 
phelloderm may also give rise to new phellogen layers, 
as reported for that of the lemon tree (Schneider, 
1955). 

I DEVELOPMENT OF PERIDERM 

The Sites of Origin of the Phellogen Are Varied 

With regard to the origin of the phellogen, it is neces¬ 
sary to distinguish between the first periderm and the 
subsequent periderms, which arise beneath the first and 
replace it as the axis continues to increase in circumfer¬ 
ence. In the stem the phellogen of the first periderm 
may be initiated at different depths outside the vascular 
cambium. In most stems the first phellogen arises in the 
subepidermal layer (Fig. 15.7A). In a few plants epider¬ 
mal cells give rise to the phellogen ( Malus, Pyrus, 


Nerium oleander, Myrsine australis, Viburnum lan- 
tana). Sometimes the phellogen is formed partly from 
epidermis, partly from subepidermal cells. In some 
stems, the second or third cortical layer initiates the 
development of periderm (< Quercus suber, Robinia 
pseudoacacia, Gleditschia triancanthos and other 
Fabaceae; species of Aristolochia, Pinus, and Larix). In 
still others, the phellogen arises near the vascular region 
or directly within the phloem (Fig 15.8; Caryophylla- 
ceae, Cupressaceae, Ericaceae, Chenopodiaceae, Ber¬ 
ber is, Camellia, Puncia, Vitis). If the first periderm is 
followed by others these are formed repeatedly—but 
rarely each season—in successively deeper layers of the 
cortex or phloem. As mentioned previously, cork devel¬ 
opment may occur within the xylem (interxylary cork, 
Moss and Gorham, 1953; Ginsburg, 1963). 

The first phellogen is initiated either uniformly 
around the circumference of the axis or in localized 
areas and becomes continuous by a lateral spread of 
meristematic activity. When the initial activity is local¬ 
ized the first divisions are frequently those concerned 
with formation of lenticels (see below). From the margins 
of these structures the divisions spread around the stem 
circumference. In Acer negundo four to six years may 
be required before the phellogen forms a continuous 
ring around the stem (Wacowska, 1985). In some species 
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epidermis 



FIGURE 15.7 


Transverse sections of Prunus stem showing earlier (A) 
and later (B) stages of development of periderm by 
periclinal divisions (arrows) in subepidermal layer. 
(Both, x430.) 


a positive correlation exists between the first phellogen 
initiation sites and the location of trichomes, with the 
first divisions involved with initiation of the phellogen 
occurring immediately below the trichomes (Arzee 
et al., 1978). The sequent periderms appear most com¬ 
monly as discontinuous but overlapping layers (Figs. 
15.1 and 15.9B). These approximately shell-shaped layers 
originate beneath cracks of overlying periderms (Fig. 
15.9A). The sequent periderms may also be continuous 
around the circumference or at least for considerable 
parts of the circumference (Fig. 15.9C). 

Secondary growth of vascular tissues and the forma¬ 
tion of periderm are common in roots of woody angio- 
sperms and conifers. In most roots the first periderm 
originates deep in the axis, usually in the pericycle, but 
it may appear near the surface as, for example, in some 
trees and perennial herbaceous plants in which the root 
cortex serves for food storage. Like stems, the roots also 


may produce periderm layers of successively greater 
depths in the axis. 

The Phellogen Is Initiated by Divisions of Various 
Kinds of Cells 

Depending on the position of the phellogen, the cells 
involved with its initiation may be cells of the epidermis, 
subepidermal parenchyma or collenchyma, parenchyma 
of the pericycle or phloem, including that of the phloem 
rays. Usually these cells are indistinguishable from other 
cells of the same categories. All are living cells and 
therefore potentially meristematic. The initiating divi¬ 
sions may begin in the presence of chloroplasts and 
various storage substances such as starch and tannins, 
and while the cells still have thick primary walls, as in 
collenchyma. Eventually the chloroplasts change into 
leucoplasts and the starch, tannins, and wall thicken¬ 
ings disappear. Sometimes the subepidermal cells, in 
which phellogen is to arise, have no collenchy- 
matous thickenings and show an orderly and compact 
arrangement. 

The phellogen is initiated by periclinal divisions (Fig. 
15.7). The first periclinal division in a given cell forms 
two apparently similar cells. Frequently the inner of 
these two cells divides no further and is then regarded 
as a phelloderm cell, while the outer functions as the 
phellogen cell and divides. The outer of the two prod¬ 
ucts of the second division matures into the first cork 
cell, while the inner remains meristematic and divides 
again. Sometimes the first division results in the forma¬ 
tion of a cork cell and a phellogen cell. Although most 
of the successive divisions are periclinal, the phellogen 
keeps pace with the increase in circumference of the 
axis by periodic divisions of its cells in the radial anti¬ 
clinal plane. 

The Time of Appearance of the First and Subsequent 
Periderms Varies 

The first periderm commonly appears during the first 
year of growth of the stem and root. The subsequent, 
deeper periderms may be initiated later the same year 
or many years later or may never appear. In addition to 
specific differences, environmental conditions influ¬ 
ence the appearance of both the initial and the sequent 
periderms. Availability of water, temperature, and inten¬ 
sity of light all affect the timing of the development of 
periderms (De Zeeuw, 1941; Borger and Kozlowski, 
1972a, b, c; Morgensen, 1968; Morgensen and David, 
1968; Waisel, 1995). 

The first superficial periderm may be retained for life 
or for many years in species of Betula, Fagus, Abies, 
Carpinus, Anabasis, Flaloxylon, and Quercus and in 
many species of tropical trees (Roth, 1981). In the carob 
tree ( Ceratonia siliqua ) the initiation of sequent 
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FIGURE 15.8 


Origin of the first periderm in the grapevine (Vitis vinifera ) as seen in transverse sections. A, seedling stem without 
periderm. B, older seedling stem with periderm that originated in the primary phloem. The strands of thick-walled 
cells are primary phloem fibers. The nonsclerihed cells outside the periderm have died and collapsed. C, older seed¬ 
ling stem with periderm, which forms a complete cylinder around the stem. The epidermis and cortex have been 
obliterated. D, one-year-old cane with periderm outside the secondary phloem. (A, x90; B, X115; C, x50; D, xlO. A, 
Plate 4B, and C, D, Plate 5A, B from Esau, 1948. Hilgardia 18 (5), 217-296. © 1948 Regents, University of 
California.) 
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FIGURE 15.9 


Periderm and rhytidome in transverse sections of stems. 
A, Talauma. Phellem with deep cracks. B, Quercus 
alba (white oak). Rhytidome with narrow layers of 
sequent periderms (asterisks) and wide layers of dead 
phloem tissue. C, Lonicera tatarica. Rhytidome (rhy) 
in which periderm layers alternate with layers derived 
from secondary phloem containing phloem fibers. 
(From Esau, 1977.) 


periderms is restricted to tree parts estimated to be 
more than 40 years old (Arzee et al., 1977). In Fagus 
sylvatica, the original periderm and old phloem may 
remain on the bark for as long as 200 years. An initial 


periderm formed in deeper parts of the axis may also 
persist for a long time ( Ribes, Berberis, Punica ). In 
Melaleuca , three to four sequent periderms are formed 
during the first year, each originating in the secondary 
phloem (Chiang and Wang, 1984). In most trees the first 
periderms are replaced by sequent periderms within a 
few years. In apple and pear trees the first periderm is 
generally replaced in the sixth to eighth year of growth, 
and in Pinus sylvestris in the eighth to tenth year. 
Temperate-zone trees tend to produce more sequent 
periderms than do tropical trees. 

The period(s) of activity of the phellogen and the 
vascular cambium may or may not correspond. The 
activity of the two lateral meristems occur indepen¬ 
dently in Robinia pseudoacacia (Waisel et al., 1967), 
Acacia raddiana (Arzee et al., 1970), Abies alba 
(Golinowski, 1971), Cupressus sempervirens 
(Liphschitz et al., 1981), Pinus pinea, Pinus halepensis 
(Liphschitz et al., 1984), and Pistacia lentiscus (Liph¬ 
schitz et al., 1985). In Ceratonia siliqua (Arzee et al., 
1977), Quercus boissieri , and Quercus ithaburensis 
(Arzee et al., 1978), by contrast, the activity of both 
meristems coincides. 

First and sequent periderms have long been consid¬ 
ered to differ from one another only in their time of 
origin. A series of studies using cryofixation and chemi¬ 
cal techniques on the bark of several conifers showed, 
however, that two kinds of periderm are involved in 
rhytidome formation (Mullick, 1971). The initial peri¬ 
derm and some sequent periderms are brown, other 
sequent periderms are reddish purple. In addition to the 
color the two kinds of periderm have other specific 
physical and chemical characters, and they also differ 
in their position in the rhytidome. The reddish purple 
sequent periderms occur next to the dead phloem 
embedded in the rhytidome and appear to serve in pro¬ 
tecting living tissues from effects associated with cell 
death. The brown sequent periderms appear sporadi¬ 
cally and are separated from the dead phloem by the 
reddish-purple periderms. The brown first periderm 
and the brown sequent periderms are similar in all their 
characteristics. Both act in protecting living tissues 
against the external environment, the first periderm 
before the formation of rhytidome and the brown 
sequent periderms after the shedding of rhytidome 
layers. 

In a subsequent study it was found, in four species 
of conifers, that wound and pathological periderms and 
periderms formed at abscission zones and on old resin 
blisters were of the reddish purple-sequent type. Inas¬ 
much as all reddish purple-pigmented periderms, includ¬ 
ing the usual sequent periderm, abut necrotic tissues, it 
was suggested that they constitute a single category of 
periderm, the necrophylactic. The brown periderms, 
the first and the sequent, which protect living tissues 
against the external environment, constitute a second 
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category, the exophylactic (Mullick and Jensen, 
1973). 


I MORPHOLOGY OF PERIDERM FIND RHVTIDOME 

The external appearance of axes bearing periderm 
or rhytidome is highly variable (Fig. 15.10). This varia¬ 
tion depends partly on the characteristics and manner 
of growth of the periderm itself and partly on the 
amount and kind of tissue separated by the periderm 


from the axis. The characteristic external appearance 
of bark can provide valuable taxonomic information, 
especially in the identification of tropical trees 
(Whitmore, 1962a, b; Roth, 1981; Yunus et al., 1990; 
Khan, 1996). 

Rhytidome formation occurs by the successive devel¬ 
opment of periderms. Consequently, barks that have 
only a superficial periderm do not form a rhytidome. In 
such barks only a small amount of primary tissue is cut 
off, involving either a part of or the entire epidermis 
or possibly one or two cortical layers. This tissue is 



Bark from four species of deciduous hardwoods. A, shaggy bark of the shagbark hickory ('Carya ovata). B, deeply 
furrowed bark of the black oak (Quercus velutina). C, thin, peeling “bark” of the paper birch (Betula papyrifera). 
The peeling in the paper birch actually takes place in the boundary between narrow phellem cells and broad ones. 
The horizontal streaks on the surface of the bark are lenticels. D, scaly bark of the sycamore, or buttonwood ( Plata- 
nus occidentalis). 
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eventually sloughed away, and the phellem is exposed. 
If the exposed cork tissue is thin, it commonly has a 
smooth surface. In the paper birch (Betula papyrifera ), 
for example, the periderm peels off into thin, papery 
layers (Fig. 15.IOC) through the boundary between 
narrow phellem cells and broad ones (Chang, 1954). If 
the exposed cork tissue is thick, the surface is cracked 
and fissured. Massive cork usually shows layers that 
seem to represent annual increments. 

The stems of some eudicots ( Ulmus sp.) produce a 
so-called winged cork, a form that results from a sym¬ 
metrical longitudinal splitting of the cork in relation to 
the uneven expansion of different sectors of the stem 
(Smithson, 1954). Winged cork may also result from 
intensive localized activity of phellogen considerably in 
advance of the formation of the periderm elsewhere 
(Euonymus alatus, Bowen, 1963). Cork prickles, which 
form on stems of some tropical trees (certain Rutaceae, 
Bombacaceae, Euphorbiaceae, Fabaceae) result from the 
phellogen producing phellem in excess at certain spots. 
They are pure cork formations and consist of thick- 
walled lignified cells. Because of their scarce occur¬ 
rence, they are an excellent characteristic in bark 
identification (Roth, 1981). 

On the basis of manner of origin of the successive 
layers of periderm, two forms of rhytidome, or outer 
bark, are distinguished, scale bark and ring bark. Scale 
bark occurs when the sequent periderms are formed as 
overlapping layers, each cutting out a “scale” of tissue 
( Pinus, Pyrus, Quercus, Tilia). Ring bark is less 
common and results from the formation of successive 
periderms approximately concentrically around the 
axis (Cupressaceae, Lonicera, Clematis, Vitis). This 
type of outer bark is associated with plants in which the 
first periderm originates in deep layers of the axis. A 
scale bark with very large individual scales ( Platanus) 
may be regarded as being intermediate between the 
scale bark and the ring bark. 

In some rhytidomes parenchyma and soft cork cells 
predominate. Others contain large amounts of fibers 
usually derived from the phloem. The presence of 
fibrous tissue lends a characteristic aspect to the bark 
(Holdheide, 1951; Roth, 1981). If fibers are absent, the 
bark breaks into individual scales or shells (Pinus, Acer 
pseudo platanus). In fibrous bark a netlike pattern of 
splitting occurs (Tilia, Fraxinus). 

The scaling off of the bark may have different struc¬ 
tural bases. If thin-walled cells of cork or of phelloids 
are present in the periderms of the rhytidome, the scales 
may exfoliate along these lines. Breaks in the rhytidome 
can occur also through cells of nonperidermal tissues. 
In Eucalyptus, breaks occur through phloem paren¬ 
chyma cells (Chattaway, 1953), and in Lonicera tra- 
taria, between fibers and parenchyma of the phloem. 
Cork is frequently a strong tissue and renders the bark 
persistent, even if deep cracks develop (species of 


Betula, Pinus, Quercus, Robinia, Salix, Sequoia). Such 
barks wear off without forming scales. 

IPOLVDERN 

A special type of protective tissue called polyderm 
occurs in roots and underground stems of Hyperica- 
ceae, Myrtaceae, Onagraceae, and Rosaceae (Nelson and 
Wilhelm, 1957; Tippett and O’Brien, 1976; Riihl and 
Stosser, 1988; McKenzie and Peterson, 1995). It arises 
from a meristem originating in the pericycle and con¬ 
sists of alternating layers of suberized cells, one cell 
deep, and of nonsuberized cells, several cells deep (Fig. 
15.11). The polyderm may accumulate 20 or more such 
alternating layers, but only the outermost layers are 
dead. In the living part, the nonsuberized cells function 
as storage cells. In submerged parts of aquatic plants, 
the polyderm may develop intercellular spaces and then 
function as aerenchyma. 

I PROTECTIVE TISSUE IN MQNOCOTVLEDONS 

In herbaceous monocots, the epidermis is permanent 
and serves as the only protective tissue on the plant 
axis. Should the epidermis be ruptured, the underlying 
cortical cells become secondarily suberized as suberin 
lamellae typical of cork cells are deposited on the cel¬ 
lulose walls. Such behavior is common in the Poaceae, 
Juncaceae, Typhaceae, and other families. 

Monocots rarely produce a periderm similar to that 
in other angiosperms (Solereder and Meyer, 1928). The 
palm Roystonea produces such a periderm, whose 
phellem consists of compactly arranged cells with thick 
lignified walls. Some phelloderm cells also become 
sclerified and lignified (Chiang and Lu, 1979). 

In most woody monocots, including the palms, a 
special type of protective tissue is formed by repeated 
division of cortical parenchyma cells and subsequent 
suberization of the products of division (Tomlinson, 
1961, 1969). Parenchyma cells in successively deeper 
positions undergo similar divisions and suberization. 
Thus the cork arises without formation of an initial 
layer, or phellogen. Because the linear files of cells form 
tangential bands as seen in transverse sections, the 
tissue is referred to as storied cork (Fig. 15.12). As the 
formation of cork progresses inward, nonsuberized cells 
may become embedded among the cork cells. Thus a 
tissue analogous to the rhytidome of the woody angio¬ 
sperms is formed (Dracaena, Cordyline, Yucca). 

I WOUND PERIDERM 

Wounding induces a series of metabolic events and 
related cytological responses that lead, under favorable 
conditions, to a complete closure of the wound (Bostock 
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FIGURE 15.11 


Polyderm of root of strawberry ( Fragaria ) in transverse sections. A, root in early stage of secondary growth. Phello¬ 
gen has been initiated, but the cortex is still intact. B, older root. Wide layer of polyderm has been formed by the 
phellogen. The cells composing the darkly stained bands in the polyderm are suberized. These cells alternate with 
nonsuberized cells. Both kinds of cells are living. Nonliving suberized cells form the outer covering. No cortex is 
present. (From Nelson and Wilhelm, 1957. Hilgardia 26 (15), 631-642. © 1957 Regents, University of California.) 



FIGURE 15.12 

Storied cork of Cordyline terminalis in cross section. 
(From Esau, 1977; slide courtesy of Vernon I. Cheadle.) 


and Sterner, 1989). Wound healing is a developmen¬ 
tal process requiring synthesis of DNA and proteins 
(Borchert and McChesney, 1973). Dramatic ultrastruc- 
tural changes evident in cells bordering the injured cell 
layer (Barckhausen, 1978) collectively indicate height¬ 
ened transcriptional, translational, and secretory activi¬ 
ties. The sequence of events that occur during wound 
healing in the stems of gymnosperms (Mullick and 
Jensen, 1976; Oven et al., 1999) and woody angiosperms 
(Biggs and Stobbs, 1986; Trockenbrodt, 1994; Hawkins 
and Boudet, 1996; Woodward and Pocock, 1996; Oven 
et al., 1999) is similar to that exhibited by a wounded 
potato tuber, probably the most extensively studied 
object in this regard (Thomson et al., 1995; Schreiber 
et al., 2005). 

Formation of the wound, or necrophylactic, periderm 
is preceded by a sealing of the newly exposed surface 
by an impervious layer of cells commonly referred to as 
the boundary layer. The boundary layer is derived 
from cells present at the time of wounding. It develops 
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immediately below the dead (necrosed) cells on the 
surface of the wound (Fig. 15.13). The first apparent 
response (within 15 minutes) to wounding in the potato 
tuber is the deposition of callose at the sites of plasmo- 
desmata on the boundary-cell side of the walls border¬ 
ing necrosed cells (Thomson et al., 1995). This wound 
callose thus seals the symplastic connections at this 
interface. 

Lignification precedes suberization of the boundary¬ 
cell walls. The middle lamellas and primary walls of the 
boundary-layer cells first become lignified. Lignification 
is followed by suberization of the walls, that is, by the 
formation of a suberin lamella along all inner surfaces 
of the previously lignified walls. The ligno-suberized 
boundary layer provides an impervious barrier to mois¬ 
ture loss and microbial invasion of the living tissue 
below and helps to maintain conditions favorable to the 
formation of the wound periderm. Why does lignifica¬ 
tion precede suberization in wound healing? Evidence 
on the role of phenolic compounds in disease resistance 
indicates a close correlation between the deposition of 
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FIGURE 15.13 

Wound periderm formation in root of sweet potato 
([Ipomoea batatas'). A, broken end of wound covered 
with dead cells. B, a wound periderm has developed 
beneath the dead surface and has become connected 
(right) with the natural periderm. (Both, same magnifi¬ 
cation. From Morris and Mann, 1955. Hilgardia 24 (7), 
143-183. © 1955 Regents, University of California.) 


lignin and lignin-related compounds in cell walls and 
resistance to infection by fungal and bacterial plant 
pathogens (Nicholson and Hammerschmidt, 1992). This 
resistance was attributed mainly to the presumed toxic¬ 
ity of lignin-related precursors to pathogens as well as 
the barrier effect resulting from lignification of cell 
walls. 

Periclinal divisions in cells beneath the boundary 
layer mark the initiation of a wound phellogen. Newly 
formed cork cells can be distinguished from boundary 
cells by their radial alignment within the develop¬ 
ing wound periderm. Lignification-suberization of the 
wound cork cells follow the same sequence as that 
exhibited by the boundary-layer cells. 

Successful development of wound periderm is impor¬ 
tant in horticultural practice when plant parts used 
in propagation must be cut (e.g., potato tubers, sweet 
potato roots). Experiments in which wound-healing 
phenomena in sliced potato tubers were retarded by 
chemical treatment showed the importance of wound 
periderm in protection from infection by decay organ¬ 
isms (Audia et al., 1962). Environmental conditions 
markedly influence the development of wound peri¬ 
derm (Doster and Bostock, 1988; Bostock and Stermer, 
1989). The ability to develop wound periderm in 
response to invasion by parasites may distinguish resis¬ 
tant from susceptible plants. 

Plant taxa vary with regard to the anatomical aspects 
of wound healing, as they do in details of natural devel¬ 
opment of the protective tissue (El Hadidi, 1969; Swamy 
and Sivaramakrishna, 1972; Barckhausen, 1978). In 
general, monocots are less responsive to wounding than 
the eudicots. In eudicots and certain monocots (Liliales, 
Araceae, Pandanaceae) healing includes formation of 
both boundary layer and wound periderm. In other 
monocots no wound periderm is detectable. Among 
these, the Zingiberales produce a slightly suberized 
boundary layer, whereas the Arecaceae and the Poaceae 
form a lignified boundary layer. 


ILENTICELS 

A lenticel may be defined as a limited part of the peri¬ 
derm in which the phellogen is more active than else¬ 
where and produces a tissue that, in contrast to the 
phellem, has numerous intercellular spaces. The lenticel 
phellogen itself also has intercellular spaces. Because of 
this relatively open arrangement of cells, the lenticels 
are regarded as structures permitting the entry of air 
though the periderm (Groh et al., 2002). 

Lenticels are usual components of periderm of stems 
and roots. Exceptions are found among stems with a 
regular formation of periderms around the entire cir¬ 
cumference and that shed their outer layers of bark 
annually (species of Vi Us, Lonicera, Tecoma, Clematis, 
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Rubus, and some others, mostly vines). Lenticels (“cork 
warts”) occur on the surfaces of leaves of certain taxa 
(Roth, 1992, 1995). The small dots on the surface of 
apples, pears, and plums are examples of lenticels on 
fruits. 

Outwardly a lenticel often appears as a vertically or 
horizontally elongated mass of loose cells that protrudes 
above the surface through a fissure in the periderm (Fig. 
15.IOC). Lenticels vary in size from structures barely 
visible without magnification to those 1 cm and more in 
length. They occur singly or in rows. Vertical rows of 
lenticels frequently occur opposite the wide vascular 
rays, but in general, there is no constant positional rela¬ 
tion between lenticels and rays. 

The phellogen of a lenticel is continuous with that of 
the corky periderm but usually bends inward so that it 
appears more deeply situated (Fig. 15.14). The loose 
tissue formed by the lenticel phellogen toward the 
outside is the complementary, or filling, tissue (Wutz, 
1955); the tissue formed toward the inside is the 
phelloderm. 

The degree of difference between the filling tissue 
and the neighboring phellem varies in different species. 
In the gymnosperms the filling tissue is composed of 
the same types of cells as the phellem. The main differ¬ 
ence between the two is that the tissue of the lenticel 


has intercellular spaces. Lenticel cells may also have 
thinner walls and be radially elongated instead of radi¬ 
ally flattened like the phellem cells of so many species. 
In lenticels of the potato tuber, scanning electron 
microscopy has revealed waxy outgrowths on the cell 
walls facing the intercellular spaces (Hayward, 1974). 
This wax may serve in the regulation of water loss from 
the tuber and in deterring the entry of water, and pos¬ 
sible pathogens, through the lenticels. 

Three Structural Types of Lenticels Are Recognized in 
Woody Angiosperms 

The first and simplest type of lenticel in woody angio¬ 
sperms is exemplified by species of Liriodendron, Mag¬ 
nolia, Mains, Persea (Fig. 15.14A, B), Populus, Pyrus, 
and Salix, and has a filling tissue composed of suberized 
cells. This tissue, though having intercellular spaces, 
may be more or less compact and may show annual 
growth layers, with thinner-walled looser tissue appear¬ 
ing earlier, and thicker-walled more compact tissue 
later. 

Lenticels of the second type, as found in species of 
Fraxinus, Quercus, Sambucus (Fig. 15.14C), and Tilia, 
consist mainly of a mass of more or less loosely struc¬ 
tured nonsuberized filling tissue. At the end of the 


filling tissue 



FIGURE IS.14 


Lenticels in transverse sections of stems. A, B, avocado ( Persea americana ). Young lenticel in A, older in B. No 
closing layers present. C, elderberry ( Sambucus canadensis'). Lenticel with compact layer of suberized cells interior 
to loosely structured nonsuberized filling tissue. D, beech ( Fagus grandifolia). Lenticel with closing layers. (A, B, 
D, from Esau, 1977.) 
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season the filling tissue is succeeded by a more compact 
layer of suberized cells. 

The third type, illustrated by lenticels of species 
of Betula, Fagus (Fig. 15.14D), Primus , and Robinia, 
shows the highest degree of specialization. The filling 
tissue is layered because loose nonsuberized tissue regu¬ 
larly alternates with compact suberized tissue. The 
compact tissue forms the closing layers, each one to 
several cells in depth, that hold together the loose tissue, 
usually in layers several cells deep. Several strata of each 
kind of tissue may be produced yearly. The closing 
layers are successively broken by the new growth. 

In Norway spruce (Picea abies ), a conifer, the lenti- 
cel phellogen generally produces a single new closing 
layer each year (Rosner and Kartush, 2003). The produc¬ 
tion of new filling tissue, which begins in spring, even¬ 
tually disrupts the closing layer formed during the 
previous growing season. Differentiation of a new 
closing layer occurs in late summer. Thus the lenticels 
are most permeable between the time of rupture of the 
previously formed closing layer and that of differentia¬ 
tion of the new one. That period corresponds with the 
most active period of wood production in Norway 
spruce (Rosner and Kartush, 2003). 

The First Lenticels Frequently Appear under Stomata 

In periderms initiated in the subepidermal layer, the 
first lenticels usually arise beneath stomata. They may 
appear before the stem ceases its primary growth and 
before the periderm is initiated (Fig. 15.14A), or lenticels 
may arise simultaneously at the termination of primary 
growth. The parenchyma cells about the substomatal 
chamber divide in various planes, chlorophyll disap¬ 
pears, and a colorless loose tissue is formed. The divi¬ 
sions successively occur deeper and deeper in the 
cortical parenchyma and become oriented periclinally. 
Thus a periclinally dividing meristem, the lenticel phel¬ 
logen, is established. As the filling tissue increases in 
amount, it ruptures the epidermis and protrudes above 
the surface. The exposed cells die and weather away but 
are replaced by others developing from the phellogen. 
By divisions producing cells toward the interior, the 
phellogen beneath the lenticel forms some phelloderm, 
usually more than under the cork. 

Lenticels are maintained in the periderm as long as 
the periderm continues to grow, and new ones arise 
from time to time by change in the activity of the phel¬ 
logen from formation of phellem to that of lenticel 
tissue. The deeper periderms also have lenticels. In 
barks separating in the form of scales, lenticels develop 
in the newly exposed periderm. If the bark is adherent 
and fissured, the lenticels occur at the bottom of the 
furrows. Lenticels on rough bark surfaces are not readily 
seen. The lenticels of the rhytidome are basically similar 
to those of the initial periderm, but their phellogen is 


less active, and therefore they are not as well differenti¬ 
ated. If cork tissue is massive, the lenticels are continued 
through the whole thickness of the tissue, a feature well 
illustrated by the commercial cork (Quercus suber), in 
which the lenticels are visible as brown powdery streaks 
in transverse and radial sections. Because these lenticels 
are porous, bottle corks are cut vertically from the cork 
sheet so that the cylindrical lenticels extend transversely 
through them. 
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CHAPTER SIXTEEN 


External Secretory Structures 


Secretion refers to the complex phenomena of separa¬ 
tion of substances from the protoplast or their isolation 
in parts of the protoplast. The secreted substances may 
be surplus ions that are removed in the form of salts, 
surplus assimilates that are eliminated as sugars or as 
cell wall substances, secondary products of metabolism 
that are not utilizable or only partially utilizable 
physiologically (alkaloids, tannins, essential oils, resins, 
various crystals), or substances that have a special phys¬ 
iological function after they are secreted (enzymes, 
hormones). The removal of substances that no longer 
participate in the metabolism of a cell is sometimes 
referred to as excretion. In the plant, however, no 
sharp distinction can be made between excretion and 
secretion (Schnepf, 1974). The same cell may accumu¬ 
late both nonutilizable secondary metabolites and 
primary metabolites that are utilized again. Further¬ 
more the exact role of many of the secondary metabo¬ 
lites, perhaps of most, is not known. In this book the 
term secretion is used to include both secretion in 
the strict sense and excretion. Secretion covers both 
removal of material from the cell (either to the surface 


of the plant or into internal spaces) and accumulation 
of secreted materials in some compartment of the 
cell. 

Discussions of secretion phenomena in plants usually 
emphasize activities of specialized secretory structures 
such as glandular hairs, nectaries, resin ducts, laticifers, 
and others. In reality secretory activities occur in all 
living cells as part of the normal metabolism. Secretion 
characterizes various steps in the accumulation of 
temporary deposits in vacuoles and other organelles, 
in mobilization of enzymes involved in synthesis and 
breakdown of cellular components, in interchange of 
materials between organelles, and in phenomena of 
transport between cells. The ubiquity of secretory pro¬ 
cesses in the living plant must not be lost sight of when 
the specialized secretory structures are studied. 

The visibly differentiated secretory structures occur 
in many forms. Highly differentiated secretory struc¬ 
tures consisting of many cells are referred to as glands 
(Fig. 16.1F); the simpler ones are qualified as glandular, 
such as glandular hairs, glandular epidermis, or glandu¬ 
lar cells (Fig. 16.1A-E). The distinction is vague, however, 
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FIGURE 16.1 



Secretory structures. A-C, glandular trichomes from the leaf of lavender (Lavandula vera ) with cuticle undistended 
(A) and distended (B, C) by accumulation of secretion. D, glandular trichome from leaf of cotton ( Gossypium ). E, 
glandular trichome with unicellular head from stem of Pelargonium. F, pearl gland from leaf of grapevine (Vitis 
viniferd). G, stinging hair of nettle (Urtica urens). (From Esau, 1977.) 


and a variety of secretory structures, large and small, the 
hair-like and the more elaborate ones, are often called 
glands. 

Glands vary greatly with regard to the kind of sub¬ 
stances they secrete. The substances that are secreted 
may be supplied directly or indirectly to the glands by 
the vascular tissues, as in the case of salt glands, hyda- 
thodes, and nectaries. Such substances are unmodified 
or only slightly modified by the secretory structures 
themselves. Conversely, the secreted substances may be 
synthesized by the constituent cells of the secretory 
structures, as with mucilage cells, oil glands, and the 
epithelial cells of resin ducts. Glands may be highly 
specific in their activities as is indicated by the predomi¬ 
nance of one compound or one group of compounds in 
the material exported by a given gland (Fahn, 1979a, 
1988; Kronestedt-Robards and Robards, 1991). Some 
glands secrete mainly hydrophilic (water-loving) sub¬ 
stances , others release mainly lipophilic (water-hating) 
substances. Still other glands secrete fair amounts of 
both hydrophilic and lipophilic substances; hence it is 
not always possible to classify a given gland as strictly 
hydrophilic or strictly lipophilic (Corsi and Bottega, 
1999; Werker, 2000). 


The cells involved with the process of secretion typi¬ 
cally contain dense protoplasts with abundant mito¬ 
chondria. The frequency of other cellular components 
varies according to the particular substance secreted 
(Fahn, 1988). For example, mucilage-secreting cells are 
characterized by the presence of abundant Golgi bodies, 
which are involved in mucilage production and the 
elimination of mucilage from the protoplast by exocy- 
tosis. The most common ultrastructural feature of cells 
secreting lipophilic substances is the presence of abun¬ 
dant endoplasmic reticulum, much of which is spatially 
associated with plastids containing osmiophilic mate¬ 
rial. Both the plastids and the endoplasmic reticulum 
(and possibly other cellular components) participate in 
the synthesis of lipophilic substances. The endoplasmic 
reticulum may also be involved with intracellular trans¬ 
port of the lipophilic substances from their sites of 
synthesis to the plasma membrane. 

Our understanding of the processes involved with the 
elimination of secretions from cells comes largely 
through the study of ultrastructural changes associated 
with the development of secretory cells. The met¬ 
hods of elimination of secretions from the protoplast 
can take place in various ways. One method, called 
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granulocrine secretion, is through the fusion of secre¬ 
tory vesicles with the plasma membrane or, in other 
words, by exocytosis. A second method, termed eccrine 
secretion, involves a direct passage of small molecules 
or ions through the plasma membrane. This process is 
passive if it is controlled by concentration gradients, 
active if it requires metabolic energy. Cells secreting 
hydrophilic substances, for example, those in glands 
secreting salts or carbohydrates, may be differentiated 
as transfer cells characterized by wall ingrowths that 
increase the surface of the plasma membrane (Pate and 
Gunning, 1972). Both granulocrine secretion and eccrine 
secretion are said to be of the merocrine (to separate) 
type. The secretory substances of some glands are dis¬ 
charged completely only upon degeneration or lysis of 
the secretory cells. This so-called holocrine type of 
secretion may be preceded by merocrine secretion. 

In many plants the flow of secreted substances back 
into the plant via the apoplast, or cell wall, is prevented 
by cutinization of the walls in an endodermis-like layer 
of cells located beneath the secretory cells. In secretory 
trichomes the side walls of the stalk cells typically are 
cutinized. The presence of this gasket-like apoplastic 
barrier indicates that the flow of secretory substances 
or their precursors into the secretory cells must follow 
a symplastic pathway. These cutinized cells have been 
called “barrier cells,” a descriptive name. 

The remainder of this chapter will be devoted to 
specific examples of secretory structures found on the 
surface of the plant. In the following chapter (Chapter 
17), examples of internal secretory structures (i.e., 
secretory structures embedded in various tissues) will 
be presented. 


I SALT GLANDS 

Plants growing in saline habitats have developed numer¬ 
ous adaptations to salt stress (Liittge, 1983; Batanouny, 
1993). The secretion of ions by salt glands is the best 
known mechanism for regulating the salt content of 
plant shoots. The composition of the secreted salt solu¬ 
tion depends on the composition of the root environ¬ 
ment. In addition to Na + and CP, other ions found in the 
secreted solutions of salt glands are Mg 2+ , K + , SO f 2 , 
NOj , PO, 3 ~, BP, and HC0 3 (Thomson et al., 1988). A 
sharp distinction cannot be made between salt glands 
and hydathodes, as the fluid secreted from hydathodes 
often also includes salts. Unlike hydathodes, there is no 
direct connection between the salt glands and the vas¬ 
cular bundles. Salt glands typically are found in halo¬ 
phytes (plants that grow in saline environments), and 
occur in at least 11 families of eudicotyledons and in 
one family of monocotyledons, the Poaceae (Gramineae) 
(Fahn, 1988, 2000; Batanouny, 1993). They vary in 
structure and in methods of salt release. 


Salt Bladders Secrete Ions into a Large 
Central Vacuole 

The salt glands of the Chenopodiaceae, including essen¬ 
tially all Atriplex (saltbush) species, are trichomes con¬ 
sisting of one or more stalk cells and a large terminal 
bladder cell, which at maturity contains a large 
central vacuole (Fig. 16.2). The bladder and stalk cells 
are covered externally by a cuticle and the side walls of 
the stalk cell (or the lowest stalk cell, if the stalk consists 
of more than one cell) become completely cutinized 
(Thomson and Platt-Aloia, 1979). A symplastic contin¬ 
uum exists between the bladder cells and the mesophyll 
cells of the leaves. Part of the ions carried in the 
transpiration stream are eventually delivered through 
the protoplast and plasmodesmata to the bladder cells. 
There the ions are secreted into the central vacuole. 
Eventually the bladder cell collapses, and the salt is 
deposited on the surface of the leaf (holocrine secre¬ 
tion). A considerable positive gradient of salt concentra¬ 
tion exists from the mesophyll cells to the bladder cells, 
indicating that the delivery of ions into the bladder-cell 
vacuoles is an energy consuming process (Liittge, 1971; 
Schirmer and Breckle, 1982; Batanouny, 1993). 

Other Glands Secrete Salt Directly to the Outside 

The Two-Celled Glands of the Poaceae The simplest 
anatomically of glands eliminating salt directly to the 
outside are those of the Poaceae. The most extensively 



FIGURE 16.2 

Diagram of salt-secreting trichome shown attached to 
part of leaf of Atriplex (saltbush). The long arrow indi¬ 
cates the path of movement of ions from the xylem to 
the bladder cell of the trichome. Short arrows indicate 
release of ions into the vacuole. (From Esau, 1977.) 
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studied ultrastructurally are those of Spartina, Cynodon , 
Distichlis (Thomson et al., 1988), and Sporobolus 
(Naidoo and Naidoo, 1998). Also called microhairs, the 
glands consist of only two cells, a basal cell and a cap 
cell (Fig. 16.3). A continuous cuticle covers the outer 
protruding portion of the glands and their adjoining 
epidermal cells. In contrast to other salt glands and 
secretory trichomes in general, the side walls of the 
basal cell are not cutinized. Neither cap cell nor basal 
cell contains a large central vacuole. The two most dis¬ 
tinguishing features of the cap cell are a large nucleus 
and an expanded cuticle, which separates under fluid 
pressure from the outer cap cell wall, forming a collect¬ 
ing chamber. Fine openings or pores, through which 
the salty water is eliminated, penetrate the cuticle in 
this region. The most distinctive feature of the basal cell 
is the presence of numerous and extensive invagina¬ 
tions of the plasma membrane, termed partitioning 
membranes, which extend into the basal cell from the 
wall between basal and cap cells. The partitioning mem¬ 
branes are closely associated with mitochondria. It is 
presumed that these membranes play a role in the 
overall process of secretion, and that secretion from the 
cap cell protoplast to the permeable cap cell wall and 
the collecting chamber is eccrine. Cytochemical local¬ 
ization of ATPase activity in the salt glands of Sporobolus 
indicates that uptake of ions into the basal cell and 
secretion from the cap cell are both active processes 
(Naidoo and Naidoo, 1999). Symplastic continuity, as 
indicated by the presence of plasmodesmata, occurs 
between basal cell and neighboring mesophyll and 
epidermal cells as well as between basal cell and cap 
cell (Oross et al., 1985). 

The Multicellular Glands of Eudicotyledons The salt 
glands of many eudicots are multicellular. Those of 
Tamarix aphylla (Tamaricaceae) consist of eight cells 
each, six of which are secretory and two are basal 
collecting cells (Fig. 16.4; Thomson and Liu, 1967; 
Shimony and Fahn, 1968; Bosabalidis and Thomson, 
1984). The group of secretory cells is enclosed by a 
cuticle except where the lowermost secretory cells are 
connected by plasmodesmata with the collecting cells. 
Because the uncutinized wall portions of the lowest 
secretory cells are continuous with those of the under¬ 
lying collecting cells, they are termed transfusion 
zones. Symplastic continuity exists between the sub¬ 
tending mesophyll cells and all cells of the gland. Wall 
ingrowths amplify the plasma membrane surface area 
of the secretory cells, and the portion of the cuticle on 
top of the gland contains pores through which salty 
water is exuded. 

Many similarities exist between the salt glands of the 
mangrove Avicennia and those of Tamarix. The salt 
glands of Avicennia consist of 2 to 4 collecting cells, 1 
stalk cell, and 8 to 12 secretory cells (Drennan et al., 



Model of structure-function relations in the two-celled 
salt gland of Bermuda grass (Cynodon). Plasmodesmata 
(p) occur between the basal cell (BC) and all adjoining 
cells, including the cap cell (CC). The only impermeable 
part of the gland wall occurs in the neck region of the 
basal cell, where the wall is lignified. The protoplast of 
the basal cell is characterized by the presence of numer¬ 
ous, long invaginations of the plasma membrane (pm) 
that originate near the juncture of the two gland cells. 
These partitioning membranes are closely associated 
with many mitochondria (m) and microtubules (not 
shown here). The cap cell, which is relatively unspecial¬ 
ized compared with the basal cell, contains a normal 
complement of organelles, including vacuoles (v) of 
varying size. Short arrows indicate proposed energy- 
requiring transmembrane flux of solutes from the lumina 
of the partitioning membranes to the basal cell cyto¬ 
plasm; long arrows, the pathway of passive transport to 
the partitioning membranes; long dashes, the pathway 
of diffusive flow through the gland symplast; short 
dashes, pressurized flow of salt solution from the col¬ 
lecting chamber (co) through pores in the distended 
cuticle. (From Oross et al., 1985; reproduced with the 
permission of the publisher.) 

1987). The cuticle overarches the top of the gland, 
forming a collecting chamber between the secretory 
cells and the inner surface of the cuticle, which contains 
numerous narrow pores. The side walls of the stalk cells 
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Diagram of a salt-secreting gland of Tamarix aphylla 
(tamarisk). The complex of eight cells—six of which are 
secretory and two the so-called collecting cells—is 
embedded in the epidermis and is in contact with the 
mesophyll (below). Cuticle and cutinized wall are indi¬ 
cated jointly (cuticular layer) by cross hatching. (From 
Esau, 1977; constructed from data in Thomson et al., 
1969.) 


are completely cutinized and the protoplasts adhere 
tenaciously to them. Collective evidence indicates 
that a symplastic pathway is the predominant course 
followed by salt to and through the gland complex, and 
that salty water secretion is an active process, involving 
membrane H + -ATPase where ATP hydrolysis drives ion 
transport across the plasma membrane of the secretory 
cells (Drennan et al., 1992; Dschida et al., 1992; Balsamo 
et al., 1995). 

IHVDHTHQDES 

Hydathodes are structures that discharge liquid water 
with various dissolved substances from the interior of 
the leaf to its surface, a process called guttation. The 
water of guttation is forced out of the leaves by root 
pressure. Structurally, hydathodes are modified parts of 
leaves, usually located at leaf tips or margins, especially 
at the teeth. In the usual form the hydathode consists 
of (1) the terminal tracheids of one to three vein endings, 
(2) the epithem, composed of thin-walled, chloroplast- 
deficient parenchyma cells located above or distal to the 
vein endings, (3) a sheath—a continuation of the bundle 
sheath—that extends to the epidermis, and (4) open¬ 
ings, called water pores, in the epidermis (Fig. 16.5). 
The epithem may have prominent intercellular spaces 
or it may be compactly arranged, with small intercellu¬ 
lar spaces (Brouillet et al., 1987). Some epithem cells 
are known to differentiate as transfer cells provided 
with wall ingrowths (Perrin, 1971). The sheath cells 
often contain tannin-like substances; in some plants 


cuticle 



FIGURE 16.5 

Hydathode of leaf of Saxifraga lingulata in longitudinal 
section. Tannin-containing sheath cells are stippled. 
(After Hausermann and Frey-Wyssling, 1963 ) 


their walls are suberized or have Casparian strips 
(Sperlich, 1939). The water pores are usually diminutive 
stomata that are permanently open and incapable of 
opening and closing. 

Considerable variation exists in hydathode structure 
(Perrin, 1972). In some leaves the epithem is sparse 
(e.g., in Sparganium emersum, Pedersen et al., 1977; 
and Solarium tuberosum , McCauley and Evert, 1988; 
Fig. 16.6) or lacking, as in Triticum aestivum and Oryza 
sativa (Maeda and Maeda, 1987, 1988) and in other 
Poaceae. The vein endings in the hydathodes of wheat 
and rice also lack sheaths. In some submerged freshwa¬ 
ter plants, both eudicots and monocots, the openings of 
the hydathodes are not represented by nonfunctional 
stomata (water pores) but by apical openings that 
result from the degradation of one to several water 
pores or of many ordinary epidermal cells (Pedersen 
et al., 1977). 

Typical hydathodes occur along the leaf margins, 
usually singly at the leaf tip or the tip of a tooth. In some 
species of Crassulaceae and Moraceae, and almost all 
species of Urticaceae, hydathodes are distributed over 
the entire leaf surface, not only at the margin. In some 
species of Crassulaceae a minor vein anywhere in the 
lamina may turn (mostly upward) toward the leaf surface 
and terminate in a laminar hydathode. There are 
about 300 hydathodes in a typical leaf of Crassula 
argentea (Rost, 1969). In the Urticaceae, laminar hyda¬ 
thodes are associated with minor vein junctions (Lersten 
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FIGURE 16.6 

Hydathode in the leaf of potato ( Solatium tuberosum). A, clearing of the tip of a terminal leaflet showing midvein 
(mv) and fimbrial veins (fv) converging to form a hydathode. B, transverse section through hydathode at tip of 
terminal leaflet. Giant stoma associated with hydathode is open (arrow); one guard cell is collapsed. Other details: 
e, epithem; t, tracheary element. (A, xl6l; B, X276. From McCauley and Evert, 1988. Hot. Gaz. © 1988 by The 
University of Chicago. All rights reserved.) 


and Curtis, 1991). According to Tucker and Hoefert 
(1968), the only known hydathodes that develop from 
a shoot apex are those found at the tips of Vitis vinifera 
tendrils. 

The water emanating from hydathodes may contain 
various salts, sugars, and other organic substances. 
Hydathodes of Populus deltoides leaves guttate water 
containing varying concentrations of sugar, which 
Curtis and Lersten (1974) called nectar. They considered 
that Populus has a rather unspecialized type of hyda¬ 
thode that can also act as a nectary under certain condi¬ 
tions. Guttation products may cause injury to plants 
through accumulation and concentrations or through 
interaction with pesticides (Ivanoff, 1963). 

Haberlandt (1918) distinguished between passive 
hydathodes, such as those described above, and active 
hydathodes. The so-called active hydathodes, termed 
trichome-hydathodes, are glandular trichomes that 
secrete solutions of salts and other substances (Fig. 16.7; 
Heinrich, 1973; Ponzi and Pizzolongo, 1992). 

Although hydathodes generally are associated with 
the discharge of water from the plant, those in many 
xerophytic Crassula species have been shown to func¬ 
tion in absorption of condensed fog or dew water 
(Martin and von Willert, 2000). Moreover it has been 
proposed that the hydathodes in the leaf teeth of 


Populus balsamifera function in the retrieval of solutes 
from the transpiration stream (Wilson et al., 1991). After 
a guttation event, as in the early morning, pathogenic 
bacteria suspended in the guttation fluid may be drawn 
back into the hydathode interior where they multiply 
and then invade the xylem, causing disease (Guo and 
Leach, 1989; Carlton et al., 1998; Hugouvieux et al., 
1998). Guttation from hydathodes of submerged aquatic 
plants has been implicated in the mechanism driving an 
acropetal (upward) transport of water through the plant 
(Pedersen et al., 1977). 


I NECTARIES 

Nectaries are secretory structures that release an 
aqueous fluid (nectar) with a high sugar content. Two 
main categories of nectaries can be distinguished: floral 
nectaries and extrafloral nectaries. Floral nectaries are 
directly associated with pollination. Through their 
secretion of nectar, they provide a reward to insects and 
other animals that serve as pollinators (Baker and Baker, 
1983a, b; Cruden et al., 1983; Galetto and Bernardello, 
2004; Raven et al., 2005). The floral nectaries occupy 
various locations on the flower (Fig. 16.8; Fahn, 1979a, 
1998). They are found on sepals, petals, stamens, ovaries, 
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FIGURE 16.7 


Trichome-hydathodes of the Rhinanthus minor leaf. A, 
scanning electron micrograph showing numerous tri¬ 
chome-hydathodes on lower surface of leaf. The larger, 
pointed structures are unicellular hairs. B, longitudinal 
view showing mature trichome-hydathodes, which are 
six-celled structures. Each trichome consists of four cap 
cells, a foot cell, and a basal epidermal cell. (A, X125; B, 
x635. From Ponzi and Pizzolongo, 1992.) 


or the receptacle. A general trend of migration of the 
nectary during evolution from the perianth towards the 
ovary, style and, in some cases, to the stigma has been 
deduced from comparative studies (Fahn, 1953, 1979a). 
Extrafloral nectaries are not usually associated with 
pollination. They attract insects, particularly ants, that 
prey on or exclude the plant’s herbivores (Pemberton, 
1998; Pemberton and Lee, 1996; Keeler and Kaul, 1984; 
Heil et al., 2004). In Stryphnodendron microstachyum , 
a neotropical tree, the ants also collect the spores of the 
rust fungus Pestalotia , thereby reducing the incidence 
of the pathogen’s attack on the leaves (de la Fuente 
and Marquis, 1999). Extrafloral nectaries occur on the 


vegetative plant parts, the pedicels of flowers, and the 
outer surfaces of the outer floral parts (Zimmermann, 
1932; Elias, 1983). In Australian members of the genus 
Acacia , which lack floral nectaries, the extrafloral nec¬ 
taries attract both ants and pollinators (Marginson et al., 
1985). 

In eudicotyledonous flowers the nectar may be 
secreted by the basal parts of stamens (Fig. 16.8C) or by 
a ring-like nectary below the stamens (Fig. 16.8E; Caryo- 
phyllales, Polygonales, Chenopodiales). The nectary 
may be a ring or a disc at the base of the ovary (Fig. 
16.8D, F; Theales, Ericales, Polemoniales, Solanales, 
Lamiales) or a disc between the stamens and the ovary 
(Fig. 16.8G). Several discrete glands may occur at 
the base of the stamens (Fig. 16.8L). In the Tiliales, the 
nectaries consist of multicellular glandular hairs, usually 
packed close together to form a cushion-like growth 
(Fig. 16.81). Such nectaries occur on various floral parts, 
frequently on sepals. In the perigynous Rosaceae, the 
nectary is located between the ovary and the stamens, 
lining the interior of the floral cup (Fig. 16.8J). In the 
epigynous flower of the Umbellales, the nectary occurs 
on the top of the ovary (Fig. 16.8H). In the Asteraceae, 
it is a tubular structure at the top of the ovary, encircling 
the base of the style. In most of the insect-pollinated 
genera of the Lamiales, Berberidales, and Ranunculales, 
the nectaries are modified stamens, or staminodes 
(Fig. 16.8K). The nectary on the petals of Frasera con¬ 
sists of a cup with a glandular floor and a wall provided 
with numerous hair-like sclerihed processes that plug 
the apical opening and force the bumble bee to work 
along the sides of the gland (Davies, 1952). In Euphor¬ 
bia species (Euphorbiaceae), the lobed extrafloral 
nectary (cyathial nectary') is attached to the involucre 
investing inflorescence (Fig. 16.9; Arumugasamy et al., 
1990). In some Ipomoea species (Convolvulaceae), the 
extrafloral nectaries consist of recessed chambers lined 
with secretory trichomes and connected to the surface 
only by a duct (Keeler and Kaul, 1979, 1984). These 
crypt nectaries are reminiscent of the septal nectar¬ 
ies (Fig. 16.8A, B; Rudall, 2002; Sajo et al., 2004) found 
only in the monocots. The septal nectaries have the 
structure of pockets with a glandular lining consisting 
of trichomes. They arise in parts of the ovary where the 
carpel walls are incompletely fused. If they are deeply 
embedded in the ovary, they have outlets in the form of 
canals leading to the surface of the ovary. 

The secretory tissue of a nectary may be restricted 
to the epidermis, or it may be several layers of cells 
deep. Secretory epidermal cells may resemble ordinary 
epidermal cells morphologically, be represented by tri¬ 
chomes, or be elongated like palisade cells. Most nectar¬ 
ies consist of an epidermis and specialized parenchyma. 
The tissue composing the nectary is called nectarifer¬ 
ous tissue. The epidermis of many floral nectaries 
contain stomata that are permanently open and, in that 




Nectaries. Longitudinal (A, C-L) and cross (B) sections of flowers. Septal, in Liliales, Narcissus (A) and Gladiolus 
(B); C, external, at base of stamens ( Thea , Theales); D, ring at base of ovary ( Euyra , Theales); E, ring below stamens 
( Coccoloba , Polygonales); F, disc below ovary ( Jatropha , Euphorbiales); G, disc between ovary and stamens 
(Perrottetia , Celastrales; H, disc above inferior ovary ( Mastixia , Umbellales); I, cushion of hairs at base of sepal 
( Corchorus , Tiliales); J, lining floral cup ( Primus , Rosales); K, modified stamens, staminodes ( Cinnamomum , Lau- 
rales); L, glands at bases of stamens ( Linum , Geraniales). (Adapted from Brown, 1938.) 


regard, are similar to the water pores of hydathodes. In 
nectaries such stomata are termed modified stomata 
(Davis and Gunning, 1992, 1993). The modified stomata 
provide the pathway for the release of the nectar 
secreted by the underlying nectariferous tissue to the 
surface. In the extrafloral nectaries of Sambucus nigra 
(Caprifoliaceae), the nectar is secreted into a lysigenous 
cavity and released through a rupture in the epidermis 
(Fahn, 1987). Vascular tissue occurs more or less close 
to the secretory tissue. Sometimes this is merely a vas¬ 
cular bundle of the organ on which the nectary occurs, 
but many nectaries have their own vascular bundles, 
often consisting of phloem only. Laticifers may be 
present in nectaries (Toth-Soma et al., 1995/96). 


Active secretory cells in nectaries have dense cyto¬ 
plasm and small vacuoles, which often contain tannins. 
Numerous mitochondria with well-developed cristae 
indicate that these cells respire intensively. In most nec¬ 
taries the endoplasmic reticulum is highly developed 
and may be stacked or convoluted. This endoplasmic 
reticulum reaches its maximum volume and is associ¬ 
ated with vesicles at the stage of nectar secretion. 
Numerous active Golgi bodies may also be present. 
In some nectaries (Lonicera japonica, Caprifoliaceae; 
Fahn and Rachmilevitz, 1970) vesicles derived from 
endoplasmic reticulum, rather than those released by 
Golgi bodies, are thought to be concerned with the 
secretion of sugar. The walls of the secretory cells often 
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FIGURE 16.9 

Extrafloral nectary of poinsettia ( Euphorbia pulcher- 
rimaj. A, view of pistillate flower and involucre with 
nectary. B, lobed nectary is attached to involucre invest¬ 
ing inflorescence. C, detail of secretory issue. The extra¬ 
floral nectaries of poinsettia attract pollinators. (From 
Esau, 1977.) 


have wall ingrowths indicative of transfer cells (Fahn, 
1979a, b, 2000). The secretory cells in Maxillaria coc- 
cinea (Orchidaceae) are collenchymatous (Stpiczyriska 
et al., 2004). 

The two main mechanisms cited in the literature for 
the transport of nectar from the protoplast of the secre¬ 
tory cells are granulocrine and eccrine. Holocrine secre¬ 
tion rarely is cited for nectaries but has been well 
documented for the floral nectaries of two Helleborus 
species (Vesprini et al., 1999). In these nectaries the 
nectar is released by rupture of the wall and cuticle of 
each epidermal cell. This nectar has a high sugar content, 
mainly sucrose, and also contains lipids and proteins. 

The outer surface of the nectaries is covered by a 
cuticle. In nectaries that secrete through trichomes, the 
side walls of the lower part of unicellular trichomes or 
those of the lowest cells (stalk cells) of multicellular tri¬ 
chomes are completely cutinized (Fahn, 1979a, b), as is 
characteristic of almost all secretory trichomes. The 
three floral nectaries described here demonstrate some 
of the variation in nectary structure and mode of 
secretion. 



Details of nectary of Lonicera japonica. A, B, nectar- 
secreting hairs from inner epidermis of corolla tube 
shown before secretion (A) and during secretion (B). C, 
part of cell wall with protuberances that characterize 
an actively secreting hair. The black line outlining the 
protuberances indicates the plasma membrane. The 
apparently detached protuberances are to be thought of 
as connected to the wall at levels other than that of the 
drawing. (From Esau, 1977; constructed from data in 
Fahn and Rachmilevitz, 1970.) 

The Nectaries of Lonicera japonica Exude Nectar 
from Unicellular Trichomes 

In the floral nectaries of Lonicera japonica the nectar- 
secreting cells are short unicellular hairs, or trichomes, 
located in a limited area of the inner epidermis of the 
corolla tube (Fahn and Rachmilevitz, 1970). Each of 
these hairs consists of a narrow stalk-like part and an 
upper spherical head (Fig. 16.10). The stalk protrudes 
above the neighboring ordinary epidermal cells. In addi¬ 
tion to the secretory epidermis the nectariferous tissue 
consists of subepidermal parenchyma, which abuts the 
vascular bundles of the corolla tube. Young hairs have 
a single large vacuole and a tightly fitting cuticle com¬ 
posed of thick and thin areas. In actively secreting hairs, 
the vacuole volume is reduced, small vacuoles replace 
the single large one, and the cuticle of the head is 
detached. It is presumed that expansion of the cuticle 
occurs in the thin areas and that the nectar diffuses 
through these areas. At this stage the upper part of the 
secretory cell wall bears numerous ingrowths, which 
form an extensive plasma membrane-lined labyrinth. 
Extensive stacks of endoplasmic reticulum-lined cister- 
nae apparently give rise to vesicles that fuse with the 
plasma membrane and release the nectar (granulocrine 
secretion). 
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The Nectaries of Abutilon striatum Exude Nectar 
from Multicellular Trichomes 

The floral nectaries of Abutilon striatum (Malvaceae) 
consist of multicellular trichomes located on the lower 
inner (adaxial) side of the fused sepals (Fig. 16.11; 
Findlay and Mercer, 1971). Each trichome is single-celled 
at its base, stalk, and tip but multiseriate between stalk 
and tip (Fig. 16.12A). An extensive system of vascular 
strands, in which the phloem predominates, underlies 
each nectary. Only two layers of subglandular paren¬ 
chyma cells separate the trichomes from the nearest 
sieve tubes. The nectary trichomes of Abutilon secrete 
copious amounts of sucrose, fructose, and glucose, the 
nectar emerging through transient (short-lived) pores in 
the cuticle at the trichome tips (Findlay and Mercer, 
1971; Gunning and Hughes, 1976). Inasmuch as plasmo- 
desmata interconnect all of the cells from the phloem 
to the trichome tips, it seems likely that the pre-nectar 
moves symplastically all the way, that is, from the 
phloem to the trichome tips, where it is secreted as 
nectar. During the secretory phase the trichome cells 
contain an extensive system of endoplasmic reticulum, 
dubbed “secretory reticulum” by Robards and Stark 
(1988). Robards and Stark (1988) proposed that secre¬ 
tion from the Abutilon nectaries is neither eccrine nor 
granulocrine. The presence of the secretory reticulum 
and physiological data has led them to conclude that 
pre-nectar is actively loaded into the secretory reticulum 
of all trichome cells (Fig. 16.12B). The resultant increase 
in hydrostatic pressure within the reticulum then effects 
the opening of “sphincters,” which connect the lumen 
of the reticulum to the outside of the plasma membrane. 
The forcibly expelled nectar then moves apoplastically 



FIGURE 16.11 


Nectar-secreting trichomes of Abutilon pictum. (From 
Fahn, 2000. © 2000, with permission from Elsevier.) 


under the cuticle until it reaches the transient cuticle 
pores that overlay the tip cell. The floral nectaries of 
Hibiscus rosa-sinensis exhibit close morphological, 
structural, and presumably physiological similarity to 
those of Abutilon (Sawidis et al., 1987a, b, 1989; Sawidis, 
1991). 

The Nectaries of Vicia faba Exude Nectar via Stomata 

The floral nectary of Vicia faba consists of a disc that 
encircles the base of the gynoecium and bears a promi¬ 
nent projection on the free-stamen side of the flower 
(Fig. 16.13A; Davis et al., 1988). (In many legumes, 
including Vicia , 9 of the 10 stamens are united in one 
bundle and the tenth stamen is solitary, or free. In papili- 
noid legumes, floral nectaries occur most frequently as 
a disc, although considerable variation exists in their 
morphology; Waddle and Lersten, 1973) Whereas 
several large, modified stomata occur at the tip of the 
projection (Fig. 16.13B), stomata are absent elsewhere 
on the projection and on the disc. Epidermal cells of the 
projection possess wall ingrowths along their outer 
walls. The disc consists of 9 or 10 subepidermal layers 
of relatively small and closely packed nectariferous 
(parenchyma) cells. Wall ingrowths develop next to 
intercellular spaces at the base of the projection and in 
cells of the projection itself, where the intercellular 
spaces are larger and the wall ingrowths more abundant 
than in the disc. The nectary is vascularized exclusively 
by phloem, which originates from the vascular bundles 
destined for the stamens. Some sieve tubes end in the 
disc, but most of the phloem enters the projection, 
forming a central strand (Fig. 16.14) that extends to 
within 12 cells below the projection tip. The sieve-tube 
elements are accompanied by large, densely staining 
companion cells with wall ingrowths. Although the 
Golgi apparatus is not particularly well developed in 
the epidermal and nectariferous cells of the projection, 
the endoplasmic reticulum cisternae are quite promi¬ 
nent and often in close association with the plasma 
membrane of these cells. These ultrastructural features 
favor the existence of a granulocrine secretion mecha¬ 
nism. This stands in contrast with the condition in the 
foliar nectary of Trifolium pratense, another legume, in 
which proliferation of the endoplasmic reticulum appar¬ 
ently does not occur. Accordingly, Eriksson (1977) con¬ 
cluded that an eccrine secretory mechanism is operative 
in the Trifolium nectary. Razem and Davis (1999) arrived 
at a similar conclusion for the floral nectary of Pisum 
sativum. Only sucrose was found in the floral nectar of 
Vicia faba (Davis et al., 1988). 

The Most Common Sugars in Nectar Are Sucrose, 
Glucose, and Fructose 

Based on the quantitative relationships between sucrose 
and glucose/fructose, three nectar types can be 
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FIGURE 16.12 

Model of structure-function relations in the nectar-secreting trichome of Abutilon striatum. A, it has been proposed 
that pre-nectar moves into the symplast of the trichome via the numerous plasmodesmata in the transverse wall of 
the stalk cell, whose lateral walls are cutinized and hence impermeable. B, in each of the trichome cells some pre¬ 
nectar is loaded from the cytoplasm into the secretory reticulum. At this stage a filtration effect takes place, defining 
the chemical composition of the secreted product. The sucrose is partially hydrolyzed to glucose and fructose. 
Whether this takes place at the membrane or within the cisternal cavity has not been determined. As loading into 
the secretory reticulum continues, a hydrostatic pressure builds up until a minute pulse of nectar is forced into the 
freely permeable cell wall (apoplast) between the plasma membrane and cuticle. The continuing buildup of pressure 
within this compartment ultimately reaches the level where the pores open in the cuticle over the tip cell and a 
pulse of nectar is released to the exterior. (From Robards and Stark, 1988.) 


distinguished: (1) sucrose-dominant, (2) glucose-domi¬ 
nant, and (3) that with an equal ratio of sucrose to 
glucose/fructose (Fahn, 1979a, 2000). Small quantities 
of other substances such as amino acids, organic acids, 
proteins (mainly enzymes), lipids, mineral ions, phos¬ 
phates, alkaloids, phenolics, and antioxidants also may 
be present (Baker and Baker, 1983a, b; Fahn, 1979a; 
Bahadur et al., 1998). 

Nectar has its origin in the phloem as sieve-tube sap, 
which moves symplastically from the sieve tubes to the 
secretory cells. Along the way the pre-nectar may be 
modified in the nectariferous tissue by enzymic activity, 
or even after its secretion by reabsorption of nectar 


(Nicolson, 1995; Nepi et al., 1996; Koopowitz and 
Marchant, 1998; Vesprini et al., 1999). The reabsorption 
of nectar helps to minimize nectar theft by opportunists 
that do not effect pollination and to recover some of the 
energy stored in the sugars. 

A unique manner of nectar release is found in some 
neotropical, mainly Andean, genera of the Melastomata- 
ceae (Vogel, 1997). Most members of this family have no 
floral nectaries, yet many of them exude copious nectar 
from the stamen filaments. The nectar has its origin as 
sieve-tube sap that leaks from the central vascular bundle 
of the filament. It finds its way out of the filament through 
slit-like ruptures in the filament tissue. Being more or 
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FIGURE 16.13 

Scanning electron micrographs of Vicia faba floral nectary. A, base of a dissected flower, showing a nectary disk (D) 
surrounding the gynoecium (G), and giving rise to a projection (Pj) bearing several stomata (S) at its tip; part of the 
calyx (Ca) is evident. B, tip of nectary projection, showing several stomata. The guard cells (GC) surround large 
pores (asterisks). (Both, X310. From Davis et al., 1988.) 


less pure sieve-tube sap, the nectar consists predomi¬ 
nantly of sucrose. The composition of this nectar 
contrasts sharply with that of the nectar of Capsicum 
annuum (Solanaceae; Rabinowitch et al., 1993) and 
Thryptomene calycina (Myrtaceae; Beardsell et al., 
1989), which contains only fructose and glucose. Rela¬ 
tively few plants produce nectar containing no sucrose. 

A correlation exists between the type of vascular 
tissue supplying the nectaries and the sugar concentra¬ 
tion. Nectaries supplied by phloem alone secrete higher 
concentrations than those vascularized by both xylem 
and phloem or primarily by xylem. In flowers of several 
species of Brassicaceae, including Arabidopsis thali- 
ana, with two pairs of nectaries (Fig. 16.15; lateral and 
median), the lateral nectaries were found to produce on 
average 95% of the total nectar carbohydrate (Davis et 
al., 1998). The lateral nectaries are supplied with an 
abundance of phloem (Fig. 16.16), whereas the median 
nectaries receive a comparatively small number of sieve 
tubes. The gene CRABS CLAW (CRC) has been shown 
to be required for the initiation of nectary development 
in Arabidopsis thaliana; crc flowers lack nectaries 
(Bowman and Smyth, 1999). However, whereas CRABS 
CLAW is essential for nectary formation, its ectopic 
expression is not sufficient to induce ectopic nectary 


formation (Baum et al., 2001). Multiple factors have 
been shown to act in restricting the nectaries to the 
flower in Arabidopsis , surprisingly, among them the 
LEAFY and UNUSUAL FLORAL ORGANS genes (Baum 
et al., 2001). 

The composition of the nectar secreted may differ 
between male and female flowers of the same plant and 
even between nectaries of the same flower. Moreover 
the sugar composition can change considerably during 
the period of nectar secretion, as demonstrated for the 
floral nectaries of Strelitzia reginae (Kronestedt-Robards 
et al., 1989). In the study of individual flowers of 
Brassicaceae species, nectar from the lateral nectaries 
consistently contained higher quantities of glucose than 
fructose, whereas that from the median nectaries pos¬ 
sessed higher quantities of fructose than glucose (Davis 
et al., 1998). In Cucurbita pepo the female flower pro¬ 
duces sweeter nectar with a lower protein content than 
the male flower (Nepi et al., 1996). 

In many plants the pre-nectar originating in the 
phloem accumulates as starch grains in plastids of the 
nectariferous cells. Upon hydrolysis the starch serves as 
the main source of sugar at anthesis (Durkee et al., 1981; 
Zer and Fahn, 1992; Belmonte et al., 1994; Nepi et al., 
1996; Gaffal et al., 1998). 
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FIGURE 16.14 

Longitudinal section of Vida faba nectary projection 
showing central strand of sieve elements (SE) with asso¬ 
ciated companion cells (arrowheads). Parenchyma cells 
(Pa) and intercellular spaces (asterisks) surround the 
phloem strand. Other detail: E, epidermis. (X315. From 
Davis et al., 1988.) 


Structures Intermediate between Nectaries and 
Hydathodes Also Exist 

As mentioned previously, the hydathodes of Populus 
deltoides leaves, which guttate water containing varying 
concentrations of sugar, were considered by Curtis and 
Lersten (1974) to act as nectaries under certain condi¬ 
tions. Hydathodes intergrade both structurally and func¬ 
tionally with extrafloral nectaries in many plants (Janda, 
1937; Frey-Wyssling and Hausermann, I960; Pate and 
Gunning, 1972; Elias and Gelband, 1977; Belin-Depoux, 
1989). In the leaves of Impatiens balfourii a gradation 
occurs in the structures on the leaf teeth from nectary 
to hydathode (Elias and Gelband, 1977). The intermedi¬ 
ate structures have the elongate form and stomata of 
hydathodes and a rounded tip with raphides and cells 
characteristic of the nectaries, which led Elias and 
Gelband (1977) to postulate that the foliar nectaries of 
Impatiens evolved from hydathodes. (The reader is 
referred to Vogel’s 1998 discussion on hydathodes as the 
likely evolutionary precursors of floral nectaries.) 
Regardless of any possible evolutionary relationship 
between hydathodes and nectaries, the principal source 



FIGURE 16.15 


Stylized floral diagram of Brassica rapa and B. napus, 
showing location of lateral and median nectaries. (After 
Davis et al., 1996, by permission of Oxford University 
Press.) 


of secreted solutes in hydathodes is the transpiration 
stream, and the ultimate vascular tissue in them is 
xylem. In nectaries the principal source of the sugars 
is the assimilate stream, and in many nectaries the 
ultimate vascular tissue is phloem only. 


ICOLLETERS 

Colleters—the term is derived from the Greek colla, 
glue, referring to the sticky secretions from these struc¬ 
tures—are common on bud scales and young leaves 
(Thomas, 1991). The fluid they produce is mucilaginous 
or resinous in nature and insoluble in water. Colleters 
develop on young foliar organs, and their sticky secre¬ 
tion permeates and covers the entire bud. When the bud 
opens and the leaves expand, the colleters commonly 
dry up and fall off. The probable function of colleters is 
to provide a protective coating for the dormant buds and 
to protect the developing meristem and young, differ¬ 
entiating leaves or their stipules. 

Colleters are not trichomes. They are emergences 
formed from both epidermal and subepidermal tissues. 
Based on their morphology, several types of colleters 
can be recognized. The most common type, designated 
the standard type by Lersten (1974a, b) in his study of 
the colleters in the Rubiaceae, consists of a multiseriate 
axis of elongate cells ensheathed by a palisade-like epi¬ 
dermis (the secretory epithelial layer) whose cells are 
closely appressed to each other and covered with a thin 
cuticle (Fig. 16.17A). Standard type colleters of the 
Apocynaceae are differentiated into a long head and a 
short stalk, which is devoid of secretory cells. In Alla- 
manda the stalk is green and photosynthetic, whereas 
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Lateral floral nectary of Brassica napus. A, scanning electron micrograph of lateral nectary showing numerous open 
stomata on surface of the nectary. Note the slight depression in the middle of the nectary. B, longitudinal section 
showing that the phloem strands (Ph) penetrate the gland interior. The arrowhead points to the depression at the 
surface of the nectary. C, oblique section through one of the nectary lobes showing sieve-tube elements (ST) and 
densely staining companion cells (CC). Note open stoma (arrowhead) on the nectary surface. (A, X200; B, xllO; 
C, X113. From Davis et al., 1986.) 


the head is pale, yellowish and glandular in nature 
(Ramayya and Bahadur, 1968). Additional colleter types 
recognized by Lersten (1974a, b) in the Rubiaceae on 
the basis of their morphology are the reduced stan¬ 
dard colleter, with epidermal cells that are quite short 
(Fig. 16.17B); the dendroid colleter, consisting of a fila¬ 
mentous stalk from which radiate many elongated epi¬ 
dermal cells (Fig. 16.17C); and the brushlike colleter, 
lacking an elongate axis but with elongate epidermal 
cells (Fig. 16.17D). Other morphological types of colleter 
have been recognized in the Rubiaceae (Robbrecht, 
1987) and in other taxa. In some species of Piriqueta 
(Turneraceae) a morphological transition is apparent 


between the colleters and extrafloral nectaries of the 
leaves (Gonzalez, 1998). However, none of these 
colleters are vascularized, nor do they secrete a con¬ 
spicuous sugary secretion. Different types of crystals 
commonly occur in colleters, and they are of taxonomic 
significance. 

The secretory cells of colleters contain abundant 
mitochondria and Golgi bodies and an extensive system 
of endoplasmic reticulum (both rough and smooth) 
(Klein et al., 2004). Undoubtedly, the mechanism 
involved in the release of the secretory material is granu- 
locrine. Typically the secretory material accumulates 
beneath the cuticle, which eventually ruptures, although 
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FIGURE 16.17 

Different types of colleters. A, the most common stan¬ 
dard type. B, the reduced standard. C, the dendroid. D, 
the brushlike. (From Lersten, 1974a. © Blackwell 
Publishing.) 

there are other modes of exudation from colleters 
(Thomas, 1991). 

An interesting symbiotic relationship exists between 
bacteria and the leaves of certain species of the Rubia- 
ceae and Myrsinaceae (Lersten and Horner, 1976; 
Lersten, 1977). This relationship manifests itself in the 
form of bacterial leaf nodules. The bacteria live in 
the mucilaginous fluid secreted by colleters. Some of the 
bacteria-laden mucilage enters the substomatal cham¬ 
bers of young developing leaves and nodule develop¬ 
ment is initiated. Additional bacteria-laden mucilage 
becomes trapped in the ovules of developing flowers, 
and the bacteria become incorporated into the seed. 
The bacteria thus are carried internally from one genera¬ 
tion to the next. 


10SM0PH0RES 

The fragrance of flowers is commonly produced by 
volatile substances—mainly terpenoids and aromatic 
compounds—distributed throughout the epidermis of 
perianth parts (Weichel, 1956; Vainstein et al., 2001). In 
some plants, however, the fragrance originates in special 
glands known as osmophores, a term derived from the 
Greek words osmo, odor, and pherein, to bear. The term 
was first used by Arcangeli in 1883 (as cited in Vogel, 
1990) for the fragrant spadix of certain members of the 
Araceae. The fragrances are attractive to the flowers’ 
pollinators. Some bees (male euglossine bees) presum¬ 
ably use the fragrance produced by osmophores of the 
subtribe Stanhopeinae (Orchidaceae) as a precursor for 
a sex pheromone (Dressier, 1982). 



Flowers tested by neutral-red staining for location of 
osmophores (stippled)—flower parts containing secre¬ 
tory tissue responsible for emission of fragrance. A, 
Spartium junceum ; B, Platanthera bifoiia: C, Narcis¬ 
sus jonquilla\ D, Lupinus Cruckshanksii; E, Dendro- 
bium minax. (After Vogel, 1962.) 


Examples of osmophores are found in Asclepiada- 
ceae, Aristolochiaceae, Calycanthaceae, Saxifragaceae, 
Solanaceae, Araceae, Burmanniaceae, Iridaceae, and 
Orchidaceae. Various floral parts may be differentiated 
as osmophores, and they may assume the form of flaps, 
cilia, or brushes. The extension of the spadix, called 
the appendix, of the Araceae (Weryszko-Chmielewska 
and Stpiczynska, 1995; Skubatz et al., 1996) and the 
insect-attracting tissue in the flowers of Orchidaceae 
(Pridgeon and Stern, 1983, 1985; Curry et al., 1991; 
Stpiczynska, 1993) are osmophores. Osmophores may 
be identified by staining them with neutral red in whole 
flowers submerged in a solution of the dye (Fig. 16.18; 
Stern et al., 1986). 

Osmophores consist of glandular tissue usually 
several cell layers in depth (Fig. 16.19). The outer layer 
is formed by the epidermis, which is covered by a very 
thin cuticle. Two to five subepidermal layers may differ 
considerably in density from the subjacent ground tissue 
or intergrade imperceptibly with it (Curry et al., 1991). 
The glandular tissue may be compact or it may be per¬ 
meated by intercellular spaces. In Ceropegia elegans 
(Asclepiadaceae) the lower glandular layers are vascular¬ 
ized with vein endings consisting of phloem only, a 
condition found in other osmophores, according to 
Vogel (1990). Vogel (1990) has suggested that in Cerope¬ 
gia the epidermal layer of the osmophore has the task 
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Sections through secretory tissue of osmophores of a Ceropegia stapeliaeformis flower. A, at beginning of secretory 
activity, with much starch. B, after emission of fragrance: secretory cells with reduced cytoplasmic density, and starch 
depleted in tissue below epidermis. (After photographs by Vogel, 1962.) 


of accumulation and release of the fragrance substance 
and that a major part of fragrance synthesis takes place 
in the other glandular layers. Stomata occur in the 
surface of the osmophore. 

The cells of the osmophore contain numerous amy- 
loplasts and mitochondria. Endoplasmic reticulum, par¬ 
ticularly smooth-surfaced, is abundant, but Golgi bodies 
are scarce. Starch grains and lipid droplets are abundant 
in the glandular cells at the beginning of secretory activ¬ 
ity. The presence of lipid droplets in the cytosol and of 
plastoglobuli in the amyloplasts commonly are associ¬ 
ated with fragrance production (Curry et al., 1991). The 
emission of the volatile secretions is of short duration 
and is associated with a utilization of large amounts of 
storage products. At post-anthesis, the cells of the osmo¬ 
phore are extremely vacuolate (Fig. 16.19B), and few 
amyloplasts, mitochondria, and endoplasmic reticulum 
cisternae remain (Pridgeon and Stern, 1983; Stern et al., 
1987). 

Several cellular components—rough and smooth 
endoplasmic reticulum, plastids, and mitochondria— 
have been implicated in synthesis of the terpenoid 
components of the fragrances (Pridgeon and Stern, 
1983, 1985; Curry, 1987). Both granulocrine and eccrine 
secretion have been reported (Kronestedt-Robards and 
Robards, 1991). In addition, ultrastructural evidence 
indicates that in the appendix osmophore of Sauroma- 
tum guttatum (the voodoo lily) the endoplasmic reticu¬ 
lum may fuse with the plasma membrane, forming a 
channel for the release of volatiles to the exterior of the 
cell (Skubatz et al., 1996). It is believed that heat released 


by the inflorescence of members of the Araceae during 
anthesis serves to volatize the lipids (Meeuse and Raskin, 
1988; Skubatz et al., 1993; Skubatz and Kunkel, 1999). 
At least nine different chemical classes are liberated 
during the thermogenic activity in the voodoo lily 
(Skubatz et al., 1996). 

I GLANDULAR TRICHOMES SECRETING 
LIPOPHILIC SUBSTANCES 

Glandular trichomes secreting lipophilic substances 
are found in many eudicot families (e.g., Asteraceae, 
Cannabaceae, Fagaceae, Geraniaceae, Lamiaceae, Plum- 
baginaceae, Scrophulariaceae, Solanaceae, and Zygophyl- 
laceae). Among the lipophilic substances secreted by 
the trichomes are terpenoids (such as essential oils and 
resins), fats, waxes, and flavonoid aglycones. Terpenoids 
are the most commonly occurring lipophilic substances 
in such trichomes. They serve a variety of functions in 
plants, including deterring herbivores, attracting polli¬ 
nators (Duke, 1991; Lerdau et al., 1994; Pare and Tum- 
linson, 1999; Singsaas, 2000), and, because of their 
sticky condition, aiding in the dispersal of certain fruits 
(Heinrich et al., 2002). 

Probably the best-studied of glandular trichomes 
secreting lipophilic substances are those of the mint 
family, Lamiaceae. Two main types of glandular tri¬ 
chomes are found in the Lamiaceae, peltate and capitate 
(Fig. 16.20). Peltate trichomes consist of a basal cell, 
a short stalk cell, the lateral walls of which are com- 
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FIGURE 16.20 


Glandular trichomes of Leonotis leonurus (Lamiaceae). 

A, sectional view of a fully developed capitate trichome. 

B, sectional view of a mature peltate trichome, showing 
secretory material within subcuticular space. C, fresh 
leaf section, showing lateral view of capitate trichome 
(left) and top view of peltate trichome (right). (From 
Ascensao et al., 1995, by permission of Oxford Univer¬ 
sity Press.) 


pletely cutinized, and a broad head of 4 to 18 secretory 
cells arranged in a single layer in one or two concentric 
rings. The secretory product of the peltate trichome 
accumulates in a large subcuticular space formed by the 
detachment of the cuticle together with the outer layer 
of the cell wall (Danilova and Kashina, 1988; Werker 
et al., 1993; Ascensao et al., 1995; Ascensao et al., 1999; 
Gersbach, 2002). Typically it remains in this space until 
some external force ruptures the cuticle. The capitate 
trichomes consist of a basal cell, a stalk one to several 
cells long, and an ovoid or spherical head of 1 to 4 cells. 
Most species of Lamiaceae have two types of capitate 
trichome, short-stalked and long-stalked (Mattern and 
Vogel, 1994; Bosabalidis, 2002). At best, only a slight 
cuticle elevation has been observed above the head cells 
of capitate trichomes. Pores are known to occur in the 
cuticle of some (Amelunxen, 1964; Ascensao and Pais, 
1998). The head cells in at least two Nepeta species 


(N. racemosa, Bourett et al., 1994; N. cataria, Kolalite, 
1998) exhibit wall ingrowths typical of transfer cells. 
Some Lamiaceae have additional types of glandular tri¬ 
chomes. Plectranthus ornatus, for instance, has five 
morphological types (Ascensao et al., 1999). In Plec¬ 
tranthus ornatus (Ascensao et al., 1999) and Leonotis 
leonurus (Ascensao et al., 1997) the peltate trichomes 
secrete an oleoresin, consisting of essential oils and 
resiniferous acids, and flavonoid aglycones. In Leonotis 
the capitate trichomes secrete polysaccharides and 
proteins and small amounts of essential oils and 
flavonoids. 

Monoterpenes are frequent constituents of essential 
oils and resins. They comprise the major components of 
the essential oils of the Lamiaceae (Lawrence, 1981). 
Monoterpene biosynthesis has been specifically local¬ 
ized to the secretory cells of the glandular trichomes in 
spearmint ( Mentha spicata ) and peppermint ( Mentha 
piperita ) leaves (Gershenzon et al., 1989; McCaskill et 
al., 1992; Lange et al., 2000). In peppermint, monoter¬ 
pene accumulation is restricted to leaves 12 to 20 
days of age, the period of maximal leaf expansion 
(Gershenzon et al., 2000). During this active secretory 
state numerous leucoplasts sheathed by abundant 
smooth endoplasmic reticulum populate the head cells, 
an ultrastructural syndrome shared with other essential 
oil- and resin-secreting glands. In the glandular tri¬ 
chomes of peppermint, it has been demonstrated that 
the pathway of monoterpene biosynthesis originates in 
the leucoplast (Turner, G., et al., 1999, 2000). Appar¬ 
ently most of the monoterpene biosynthetic enzymes in 
peppermint are developmentally regulated at the level 
of gene expression (Lange and Croteau, 1999; McCon- 
key et al., 2000). 


IGLHNDULRR TRICHOME DEVELOPMENT 

Glandular trichomes begin to develop at the initial 
stages of leaf development. In Ocimurn basilicum 
(Lamiaceae), morphologically well-developed glandular 
trichomes, interspersed among younger trichomes, 
were clearly present on leaf primordia just 0.5 mm long 
(Werker et al., 1993). Because of their asynchronous 
initiation, glandular trichomes at different stages of 
development occur side by side (Danilova and Kashina, 
1988). Development of new trichomes continues as long 
as a portion of the protoderm remains meristematic. 
New gland production generally ceases in a given 
portion of the leaf as soon as it begins to expand. Inas¬ 
much as this occurs last at the base of the leaf, the leaf 
base is the last part to bear immature glands. The genus 
Fagonia, which belongs to the desert family Zygophyl- 
laceae, may be an exception. Glandular trichomes at 
various stages of development have been reported to 
occur side by side in young and fully expanded Fagonia 
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leaves (Fahn and Shimony, 1998). In some leaves leaf 
expansion is accompanied by a decrease in density of 
the glandular trichomes (Werker et al., 1993; Ascensao 
et al., 1997; Fahn and Shimony, 1996). Some workers 
contend that the number of gland initials is fixed at 
the time of leaf emergence (Werker and Fahn, 1981; 
Figueiredo and Pais, 1994; Ascensao et al., 1997), 
whereas others report that an increase occurs in tri- 
chorne numbers throughout leaf development (Turner, 
J. C., et al., 1980; Croteau et al., 1981; Maffei et al., 
1989). 

Development of peltate glandular trichomes is fairly 
uniform among Lamiaceae, and is exemplified here by 
the trichomes of Origanum (Fig. 16.21; Bosabalidis and 
Exarchou, 1995; Bosabalidis, 2002). It begins with a 
single protodermal cell. After elongating somewhat, the 
protodermal cell divides periclinally and asymmetri¬ 
cally twice to give rise to a basal cell, a stalk cell, and 
the initial cell of the trichome head. The latter cell then 


divides anticlinally to form the head, while the basal and 
stalk cells increase in size. Once formed, the head cells 
become involved with the synthesis and secretion of 
essential oil, which accumulates beneath the cuticle. 
During intense secretion the cuticle over the apical 
walls of the head cells becomes fully detached and a 
large dome-shaped subcuticular cavity becomes filled 
with the essential oil. When secretion is completed, the 
head cells and stalk cell degenerate. The basal cell 
retains its protoplast. 

Ascensao and Pais (1998) and Figueiredo and Pais 
(1994) distinguish three stages in the development of 
the glandular trichomes in Leonotis leonurus (Lamia¬ 
ceae) and Achillea millefolium (Asteraceae), respec¬ 
tively: presecretory, secretory, and postsecretory. The 
presecretory stage begins with the protodermal cell and 
ends when the trichome is fully formed. The events 
associated with the secretory and postsecretory stages 
are self-obvious. 



FIGURE 16.21 


Successive stages of glandular trichome development in the Origanum x intercedens leaf, as seen in transverse sec¬ 
tions of leaf. (From Bosabalidis and Exarchou, 1995. © 1995 by The University of Chicago. All rights reserved.) 





External Secretory Structures | 46S 


I THE GLRNDULRR STRUCTURES OF CRRNIVQROUS PLRNTS 

Carnivorous plants are plants that can attract and trap 
insects and then digest them and absorb the products 
of digestion (Fahn, 1979a; Joel, 1986; Juniper et al., 
1989). Several trap morphologies or mechanisms have 
evolved for the capture of prey, including pitchers 
( Nepenthes , Darlingtonia , Sarracenia), suction traps 
( Utricularia , Biovularia, Polypompholyx ), adhesive 
traps ( Pinguicula , Drosera ), and snap traps ( Dionaea , 
Aldrovanda). In addition several types of glands occur 
in carnivorous plants, most commonly alluring glands, 
mucilage glands, and digestive glands. The alluring 
glands generally are nectaries. In some plants, mucilage 
and digestive enzymes are secreted by the same type of 
gland; in Drosera , for instance, the stalked glands, or 
tentacles, secrete both mucilage and enzymes and func¬ 
tion also in absorption of the digestive products. Several 
different glandular trichomes occur on the trap of 
the bladderwort Utricularia (Fineran, 1985), including 
four-armed (quadrihds) and two-armed (bifids) tri¬ 
chomes on the inside of the trap, squat dome-shaped 
external glands on the outside, and closely arranged 
epithelial cells that line the threshold of the doorway 
(Fig. 16.22). The internal glands function in the removal 


of excess water from the trap lumen after firing of the 
trap (i.e., after the sudden sucking in of prey and a 
related increase in volume of the trap) and in solute 
transport and digestive activities. The external glands 
of the trap excrete water and those of the doorway 
secrete mucilage, which seals the door after firing. The 
mucilage may also attract prey. 

The leaves of the butterwort Pinguicula possess two 
kinds of glands, stalked glands and sessile glands. The 
stalk glands produce mucilage, which is used to capture 
prey. They consist of a large basal cell located in the 
epidermis, a long stalk cell, and a columellar cell that 
supports a head typically composed of 16 radiating 
secretory cells. The head cells are characterized by the 
presence of large mitochondria with well-developed 
cristae, a conspicuous population of Golgi bodies with 
many associated vesicles, and wall ingrowths on their 
radial walls. Whereas the outer surfaces of the secretory 
cells have at best a poorly developed cuticle, the free 
walls of the basal cell are completely cutinized. 

Most attention has been given to the sessile, diges¬ 
tive glands of Pinguicula (Heslop-Harrison and 
Heslop-Harrison, 1980, 1981; Vassilyev and Muravnik, 
1988a, b). These glands are composed of three func¬ 
tional compartments: (1) a basal reservoir cell, (2) an 




FIGURE 16.22 


The trap of bladderwort ( Utricularia ). A, diagram of external morphology of trap. The doorway (d) is on the dorsal 
side distal to the stalk (s). Several wings (w) and a rostrum (r) occur near the doorway and are believed to aid in 
tunneling prey toward the entrance. B, structure of doorway in longitudinal section (exterior of trap to the right, 
interior to the left). The door (d) consists of two layers of cells (not shown) with groups of dome-shaped glands on 
its outer surface. The door is shown ajar (clear arrow) as if trap were beginning to fire. Pavement epithelium (pe) 
consists of orderly array of closely packed glandular hairs, which form a pseudo-epidermal layer that extends from 
entrance of doorway to inner lip of threshold. The door glands and terminal cells of the pavement epithelium have 
ruptured cuticles extending out from them after the release of mucilage. The threshold is several cells thick and 
bears bifid trichomes (b) on its undersurface. (From Fineran, 1985. Reproduced with the permission of the 
publisher.) 
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intervening cell of endodermal character, and (3) a 
group of secretory head cells. The lateral walls of the 
intervening (endodermoid) cell are completely cutin- 
ized, forming “Casparian strips” to which the plasma 
membrane is tightly attached. The intervening cell con¬ 
tains abundant storage lipid and numerous mitochon¬ 
dria. At maturity the bounding cuticle on the secretory 
head cells is discontinuous. During maturation, the 
secretory head cells form a special layer, called the 
slime layer, between the plasma membrane and the cell 
wall. This layer serves for the storage of digestive 
enzymes apparently synthesized on the rough endoplas¬ 
mic reticulum of the head cells and transferred into the 
slime layer and vacuoles. During maturation the rough 
endoplasmic reticulum of the secretory cells undergoes 
a striking fourfold increase in volume. It has been sug¬ 
gested that digestive enzymes may be transferred 
directly from the endoplasmic reticulum into the vacu¬ 
oles and slime layer through continuity of the reticulum 
membranes with the tonoplast and plasma membrane 
(Vassilyev and Muravnik, 1988a). The Golgi apparatus 
also is believed to be involved with the secretion of 
enzymes in Pinguicula. The secretory cells remain 
highly active throughout the period of prey digestion 
and absorption of nutrients. After the digestion and 
absorption cycle, destructive processes characteristic 
of senescent cells are initiated in the glands (Vassilyev 
and Muravnik, 1988b). 


I STINGING HAIRS 

Stinging hairs are known to occur in four families of 
eudicots: Urticaceae, Euphorbiaceae, Loasaceae, and 
Hydrophyllaceae. Although commonly interpreted as 
trichomes, they might more correctly be considered 
emergences because they are outgrowths that involve 
both epidermal and subepidermal cell layers (Thurston, 
1974, 1976). 

The stinging hairs of XJrtica (nettle) consist of four 
morphologically distinct regions: (1) a spherical tip, (2) 
a neck, (3) a shaft that resembles a fine capillary tube, 
and (4) a bulbous base supported by a pedestal derived 
from epidermal and subepidermal cells (Fig. 16.1G; 
Thurston, 1974; Corsi and Garbari, 1990). The apical 
wall of the stinging hair is silicized and extremely fragile 
so that, when the hair is touched, the spherical tip 
breaks off at the neck, leaving a sharp edge. This edge 
readily penetrates the skin, and pressure on the unsilici- 
fied bulbous base forces liquid into the wound. 

The stinging hairs of Urtica contain histamine, ace¬ 
tylcholine, and serotonin. It is questionable, however, 
whether these substances are those responsible for irri¬ 
tation (Thurston and Lersten, 1969; Pollard and Briggs, 
1984). It has long been presumed that stinging hairs 
serve as a protection against herbivores. 
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CHAPTER SEVENTEEN 


Internal Secretory Structures 


In the previous chapter, specific examples of secretory 
structures found on the surface of the plant were 
described. This chapter is devoted to consideration of 
internal secretory structures (Fig. 17.1), beginning with 
specific types of internal secretory cells. 


I INTERNAL SECRETORV CELLS 

On the basis of the variability and location of the secre¬ 
tory tissues in the vascular plant body, Fahn (2002) has 
suggested that during the course of evolution the pro¬ 
tective secretory tissues proceeded from the leaf 
mesophyll—as occurring in some pteridophytes—in 
two directions. One direction was from the mesophyll 
to the outside, to the epidermis and its trichomes, as in 
many angiosperms; the other was to the inside, to the 
primary and secondary phloem, and in a few conifers, 
to the secondary xylern too. 

Internal secretory cells have a wide variety of con¬ 
tents: oils, resins, mucilages, gums, tannins, and crys¬ 
tals. The secretory cells often appear as specialized 
cells. They are then called idioblasts, more specifically 


secretory idioblasts. The secretory cells may be much 
enlarged, especially in length, and are then called sacs 
or tubes. The secretory cells are usually classified on 
the basis of their contents, but many secretory cells 
contain mixtures of substances, and in many the con¬ 
tents have not been identified. Nevertheless, the secre¬ 
tory cells, as well as the secretory cavities and ducts, are 
useful for diagnostic purposes in taxonomic work 
(Metcalfe and Chalk, 1950, 1979). 

Crystal-containing cells (Chapter 3) are often treated 
as secretory idioblasts (Foster, 1956; Metcalfe and Chalk, 
1979). Some do not differ from other parenchyma cells 
in the tissue, but others are considerably modified, for 
example, as the lithocysts (cystolith-containing cells) of 
Ficus eiastica leaves (Chapter 9) and mucilage-contain¬ 
ing raphide cells (Fig. 17.1B). Crystal-forming cells may 
die after the deposition of the crystal, or crystals, is 
completed. In the secondary vascular tissues a cell that 
forms crystals may become divided into smaller cells. In 
another modification the crystal is walled off by cellu¬ 
lose from the living part of the protoplast. 

Cells containing the enzyme myrosinase have 
been identified in such families as Capparidaceae, 
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Various internal secretory structures. A, oil cells in tangential section of tulip tree ( Liriodendron ) of phloem ray. B, 
idioblast containing mucilage and raphides in radial section of Hydrangea paniculata phloem. C, secretory cavity 
(oil gland) in lemon ( Citrus ) leaf (upper part of leaf to the right). D, mucilage ducts in pith of basswood ( Tilia ) stem 
in transverse section. E, tannin cells in pith of elderberry ( Sambucus ) stem in transverse section. F, schizogenous 
secretory ducts in transverse section of nonconducting phloem of Rhus typhina. (A— C, E, F, from Esau, 1977.) 


Resedaceae, and Brassicaceae, but they are mainly found 
in the Brassicaceae (Fahn, 1979; Bones and Iversen, 
1985; Rask et al., 2000). The myrosinase is located in 
the large central vacuole of idioblasts called myrosin 
cells. Myrosinase hydrolyses glucosinolates to aglucons 
that decompose to form toxic products such as isothio¬ 
cyanates (mustard gas), nitrites, and epithionitrites, 
which may play important roles in the defense of the 
plant against insects and microorganisms (Rask et al., 
2000). Only damage to the tissues can bring about this 


reaction because the enzyme and substrate occur in 
different cells, the myrosinase in the myrosin cell and 
the thioglucosides in what appear as ordinary paren¬ 
chyma cells. In Arabidopsis the myrosin cells occur in 
the phloem parenchyma, and the glucosinolate-contain- 
ing cells, called S-cells because they are highly enriched 
in sulfur, are located in the ground tissue external to 
the phloem (Fig. 17.2; Koroleva et al., 2000; Andreasson 
et al., 2001). The two cells, however, are sometimes in 
direct contact with one another (Andreasson et al., 
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2001). Myrosinase activity has also been detected in the 
guard cells of Arabidopsis (Husebye et al., 2002). 

Oil Cells Secrete Their Oils into an Oil Cavity 

Some plant families, for example, Calycanthaceae, Lau- 
raceae, Magnoliaceae, Winteraceae, and Simaroubaceae, 
have secretory cells with oily contents (Metcalfe and 
Chalk, 1979; Baas and Gregory, 1985). (The first four 
families are magnoliids.) Superficially these cells appear 
like large parenchyma cells (Fig. 17.1A), and are known 
to occur in vascular and ground tissues of stem and leaf. 


FIGURE 17.2 

Myrosin cells (m) in young rosette leaf (A, B) and pedicel 
(C, D) of Arabidopsis leaf. S-cells (s-c) are shown in C 
and D (A-C, light micrographs; D, electron micrograph). 
A, paradermal section of leaf blade showing phloem (p) 
and two long, relatively broad myrosin cells. B, parader¬ 
mal section of leaf blade showing obliquely sectioned 
vascular bundle with portion of phloem (p) and two 
adjacent myrosin cells (ml and m2). C, transverse 
section showing myrosin cells associated with the 
phloem (p) of a vascular bundle. S-cells are located 
between the phloem (p) and cells (asterisks) of the 
starch sheath; x, xylern. D, transverse section showing 
portions of two highly vacuolated S-cells bordering the 
outer surface of the phloem. Three sieve-tube elements 
(st), one of which is immature (ist), two companion 
cells (cc), and a phloem parenchyma cell (ppc) can be 
seen here. (Reprinted with permission from Andreasson 
et al., 2001. © American Society of Plant Biologists.) 

◄- 


The cell wall of mature oil cells has three distinct 
layers: an external (primary wall) layer, a suberized 
layer (suberin lamella), and an inner (tertiary wall) layer 
(Maron and Fahn, 1979; Baas and Gregory, 1985; Mariani 
et al., 1989; Bakker and Gerritsen, 1990; Bakker et al., 
1991; Platt and Thomson, 1992). After the inner wall 
layer has been deposited, an oil cavity is formed. This 
cavity is surrounded by plasma membrane and attached 
to a bell-like protrusion, called the cupule, of the inner 
wall layer (Fig. 17.3; Maron and Fahn, 1979; Bakker and 
Gerritsen, 1990; Platt and Thomson, 1992). Oil, which 
most likely is synthesized in plastids and released into 
the cytosol, is secreted into the oil cavity via the plasma 
membrane. As the oil cavity increases in size, the pro¬ 
toplast gradually becomes appressed against the inner 
wall layer. At maturity the enlarged oil cell shows com¬ 
plete degeneration of the protoplast and the oil, mixed 
with remnants of cytoplasmic components, occupies 
the entire volume of the cell (Fig. 17.4A). The suberized 
wall layer (Fig. 17.4B) seals off the oil cell, preventing 
leakage of potentially toxic substances into the sur¬ 
rounding cells. 

Avocado (Persea americana ) contains oil cells in the 
leaves, seeds, roots, and fruits (Platt and Thomson, 
1992). During fruit ripening, hydrolytic enzymes (cel- 
lulase and polygalacturonase) degrade the primary walls 
of the parenchyma cells and fruit softening occurs. The 
suberized wall of the idioblast oil cells is immune to the 
activity of these enzymes, however, and remains intact 
during ripening (Platt and Thomson, 1992). Several 
insecticidal compounds have been identified in the oil 
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FIGURE 17.3 

Schematic drawing of an oil cell in the Laurus nobilis 
(Lauraceae) leaf. Details: cu, cupule; ec, epidermal cell; 
od, oil droplet; s, suberin wall layer. (From Maron and 
Fahn, 1979- © Blackwell Publishing.) 


from the avocado fruit (Rodriguez-Saona et al., 1998; 
Rodriguez-Saona and Trumble, 1999). 

Mucilage Cells Deposit Their Mucilage between the 
Protoplast and the Cellulosic Cell Wall 

Mucilage cells occur in a large number of “dicotyledon¬ 
ous” families (magnoliids and eudicots), including the 
Annonaceae, Cactaceae, Lauraceae, Magnoliaceae, 
Malvaceae, and Tiliaceae (Metcalfe and Chalk, 1979; 
Gregory and Baas, 1989). They may occur in all parts of 
the plant body and usually differentiate very close to 
meristematic regions. Their cellulosic walls are usually 
thin and unlignihed. Only the Golgi bodies are involved 
in mucilage secretion, the mucilage carried in Golgi 
vesicles passing through the plasma membrane by exo- 
cytosis (Trachtenberg and Fahn, 1981). With progres¬ 
sive mucilage deposition, the lumen of the cell may 
become almost occluded with mucilage and the proto¬ 
plast confined to thread-like regions (Fig. 17.5). The 
protoplast eventually degenerates. 


FIGURE 17.4 

Electron micrographs of mature oil cell in leaf of Cinnamomum 
burmanni (Lauraceae) leaf. A, this oil cell, with an enlarged oil 
cavity (oc) and cytoplasmic remnants, is no longer enclosed by 
a plasma membrane. A cupule (arrow) and some degenerating 
organelles (darts) are evident. B, detail of cell wall showing 
suberized layer (s). Other details: iw, electron-dense inner wall 
layer; w, wall. (From Bakker et al., 1991.) 
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Schematic representation of developmental stages of 
mucilage cell in Cinnamomum burmanni. A, stage 1: 
young cell with typical cytoplasmic components and 
central vacuole (cv) devoid of deposits. B, stage 2: idio- 
blast with suberized wall layer (s). C, stage 3a: collapsed 
cell with mucilage (m) deposited against suberized 
layer. D, stage 3b: protoplast moves inward due to pro¬ 
longed mucilage deposition. The central vacuole disap¬ 
pears. E, stage 3c: nearly mature cell filled with mucilage 
surrounding degenerating cytoplasm. Other details: c, 
cytoplasm; n, nucleus; p, plastid. (Redrawn from Bakker 
et al., 1991.) 


Oil and mucilage cells in the magnoliids (Magnoliales 
and Laurales) share a number of identical features, one 
of the most important being the presence of a suberized 
layer in the cell wall (Bakker and Gerritsen, 1989, 1990; 
Bakker et al., 1991). Of these two types of secretory cell, 
the presence of a suberized layer had long been gener¬ 
ally accepted as being typical only for oil cells (Baas 
and Gregory, 1985). The eudicots, such as Hibiscus 
(Malvales), lack a suberized wall layer in their mucilage 
cells. It has been hypothesized that magnoliids bearing 
mucilage cells with suberized walls inherited the ability 
to deposit a suberized wall layer from magnoliids with 
the originally occurring oil cells. The presence of a 
suberized layer in the mucilage cells today is regarded 
an ancestral remnant without a function. The more 
advanced eudicots apparently lost the ability to deposit 
a suberized layer in their mucilage cells (Bakker and 
Baas, 1993). 

Mucilage-containing cells often include raphide 
crystals. In these mucilage-crystal idioblasts both the 
crystals and the mucilage occur in the large central 
vacuole of the cell (Fig. 17.1B). The crystals are formed 
first, then the mucilage accumulates around them 
(Kausch and Horner, 1983, 1984; Wang et al., 1994). 

A number of functions have been attributed to muci¬ 
lage cells, but virtually no experimental data are avail¬ 
able to support them (for review, see Gregory and Baas, 
1989). 

Tannin Is the Most Conspicuous Inclusion in 
Numerous Secretory Cells 

Tannin is a common secondary metabolite in paren¬ 
chyma cells (Chapter 3), but some cells contain this 
substance in great abundance. Such cells may be con¬ 
spicuously enlarged. The tannin cells often form con¬ 
nected systems and may be associated with vascular 
bundles. Tannin idioblasts occur in many families 
(Crassulaceae, Ericaceae, Fabaceae, Myrtaceae, Rosa- 
ceae, Vitaceae). Examples of tannin cells can be found 
in leaves of Sempervivum tectorum and species of 
Echeveria and of tube-like tannin cells in the pith (Fig. 
17.1E) and phloem of Sambucus stems. The tube-like 
tannin cells in Sambucus are coenocytic (multinucle- 
ate). They originate from mononucleate cells (mother 
tannin cells) in the first internode by synchronous 
mitotic divisions without cytokinesis (Fig. 17.6; Zobel, 
1985a, b). Mature tannin tubes as long as the internodes 
were found in Sambucus racemosa, the longest being 
32.8cm (Zobel, 1986b). 

The tannin compounds in the tanniniferous cells are 
oxidized to brown and reddish brown phlobaphenes, 
which are readily perceived under the microscope. The 
tannins are sequestered in the vacuoles of the cells. 
Rough endoplasmic reticulum is the most likely site for 
tannin synthesis (Parham and Kaustinen, 1977; Zobel, 


















478 | Esau’s Plant Anatomy, Third Edition 



FIGURE 17.6 

Tube-like tannin cells in Sambucus racemosa. A, the 
tube-like tannin cells originate from mono-nucleate 
tannin cells such as these shown in the first internode 
of the shoot. The nucleus is discernible in one of the 
two tannin cells shown here (arrow). B, a multinucleate 
tannin cell with prophase nuclei. The larger nucleus 
(arrow) in this cell probably resulted from fusion of two 
smaller nuclei. (A, X185; B, X170. From Zobel, 1985a, by 
permission of Oxford University press.) 

1986a; Rao, K. S., 1988). Small tannin-containing vesi¬ 
cles apparently derived from the endoplasmic reticulum 
fuse with the tonoplast and their contents, the tannins, 
are deposited in the vacuole. Cells in the ground tissue 
of the fruit of Ceratonia siliqua contain solid tannoids, 
inclusions of tannins combined with other substances. 
Tannins are probably the most important deterrents to 
herbivores feeding on angiosperms. 

ISECRETORV CAVITIES AND DUCTS 

Secretory cavities and ducts (canals) differ from secre¬ 
tory cells in that they secrete substances into intercel¬ 
lular spaces. They are glands consisting of relatively 
large intercellular spaces commonly lined by special¬ 


ized secretory (epithelial) cells. Secretory cavities are 
short secretory spaces and secretory ducts are long 
secretory spaces. In some plants ( Lysimcichia, Myrsine, 
Ardisia) resinous material is secreted by parenchyma 
cells into ordinary intercellular spaces and forms a 
granular layer along the wall. The contents of the cavi¬ 
ties and ducts may consist of terpenoids or carbohy¬ 
drates or of terpenoids together with carbohydrates and 
other substances. 

Three developmental types of secretory cavities and 
ducts have been recognized: schizogenous, lysigenous, 
and schizolysigenous. Schizogenous cavities and ducts 
form by a separation of cells, resulting in a space lined 
with secretory cells composing the epithelium. Lysige¬ 
nous cavities and ducts result from a dissolution (autoly¬ 
sis) of cells. In these cavities and ducts the secretory 
product is formed in the cells that eventually break 
down and release the product into the resultant space 
(holocrine secretion). Partly disintegrated cells occur 
along the periphery of the space. The development of 
schizolysigenous cavities and ducts initially is schizog¬ 
enous, but lysigeny occurs in later stages as the epithe¬ 
lial cells lining the space undergo autolysis, further 
enlarging the space. There is some inconsistency in use 
of the schizolysigenous category of duct development 
in those cases in which only occasional epithelial cells 
undergo autolysis after the secretory phase. Some inves¬ 
tigators consider such ducts as schizolysigenous, but 
others regard them as schizogenous. 

The Best-Known Secretory Ducts Are the Resin Ducts 
of Conifers 

The resin ducts of conifers occur in vascular tissues 
(Chapter 10) and ground tissues of all plant organs and 
are, structurally, long intercellular spaces lined with 
resin-producing epithelial cells (Werker and Fahn, 1969; 
Fahn and Benayoun, 1976; Fahn, 1979; Wu and Hu, 
1994). With one possible exception, their development 
is quite uniform: throughout the plant, in both primary 
and secondary tissues, the ducts form schizogenously. 
Only the resin ducts in the bud scales of Pinuspinaster 
have been reported to follow a schizolysigenous pattern 
of development (Charon et al,, 1986). 

Ducts similar to those of conifers occur in Anacar- 
diaceae (Fig. 17.1F and 17.7), Asteraceae, Brassicaceae, 
Fabaceae, Hypericaceae, and Simaroubaceae (Metcalfe 
and Chalk, 1979). Disagreement has existed among 
investigators over the manner of duct formation in some 
taxa. Take, for example, the resin ducts in Parthenium 
argentatum , guayule (Asteraceae). Most accounts of 
duct formation in guayule—as for members of the 
Asteraceae, in general—indicate that it is exclusively 
schizogenous (Lloyd, 1911; Artschwager, 1945; Gilliland 
et al., 1988; Lotocka and Geszprych, 2004). Joseph et 
al. (1988) report, however, that whereas ducts originat- 
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FIGURE 17.7 


Secretory ducts (d) of Rhus glabra (Anacardiaceae) in 
radial (A) and tangential (B) sections. (Both, X120. From 
Fahn and Evert, 1974.) 

ing in the vascular cambium of guayule are initiated and 
develop schizogenously, those in primary tissue develop 
schizolysigenously. 

Development of the secretory ducts in Anacardiaceae 
apparently vary among plant parts and from species to 
species. In Lannea coromandelica, for instance, devel¬ 
opment of the ducts in the primary phloem of the stem 
reportedly is schizogenous, whereas that of their coun¬ 
terparts in the secondary phloem and phelloderm is 
lysigenous (Venkaiah and Shah, 1984; Venkaiah, 1992). 
Schizogenous development has been reported for the 
gum-resin ducts in the secondary phloem of Rhus 
glabra (Fahn and Evert, 1974) and schizolysigenous for 
those in the primary phloem of Anacardium occiden- 
tale (Nair et al., 1983) and Semecarpus anacardium 
(Bhatt and Ram, 1992). According to Joel and Fahn 
(1980), the resin ducts in the primary phloem and pith 
of Mangifera indica develop lysigenously. In their 
report, Joel and Fahn (1980) listed three main charac¬ 
teristics of lysigenous ducts that can be used to distin¬ 
guish clearly between schizogenous and lysigenous 
ducts: (1) the presence of disorganized cytoplasm in the 
duct lumen, (2) the presence of wall remnants in 
the duct lumen attached to the living epithelial cells, 
and (3) the presence of specific intercellular spaces at 
the cell corners facing the duct lumen. 

Certain tendencies apparently exist in the distribu¬ 
tion pattern of gum and gum-resin producing ducts and 


cavities in different tissues of the plant body (Babu and 
Menon, 1990). Typically, ducts formed in the pith are 
unbranched and nonanastomosing, whereas ducts and 
cavities arising in the secondary xylem and secondary 
phloem tend to branch and anastomose tangentially 
(Fig. 17.7B). 

Several organelles appear to be involved in resin 
synthesis. Those most commonly implicated are the 
plastids, which are sheathed by endoplasmic reticulum. 
Osmiophilic droplets have been observed in the stroma 
of plastids, in the plastid envelope, within the endoplas¬ 
mic reticulum near the plastids, and on both sides of the 
plasma membrane. Osmiophilic droplets also have been 
observed in the mitochondria, and in some cases even 
the nuclear envelope (Fahn and Evert, 1974; Fahn, 1979, 
1988b; Wu, H., and Hu, 1994; Castro and DeMagistris, 
1999). Most investigators favor a granulocrine method of 
resin secretion, either by exocytosis or by plasma mem¬ 
brane invaginations, which surround the resin droplets 
and detach them from the protoplast (Fahn, 1988a; Babu 
et al., 1990; Arumugasamy et al., 1993; Wu, H., and Hu, 
1994). Some eccrine elimination may also occur (Bhatt 
and Ram, 1992; Nair and Subrahmanyam, 1998). The 
Golgi complex clearly is involved with the synthesis and 
secretion of the polysaccharide gum, which is deposited 
by exocytosis as new wall layers. The gum in the duct 
lumen originates directly from the outer wall layers (Fig. 
17.8), while at the same time new wall material is added 
to the inner surface of the wall (Fahn and Evert, 1974; 
Bhatt and Shah, 1985; Bhatt, 1987; Venkaiah, 1990,1992). 
In a quantitative ultrastructural study of the epithelial 
cells of secretory ducts in the primary phloem of Rhus 
toxicodendron, Vassilyev (2000) concluded that the 
rough endoplasmic reticulum and Golgi apparatus are 
involved in glycoprotein secretion by means of exocyto¬ 
sis of large granular vesicles, and the smooth, tubular 
endoplasmic reticulum to be primarily responsible for 
terpene synthesis and intracellular transport. Peroxi¬ 
somes are proposed to be involved in the regulation of 
terpene synthesis. The plastids apparently do not partici¬ 
pate actively in the secretory process. 

Development of Secretory Cavities Appears to 
Be Schizogenous 

Secretory cavities occur in such families as Apocynaceae, 
Asclepiadaceae, Asteraceae, Euphorbiaceae, Fabaceae, 
Malvaceae, Myrtaceae, Rutaceae, and Tiliaceae (Metcalfe 
and Chalk, 1979). As with duct development, different 
opinions exist over the manner of cavity development in 
some taxa. Prime examples are the secretory cavities (oil 
glands) in Citrus, which have been reported to develop 
schizogenously by some workers, schizolysigenously by 
others, and lysigenously by still others (Thomson et al., 
1976; Fahn, 1979; Bosabalidis and Tsekos, 1982; Turner 
et al., 1998). 
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FIGURE 17.8 

Recently divided epithelial cell of mature Rhus glabra secretory duct in transverse section. Osmiophilic droplets 
(od) such as those seen in these cells are secreted into the duct lumen. Concomitantly the wall layers (w) facing the 
lumen disintegrate and form, together with the secreted osmiophilic droplets, the gum-resin. (From Fahn and Evert, 
1974.) 


The concept of lysigenous cavity development has 
been questioned by Turner and colleagues (Turner et al., 
1998; Turner, 1999). During a study of secretory cavity 
development in Citrus Union , they found that the lysig¬ 
enous appearance of these cavities is the result of fixa¬ 
tion artifacts (Turner et al., 1998). In standard aqueous 
fixatives the epithelial cells undergo rapid destructive 
swelling, causing the schizogenous secretory cavities of 
lemon to appear lysigenous. In an earlier study, Turner 
(1994) compared dry-mounted and wet-mounted cavi¬ 
ties or ducts from 10 species of seed plants (one species 
each of Cycas, Ginkgo, Sequoia, Hibiscus, Hypericum, 
Myoporum, Philodendron, Primus, and two species 
of Eucalyptus'). Whereas all dry-mounted specimens 
resembled schizogenous cavities or ducts, significant 
swelling of epithelial cells was observed in water mounts 
of seven of the species. Moreover, rapid destructive 
swelling of epithelial cells was evident in secretory cavi¬ 
ties of Myoporum. The case for lysigenous gland devel¬ 
opment, in general, merits reexamination. 

During their study of oil gland (cavity) development 
in the embryo of Eucalyptus (Myrtaceae), Carr and Carr 
(1970) found that contrary to recent literature at that 


time, development of the oil glands in Eucalyptus is 
entirely schizogenous, not schizolysigenous (Fig. 179). 
The gland arises by division of a single epidermal cell 
and becomes differentiated into epithelial and casing 
(sheath) cells. Some of the latter may be contributed by 
a subepidermal cell. The formation of the oil cavity as 
an intercellular space results from separation of the 
epithelial cells. There is no resorption of cells. Carr and 
Carr (1970) noted that the mature epithelial cells have 
very delicate cell walls and are difficult to fix, embed, 
and section without extensive damage. In well- 
preserved preparations, all of the cells, including the 
epithelial cells, of the oil gland are still present in aged 
and senescing cotyledons. During senescence all of the 
cells of the oil gland, like those of the rest of the coty¬ 
ledons, undergo degenerative changes. 

The schizogenous oil cavities in Psoralea bitumi- 
nosa and P. macrostachya (Fabaceae), which appear as 
dots on the leaves, are traversed by many elongated 
cells. Cavity development begins with anticlinal divi¬ 
sions in localized groups of protodermal cells (Turner, 
1986). These cells then elongate, those in the center 
elongating most, and form a hemispherical protuber- 
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FIGURE 17.9 

Development of epidermal oil glands in the embryo of Eucalyptus shown in longitudinal (A-C) and transverse (D, 
E) sections. A, B, two stages in division of a gland initial and its derivatives. C, after completion of divisions: secre¬ 
tory cells (stippled) are surrounded by casing cells. D, schizogenous formation of cavity between secretory cells. E, 
mature gland with secretory cells forming the epithelium around the oil cavity. (From photomicrographs in D. J. Carr 
and G. M. Carr. 1970. Australian Journal of Botany 18, 191-212, with permission of CSIRO Publishing, Melbourne, 
Australia. © CSIRO.) 


ance on the surface of the leaf (Fig. 17.10). As develop¬ 
ment proceeds, these elongated cells, or trabeculae, 
separate from each other (schizogeny) in the center of 
the protuberance but remain attached to each other top 
and bottom. During leaf expansion the protuberance 
sinks until its outer surface is flush with the surface of 
the leaf. The result is a secretory cavity lined with 
an epithelium of modified epidermal cells (Fig. 17.11). 
Another example of internal oil cavities of epidermal 
origin and composition is found in some species of 
Polygonum (Polygonaceae) (Curtis and Lersten, 1994). 

As mentioned previously, schizogenous secretory 
spaces are common in the Asteraceae, and most have 
been described as ducts or canals. Lersten and Curtis 
(1987) have cautioned that such descriptions usually 
have been based on examination of only transverse 
sections, which are generally not adequate to describe 
ducts. In Solidago canadensis the foliar secretory 
spaces begin as discrete cavities separated from one 
another only by epithelial cells. Elongation of these cavi¬ 
ties, accompanied by stretching and separation of septa, 
gives a false impression at maturity of an indefinitely 
long duct instead of a series of tubular cavities (Lersten 
and Curtis, 1989). 

Secretory Ducts and Cavities May Arise under the 
Stimulus of Injury 

Secretory ducts and cavities resulting from normal 
development may be difficult to distinguish from ducts 
and cavities arising under the stimulus of injury (wound¬ 


ing, mechanical pressure, attack by insects or microor¬ 
ganisms, physiological disturbances such as water stress, 
environmental factors). Resin, gum-resin, and gum ducts 
and cavities are frequently traumatic formations in 
the secondary phloem (Fig. 17.12) and secondary xylem 
(Fig. 11.13) of conifers and woody angiosperms. Their 
development and contents may parallel those constitut¬ 
ing normal features of these tissues (e.g., the normal and 
traumatic vertical resin ducts in Pinus ha1epensis\ Fahn 
and Zamski, 1970). In Picea abies the traumatic resin 
ducts formed in reaction to wounding and fungal infec¬ 
tion appear to play an important role in the develop¬ 
ment and maintenance of enhanced resistance to the 
pathogenic bluestain fungus Ceratocystis polonica 
(Christiansen et al., 1999). 

The traumatic gum-resin ducts in the secondary 
xylem of Ailanthus excelsa (Simaroubaceae) and the 
traumatic gum ducts in the secondary phloem of 
Moringa oleifera (Moringaceae) are initiated by 
autolysis of axial parenchyma cells (Babu et al., 1987; 
Subrahmanyam and Shah, 1988). The lumina of both 
ducts are lined by epithelial cells that eventually undergo 
autolysis and release their contents into the duct. The 
traumatic gum ducts formed in the secondary xylem of 
Sterculia urens (Sterculiaceae) also result from break¬ 
down of xylem cells but their irregular lumina are 
without any distinct epithelial cells (Setia, 1984). In 
young stems of Citrus plants infected with the brown- 
rot fungus Phytophthora citrophthora gum ducts are 
initiated schizogenously in xylem mother cells, and the 
cells lining the duct lumen differentiate into epithelial 
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cells (Gedalovich and Fahn, 1985a). At the end of the 
secretory phase the walls of many of the epithelial cells 
break, and the gum still present in the cells is released 
into the lumen. The production of ethylene by the 
infected tissue is believed to be the direct cause of the 
formation of the gum ducts (Gedalovich and Fahn, 
1985b). 

The secretion of gum as a result of injury is known 
as gummosls, and different views have been expressed 


FIGURE 17.10 

Stages in schizogenous development of trabeculate 
secretory cavities in the leaves of Psoralea macro- 
stachya. A, palisade-like protodermal cells at early stage 
of development. B, protodermal cells have elongated 
and are beginning to separate schizogenously (upper 
arrow). Below the developing trabeculae subtending 
hypodermal cells (lower arrow) have recently divided. 
C, further separation of the trabeculae (upper arrow) 
has occurred and cells of the hypodermal layer (lower 
arrow) have expanded laterally. D, mature cavity in 
transverse section showing portions of trabeculae (right 
arrow) and hypodermal sheath (left arrow). (From 
Turner, 1986.) 

- 



A mature trabeculate cavity of Psoralea macrostachya 
in a leaf clearing. (From Turner, 1986.) 


on the way the gum is produced (Gedalovich and Fahn, 
1985a; Hillis, 1987; Fahn, 1988b). Some investigators 
have attributed formation of the gum to cell-wall decom¬ 
position; others have concluded that the gum is the 
product of the secretory cells lining the duct lumen. 

Kino Veins Are a Special Type of Traumatic Duct 

Any discussion of traumatic ducts would be incomplete 
without mention of kino veins, which form frequently 
in the wood of the genus Eucalyptus in response to 
wounding or fungal infection (Fig. 17.13; Hillis, 1987). 
Kino veins also occur in the secondary phloem of some 
members of the subgenus Symphyomyrtus of Eucalyp¬ 
tus (Tippett, 1986). In both xylem and phloem the kino 
veins are initiated by lysigenous breakdown of paren¬ 
chyma bands produced by the vascular cambium. 
Although referred to as gum in times past, kino con¬ 
tains polyphenols, some of which are tannins. The 
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FIGURE 17.12 


Traumatic resin canals in secondary phloem of 
Chamaecyparis obtusa in transverse section. Forma¬ 
tion of the canals was induced by mechanical wound¬ 
ing. A, between day 7-9 after wounding, expanding 
axial parenchyma cells began to divide periclinally; 
arrows point to newly formed periclinal walls. B, 15 
days after wounding, the centrally situated cells began 
to separate schizogenously from each other (arrow¬ 
heads), forming canals. C, traumatic phloem resin canals 
45 days after wounding. (From Yamanaka, 1989.) 



FIGURE 17.13 

Mature kino veins as seen in transverse section of Euca¬ 
lyptus maculata wood. (x43. Courtesy of Jugo Ilic, 
CSIRO, Australia.) 

polyphenols accumulate in the traumatic parenchyma 
and are released into the future duct lumen when the 
parenchyma cells break down (holocrine secretion). 
The kino veins commonly form a dense, tangentially 
anastomosing network. At about the same time as the 
first kino is being released, the parenchyma cells sur¬ 
rounding the duct lumen divide repeatedly and form a 
peripheral “cambium.” Derivatives of this “cambium” 
accumulate polyphenols. They eventually break down 
also, adding to the kino already present in the duct 
lumen. In the final stage the peripheral “cambium” pro¬ 
duces several layers of suberized cells in the form of a 
typical periderm (Skene, 1965). Ethylene, either of 
microbial or host origin, may play a role in stimulating 
kino vein formation after injury (Wilkes et al., 1989). 


ILRTICIFERS 

Laticifers are cells or series of connected cells contain¬ 
ing a fluid called latex (plural, latices) and forming 
systems that permeate various tissues of the plant body. 
The word laticifer and its adjectival form laticiferous are 
derived from the word latex, meaning juice in Latin. 
Although the structures bearing latex may be single 
cells or series of fused cells, both kinds often produce 
complex systems of tube-like growth form in which 
recognition of the limits of individual cells is highly 
problematical. The term laticifer therefore appears most 
useful if applied to either a single cell or a structure 
resulting from fusion of cells. A single-celled laticifer 
can be qualified, on the basis of origin, as a simple 
laticifer, and the structure derived from union of cells 
as a compound laticifer. 
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The laticifers vary widely in their structure, as does 
latex in its composition. Latex may be present in ordi¬ 
nary parenchyma cells—in the pericarp of Decaisnea 
insignis (Hu and Tien, 1973), in the leaf of Solidago 
(Bonner and Galston, 1947)—or it may be formed in 
branching ( Euphorbia ) or anastomosing ( Hevea ) 
systems of tubes. The ordinary parenchyma cells with 
latex and the elaborate laticiferous systems intergrade 
with each other through intermediate types of struc¬ 
tures of various degrees of morphologic specialization. 
Idioblastic laticifers ( 'Jatropha , Dehgan and Craig, 1978) 
also intergrade with certain idioblasts that contain 
tannins, mucilages, proteinaceous and other compounds. 
The situation is further complicated by the occurrence 
of tanniniferous tubes (Myristicaceae, Fujii, 1988) and 
of schizogenous (Kisser, 1958) and lysigenous ( Mammil- 
laria , Wittier and Mauseth, 1984a, b) canals containing 
latex. Thus laticifers cannot be delimited precisely. 

Latex-containing plants have been estimated to 
include some 12,500 species in 900 genera. The plants 
concerned include more than 22 families, mostly of 
eudicots but a few of monocots (Metcalfe, 1983). Latici¬ 


fers also occur in the gymnosperm Gnetum (Behnke 
and Herrmann, 1978; Carlquist, 1996; Tomlinson, 2003; 
Tomlinson and Fisher, 2005) and the fern Regnellidium 
(Labouriau, 1952). The plants containing latex range 
from small herbaceous annuals such as the spurges 
(Euphorbia ) to large trees like the rubber-yielding 
Hevea. They occur in all parts of the World, but arbo¬ 
rescent types are most common in the tropical floras. 

On the Basis of Their Structure, Laticifers Are 
Grouped in Two Major Classes: Articulated 
and Nonarticulated 

Articulated laticifers (i.e., jointed laticifers) are com¬ 
pound in origin and consist of longitudinal chains of 
cells in which the walls separating the individual cells 
either remain intact, become perforated, or are com¬ 
pletely removed (Fig. 17.14). The perforation or resorp¬ 
tion of the end walls gives rise to laticifers that are 
tube-like in form and resemble xylem vessels in origin. 
Articulated laticifers may arise in both primary and sec¬ 
ondary bodies of the plant. The nonarticulated latici- 
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FIGURE 17.14 


Articulated anastomosing laticifers in Lactuca scariola. A, transverse section of stem. Laticifers are outside the 
phloem. B, C, longitudinal views of laticifers in partly macerated tissue (B) and section (C) of stem. Perforations can 
be seen in the walls of the laticifer in B. (C, from Esau, 1977.) 
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fers originate from single cells that through continued 
growth develop into tube-like structures, often much 
branched, but typically they undergo no fusions with 
other similar cells (Fig. 17.15). They are simple in origin, 
and typically arise in the primary plant body. 

Both articulated and nonarticulated laticifers vary in 
degree of complexity of their structure. Some of the 
articulated laticifers consist of long, cell chains or com¬ 
pound tubes not connected with each other laterally; 
others form lateral anastomoses with similar cell chains 
or tubes, all united into a netlike structure or reticulum. 


The two forms of laticifers are called articulated non¬ 
anastomosing laticifers and articulated anastomos¬ 
ing laticifers, respectively. 

The nonarticulated laticifers also vary in degree of 
complexity in their structure. Some develop into long, 
more or less straight tubes, whereas others branch 
repeatedly, each cell thus forming an immense system 
of tubes. The appropriate names for these two forms of 
laticifers are nonarticulated unbranched laticifers 
and nonarticulated branched laticifers, respectively. 
The latter include the longest of plant cells. 



FIGURE 17.15 

Nonarticulated branched laticifers of Euphorbia sp. A, embryo. Rectangle indicates a locus of origin of laticifers. B, 
section through laticifers showing multinucleate condition. C, laticifers branching within spongy parenchyma as seen 
in a paradermal section of a leaf. (From Esau, 1977; slide for A, B, courtesy of K. C. Baker.) 
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The list of various types of laticifers given in Table 
17.1 shows that the type of laticiferous element is not 
constant in a given family. In the Euphorbiaceae, for 
example, Euphorbia has nonarticulated laticifers, 
whereas Hevea has articulated laticifers. The leaves of 
most Jatropha species (also Euphorbiaceae) contain 
both nonarticulated and articulated laticifers, in addi¬ 
tion to idioblastic laticiferous cells that intergrade with 
the laticifers (Dehgan and Craig, 1978). In Hevea, 
Manihot, and Cnictoscolus, the articulated laticifers in 
the leaves form branches that undergo intrusive growth 
and ramify throughout the mesophyll (Rudall, 1987). 
These branches lack septa and are virtually impossible 
to distinguish from the nonarticulated laticifers in 
Euphorbia. Similar ramifying branches also occur in 
the pith and cortex of the stems. 

Systematic comparative studies of laticifers are scarce, 
and the possible phylogenetic significance of the varia¬ 
tions in the degree of their specialization has not yet 
been revealed. A systematic survey of the occurrence of 
articulated, anastomosing laticifers in leaves and inflo¬ 
rescences of 75 genera of Araceae, the largest family of 
laticiferous monocots, affirmed the significance of latici- 
fer morphology in the systematics of that family (French, 


TABLE 17.1 ■ Examples of the Various Types of 
Laticifers by Family and Genus 

Articulated anastomosing 

Asteraceae, tribe Cichorieae (Cichorium, Lactuca, Scorzonera, 
Sonchus, Taraxacum, Tragopogon) 

Campanulaceae, the Lobelioideae 
Caricaceae (Carica papaya) 

Papaveraceae (Argemone, Papaver) 

Euphorbiaceae (Hevea, Manihot) 

Araceae, the Colocasioideae 

Articulated nonanastomosing 

Convolvulaceae (Convolvulus, Dlchondra, Ipomoea) 
Papaveraceae (Chelidonium) 

Sapotaceae (Achras sapota, Manilkara zapota) 

Araceae, the Calloideae, Aroideae, Lasioideae, 

Philodendroideae 

Liliaceae (Allium) 

Musaceae (Musa) 

Nonarticulated branched 

Euphorbiaceae (Euphorbia) 

Asclepiadaceae (Asclepias, Cryptostegia) 

Apocynaceae (Nerium oleander, Allamanda violaceae) 
Moraceae (Ficus, Broussonetia, Madura, Morus) 

Cyclanthaceae (Cyclanthus bipartitus) 

Nonarticulated unbranched 

Apocynaceae (Vinca) 

Urticaceae (Urtica) 

Cannabaceae (Humulus, Cannabis) 


1988). Anastomosing laticifers are limited to the 
subfamily Colocasioideae and to Zomicarpa (Aroideae). 
Chemical, in addition to morphological, features of latic¬ 
ifers are of potential application as an aid in delimiting 
taxa and interpreting evolutionary trends (Mahlberg 
et al., 1987; Fox and French, 1988). It is generally pre¬ 
sumed that articulated and nonarticulated laticifers 
evolved independently of one another and represent 
polyphyletic origins within vascular plants. However, 
inasmuch as both types of laticifer may undergo intru¬ 
sive growth, as noted above, they may not be as diver¬ 
gent as commonly believed (Rudall, 1987). Although 
laticifers are regarded as recently evolved cell types, the 
fossil record indicates that nonarticulated forms were 
already present in an arborescent plant of the Eocene 
(Mahlberg et al., 1984). 

Latex Varies in Appearance and in Composition 

The term latex refers to the fluid that can be extracted 
from a laticifer. Latex may be clear in appearance 
(Morus, Humulus , Nerium oleander, most Araceae) 
or milky (Asclepias, Euphorbia, Ficus, Lactuca ). It is 
yellow-brown in Cannabis and yellow or orange in 
the Papaveraceae. Latex contains various substances 
in solution and colloidal suspension: carbohydrates, 
organic acids, salts, sterols, fats, and mucilages. Among 
the common components of latex are the terpenoids, 
rubber (c A-1,4 -p olyi s op rene) being one of their well- 
known representatives. Rubber originates as particles in 
the cytosol (Coyvaerts et al., 1991; Bouteau et al., 1999), 
whereas other terpenoid-containing particles originate 
in small vesicles. As the laticifers approach maturity, the 
various particles are released into a large central vacuole 
(d’Auzac et al., 1982). Many other substances are found 
in latices, such as cardiac glycosides (in representatives 
of the Apocynales), alkaloids (morphine, codeine, and 
papaverine in the opium poppy, Papaver somniferum ), 
cannabinoids (Cannabis sativa ), sugar (in representa¬ 
tives of Asteraceae), large amounts of protein (Ficus 
callosa ), and tannins (Musa, Aroideae). Crystals of oxa¬ 
lates and malate may be abundant in latex. Starch grains 
occur in laticifers of some genera of Euphorbiaceae 
(Biesboer and Mahlberg, 1981a; Mahlberg, 1982; Rudall, 
1987; Mahlberg and Assi, 2002) and in those of Thevetia 
peruviana (Apocynaceae, Kumar and Tandon, 1990). 
The starch grains in Thevetia are osteoid (bone-shaped), 
whereas those in the Euphorbiaceae assume various 
forms—rod, spindle, osteoid, discoid, and intermediate 
forms—and may become very large (Fig. 17.16). Small 
starch grains have been observed in the plastids of 
differentiating Allamanda violacea (Apocynaceae) 
laticifers (Inamdar et al., 1988). Thus, latices contain a 
wide array of secondary metabolites, none of which is 
mobilizable, or able to participate further in the metabo¬ 
lism of the cell. Moreover, the mobilization of latex 




Internal Secretory Structures | 487 



FIGURE 17.16 


Shapes of starch grains in nonarticulated laticifers of 
Euphorbiaceae. A, rod-shaped grain of Euphorbia lathu- 
ris. B, spindle-shaped grain from E. myrsinites. C, D, 
discoid grains from E. lactea. E, slightly osteoid grain 
from E. heterophylla. F, G, osteoid grains from E. pseu- 
docactus and Pedilanthus tithymaloides, respectively. 
(From photographs in Biesboer and Mahlberg, 1981b.) 


starch has not been observed (Nissen and Foley, 1986; 
Spilatro and Mahlberg, 1986). 

A variety of enzymes occur in latices, including the 
proteolytic enzyme papain in Carica papaya and lyso¬ 
somal hydrolases such as acid phosphatase, acid RNAase, 
and acid protease in Asclepias curassavica (Giordani 
et al., 1982). Both cellulase and pectinase activity have 
been detected in the latex of the articulated laticifers of 
Lactuca sativa (Giordani et al., 1987). In other studies, 
however, cellulase activity was encountered exclusively 
in the latices of articulated laticifers ( Carica papaya, 
Musa textilis, Achras sapota, and various Hevea species; 
Sheldrake, 1969; Sheldrake and Moir, 1970) and pectin¬ 
ase activity in those of nonarticulated laticifers ( Ascle¬ 
pias syriaca , Wilson et al., 1976; Nerium oleander, 
Allen and Nessler, 1984). These results led to the sug¬ 
gestion that cellulase is involved with the removal of 
end walls during differentiation of articulated laticifers, 
and pectinase with the intrusive growth of the nonar¬ 
ticulated laticifers (Sheldrake, 1969; Sheldrake and Moir, 
1970; Wilson et al., 1976; Allen and Nessler, 1984). 

Laticifers often harbor bacteria and trypanosomatid 
flagellates of the genus Phytomonas. Those of appar¬ 
ently healthy Chamaesyce thymifolia plants have been 
found harboring both kinds of organisms (Da Cunha 
et al., 1998, 2000). An obligate laticifer-inhabiting bac¬ 
terium (a rickettsial relative) has been found in associa¬ 
tion with papaya bunchy top disease (PBT), a major 
disease of Carica papaya in the American tropics, and 
long thought to be caused by a phytoplasma (Davis et 
al., 1998a, b). Should this disease be proven to be the 


cause of PBT, it would represent the first example of a 
leaf-hopper transmitted, laticifer-inhabiting plant patho¬ 
gen. Trypanosome parasites from the laticifers of 
Euphorbia pinea are transmitted by the squash bug 
Stenocephalus agilis, and have been successfully cul¬ 
tured in vitro in liquid medium (Dollet et al., 1982). Not 
all such attempts at culturing laticifer-inhabiting try¬ 
panosomatid flagellates have been successful (Kastelein 
and Parsadi, 1984). The association of the laticifer-inhab¬ 
iting Phytomonas staheli with hartrot disease of 
coconut and oil palm has been clearly established (Par- 
thasarathy et al., 1976; Dollet et al., 1977) but the patho¬ 
genicity of this organism remains to be proved. 

The contents of laticifers are under considerable 
turgor (Tibbitts et al., 1985; Milburn and Ranasinghe, 
1996). Thus, whenever a laticifer is severed, a turgor 
gradient is established and the latex flows toward the 
open end (Bonner and Galston, 1947). This flow eventu¬ 
ally ceases, and subsequently, the turgor is restored. The 
flow of latex from the cut laticifer is reminiscent of the 
surging of sieve-tube sap that takes place when a sieve 
tube is severed (Chapter 13). In both instances this 
phenomenon contributes to the difficulty of obtaining 
critical preservation of the mature protoplast (Condon 
and Fineran, 1989a). 

Articulated and Nonarticulated Laticifers Apparently 
Differ from One Another Cytologically 

Initially both articulated and nonarticulated laticifers 
exhibit prominent nuclei and dense cytoplasm rich in 
ribosomes, rough endoplasmic reticulum, Golgi bodies, 
and plastids. Differentiation of nonarticulated laticifers 
is accompanied by nuclear divisions resulting in a 
coenocytic condition (Stockstill and Nessler, 1986; 
Murugan and Inamdar, 1987; Roy and De, 1992; Balaji et 
al., 1993). Articulated laticifers, in which the series of 
cells have fused by dissolution of their common walls, 
commonly are characterized as multinucleate, but the 
so-called multinucleate condition in these laticifers is 
not the result of multiplication of nuclei, rather from the 
fusion of their protoplasts. 

As development proceeds, numerous vesicles, often 
called small vacuoles, appear in both kinds of laticifer 
(Fig. 17.17). Apparently endoplasmic reticulum in origin, 
they contain a variety of substances—some contain 
latex particles, others alkaloids, papain—depending on 
the species. Many are lysosomal vesicles involved with 
gradual degeneration of many, most, or all of the cyto¬ 
plasmic organelles by autophagic processes. The lyso¬ 
somal vesicles, or microvacuoles, in Hevea latex are 
usually referred to as lutoids (Wu, J.-L., and Hao, 1990; 
d’Auzac et al., 1995). As autophagy continues, the 
remaining cytoplasmic components become peripheral 
in distribution, resulting in formation of a large central 
vacuole filled with a variety of substances. 
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FIGURE 17.17 

Late stages in differentiation of nonarticulated laticifers in poinsettia (Euphorbia pulcherrima). A, a mass of the 
cytoplasm isolated within the central vacuole. Numerous latex particles occur in the small vacuoles and in the sur¬ 
rounding central vacuole (top and right). Mitochondrion (m), dictyosomes (d), or Golgi bodies, and ribosomes are 
also present in the cytoplasm. B, portion of the peripheral cytoplasm abutting the large central vacuole in a laticifer 
approaching maturity. Some small peripheral vacuoles have just fused with the central vacuole (open arrows) and 
released their latex particles. C, transverse section of a laticifer nearing the end of differentiation, with cytoplasmic 
debris at various stages of degeneration, including a nucleus (open arrow) in the large central vacuole. D, longitudinal 
section of maturing region of a laticifer. The continuous central vacuole contains clusters of latex particles and rem¬ 
nants of degenerating cytoplasm. The peripheral cytoplasm of the laticifer is more electron dense than that of the 
adjacent parenchyma cells. (From Fineran, 1983, by permission of Oxford University Press.) 
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The extent of degeneration of cytoplasmic compo¬ 
nents apparently differs between articulated and nonar- 
ticulated laticifers, although in that regard variation 
apparently exists among nonarticulated laticifers. Most 
nonarticulated laticifers have a large central vacuole at 
maturity, and the presence of both plasma membrane 
and tonoplast has been noted for those of Nelumbo 
nucifera (Esau and Kosakai, 1975), Asclepias syriaca 
(Wilson and Mahlberg, 1980), Euphorbia pulcherrima 
(Fig. 17.17D; Fineran, 1982, 1983), and Nerium olean¬ 
der (Stockstill and Nessler, 1986). In these laticifers the 
liquid matrix of the latex may be regarded as the cell 
sap of the laticifer. Only in Cbamaesyce thymifolia are 
the nonarticulated laticifers reported to lack a tonoplast 
when “completely differentiated” (Da Cunha et al., 
1998). Although reduced in number, some organelles 
and nuclei apparently persist in the mature portions of 
nonarticulated laticifers. The persistent nuclei in 
Euphorbia pulcherrima have been described as degen¬ 
erate (Fineran, 1983). In Nerium oleander the mature 
protoplast is described as containing nuclei of normal 
appearance and the “usual complement of organelles” 
(Stockstill and Nessler, 1986). By contrast, in Chamae- 
syce thymifolia total degeneration of nuclei and organ¬ 
elles is reported to occur (Da Cunha et al., 1998). It is 
entirely possible that some of the cytological variation 
reported for nonarticulated laticifers may be a reflection 
of the degree to which their protoplasts have been suc¬ 
cessfully preserved. 

Accounts of differentiation of articulated laticifers are 
rather uniform. Autophagy results in total elimination 
of nuclei and cellular organelles. As articulated laticifers 
approach maturity the tonoplast disappears and the 
lumen of the cell becomes filled with vesicles and latex 
particles (Fig. 17.18; Condon and Fineran, 1989a, b; 
Grifhng and Nessler, 1989). Only the plasma membrane 
remains intact and functional (Zhang et al., 1983; Alva 
et al., 1990; Zeng et al., 1994). 

Most laticifers have nonlignihed primary walls vari¬ 
able in thickness. Lignihcation of laticifer walls has been 
recorded by some workers (Dressier, 1957; Carlquist, 
1996). In a few species the laticifers develop very thick 
walls (in stems of Euphorbia abdelkuri , Rudall, 1987) 
considered by some workers as secondary (Solereder, 
1908). A. R. Rao and Tewari (I960) reported that in 
Codiaeum variegatum the laticifers in young leaves 
become sclereids in older ones, and A. R. Rao and 
Malaviya (1964) suggested that sclereids in leaves of 
many Euphorbiaceae may be sclerilied laticifers. Rudall 
(1994), noting that the leaves of many euphorbiaceous 
genera lack laticifers but contain highly branched scler¬ 
eids resembling laticifers in structure and distribution, 
suggested that in some instances such sclereids may be 
homologous with laticifers. The walls of the articulated 
laticifers in the Convolvulaceae are suberized; that is, 
they contain suberin lamellae (Fineran et al., 1988). 


Plasmodesmata have been observed only rarely in the 
common walls between laticifers and other cell types. 

Laticifers Are Widely Distributed in the Plant Body, 
Reflecting Their Mode of Development 

Nonarticulated Laticifers The branched nonarticulated 
laticifers of the Euphorbiaceae, Asclepiadaceae, Apocy- 
naceae, and Moraceae arise during the development of 
the embryo in the form of relatively few primordia, or 
initials, then grow concomitantly with the plant into 
branched systems permeating the whole plant body 
(Fig. 17.15) (Mahlberg, 1961, 1963; Cass, 1985; Murugan 
and Inamdar, 1987; Rudall, 1987, 1994; van Veenendaal 
and den Outer, 1990; Roy and De, 1992; Da Cunha 
et al., 1998). The laticifer initials appear in the embryo 
as the cotyledons are being initiated, and are located in 
the plane of the embryo that later represents the coty¬ 
ledonary node. In some species, the initials arise in the 
outer region of the future vascular cylinder (i.e., from 
the procambium that will develop into protophloem); 
in others, they arise just outside the future vascular 
cylinder. In either case, the laticifer initials are closely 
associated spatially with the phloem. The number of 
initials varies both between and within species. In some 
Euphorbia species, only 4 initials have been recog¬ 
nized; in others, 8 and 12; and in still others, many ini¬ 
tials distributed in arcs or in a complete circle. Five to 
7 initials occur in Jatropha dioica (Cass, 1985). Eight 
initials have been recognized in Mortis nigra (Mora¬ 
ceae, van Veenendaal and den Outer, 1990). In Nerium 
oleander (Apocynaceae) usually 28 laticifer initials 
are present (Fig. 17.19; Mahlberg, 1961). The initials 
form protrusions in various directions, and the apices 
of these protrusions push their way intercellularly 
among the surrounding cells by intrusive growth, in a 
manner resembling the growth of a fungal hypha. Typi¬ 
cally the laticifer initials penetrate downward into the 
root and upward into the cotyledons and toward 
the shoot apex. Additional branches rapidly penetrate 
the cortex, extending as far as the subepidermal layer; 
others penetrate the pith. 

When the seed is mature, the embryo has a system 
of tubes arranged in a characteristic manner. In Euphor¬ 
bia , for example, one set of tubes extends from the 
cotyledonary node downward, following the periphery 
of the vascular cylinder of the hypocotyl. Another set 
passes downward within the cortex, usually near its 
periphery. The two sets of tubes end near the root meri- 
stem at the base of the hypocotylary axis. A third set is 
prolonged into the cotyledons where the tubes branch, 
sometimes profusely. A fourth set of tubes extends 
inward and upward from the nodal initials toward the 
shoot apex of the epicotyl where the tubes form a ring¬ 
like network. The terminations of this network reach 
into the third or fourth layers beneath the surface of the 
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FIGURE 17.18 


Scanning electron micrograph of a mature articulated 
laticifer in rhizome cortex of Calystegia silvatica (Con- 
volvulaceae). The turgid laticifer is packed full with 
spherical latex particles. Amyloplasts are plentiful in 
neighboring parenchyma cells. (From Condon and 
Fineran, 1989b. © 1989 by The University of Chicago. 
All rights reserved.) 


apical meristem. Thus there are laticifer terminations in 
the immediate vicinity of both apical meristems, that of 
the shoot and that of the root. Few, if any, branches 
penetrate toward the center of the future pith of the 
Euphorbia embryo. 

When a seed germinates and the embryo develops 
into a plant, the laticifers keep pace with this growth 
by continuously penetrating the meristematic tissues 
formed by the active apical meristems. When axillary 
buds or lateral roots arise, they also are penetrated by 
the intrusively growing tips of the laticifers. At the 
nodes the laticifers enter the leaves and pith via the leaf 
trace gap. Since the laticifer tips penetrate the tissues 
close to the apical meristems, the tube portions below 
the tips occur for a time in growing tissues and extend 
in unison with them. Thus the laticifers elongate at their 
apices by intrusive growth and subsequently extend 
with the surrounding tissues by coordinated growth 
(Lee and Mahlberg, 1999). 

In leaves, the nonarticulated laticifers ramify through¬ 
out the mesophyll but tend to follow the course of the 
veins. In some species the laticifers extend directly to 
the epidermis, frequently intruding between epidermal 
cells ( Baloghia lucida , Codiaeum variegatum\ Fig. 



FIGURE 17.19 

Nonarticulated laticifers of Nerium oleander. A, imma¬ 
ture embryo 550 pm long. Young laticifers at cotyledon¬ 
ary node. They occur along periphery of vascular region. 
Beginning of laticifer branching at b. B, 75 pm wide 
section of mature embryo 5 mm long. Laticifers extend 
from node into cotyledons and hypocotyl. Short branches 
extend into mesophyll of cotyledons and cortex of 
hypocotyl. C, branch of laticifer in proliferated meso¬ 
phyll of cultured embryo. It extends through intercel¬ 
lular spaces. (A, B, after Mahlberg, 1961; C, from 
photograph in Mahlberg, 1959.) 


17.20A), or into the bases of trichomes ( Croton spp.; Fig. 
17.20B) (Rudall, 1987, 1994). 

If the plant produces secondary tissues, the nonar¬ 
ticulated laticifers grow into these also. In Cryptostegia 
(Asclepiadaceae), for example, the secondary phloem 
is penetrated by prolongations from the cortical and 
primary phloem laticifers (Artschwager, 1946). More¬ 
over, the continuity between the laticifer branches in 
the pith and cortex, established through the interfas¬ 
cicular regions during primary growth, is seemingly not 
ruptured by the activity of the vascular cambium during 
secondary growth. The parts of the laticifer located in 
the cambium appear to extend by localized growth 
(intercalary growth) and eventually become embedded 
in secondary phloem and xylern (Blaser, 1945). In 
Croton spp., laticifers have been recorded penetrating 
from primary tissues into the vascular cambium and the 
secondary xylem (Rudall, 1989). In Croton conduplica- 
tus, ray initials in the vascular cambium occasionally are 
converted to laticifer initials and intruded between cells 
of the phloem rays in the manner of a nonarticulated 
laticifer (Rudall, 1989). A secondary laticiferous system, 
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FIGURE 17.20 

Branched nonarticulated laticifers (L) intruding (A) 
between epidermal cells in Codiaceum variegatum 
leaf and (B) into base of stellate hair, with glandular 
region (G), in Croton sp. (From Rudall, 1994.) 


produced by the vascular cambium, has also been 
recorded in Morns nigra (van Veenendaal and den 
Outer, 1990). Prior to the latter two reports, it was gen¬ 
erally accepted that nonarticulated laticifers originate 
only from primary tissues, as distinct from articulated 


laticifers, which may be both primary and secondary in 
origin. 

Nonarticulated laticifers are not uncommon in the 
rays of the secondary xylem, occurring in genera of 
Apocynaceae, Asclepiadaceae, Euphorbiaceae, and 
Moraceae (Wheeler et aL, 1989). It generally is pre¬ 
sumed that the laticifers penetrate the rays from the 
pith. Axial nonarticulated laticifers (interspersed among 
the fibers) are known only from the secondary xylem 
of Moraceae. In some lianoid species of Gnetum , non¬ 
articulated laticifers have been observed in the conjunc¬ 
tive tissue—parenchyma between successive vascular 
cylinders—where they follow a vertical course 
(Carlquist, 1996). 

Nonarticulated unbranched laticifers show a simpler 
pattern of growth than the branched type (Zander, 
1928; Schaffstein, 1932; Sperlich, 1939). The primordia 
of these laticifers have been recognized, not in the 
embryo, but in the developing shoot (Vinca, Cannabis') 
or in the shoot and root ( Eucommia ). New primordia 
arise repeatedly beneath the apical meristems, and each 
elongates into an unbranched tube, apparently by a 
combination of intrusive and coordinated growth. In 
the shoot the tubes may extend for some distance in the 
stem and also diverge into the leaves (Vinca). Laticifers 
may arise in the leaves also, independently of those 
formed in the stem (Cannabis, Eucommia). 

Articulated Laticifers The initials of articulated latici¬ 
fers may or may not be apparent in the mature embryo, 
but they become clearly visible soon after the seed 
begins to germinate. In the Cichorieae (Scott, 1882; 
Baranova, 1935), Euphorbiaceae (Scott, 1886; Rudall, 
1994), and Papaveraceae (Thureson-Klein, 1970), the 
initials appear in the protophloem region of the procam- 
bial tissue or peripheral to it in both the cotyledons and 
the hypocotyledonary axis. Those of the cotyledons are 
most well developed at this stage. The initials are 
arranged in more or less discrete longitudinal rows but 
the formation of lateral protuberances results in an 
anastomosing system. In Hevea brasiliensis the walls 
between lateral protuberances become perforated 
before the transverse walls between initials (Scott, 
1886). Where the rows of initials lie side by side, parts 
of the common wall become resorbed. With breakdown 
of the lateral and transverse walls, the cells are united 
into a system of compound tubes. As the plant develops 
from the embryo, the tubes are extended by differentia¬ 
tion of further meristematic cells into laticiferous ele¬ 
ments. Thus the laticifers differentiate acropetally in the 
newly formed plant parts, and they are prolonged not 
only within the axis but also in the leaves and, later, in 
the flowers and fruits. The direction of differentiation 
is similar to that of the nonarticulated branched latici¬ 
fers, but it occurs by successive conversion of cells into 
laticiferous elements instead of by apical intrusive 
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growth. As mentioned previously, the articulated latici- 
fers of Hevea, Manihot, and Cnidoscolus form elon¬ 
gated intrusive branches in the same manner as 
nonarticulated laticifers. These branches, which ramify 
throughout the leaf mesophyll, also penetrate the cortex 
and pith of all three genera (Rudall, 1987). The develop¬ 
ment of articulated laticifers of the nonanastomosing 
kind is similar to that of the anastomosing laticifers, 
except that no lateral connections are established among 
the various tubes (Fig. 17.21; Karling, 1929). In some 
genera ( Allium , Fig. 17.22, Hayward, 1938; Ipomoea , 
Hayward, 1938; Alva et al., 1990) the cells of the non¬ 
anastomosing kind retain their end walls. 

Articulated laticifers, like their nonarticulated coun¬ 
terparts, show various arrangements within the plant 
body and a frequent association with the phloem. In the 
primary body of the Cichorieae (Asteraceae subfamily) 
laticifers appear on the outer periphery of the phloem 
and within the phloem itself. In species with internal 
phloem, laticifers are associated with this tissue also. 
The external and the internal laticifers are intercon¬ 
nected across the interfascicular areas. 

The Cichorieae produce laticifers also during sec¬ 
ondary growth, mainly in the secondary phloem. This 
development has been followed in some detail in the 
fleshy roots of Tragopogon (Scott, 1882), Scorzonera 
(Baranova, 1935), and Taraxacum (Fig. 17.23; 
Artschwager and McGuire, 1943; Krotkov, 1945). Lon¬ 
gitudinal rows of derivatives from fusiform cambial 
initials fuse into tubes through resorption of the end 
walls. Lateral connections are established—directly or 
by means of protuberances—among the tubes differen¬ 
tiating in the same tangential plane. The tissue formed 
by the cambium consists of a series of concentric layers 
of laticifers, parenchyma cells, and sieve tubes (with 
accompanying companion cells). The laticifers of one 
concentric layer are rarely joined with those of another 
concentric layer. Rays of parenchyma traverse the 
whole tissue in a radial direction. The laticiferous 
system that makes Hevea brasiliensis (Euphorbiaceae) 
such an outstanding rubber producer is the secondary 
system that develops in the secondary phloem 
(Fig. 17.24), which also consists of alternating layers of 
articulated laticifers, parenchyma cells, and sieve tubes 
(Hebant and de Fay, 1980; Hebant et al., 1981). In the 
secondary phloem of Manilkara zapota (Sapotaceae), 
the source of commercial latex from which chicle is 
obtained, some rays are composed entirely of laticifers 
(Mustard, 1982). With dilatation of these rays in older 
branches, their ends anastomose, lose their identity, 
and form a secondary laticiferous mass internal to the 
periderm. The laticifers of the rays and axial systems 
are interconnected. 

The laticifers of Papaver somniferum occur in the 
phloem and become particularly well developed in 
the mesocarp about two weeks after the petals fall 



FIGURE 17.21 

Development of articulated laticifer in Achras sapota 
(Sapotaceae) in longitudinal (A, B, D-G) and transverse 

(C) sections. A, vertical file of young laticifer cells (from 
arrow upward) with end walls intact. B, file of cells has 
been converted into laticiferous vessel by partial disso¬ 
lution of end walls. Remnants of end walls indicate 
articulations between members of laticifer. In C, flat¬ 
tened cells ensheath laticifer. D-G, stages in perforation 
of end wall. Wall to be perforated first becomes swollen 

(D) , and then breaks down (E-G). (Adapted from 
Karling, 1929.) 


(Fairbairn and Kapoor, I960). At this time, the capsules 
are harvested for the extraction of opium. In the leaves 
of the Cichorieae the laticifers accompany the vascular 
bundles, ramify more or less profusely in the mesophyll, 
and reach the epidermis. The epidermal hairs of the 
floral involucres of the Cichorieae become directly con¬ 
nected with laticifers by a breakdown of the separating 
walls, and as a result the latex readily issues from these 
hairs when they are broken (Sperlich, 1939). In effect 
the hairs actually represent terminations of the laticifer¬ 
ous system. 

Among the monocots, the laticifers of Musa are asso¬ 
ciated with the vascular tissues and also occur in the 
cortex (Skutch, 1932). In Allium the laticifers are entirely 
separated from the vascular tissue (Fig. 17.21; Hayward, 
1938). They lie near the abaxial, or lower, surface of the 
leaves or scales, between the second and third layers of 
parenchyma. The Allium laticifers have the form of 
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FIGURE 17.22 

Articulated laticifers in Allium. A, transverse section through fleshy scale of A. cepa, showing epidermis with stoma, 
a few mesophyll cells, and a laticifer with end wall in surface view. B, C, laticifers in A. sativum leaves in transverse 
(B) and tangential (C) sections. B, palisade parenchyma beneath epidermis. Laticifers occur in third layer of meso- 
phyll not in contact with vascular bundles. C, laticifers appear like continuous tubes except in places where end wall 
(articulation) between superposed cells is visible. The end wall is not perforated. (A, X300; B, C, x79- B, C, drawn 
from photomicrographs courtesy of L. K. Mann.) 



FIGURE 17.23 


Articulated anastomosing laticifers (1) of Taraxacum 
kok-saghyz in longitudinal section of secondary phloem 
of root. (X280. From Artschwager and McGuire, 1943 ) 


longitudinal chains of cells arranged parallel in the 
upper parts of foliar organs and converging toward their 
bases. The individual cells are considerably elongated. 
The end walls, which are not perforated, have conspicu¬ 
ous primary pit-fields. Although Allium laticifers are 
classified as nonanastomosing, they form some intercon¬ 
nections at the bases of the leaves or scales. 

The Principal Source of Commercial Rubber Is the 
Bark of the Para Rubber Tree, Hevea brasiliensis 

Natural rubber is produced in over 2500 plant species 
(Bonner, 1991), but few contain enough to make extrac¬ 
tion worthwhile. Among plants of secondary impor¬ 
tance as rubber producers are the Russian dandelion 
(Taraxacum kok-saghyz, Asteraceae), Ceara rubber 
tree (Manihotglaziovii, Euphorbiaceae), African rubber 
tree ( Funtumia elastica, Apocynaceae), the African 
woody vines Landolphia, Clitandra , and Carpodinus 
(all three Apocynaceae), the woody climber Crypto- 
stegia grandiflora (Asclepiadaceae), which is native to 
Madagascar but fairly widespread as a weed, and guayule 
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FIGURE 17.24 

Block diagram of bark of Hevea brasiliensis, depicting arrangement of articulated laticifers in secondary phloem. 
Layers containing sieve tubes and associated parenchyma cells alternate with those in which laticifers (shown in 
solid black) differentiate. Parenchymatous secondary phloem rays traverse tissue radially. In tangential sections, 
laticifers of a given growth zone form a reticulum. Sclereids occur in old phloem where sieve tubes and laticifers are 
nonfunctional. (Adapted from Vischer, 1923.) 


(Parthenium argentatum, Asteraceae), a woody desert 
shrub that has been developed as a crop for arid regions 
of the world. Hevea brasiliensis remains the only 
important source of natural rubber. 

Most of the rubber-laden latex obtained from the 
bark of H. brasiliensis during tapping comes from the 
layers of laticifers located in the nonconducting phloem. 
The conducting phloem is restricted to a narrow band 
about 0.2 to 1.0 mm wide, next to the vascular cambium 
(Hebant and de Fay, 1980; Hebant et al., 1981). Care is 
taken during tapping not to penetrate the conducting 
phloem so as to avoid injury to the cambium. 

High turgor pressure in the laticifers is essential for 
the flow of latex during tapping, and it requires a ready 
transfer of water from the phloem apoplast to the 
laticifer (Jacob et al., 1998). The lutoids, the enzyme- 
containing microvacuoles, which represent a compo¬ 
nent of the latex, play an important role in stopping 
latex flow after tapping (Siswanto, 1994; Jacob et al., 
1998). Most of the lutoids are destroyed during tapping 
by physical stress, releasing coagulation factors that 
eventually halt flow. Latex regeneration between tap¬ 
pings depends on the influx of carbohydrates—primar¬ 
ily sucrose, the initial molecule for polyisoprene 
synthesis—from the sieve tubes of the conducting 
phloem. 

A study on the distribution of plasmodesmata in the 
secondary phloem of Hevea indicates that numerous 
plasmodesmata occur between ray and axial paren¬ 
chyma cells but are rare or lacking between the latici¬ 


fers and the parenchyma cells ensheathing them (de Fay 
et al., 1989). Hence, although sucrose may follow a 
symplastic pathway from the conducting phloem to the 
vicinity of the laticifers of the nonconducting phloem, 
at the parenchyma cell-laticifer interface the sucrose 
must enter the apoplast before it can be taken up by the 
laticifers. Considerable evidence indicates that active 
uptake of sugar by the laticifers involves sucrose-H + and 
glucose-H + cotransports mediated by H + -ATPase at the 
laticifer plasma membrane (Jacob et al., 1998; Bouteau 
et al., 1999). Interestingly the lutoid membrane has been 
found also to contain proton pumps (Cretin, 1982; 
d’Auzac et al., 1995). Whereas lutoids originate from the 
endoplasmic reticulum, rubber first appears as particles 
in the cytosol of the young laticifer. Molecular studies 
have begun to provide information on gene expression 
in the laticifers of Hevea (Coyvaerts et al., 1991; Chye 
et al., 1992; Adiwilaga and Kush, 1996) and other species 
(Song et al., 1991; Pancoro and Hughes, 1992; Nessler, 
1994; Facchini and De Luca, 1995; Han et al., 2000). 
Jasmonic acid has been implicated in development of 
the articulated anastomosing laticifers in Hevea (Hao 
and Wu, 2000), and cytokinins and auxins in develop¬ 
ment of the nonarticulated laticifers in Calotropis (Datta 
and De, 1986; Suri and Ramawat, 1995, 1996). 

Guayule differs in part from Hevea and the other 
rubber-producing plants listed above in that it lacks 
laticifers. Rubber formation in guayule occurs in the 
cytosol of parenchyma cells of stem and root, and appar¬ 
ently all of the parenchyma cells in guayule have the 
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potential to synthesize rubber (Gilliland and van Staden, 
1983; Backhaus, 1985). Rubber particles have been 
found in meristematic tissue of shoot apices and in stem 
parenchyma of cortex, pith, and phloem rays. In cortex 
and pith, rubber particles first appear in the epithelial 
cells surrounding the resin ducts. At maturity, most of 
the rubber particles of cells associated with the resin 
ducts occur in the vacuole (Fig. 17.25; Backhaus and 
Walsh, 1983). 

Although the rubber content of tapped Hevea latex 
amounts to about 25% dry weight by volume, it accounts 
for only about 2% of the total dry weight of the plant 
(Leong et al., 1982). By contrast, guayule can accumu¬ 
late up to 22% of its dry weight as rubber in its many 
parenchyma cells (Anonymous, 1977). Nevertheless, the 
yields from Hevea are much higher than those from 
guayule (Leong et al., 1982) because the replenishment 
of rubber that occurs following tapping is more efficient 
than regrowth and filling of new tissue by guayule. 



FIGURE 17.25 


Rubber particles in epithelial cell of guayule ( Parthe- 
nium argentatum ). Most of the rubber particles occur 
in the vacuole (rv), compared with the number of those 
found in the peripheral cytoplasm (rc). Other details: p, 
plastid; w, cell wall. (From Backhaus and Walsh, 1983- 
© 1983 by The University of Chicago. All rights 
reserved.) 


The mean diameter of rubber particles in Hevea is 
0.96pm and in guayule, 1.41 pm (Cornish et al., 1993). 
The particles are composed of a spherical homogeneous 
core of rubber enclosed by a monolayer biomembrane 
that serves as an interface between the hydrophobic 
rubber interior and the aqueous cytosol (Cornish et al., 
1999). The biomembrane also prevents aggregation of 
the particles. 

The Function of Laticifers Is Not Clear 

Laticifers have been an object of intensive study since 
the early days of plant anatomy (de Bary, 1884; Sperlich, 
1939). Because of their distribution in the plant body 
and their liquid, often milky contents that flow out 
readily when the plant is cut, the laticiferous system 
was compared by early botanists with the circulatory 
system of animals. One of the common views advanced 
was that laticifers were concerned with food conduc¬ 
tion. However, no actual movement of substances has 
been observed in laticifers, only a local and spasmodic 
one. Laticifers have been described also as food-storage 
elements, but it is quite clear that the food substances 
found in some latices, most notably starch, are not 
readily mobilized (Spilatro and Mahlberg, 1986; Nissen 
and Foley, 1986). Because the starch grains commonly 
accumulate at wounds, it has been suggested that the 
laticifer amyloplast may have evolved a secondary func¬ 
tion as a component in a wound healing mechanism 
(Spilatro and Mahlberg, 1990). Rubber, which costs the 
plant large amounts of energy to synthesize, represents 
another enigma. Since it cannot be metabolized, of 
what value is it to the plant? It has been suggested that 
rubber occurs in plants as a response to their produc¬ 
tion of excess photosynthate and, therefore, is in all 
probability a metabolic “overspill” (Paterson-Jones et 
al., 1990). The potential of utilizing latex- and rubber- 
producing plants as sinks for atmospheric carbon 
dioxide, a greenhouse gas, has been noted by Hunter 
(1994). Laticifers undoubtedly serve as systems to 
sequester toxic secondary metabolites, which may func¬ 
tion as protection against herbivores (Da Cunha et al., 
1998; Raven et al., 2005). Inasmuch as laticifers accu¬ 
mulate many substances that are commonly recognized 
as excretory in general, laticifers appear to fit best the 
class of excretory structures. 
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A 

abaxial Directed away from the axis. Opposite of 
adaxial. With regard to a leaf, the lower, or “dorsal,” 
surface. 

accessory bud A bud located above or on either side 
of the main axillary bud. 
accessory cell See subsidiary cell. 
acicular crystal Needle-shaped crystal, 
acropetal development (or differentiation) Pro¬ 
duced or becoming differentiated in a succession toward 
the apex of an organ. The opposite of basipetal but 
means the same as basifugal. 

actin filament A helical protein filament, 5 to 7 nano¬ 
meters (nm) thick, composed of globular actin mole¬ 
cules; a major constituent of all eukaryotic cells. Also 
called microjilanient. 

actinocytic stoma Stoma surrounded by a circle of 
radiating cells. 

adaxial Directed toward the axis. Opposite of 
abaxial. With regard to a leaf, the upper, or “ventral,” 
surface. 

adventitious Refers to structures arising not at their 
usual sites, as roots originating on stems or leaves instead 


of on other roots, buds developing on leaves or roots 
instead of in leaf axils on shoots. 

aerenchyma Parenchyma tissue containing particu¬ 
larly large intercellular spaces of scbizogenous , lysige- 
nous , or rhexigenous origin. 

aggregate ray In secondary vascular tissues; a group 
of small rays arranged so as to appear to be one large 
ray. 

albuminous cell See Strasburger cell. 
aleurone Granules of protein (aleurone grains) 
present in seeds, usually restricted to the outermost 
layer, the aleurone layer of the endosperm. ( Protein 
bodies is the preferred term for aleurone grains.) 
aleurone layer Outermost layer of endosperm in 
cereals and many other taxa that contains protein bodies 
and enzymes concerned with endosperm digestion, 
aliform paratracheal parenchyma In secondary 
xylem; vasicentric groups of axial parenchyma cells 
having tangential wing-like extensions as seen in trans¬ 
verse section. See also paratracheal parenchyma and 
vasicentric paratracheal parenchyma. 
alternate pitting In tracheary elements; pits in diago¬ 
nal rows. 
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amyloplast A colorless plastid ( leucoplast ) that forms 
starch grains. 

anastomosis Refers to cells or strands of cells that are 
interconnected with one another as, for example, the 
veins in a leaf. 

analogy Means having the same function as but a dif¬ 
ferent phylogenetic origin than another entity, 
anatomy The study of the internal structure of 
organisms; morphology is the study of their external 
structure. 

angiosperm A group of plants whose seeds are borne 
within a mature ovary (fruit). 

angstrom (originally angstrom ) A unit of length 
equal to one-tenth of a nanometer (nm). Symbol A or 

A. 

angular collenchyma A form of collenchyma in 
which the primary wall thickening is most prominent 
in the angles where several cells are joined, 
anlsocytic stoma A stomatal complex in which three 
subsidiary cells, one distinctly smaller than the other 
two, surround the stoma. 

anisotropic Having different properties along differ¬ 
ent axes; optical anisotropy causes polarization and 
double refraction of light. 

annual ring In secondary xylem; growth ring formed 
during one season. The term is deprecated because 
more than one growth ring may be formed during a 
single year. 

annular cell wall thickening In tracheary elements 
of the xylem; secondary wall deposited in the form of 
rings. 

anomalous secondary growth A term of conve¬ 
nience referring to types of secondary growth that 
differ from the more familiar ones, 
anomocytic stoma A stoma without subsidiary 
cells. 

anther Pollen-bearing part of the stamen, 
anthocyanin A water-soluble blue, purple, or red fla- 
vonoid pigment occurring in the vacuolar cell sap. 
Anthophyta The phylum of angiosperms, or flower¬ 
ing plants. 

anticlinal Commonly refers to orientation of cell wall 
or plane of cell division; perpendicular to the nearest 
surface. Opposite of periclinal. 

apex (pi. apices), or summit Tip, topmost part, 
pointed end of anything. In shoot or root the tip con¬ 
taining the apical meristem. 

apical cell Single cell that occupies the distal position 
in an apical meristem of root or shoot and is usually 
interpreted as the initial cell in the apical meristem; 
typical of seedless vascular plants, 
apical dominance Influence exerted by a terminal 
bud in suppressing the growth of lateral, or axillary, 
buds. 

apical meristem A group of meristematic cells at the 
apex of root or shoot that by cell division produces the 


precursors of the primary tissues of root or shoot; may 
be vegetative , initiating vegetative tissues and organs, 
or reproductive , initiating reproductive tissues and 
organs. 

apoplast Cell wall continuum and intercellular spaces 
of a plant or plant organ; the movement of substances 
via the cell walls is called apoplastic movement or 
transport. 

apoptosis Programmed cell death in animal cells 
mediated by a group of protein-degrading enzymes 
called caspases; involves a programmed series of events 
that leads to dismantling of the cell contents, 
apotracheal parenchyma In secondary xylem; axial 
parenchyma typically independent of the vessels (pores). 
Includes diffuse and diffuse-in-aggregates. 
apposition Growth of cell wall by successive deposi¬ 
tion of wall material, layer upon layer. Opposite of 
intussusception. 

articulated laticifer Laticifer composed of more than 
one cell with common walls intact or partly or entirely 
removed; anastomosing or nonanastomosing; a com¬ 
pound laticifer. 

aspirated pit In gymnosperm wood; bordered pit in 
which the pit membrane is laterally displaced and the 
torus blocks the aperture. 

astrosclereid A branched, or ramified, type of 
sclereid. 

axial organ Root, stem, inflorescence, or flower axis 
without its appendages. 

axial parenchyma Parenchyma cells in the axial 
system of secondary vascular tissues; as contrasted with 
ray parenchyma cells. 

axial system All secondary vascular cells derived 
from the fusiform cambial initials and oriented with 
their longest diameter parallel with the main axis of 
stem or root. Other terms: vertical system and longitu¬ 
dinal system. 

axial tracheid Tracheid in the axial system of second¬ 
ary xylem; as contrasted with ray tracheid. 
axil Upper angle between a stem and a twig or a 
leaf. 

axillary bud Bud in the axil of a leaf. 

axillary meristem Meristem located in the axil of a 

leaf and giving rise to an axillary bud. 

B 

banded parenchyma In secondary xylem; axial 
parenchyma in concentric bands as seen in transverse 
section, mainly independent (apotracheal) of vessels 
(pores). 

bark A nontechnical term applied to all tissues outside 
the vascular cambium or the xylem; in older trees 
may be divided into dead outer bark and living inner 
bark, which consists of secondary phloem. See also 
rhytidome. 

bars of Sanio See crassulae. 
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basifugal development See acropetal development. 
basipetal development (or differentiation) Pro¬ 
duced or becoming differentiated in a succession toward 
the base of an organ. The opposite of acropetal and 
basifugal. 

bast fiber Originally phloem fiber, now any extraxyl- 
ary fiber. 

bicollateral vascular bundle A bundle having 
phloem on two sides of the xylern. 
biseriate ray A ray in secondary vascular tissue, two 
cells in width. 

blind pit A pit without a complementary pit in an 
adjacent wall, which may face a lumen of a cell or an 
intercellular space. 

bordered pit A pit in which the secondary wall over¬ 
arches the pit membrane. 

bordered pit-pair An intercellular pairing of bor¬ 
dered pits. 

boundary parenchyma See marginal bands. 
brachysclereid A short, roughly isodiametric scler- 
eid, resembling a parenchyma cell in shape; a stone 
cell. 

branch gap In the nodal region of a stem; a region of 
parenchyma in the vascular cylinder of the stem located 
where the branch traces are bent toward the branch. 
Usually confluent with the gap of the leaf subtending 
the branch. 

branch root See lateral root. 

branch traces Vascular bundles connecting the vas¬ 
cular tissue of the branch and that of the main stem. 
They are leaf traces of the first leaves (prophylls) on the 
branch. 

branched pit See ramiform pit. 
bulliform cell An enlarged epidermal cell present, 
with other similar cells, in longitudinal rows in leaves 
of grasses. Also called motor cell because of its pre¬ 
sumed participation in the mechanism of rolling and 
unrolling of leaves. 

bundle cap Sclerenchyma or collenchymatous paren¬ 
chyma appearing like a cap on the xylem and/or phloem 
side of a vascular bundle as seen in transverse 
section. 

bundle sheath Layer or layers of cells enclosing a 
vascular bundle in a leaf; may consist of parenchyma or 
sclerenchyma. 

bundle sheath extension A plate of ground tissue 
extending from a bundle sheath to the epidermis in a 
leaf; may be present on one or on both sides of 
the bundle and may consist of parenchyma or 
sclerenchyma. 

C 

callose A polysaccharide, (3-l,3glucan,yieldingglucose 
on hydrolysis. Common wall constituent in the sieve 
areas of sieve elements; also develops rapidly in reaction 
to injury in sieve elements and parenchyma cells. 


callus A tissue composed of large thin-walled cells 
developing as a result of injury, as in wound healing 
or grafting, and in tissue culture. (The use of callus 
for accumulations of callose on sieve areas is 
deprecated.) 

callus tissue See callus. 

calyptrogen In root apex; meristem giving rise to the 
rootcap independently of the initials of cortex and 
central cylinder. 

cambial initials Cells so localized in the vascular 
cambium or phellogen that their periclinal divisions can 
contribute cells either to the outside or to the inside of 
the axis; in vascular cambium, classified into fusiform 
initials (source of axial cells of xylem and phloem) and 
ray initials (source of the ray cells), 
cambium A meristem with products of periclinal 
divisions commonly contributed in two directions and 
arranged in radial files. Term preferably applied only to 
the two lateral meristems, the vascular cambium and 
the cork cambium, or phellogen. 

Casparian strip, or band A band-like wall formation 
within primary walls that contains suberin and lignin; 
typical of endodermal cells in roots, in which it occurs 
in radial and transverse anticlinal walls, 
cell Structural and physiological unit of a living organ¬ 
ism. The plant cell consists of protoplast and cell wall; 
in nonliving state, of cell wall only, or cell wall and some 
nonliving inclusions. 

cell plate A partition appearing at telophase between 
the two nuclei formed during mitosis (and some meioses) 
and indicating the early stage of the division of a cell 
(cytokinesis ) by means of a new cell wall; is formed in 
the phragmoplast. 

cell wall More or less rigid outermost layer of plant 
cells, which encloses the protoplast. In higher plants, 
composed of cellulose and other organic and inorganic 
substances. 

cellulose A polysaccharide, (3-1,4 glucan—the main 
component of cell walls in most plants; consists of long 
chain-like molecules whose basic units are anhydrous 
glucose residues of the formula C 6 H 10 O 5 . 
central cylinder A term of convenience applied to 
the vascular tissues and associated ground tissue in stem 
and root. Refers to the same part of stem and root that 
is designated stele. 

central mother cells Rather large vacuolated cells in 
subsurface position in apical meristem of shoot in 
gymnosperms. 

centrifugal development Produced or developing 
successively farther away from the center, 
centripetal development Produced or developing 
successively closer to the center. 

chimera A shoot apical meristem composed of cells 
of different genotypes. In periclinal chimeras, cells of 
different genetic composition are arranged in periclinal 
layers. 
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chlorenchyma Parenchyma tissue containing 
chloroplasts; leaf mesophyll and other green 
parenchyma. 

chloroplast A chlorophyll-containing plastid with 
thylakoids organized into grana and intergrana (or 
stroma) thylakoids, and embedded in a stroma, 
chromatolysis Nuclear degeneration involving the 
loss of stainable contents (chromatin and nucleoli) and 
eventual rupture of the nuclear envelope, 
chromoplast A plastid containing pigments other 
than chlorophyll, usually yellow and orange carotenoid 
pigments. 

circular bordered pit A bordered pit with circular 
aperture. 

cisterna (pi. cisternae) A flattened, saclike membra¬ 
nous compartment as in endoplasmic reticulum, Golgi 
body, or thylakoid. 

collateral vascular bundle A bundle having phloem 
only on one side of the xylem, usually the abaxial 
side. 

collenchyma A supporting tissue composed of more 
or less elongated living cells with unevenly thickened, 
nonlignified primary walls. Common in regions of 
primary growth in stems and leaves, 
colleter A multicellular appendage ( emergence ) 
formed from both epidermal and subepidermal tissues. 
They produce sticky secretions, and are common on 
bud scales and young leaves. 

columella Central part of a rootcap in which the cells 
are arranged in longitudinal hies. 

companion cell A specialized parenchyma cell asso¬ 
ciated with a sieve-tube element in angiosperm phloem 
and arising from the same mother cell as the sieve-tube 
element. 

complementary tissue See filling tissue. 
complex tissue A tissue consisting of two or more 
cell types; epidermis, periderm, xylem, and phloem are 
complex tissues. 

compound laticifer See articulated laticifer. 
compound middle lamella A collective term applied 
to two primary walls and middle lamella; usually used 
when the true middle lamella is not distinguishable 
from the primary walls. May also include the earliest 
secondary wall layers. 

compound sieve plate A sieve plate composed of 
several sieve areas in either scalariform or reticulate 
arrangement. 

compression wood Reaction wood in conifers, which 
is formed on the lower sides of branches and leaning or 
crooked stems and characterized by dense structure, 
strong lignihcation and certain other features, 
conducting tissue See vascular tissue. 
confluent paratracheal parenchyma In secondary 
xylem; coalesced aliform groups of axial parenchyma 
cells forming irregular tangential or diagonal bands, 
as seen in transverse section. See also para- 


tracheal parenchyma and aliform paratracheal 
parenchyma. 

contact cell A paratracheal parenchyma cell or a ray 
parenchyma cell in direct contact with the vessels and 
physiologically associated with them. Analogous to 
companion cell in the phloem. 

coordinated growth Growth of cells in a manner 

that involves no separation of walls, as opposed to 

intrusive growth. 

cork See phellem. 

cork cambium See phellogen. 

cork cell A phellem cell derived from the phellogen, 
nonliving at maturity, and having suberized walls; pro¬ 
tective in function because the walls are highly impervi¬ 
ous to water. 

corpus The core in an apical meristem covered by the 
tunica and showing volume growth by divisions of cells 
in various planes. 

cortex Primary ground tissue region between the vas¬ 
cular system and the epidermis in stem and root. Term 
also used with reference to peripheral region of a cell 
protoplast. 

cotyledon Seed leaf; generally absorbs food in mono¬ 
cotyledons and stores food in other angiosperms. 
crassulae (sing, crassula) Thickenings of intercellu¬ 
lar material and primary wall along the upper and lower 
margins of a pit-pair in the tracheids of gymnosperms. 
Also called bars of Sanio. 

cristae (sing, crista) Crest-like infoldings of the inner 
membrane in a mitochondrion. 

cross-field A term of convenience for the rectangle 
formed by the walls of a ray cell against an axial tra- 
cheid; as seen in radial section of the secondary xylem 
of conifers. 

crystal sand A mass of very fine free crystals, 
crystalloid Protein crystal that is less angular than a 
mineral crystal and swells in water, 
cuticle Waxy or fatty layer on outer wall of epidermal 
cells, formed of cutin and wax. 

cuticularization Process of formation of the cuticle, 
cutin A complex fatty substance considerably imper¬ 
vious to water; present in plants as an impregnation of 
epidermal walls and as a separate layer, the cuticle, on 
the outer surface of the epidermis, 
cutinization Process of impregnation with cutin. 
cyclocytic stoma Stoma surrounded by one or two 
narrow rings of subsidiary cells, numbering four or 
more. Also called encyclocytic. 
cyclosis Streaming of cytoplasm in a cell, 
cystolith A concretion of calcium carbonate on an out¬ 
growth of a cell wall. Occurs in a cell called lithocyst. 
cytochimera A chimera having combinations of cell 
layers with diploid and polyploid nuclei. See also 
chimera. 

cytohistological zonation Presence of regions in the 
apical meristem having distinctive cytological charac- 
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teristics. The term is meant to imply that a cytological 
zonation results in a subdivision into distinguishable 
tissue regions. 

cytokinesis The process of division of a cell as distin¬ 
guished from the division of the nucleus, or karyokine- 
sis (mitosis). 

cytological zonation See cytohistological zonation. 
cytology The science dealing with the cell, 
cytoplasm Living matter of a cell, exclusive of the 
nucleus. 

cytoplasmic ground substance See cytosol. 
cytoskeleton Flexible, three-dimensional network of 
microtubules and actin filaments (microfilaments) 
within cells. 

cytosol Cytoplasmic matrix of the cytoplasm in which 
the nucleus, various organelles, and membrane systems 
are embedded. Also referred to as cytoplasmic ground 
substance and hyaloplasm. 

D 

decussate Arrangement of leaves in pairs that alter¬ 
nate with one another at right angles, 
dedifferentiation A reversal in differentiation of a 
cell or tissue that is presumed to occur when a more or 
less completely differentiated cell resumes meristematic 
activity. 

derivative A cell produced by division of a meriste¬ 
matic cell in such a way that it enters the path of differ¬ 
entiation into a body cell; its sister cell may remain in 
the meristem. 

dermal issue See dermal tissue system. 

dermal tissue system Outer covering tissue of a 

plant; epidermis or periderm. 

dermatogen Meristem forming the epidermis and 
arising from independent initials in the apical meristem. 
One of the three histogens, plerome, periblem, and 
dermatogen , according to Hanstein. 
desmotubule The tubule traversing a plasmodesma- 
tal canal and uniting the endoplasmic reticulum of the 
two adjacent cells. 

detached meristem A meristem, with a potential to 
give rise to an axillary bud, appearing detached from 
the apical meristem because of the vacuolation of inter¬ 
vening cells. 

determinate growth Growth of limited duration, 
characteristic of floral meristems and leaves, 
development Change in form and complexity of an 
organism or part of an organism from its beginning to 
maturity; combined with growth. 

diacytic stoma A stomatal complex in which one 
pair of subsidiary cells, with their common walls at right 
angles to the long axis of the guard cells, surrounds the 
stoma. 

diaphragms in pith Transverse layers (diaphragms) 
of firm-walled cells alternating with regions of soft- 
walled cells that may collapse with age. 


dicotyledons Obsolete term used to refer to all angio- 
sperrns other than monocotyledons; characterized by 
having two cotyledons. See also eudicotyledons and 
magnoliids. 

dictyosome See Golgi body. 

differentiation A physiological and morphological 
change occurring in a cell, a tissue, an organ, or a plant 
during development from a meristematic, or juvenile, 
stage to a mature, or adult, stage. Usually associated 
with an increase in specialization. 

diffuse apotracheal parenchyma Axial parenchyma 
in secondary xylern occurring as single cells or as 
strands distributed irregularly among the fibers, 
as seen in transverse section. See also apotracheal 
parenchyma. 

diffuse-porous wood Secondary xylem in which the 
pores (vessels) are distributed fairly uniformly through¬ 
out a growth layer or change in size gradually from ear- 
lywood to latewood. 

dilatation Growth of parenchyma by cell division 
in pith, rays, or axial system in vascular tissues; causes 
the increase in circumference of bark in stem and 
root. 

distal Farthest from the point of origin or attachment. 
Opposite of proximal. 

distichous Arrangement of leaves in two vertical 
rows; two-ranked arrangement, 
dorsal Equivalent to abaxial in botanical usage, 
druse A globular, compound, calcium-oxalate 
crystal with numerous crystals projecting from its 
surface. 

duct An elongated space formed by separation of cells 
from one another (schizogenous origin), by dissolution 
of cells (lysigenous origin), or by a combination of the 
two processes (schizolysigenous origin); usually con¬ 
cerned with secretion. 

E 

earlywood Wood formed in first part of a growth 
layer and characterized by a lower density and 
larger cells than the latewood. Term replaces spring 
wood. 

eccrine secretion Secretion leaves the cell as indi¬ 
vidual molecules passing through the plasma membrane 
and cell wall. Compare with granulocrine secretion. 
ectodesma See teichode. 

elaioplast A leucoplast type of plastid forming and 
storing oil. 

embryogenesis (or embryogeny) Formation of 
embryo. 

embryoid An embryo, often indistinguishable from a 
normal one, developing not from an egg but from a 
somatic cell, often in tissue culture, 
encyclocytic See cyclocytic. 

endocytosis Uptake of material into cells by means 
of invagination of the plasma membrane; if solid 
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material is involved, the process is called phagocytosis; 
if dissolved material is involved it is called pinocytosis. 
endodermis Layer of ground tissue forming a sheath 
around the vascular region and having the Casparian 
strip in its anticlinal walls; may have secondary walls 
later. It is the innermost layer of the cortex in roots and 
stems of seed plants. 

endodermoid Resembling the endodermis. 
endogenous Arising from a deep-seated tissue, as a 
lateral root. 

endomembrane system Collectively, the cellular 
membranes that form a continuum (plasma membrane, 
tonoplast, endoplasmic reticulum, Golgi bodies, and 
nuclear envelope). 

endoplasmic reticulum (usually abbreviated to ER) 
A system of membranes forming cisternoid or tubular 
compartments that permeate the cytosol. The cisternae 
appear like paired membranes in sectional profiles. The 
membranes may be coated with ribosomes (rough ER) 
or be free of ribosomes (smooth ER). 
endoreduplication (endoreplication) A DNA repli¬ 
cation cycle in which no mitosis-like structural changes 
take place; during endoreduplication, polytene chromo¬ 
somes are formed, 
enucleate Lacking a nucleus. 

epiblem Term used sometimes for the epidermis of 
the root. See also rhizodermis. 

epicotyl Upper part of the axis of an embryo or seed¬ 
ling, above the cotyledons (seed leaves) and below the 
next leaf or leaves. See also plumule. 
epidermis The outer layer of cells in the plant body, 
primary in origin. If it is multiseriate ( multiple epider¬ 
mis), only the outermost layer differentiates as a typical 
epidermis. 

epithelium A compact layer of cells, often secretory 
in function, covering a free surface or lining a cavity, 
epithem Mesophyll of a hydathode concerned with 
secretion of water. 

ergastic substances Passive products of protoplast 
such as starch grains, fat globules, crystals, and fluids; 
occur in cytoplasm, organelles, vacuoles, and cell 
walls. 

eudicotyledons One of two major classes of angio- 
sperms. Eudicotyledones, formerly grouped with the 
magnoliids, a diverse group of archaic flowering plants, 
as “dicots”; abbreviated as eudicot. 
eukaryotic (also eucaryotic) Refers to organisms 
having membrane-bound nuclei, genetic material orga¬ 
nized into chromosomes, and membrane-bound cyto¬ 
plasmic organelles. Opposite of prokaryotic. 
eumeristem Meristem composed of relatively small 
cells, approximately isodiametric in shape, compactly 
arranged, and having thin walls, a dense cytoplasm, and 
large nuclei; word means “true meristem.” 
exocytosis A cellular process in which particulate 
matter or dissolved substances are enclosed in a vesicle 


and transported to the cell surface; there, the mem¬ 
brane of the vesicle fuses with the plasma membrane, 
expelling the vesicle’s contents to the outside, 
exodermis Outer layer, one or more cells in depth, of 
the cortex in some roots; a type of hypodermis , the 
walls of which may be suberized and/or lignified. 
exogenous Arising in superficial tissue, as an axillary 
bud. 

expansins A novel class of proteins involved with the 
loosening of cell wall structure. 

external phloem Primary phloem located externally 
to the primary xylem. 

extrafloral nectary Nectary occurring on a plant 
part other than a flower. See also nectary. 
extraxylary fibers Fibers in various tissue regions 
other than the xylem. 

F 

false annual ring One of more than one growth 
layers formed in the secondary xylem during one growth 
season, as seen in transverse section, 
fascicle A bundle. 

fascicular cambium Vascular cambium originating 
from procambium within a vascular bundle, or 
fascicle. 

festucoid Pertaining to the Festucoideae a subfamily 
of grasses. 

fiber An elongated, usually tapering sclerenchyma 
cell with a lignified or nonlignified secondary wall; may 
or may not have a living protoplast at maturity, 
fiber-sclereid A sclerenchyma cell with characteris¬ 
tics intermediate between those of a fiber and a 
sclereid. 

fiber-tracheid A fiber-like tracheid in the secondary 
xylem; commonly thick walled, with pointed ends and 
bordered pits that have lenticular to slit-like apertures, 
fibril Submicroscopic threads composed of cellulose 
molecules that constitute the form in which cellulose 
occurs in the wall, 
file meristem See rib meristem. 
filiform Thread-like. 

filiform sclereid A much elongated, slender sclereid 
resembling a fiber. 

filling tissue Loose tissue formed by the lenticel phel- 
logen toward the outside; may or may not be suberized. 
Also called complementary tissue. 
flank meristem A misnomer used with reference to 
the peripheral region of an apical meristem. The use of 
the word flank implies that the entity is two-sided. The 
term should be replaced with peripheral meristem. 
floral nectary See nectary. 

florigen A hypothetical hormone presumed to be 
concerned with the induction of flowering, 
founder cells Group of cells in the peripheral zone 
of the apical meristem involved with the initiation of a 
leaf primordium. 
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fundamental tissue See ground tissue. 
fundamental tissue system See ground tissue 
system. 

fusiform cell An elongated cell tapering at the 
ends. 

fusiform initial In vascular cambium; an elongated 
cell with approximately wedge-shaped ends that gives 
rise to the elements of the axial system in the secondary 
vascular tissues. 

G 

gelatinous fiber A liber with a so-called gelatinous 
layer (G-layer), an innermost secondary wall layer that 
can be distinguished from the outer secondary wall 
layer(s) by its high cellulose content and lack of 
lignin. 

genome Totality of genetic information contained in 
the nucleus, plastid, or mitochondrion, 
genomics Field of genetics that studies the content, 
organization, and function of genetic information in 
whole genomes. 

genotype Genetic constitution of an organism; con¬ 
trasted with phenotype. 

germination Resumption of growth by the embryo 
in a seed; also beginning of growth of a spore, pollen 
grain, bud, or other structure, 
gland A multicellular secretory structure, 
glandular hair A trichome having a unicellular or 
multicellular head composed of secretory cells; usually 
borne on a stalk of nonglandular cells, 
glyoxysome A peroxisome containing enzymes nec¬ 
essary for the conversion of fats into carbohydrates. 
Golgi apparatus A term used to refer collectively to 
all the Golgi bodies of a given cell. Also called Golgi 
complex. 

Golgi body A group of flat, disk-shaped sacs, or cis- 
ternae, that are often branched into tubules at their 
margins; serve as collecting and packaging centers for 
the cell and concerned with secretory activities. Also 
called dictyosomes. 

grana (sing, granum) Subunits of chloroplasts seen 
as green granules with the light microscope and as 
stacks of disk-shaped cisternae, the thylakoids, with the 
electron microscope; the grana contain the chlorophylls 
and carotenoids and are the sites of the light reactions 
in photosynthesis. 

granulocrine secretion Secretion passes an inner 
cytoplasmic membrane, usually that of a vesicle, and is 
extruded from the cell after the vesicle fuses with the 
plasma membrane and releases its contents to the 
outside. Compare with eccrine secretion. 
gravitropism Growth in which the direction is deter¬ 
mined by gravity. 

ground meristem A primary meristem, or meriste- 
matic tissue, derived from the apical meristem and 
giving rise to the ground tissues. 


ground tissue Tissues other than the vascular tissues, 
the epidermis, and the periderm. Also called funda¬ 
mental tissue. 

ground tissue system The total complex of ground 
tissues of the plant. 

growth Irreversible increase in size by cell division 
and/or cell enlargement. 

growth layer A layer of secondary xylem or second¬ 
ary phloem produced during a single growth period, 
which may extend through one season ( annual ring) 
or part of one season (false annual ring) if more than 
one layer is formed in one season. Also called growth 
increment. 

growth ring A growth layer of secondary xylem or 
secondary phloem as seen in transverse section of stem 
or root; may be an annual ring or a false annual 
ring. 

guard cells A pair of cells flanking the stomatal pore 
and causing the opening and closing of the pore by 
change in turgor. 

gum A nontechnical term applied to material result¬ 
ing from breakdown of plant cells, mainly of their 
carbohydrates. 

gum duct A duct that contains gum. 
gummosis A symptom of a disease characterized by 
the formation of gum, which may accumulate in cavities 
or ducts or appear on the surface of the plant, 
guttation Exudation from leaves of water derived 
from the xylem; caused by root pressure, 
gymnosperm A seed plant with seeds not enclosed 
in an ovary; the conifers are the most familiar group. 

H 

hadrom (or hadrome) The tracheary elements and 
the associated parenchymatous cells of the xylem tissue; 
the specifically supporting cells (fibers and sclereids) 
are excluded. See also leptom. 

half-bordered pit-pair A pit-pair consisting of a bor¬ 
dered and a simple pit. 

haplocheilic stoma Stomatal type in gymnosperms; 
subsidiary cells are not related to the guard cells 
ontogenetically. 

hardwood A name commonly applied to the wood of 
a magnoliid or eudicot tree. 

heartwood Inner layers of secondary xylem that have 
ceased to function in storage and conduction and in 
which reserve materials have been removed or con¬ 
verted into heartwood substances; generally darker 
colored than the functioning sapwood. 
helical cell wall thickening In tracheary elements 
of the xylem; secondary wall deposited on the primary 
or secondary wall as a continuous helix. Also referred 
to as spiral cell wall thickening. 

hemicellulose A general term for a heterogeneous 
group of noncrystalline glycans that are tightly bound 
in the cell wall. 
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heterocellular ray A ray in secondary vascular tissues 
composed of cells of more than one form; in angio- 
sperms, of procumbent and square or upright cells; in 
conifers, of parenchyma cells and ray tracheids. 
heterogeneous ray tissue system Rays in secondary 
vascular tissues all heterocellular or combinations of 
homocellular and heterocellular rays. Term not used for 
conifers. 

hilum (1) The central part of a starch grain around 
which the layers of starch are arranged concentrically; 
(2) the scar left by the detached funiculus on a seed, 
histogen Hanstein’s term for a meristem in shoot or 
root tip that forms a definite tissue system in the plant 
body. Three histogens were recognized: dermatogen , 
periblem, and plerome. See definitions of these terms, 
histogen concept Hanstein’s concept stating that 
the three primary tissue systems in the plant—the epi¬ 
dermis, the cortex, and the vascular system with the 
associated ground tissue—originate from distinct rneri- 
stems, the histogens, in the apical meristems. See 
histogen. 

histogenesis The formation of tissues (hence, histo- 
genetic ) having to do with origin or formation of 
tissues. 

histogenetic See histogenesis. 

homocellular ray A ray in secondary vascular tissues 
composed of cells of one form only: in angiosperms, of 
procumbent, or square, or upright cells; in conifers, of 
parenchyma cells only. 

homogeneous ray tissue system Rays in secondary 
vascular tissues all homocellular, composed of procum¬ 
bent cells only. Term not used for conifers, 
homology A condition indicative of the same phylo¬ 
genetic, or evolutionary, origin, but not necessarily the 
same in present structure and/or function, 
horizontal parenchyma See ray parenchyma. 
horizontal system See ray system. 
hormone An organic substance produced usually in 
minute amounts in one part of an organism, from which 
it is transported to another part of that organism on 
which it has a specific effect; hormones function as 
highly specific chemical signals between cells, 
hyaloplasm See cytosol. 

hydathode A structural modification of vascular and 
ground tissues, usually in a leaf, that permits the release 
of water through a pore in the epidermis; may be secre¬ 
tory in function. See epithem. 

hydromorphic Refers to the structural features of 
hydrophytes. 

hydrophyte A plant that requires a large supply of 
water and may grow partly or entirely submerged in 
water. 

hygromorphlc Synonym of hydromorphic. 
hyperplasia Refers most commonly to an excessive 
multiplication of cells. 


hypertrophy Refers most commonly to abnormal 
enlargement. Hypertrophy of a cell or its parts involves 
no cell division. Hypertrophy of an organ may involve 
both enlargement of cells and abnormal cell multiplica¬ 
tion ( hyperplasia ). 

hypocotyl Axial part of embryo or seedling 
located between the cotyledon or cotyledons and the 
radicle. 

hypocotyl-root axis Axial part of embryo or seed¬ 
ling comprising the hypocotyl and the root meristem or 
the radicle, if one is present. 

hypodermis A layer or layers of cells beneath the 
epidermis distinct from the underlying ground tissue 
cells. 

hypophysis The uppermost cell of suspensor from 
which part of the root and rootcap in the embryo of 
angiosperms are derived. 

I 

idioblast A cell in a tissue that markedly differs in 
form, size, or contents from other cells in the same 
tissue. 

included phloem Secondary phloem included in the 
secondary xylem of certain eudicots. Term replaces 
interxylary phloem. 

increment In growth, an addition to the plant body 
by the activity of a meristem. 

indeterminate growth Unrestricted or unlimited 
growth, as with a vegetative apical meristem that 
produces an unrestricted number of lateral organs 
indefinitely. 

initial (1) Cell in a meristem that by division gives rise 
to two cells, one of which remains in the meristem, the 
other is added to the plant body; (2) sometimes used to 
designate a cell in its earliest stage of specialization. 
More appropriate term for (2), primordium. 
initial parenchyma See marginal bands. 
inner bark In older trees, the living part of the bark; 
the bark inside the innermost periderm. See also 
bark. 

intercalary growth Growth by cell division that 
occurs some distance from the meristem in which the 
cells originated. 

intercalary meristem Meristematic tissue derived 
from the apical meristem and continuing meristematic 
activity some distance from that meristem; may be 
intercalated between tissues that are no longer 
meristematic. 

intercellular space A space between two or more 
cells in a tissue; may have schizogenous, lysigenous , 
schizolysigenous, or rhexigenous origin, 
intercellular substance See middle lamella. 
interfascicular cambium Vascular cambium arising 
between vascular bundles (fascicles) in the interfascicu¬ 
lar parenchyma. 
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interfascicular region Tissue region located between 
the vascular bundles (fascicles) in a stem. Also called 
medullary or pith ray. 

intermediary cell Especially large companion cells 
with fields of highly branched plasmodesmata leading 
into them from the bundle-sheath cells; their presence 
is correlated with the transport of large quantities of 
raffinose and stachyose. 

internal phloem The primary phloem located inter¬ 
nally from the primary xylem. Term replaces intraxyl- 
ary phloem. 

internode Region between successive nodes of a 
stem. 

interpositional growth See intrusive growth. 
intervascular pitting Pitting between tracheary 
elements. 

interxylary cork Cork that develops within the 
xylem tissue. 

interxylary phloem See included phloem. 
intraxylary phloem See internal phloem. 
intrusive growth A type of growth in which a growing 
cell intrudes between other cells that separate from each 
other along the middle lamella in front of the tip of the 
growing cell. Also called interpositional growth. 
intussusception Growth of cell wall by interpolation 
of new wall material within previously formed wall. 
Opposite of apposition. 

isodiametric Regular in form, with all diameters 
equally long. 

isolation cells In secondary xylem, paratracheal 
parenchyma cells and ray cells that have no contact with 
the vessels; function as storage cells, 
isotropic Having the same properties along all 
axes. Optically isotropic material does not affect the 
light. 

K 

karyokinesis Division of a nucleus as distinguished 
from the division of the cell, or cytokinesis. Also called 
mitosis. 

L 

LI, L2, L3 layers The outer cell layers of angiosperm 
apical meristems with a tunica-corpus organization, 
lacuna (pi. lacunae) Space. Usually air space between 
cells, which may be schizogenous, lysigenous, schizo- 
lysigenous , or rhexigenous in origin. Also used with 
reference to the leaf gap. 

lacunar collenchyma A collenchyma characterized 
by intercellular spaces and cell wall thickenings facing 
the spaces. 

lamella A thin plate or layer. 

lamellar collenchyma A collenchyma in which cell 
wall thickenings are deposited mainly on tangential 
walls. 


lamina of leaf Expanded part of the leaf. Also called 
blade of the leaf. 

latewood The secondary xylem formed in the later 
part of a growth layer; denser and composed of smaller 
cells than the earlywood. Term replaces summer wood. 
lateral meristem A meristem located parallel with 
the sides of the axis; refers to the vascular cambium 
and phellogen, or cork cambium. 

lateral root A root arising from another, older root; 
also called branch root , or secondary root, if the older 
root is the primary root, or taproot, 
latex (pi. latices) A fluid, often milky, contained in 
laticifers; consists of a variety of organic and inorganic 
substances, often including rubber, 
laticifer A cell or a cell series containing a character¬ 
istic fluid called latex. 

laticiferous cell A nonarticulated, or simple, 
laticifer. 

laticiferous vessel An articulated, or compound, 
laticifer in which the cell walls between contiguous 
cells are partly or completely removed, 
leaf buttress A lateral protrusion below the apical 
meristem constituting the initial stage in the develop¬ 
ment of a leaf primordium. 

leaf fibers Technical designation of fibers derived 
from monocotyledons, chiefly from their leaves, 
leaf primordium A lateral outgrowth from the apical 
meristem that eventually will become a leaf, 
leaf sheath The lower part of a leaf that invests the 
stem more or less completely. 

leaf trace A vascular bundle in the stem extending 
between its connection with a leaf and that with another 
vascular unit in the stem; a leaf may have one or more 
leaf traces. 

leaf trace gap A region of parenchyma in the vascular 
cylinder of a stem located above the level where a leaf 
trace diverges toward the leaf. Also called lacuna , an 
interfascicular region; it involves no interruption of vas¬ 
cular connections. 

lenticel An isolated region in the periderm distin¬ 
guished from the phellem in having intercellular spaces; 
the tissue may or may not be suberized. 
leptom (or leptome') The sieve elements and the asso¬ 
ciated parenchymatous cells of the phloem tissue; the 
supporting cells (fibers and sclereids) are excluded. See 
also hadrom. 

leucoplast A colorless plastid. 

libriform fiber A xylem fiber commonly with thick 
walls and simple pits; usually the longest cell in the 
tissue. 

lignification Impregnation with lignin, 
lignins Phenolic polymers deposited mainly in cell 
walls of supporting and conducting tissues; formed from 
the polymerization of three main monomeric units, the 
monolignols />-coumaryl, coniferyl, and sinapyl alcohols. 
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lithocyst A cell containing a cystolith. 
longitudinal parenchyma See axial parenchyma. 
longitudinal system In secondary vascular tissues. 
See axial system. 

lumen Space bounded by (1) the plant cell wall; (2) 
the thylakoid space in chloroplasts; (3) the narrow, 
transparent space of endoplasmic reticulum, 
lutoids Vesicles, also called vacuoles, in laticifers 
bounded by a single membrane and containing a spec¬ 
trum of hydrolytic enzymes capable of degrading most 
of the organic compounds in the cell, 
lysigenous As applied to an intercellular space, origi¬ 
nating by a dissolution of cells, 
lysis A process of disintegration or degradation, 
lysosomal compartment A region in the cell proto¬ 
plast or cell wall where acid hydrolases, capable of 
digesting cytoplasmic constituents and metabolites, are 
localized. Bounded by a single membrane in the proto¬ 
plast and usually constituting the vacuolar system. 
Another term, lytic compartment. 
lysosome An organelle bounded by a single mem¬ 
brane and containing acid hydrolytic enzymes capable 
of breaking down proteins and other organic macro¬ 
molecules; in plants, represented by vacuoles. See also 
lysosomal compartment. 

lytic compartment See lysosomal compartment. 

M 

maceration Artificial separation of cells of a tissue by 
causing a disintegration of the middle lamella, 
macrofibril An aggregation of microfibrils in a cell 
wall visible with the light microscope, 
macrosclereid Elongated sclereid with unevenly dis¬ 
tributed secondary wall thickening; common in seed 
epidermis of Fabaceae. 

magnoliids A clade, or evolutionary line, of angio- 
sperms leading to the eudicots. The leaves of most mag¬ 
noliids possess ester-containing oil cells, 
major veins Larger leaf vascular bundles, which 
are associated with ribs; they are largely involved 
with the transport of substances into and out of the 
leaf. 

mantle Outer layers of the kind of apical meristem 
that shows a layered arrangement of cells, 
marginal bands Parenchyma bands at the ends of 
growth rings in secondary xylern; may be restricted to 
the end of a ring ( terminal parenchymal) or to the 
beginning of one ( initial parenchyma). 
mass meristem A meristematic tissue in which the 
cells divide in various planes so that the tissue increases 
in volume. 

matrix Generally refers to a medium in which some¬ 
thing is embedded. 

mechanical tissue See supporting tissue. 

medulla Synonym for pith. 

medullary ray See interfascicular region. 


meiosis Two successive nuclear divisions in which 
the chromosome number is reduced from diploid to 
haploid and segregation of the genes occurs, 
meristem Embryonic tissue region, primarily con¬ 
cerned with formation of new cells, 
meristematic cell A cel synthesizing protoplasm and 
producing new cells by division; varies in form, size, 
wall thickness, and degree of vacuolation, but has only 
a primary cell wall. 

meristemoid A cell or a group of cells constituting an 
active locus of meristematic activity in a tissue com¬ 
posed of somewhat older, differentiating cells, 
merophyte Immediate unicellular derivative of an 
apical cell and the multicellular structural units derived 
from them. 

mesomorphic Refers to structural features of 
mesophytes. 

mesophyll Photosynthetic parenchyma of a leaf blade 
located between the two epidermal layers, 
mesophyte A plant requiring an environment that is 
neither too wet nor too dry. 

mestome sheath An endodermoid sheath of a vascu¬ 
lar bundle; the inner of two sheaths of leaves of Poaceae, 
mainly those of the festucoid subfamily, 
metacutisation Deposition of suberin lamellae in 
outer cells of root tips that cease to be active in growth 
and absorption at the end of seasonal growth. Late 
suberization. 

metaphloem Part of the primary phloem that differ¬ 
entiates after the protophloem and before the second¬ 
ary phloem, if any of the latter is formed in a given 
taxon. 

metaxylem Part of the primary xylern that diff-erenti- 
ates after the protoxylem and before the secondary 
xylem, if any of the latter is formed in a given taxon, 
micelles Regions in cellulose microfibrils in which 
the cellulose molecules are arranged parallel to 
each other so that a crystalline lattice structure is 
present. 

microbody See peroxisome. 

microfibril A thread-like component of the cell wall 

consisting of cellulose molecules and visible only with 

the electron microscope. 

microfilament See actin filament. 

micrometer One-thousandth millimeter; also called 

micron. Symbol pm. 

micron See micrometer. 

microtubules Nonmembranous tubules about 25 
nanometers (nm) in diameter and of indefinite length. 
Located in the cytoplasm in a nondividing eukaryotic 
cell, usually near the cell wall, and form the meiotic or 
mitotic spindle and the phragmoplast in a dividing 
cell. 

middle lamella Layer of intercellular material, chiefly 
pectic substances, cementing together the primary 
walls of contiguous cells. 
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minor veins Small leaf vascular bundles, which are 
located in the mesophyll and enclosed by a bundle 
sheath; they are involved with the distribution of the 
transpiration stream and the uptake of the products of 
photosynthesis. 

mitochondrion (pi. mitochondria) Double mem¬ 
brane-bound cell organelle concerned with respiration; 
carries enzymes and is the major source of ATP in non¬ 
photosynthetic cells, 
mitosis See karyokinesis. 

monocotyledon A plant whose embryo has one coty¬ 
ledon; one of the two great classes of angiosperms, the 
Monocotyledones; often abbreviated as monocot; the 
other great class, the Eudicotyledones. 
morphogenesis Development of form; the sum of 
phenomena of development and differentiation of tissues 
and organs. 

morphology Study of form and its development, 
mother cell See precursory cell. 
motor cell See bulliform cell. 

mucilage cell Cell containing mucilages or gums or 
similar carbohydrate material characterized by the prop¬ 
erty of swelling in water. 

mucilage duct A duct containing mucilage or gum or 
similar carbohydrate material. See also duct. 
multiperforate perforation plate In vessel element 
of the xylem; a perforation plate that has more than one 
perforation. 

multiple epidermis A tissue two or more cell layers 
deep derived from the protoderm; only the outermost 
layer differentiates as a typical epidermis, 
multiseriate ray A ray in secondary vascular tissues 
that is few to many cells wide. 

myrosin cell Cell containing myrosinases, enzymes 
that hydrolyze glucosinolates. Occur mainly in the 
Brassicaceae. 

N 

nacre wall See nacreous wall. 

nacreous wall A nonlignihed wall thickening that is 
often found in sieve elements and resembles a second¬ 
ary wall when it attains considerable thickness; designa¬ 
tion based on glistening appearance of the wall in fresh 
tissue. 

nanometer One millionth of a millimeter; symbol 
nrn. Equal to 10 angstroms. 

nectary A multicellular glandular structure secreting 
a liquid containing organic substances including sugar. 
Occurs in flowers (floral nectary) and vegetative plant 
parts (extrafloral nectary). 

netted venation Veins in a leaf blade form an anasto¬ 
mosing system, the whole resembling a net; also called 
reticulate venation. 

node That part of the stem at which one or 
more leaves are attached; not sharply delimited 
anatomically. 


nonarticulated laticifer A simple laticifer consist¬ 
ing of a single, commonly multinucleate, cell; may be 
branched or unbranched. 

nonporous wood Secondary xylem having no 
vessels. 

nonstoried cambium Vascular cambium in which 
the fusiform initials and rays are not arranged in hori¬ 
zontal tiers on tangential surfaces. Also called nonstrati- 
fled cambium. 

nonstoried wood Secondary xylem in which the 
axial cells and rays are not arranged in horizontal tiers 
on tangential surfaces. Also called nonstratifled wood. 
nonstratified cambium See nonstoried cambium. 
nonstratifled wood See nonstoried wood. 
nuclear envelope Double membrane enclosing the 
nucleus of a cell. 

nucleoid A region of DNA in prokaryotic cells, mito¬ 
chondria, and chloroplasts. 

nucleolar organizer region A special area on a 
certain chromosome associated with the formation of 
the nucleolus. 

nucleolus (pi. nucleoli) A small, spherical body 
found in the nucleus of eukaryotic cells, which is com¬ 
posed of rRNA in the process of being transcribed from 
copies of rRNA genes; the site of production of ribo- 
somal subunits. 

nucleoplasm Ground substance of the nucleus, 
nucleus In biology, organelle in a eukaryotic cell 
bounded by a double membrane and containing the 
chromosomes, nucleoli, and nucleoplasm. 

O 

ontogeny Development of an organism, organ, tissue, 
or cell from inception to maturity, 
opposite pitting Pits in tracheary elements disposed 
in horizontal pairs or in short horizontal rows, 
organ A distinct and visibly differentiated part of a 
plant, such as root, stem, leaf, or part of a flower, 
organelle A distinct body within the cytoplasm 
of a cell, specialized in function; specifically, 
membrane-bound. 

organism Any individual living thing, either unicel¬ 
lular or multicellular. 

orthostichy A vertical line along which is attached a 
series of leaves or scales on an axis of a shoot or shoot¬ 
like organ. Often incorrectly applied to a steep helix, or 
parastichy. 

osteosclereid Bone-shaped sclereid having a colum¬ 
nar middle part and enlargements at both ends, 
outer bark In older trees, the dead part of the bark; 
the innermost periderm and all tissues outside it; also 
called rhytidome. See also bark. 

P 

paedomorphosis Delay in evolutionary advance in 
some characteristics as compared with others resulting 
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in a combination of juvenile and advanced characteris¬ 
tics in the same cell, tissue, or organ, 
palisade parenchyma Leaf mesophyll parenchyma 
characterized by elongated form of cells and their 
arrangement with their long axes perpendicular to the 
surface of the leaf. 

panicoid Pertaining to the Panicoideae, a subfamily 
of grasses. 

papilla (pi. papillae) A soft protuberance on an epi¬ 
dermal cell; a type of trichome. 

paracytic stoma A stomatal complex in which one or 
more subsidiary cells flank the stoma parallel with the 
long axes of the guard cells. 

paradermal Parallel with the epidermis. Refers 
specifically to a section made parallel with the surface 
of a flat organ such as a leaf; it is also a tangential 
section. 

parallel venation Main veins in a leaf blade arranged 
approximately parallel to one another, although con¬ 
verging at base and apex of leaf. 

parastichy A helix along which is attached a series of 
leaves or scales on an axis of a shoot or shoot-like organ. 
See also orthostichy. 

paratracheal parenchyma Axial parenchyma in 
secondary xylem associated with vessels and other 
tracheary elements. Includes aliform, confluent, and 
vasicentric. 

parenchyma Tissue composed of parenchyma cells, 
parenchyma cell Typically a not distinctly special¬ 
ized cell with a nucleate protoplast concerned with one 
or more of the various physiological and biochemical 
activities in plants. Varies in size, form, and wall 
structure. 

parietal cytoplasm Cytoplasm located next to the 
cell wall. 

pectic substances A group of complex carbohydrates, 
derivatives of polygalacturonic acid, occurring in plant 
cell walls; particularly abundant as a constituent of the 
middle lamella. 

peltate hair A trichome consisting of a discoid plate 
of cells borne on a stalk or attached directly to the basal 
foot cell. 

perforation plate Part of a wall of a vessel element 
that is perforated. 

periblem The meristem forming the cortex. One of 
the three histogens, plerome, periblem, and dermato- 
gen , according to Hanstein. 

periclinal Commonly refers to orientation of cell wall 
or plane of cell division; parallel with the circumference 
or the nearest surface of an organ. Opposite of anticli¬ 
nal. See also tangential. 
periclinal chimera See chimera. 
pericycle Part of ground tissue of the stele located 
between the phloem and the endodermis. In seed plants, 
regularly present in roots, absent in most stems, 
pericyclic fiber See perivascular fiber. 


pericyclic sclerenchyma See perivascular 
sclerenchyma. 

periderm Secondary protective tissue that replaces 
the epidermis in stems and roots, rarely in other organs. 
Consists of phellem (cork), phellogen (cork cambium), 
and phelloderm. 

perimedullary region or zone Peripheral region of 
the pith (medulla). Also called medullary sheath. 
perinuclear space Space between the two mem¬ 
branes forming the nuclear envelope, 
perivascular fiber A fiber located along the outer 
periphery of the vascular cylinder in the axis of a seed 
plant and not originating in the phloem. Alternate term, 
pericyclic fiber. 

perivascular sclerenchyma Sclerenchyma located 
along the outer periphery of the vascular cylinder and 
not originating in the phloem. Alternate term .pericyclic 
sclerenchyma. 

peroxisome A spherical, single membrane-bound 
organelle; some are involved in photorespiration and 
others (called glyoxysomes ) with the conversion of 
fats to sugars during seed germination. Also called 
microbody. 

phellem (cork) Protective tissue composed of nonliv¬ 
ing cells with suberized walls and formed centrifugally 
by the phellogen (cork cambium) as part of the peri¬ 
derm. Replaces the epidermis in older stems and roots 
of many seed plants. 

phelloderm A tissue resembling cortical parenchyma 
produced centripetally by the phellogen (cork cambium) 
as part of the periderm of stems and roots in seed 
plants. 

phellogen (cork cambium) A lateral meristem 
forming the periderm, a secondary protective tissue 
common in stems and roots of seed plants. Produces 
phellem (cork) centrifugally, phelloderm centripetally 
by periclinal divisions. 

phelloid cell A cell within the phellem (cork) but 
distinct from the cork cell in having no suberin in its 
walls. May be a sclereid. 

phenotype Physical appearance of an organism result¬ 
ing from interaction between its genotype (genetic con¬ 
stitution) and the environment. 

phlobaphenes Anhydrous derivatives of tannins. 
Amorphous yellow, red, or brown substances very con¬ 
spicuous when present in cells. 

phloem Principal food-conducting tissue of the vas¬ 
cular plant composed mainly of sieve elements, various 
kinds of parenchyma cells, fibers, and sclereids. 
phloem elements Cells of the phloem tissue, 
phloem initial A cambial cell on the phloem side of 
the cambial zone that is the source of one or more cells 
arising by periclinal divisions and differentiating into 
phloem elements with or without additional divisions 
in various planes. Sometimes called phloem mother 
cell. 
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phloem mother cell A cambial derivative that is the 
source of certain elements of the phloem tissue, such as, 
a sieve-tube element and its companion cells or a strand 
of phloem parenchyma cells. Used also in a wider sense 
synonymously with phloem initial. 
phloem parenchyma Parenchyma cells located in 
the phloem. In secondary phloem refers to axial 
parenchyma. 

phloem ray That part of a vascular ray that is located 
in the secondary phloem. 

phloic procambium That part of procambium that 
differentiates into primary phloem, 
photoperiodism Response to duration and timing of 
day and night expressed in the character of growth, 
development, and flowering in plants, 
photorespiration Oxygenase activity of Rubisco 
combined with the salvage pathway, consuming 0 2 and 
releasing C0 2 ; occurs when Rubisco binds 0 2 instead of 

co 2 . 

photosynthetic cell A chloroplast-containing cell 
engaged in photosynthesis. 

phragmoplast Fibrous structure (light microscope 
view) that arises between the daughter nuclei at telo¬ 
phase and within which the initial partition ( cell plate'), 
dividing the mother cell in two ( cytokinesis ), is formed. 
Appears at first as a spindle connected to the two nuclei, 
but later spreads laterally in the form of a ring. Consists 
of microtubules. 

phragmosome Layer of cytoplasm formed across the 
cell where the nucleus becomes located and divides. 
The equatorial plane of the subsequently appearing 
phragmoplast coincides with the plane of the cytoplas¬ 
mic layer. 

phyllochron Interval between the visible appear¬ 
ance or emergence of successive leaves in the intact 
plant. 

phyllotaxy (or phyllotaxis) Mode in which the 
leaves are arranged on the axis of a shoot, 
phylogeny Evolutionary relationships among organ¬ 
isms; the developmental history of a group of 
organisms. 

phytomeres Units, or modules, repetitively produced 
by the vegetative shoot apex. Each phytomere consists 
of a node, with its attached leaf, a subjacent internode, 
and a bud at the base of the internode, 
pinocytosis See endocytosis. 

pit A recess or cavity in the cell wall where the primary 
wall is not covered by secondary wall. Pit-like structures 
in the primary wall are designated primordial pits, 
primary pits, or primary pit-fields. A pit is usually a 
member of a pit-pair. 

pit aperture Opening into the pit from the interior of 
the cell. If a pit canal is present in a bordered pit, two 
apertures are recognized, the inner, from the cell lumen 
into the canal, and the outer, from the canal into the pit 
cavity. 


pit canal Passage from the cell lumen to the chamber 
of a bordered pit. (Simple pits in thick walls usually have 
canal-like cavities.) 

pit cavity Entire space within a pit from pit mem¬ 
brane to the cell lumen or to the outer pit aperture if a 
pit canal is present, 
pit-field See primary pit-field. 

pit membrane Part of the intercellular layer and 
primary cell wall that limits a pit cavity externally, 
pit-pair Two complementary pits of two adjacent 
cells. Essential components are two pit cavities and the 
pit membrane. 

pith Ground tissue in the center of a stem or root. 
Homology of pith in root and stem is uncertain, 
pith ray See interfascicular region. 
plasma membrane Single membrane delimiting the 
cytoplasm next to the cell wall. A type of unit mem¬ 
brane. Also called plasmalemma. 
plasmalemma See plasma membrane. 
plasmodesma (pi. plasmodesmata) A connection of 
protoplasts of two contiguous cells through a channel in 
the cell wall. This plasma membrane-lined channel typi¬ 
cally is traversed by a tubular strand of tightly constricted 
endoplasmic reticulum called a desmotubule, which is 
continuous with the endoplasmic reticulum in the con¬ 
tiguous cells. The region between the plasma membrane 
and the desmotubule is called the cytoplasmic sleeve. 
plastid Organelle with a double membrane in the 
cytoplasm of many eukaryotes. May be concerned with 
photosynthesis ( chloroplast ) or starch storage ( amylo- 
plast), or contain yellow or orange pigments ( chromo- 
plast). See also leucoplast. 

plastochron (or plastochrone) The time interval 
between the inception of two successive repetitive 
events, as origin of leaf primordia, attainment of certain 
stage of development of a leaf, etc. Variable in length as 
measured in time units. 

plastoglobule Globule in a plastid with lipid as the 
basic component. 

plate collenchyma See lamellar collenchyma. 
plate meristem A meristematic tissue consisting of 
parallel layers of cells dividing only anticlinally with 
reference to the wide surface of the tissue. Characteris¬ 
tic of ground meristem of plant parts that assume a flat 
form as a leaf. 

plerome The meristem forming the core of the axis 
composed of the primary vascular tissues and associ¬ 
ated ground tissue such as pith and interfascicular 
regions. One of the three histogens , plerome, periblem, 
and dermatogen, according to Hanstein. 
plumule Portion of the young shoot above the 
cotyledon(s); the first bud of an embryo. See also 
epicotyl. 

polyderm A type of protective tissue in which suber- 
ized cells alternate with nonsuberized parenchyma cells 
and both kinds of cell have living protoplasts. 




534 | Glossary 


polymerization Chemical union of monomers, such 
as glucose or nucleotides, resulting in the formation of 
polymers, such as starch, cellulose, or nucleic acid, 
polysaccharide A carbohydrate composed of many 
monosaccharide units joined in a chain, for example, 
starch, cellulose. 

polysome (or polyribosome) Aggregation of ribo¬ 
somes apparently concerned with protein synthesis as 
a group. 

pore A term of convenience for the transverse section 
of a vessel in the secondary xylem. 
pore cluster See pore multiple. 

pore multiple In secondary xylem; a group of two or 
more pores (transverse sections of vessels) crowded 
together and flattened along the surfaces of contact. 
Radial pore multiple, pores in radial hie; pore cluster, 
irregular grouping. 

porous wood Secondary xylem having vessels. 
P-protein Phloem protein; a proteinaceous substance 
found in cells of angiosperm phloem, especially in sieve- 
tube elements; formerly called slime, 
precursory cell A cell giving rise to others by 
division. 

preprophase band A ring-like band of microtubules, 
found just beneath the plasma membrane, that delimits 
the equatorial plane of the future mitotic spindle of a 
cell preparing to divide. 

primary body (of plant) Part of the plant, or entire 
plant if no secondary growth occurs, that arises from 
the embryo and the apical meristems and their deriva¬ 
tive meristematic tissues and is composed of primary 
tissues. 

primary cell wall Version based on studies with the 
light microscope: cell wall formed chiefly while the cell 
is increasing in size. Version based on studies with the 
electron microscope: cell wall in which the cellulose 
microfibrils show various orientations—from random to 
more or less parallel—that may change considerably 
during the increase in size of the cell. The two versions 
do not necessarily coincide in delimiting primary from 
secondary wall. 

primary growth Growth of successively formed 
roots and vegetative and reproductive shoots from the 
time of their initiation by the apical meristems and until 
the completion of their expansion. Has its inception in 
the apical meristems and continues in their derivative 
meristems, protoderm, ground meristem, and procam¬ 
bium, as well as in the partly differentiated primary 
tissues. 

primary meristem Often used for each of the three 
meristematic tissues derived from the apical meristem: 
protoderm, ground meristem, and procambium, 
primary metabolites Molecules that are found in all 
plant cells and that are necessary for the life of the plant; 
examples are simple sugars, amino acids, proteins, and 
nucleic acids. 


primary phloem Phloem tissue differentiating from 
procambium during primary growth and differentiation 
of a vascular plant. Commonly divided into the earlier 
protophloem and the later metaphloem. Not differenti¬ 
ated into axial and ray systems. 

primary phloem fibers Fibers located on the outer 
periphery of the vascular region and originating in the 
primary phloem, usually the protophloem. Often called 
pericyclic fibers. 

primary pit See primary pit-field. 
primary pit-field A thin area of the primary cell wall 
and middle lamella within the limits of which one or 
more pit-pairs develop if a secondary wall is formed. 
Also called primordial pit and primary pit. 
primary plant body See primary body. 
primary root Taproot. Root developing in continua¬ 
tion of the radicle of the embryo. 

primary thickening meristem A meristem derived 
from the apical meristem and responsible for the primary 
increase in thickness of the shoot axis. May appear 
as a distinct mantle-like zone. Often found in 
monocotyledons. 

primary tissues Tissues derived from the embryo 
and the apical meristems. 

primary vascular tissues Xylem and phloem differ¬ 
entiating from procambium during primary growth and 
differentiation of a vascular plant, 
primary wall See primary cell wall. 
primary xylem Xylem tissue differentiating from 
procambium during primary growth and differentiation 
of a vascular plant. Commonly divided into the earlier 
protoxylem and the later metaxylem. Not differentiated 
into axial and ray systems, 
primordial pit See primary pit-field. 
primordium (pi. primordia) An organ, a cell, or an 
organized series of cells in their earliest stage of differ¬ 
entiation, for example, leaf primordium, sclereid pri¬ 
mordium, vessel element primordium. 
procambium Primary meristem or meristematic 
tissue that differentiates into the primary vascular tissue. 
Also called provascular tissue. 

procumbent ray cell In secondary vascular tissues; 
a ray cell having its longest axis in radial direction, 
prodesmogen A meristem precursory to desmogen 
(procambium ). The term has the same connotation as 
residual meristem. 

programmed cell death The genetically controlled, 
or programmed, series of changes in a living cell or 
organism that leads to its death. 

prokaryotic (also procaryotic ) Refers to an organ¬ 
ism, the cells of which lack a membrane-bound nucleus 
and membrane-bound organelles; Bacteria and 
Archaea. 

prolamellar body Semicrystalline body found in 
plastids arrested in development by the absence of 
light. 
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promeristem Initiating cells and their most recent 
derivatives in an apical meristem. Also called 
protomeristem. 

prophyll First or one of two first leaves on a lateral 
shoot. 

proplastid A plastid in its earliest stages of 
development. 

protoderm Primary meristem or meristematic tissue 
giving rise to the epidermis; also epidermis in meriste¬ 
matic state. May or may not arise from independent ini¬ 
tials in the apical meristem. 
protomeristem See promeristem. 
protophloem First-formed elements of the phloem in 
a plant organ. First part of the primary phloem, 
protophloem poles Term of convenience for loci of 
phloem elements that are the first to mature in the vas¬ 
cular system of a plant organ. Applied to views in trans¬ 
verse sections. 

protoplasm Living substance. Inclusive term for all 
living contents of a cell or an entire organism, 
protoplast Organized living unit of a single cell 
including protoplasmic and nonprotoplasmic contents 
of a cell but excluding the cell wall, 
protoxylem First-formed elements of the xylem in a 
plant organ. First part of the primary xylem. 
protoxylem lacuna Space surrounded by paren¬ 
chyma cells in the protoxylem of a vascular bundle. 
Appears in some plants after the tracheary elements of 
protoxylem are stretched and torn, 
protoxylem poles Term of convenience for loci of 
xylem elements that are the first to mature in the vas¬ 
cular system of a plant organ. Applied to views in trans¬ 
verse sections. 

provascular tissue See procambium. 
proximal Situated near the point of origin or attach¬ 
ment. Opposite of distal. 

pycnotic degeneration Nuclear degeneration during 
which the chromatin forms a very dense mass prior to 
rupture of the nuclear envelope. 

Q 

quarter-sawed oak Oak wood sawed along a radial 
plane so that the radial surface showing the wide rays 
characteristic of this wood is exposed, 
quiescent center Initial region in the apical meristem 
that has reached a state of relative inactivity; common 
in roots. 

R 

radial parenchyma See ray parenchyma. 
radial pore multiple See pore multiple. 
radial section A longitudinal section coinciding with 
a radius of a cylindrical body, such as stem, 
radial seriation Arrangement of units, such as cells, 
in an orderly sequence in a radial direction. Character¬ 
istic of cambial derivatives. 


radial system See ray system. 

radicle Embryonic root. Forms the basal continuation 
of the hypocotyl in an embryo, 
ramified Branched. 

ramiform pit Pit that appears to be branched because 
it is formed by a coalescence of two or more simple 
pits during the increase in thickness of the secondary 
wall. 

raphides Needle-shaped crystals commonly occur¬ 
ring in bundles. 

ray A panel of tissue variable in height and width, 
formed by the ray initials in the vascular cambium and 
extending radially in the secondary xylem and second¬ 
ary phloem. 

ray initial A meristematic ray cell in the vascular 
cambium that gives rise to ray cells of the secondary 
xylem and secondary phloem. 

ray parenchyma Parenchyma cells of a ray in second¬ 
ary vascular tissues. Contrasted with axial 
parenchyma. 

ray system Total of all rays in the secondary vascular 
tissues. Also called horizontal system and radial 
system. 

ray tracheid Tracheid in a ray. Found in the second¬ 
ary xylem of certain conifers. 

reaction wood Wood with more or less distinctive 
anatomical characteristics formed in parts of leaning or 
crooked stems and on lower (conifers) or upper (mag- 
noliids and eudicots) sides of branches. See compres¬ 
sion wood and tension wood. 

redifferentiation A reversal in differentiation in a 
cell or tissue and subsequent differentiation into another 
type of cell or tissue. 

residual meristem Used in the sense of residuum of 
the least differentiated part of the apical meristem. A 
tissue that is relatively more highly meristematic than 
the associated differentiating tissues beneath the apical 
meristem. Gives rise to procambium and to interfascicu¬ 
lar ground tissue, 
resin canal See resin duct. 

resin duct A duct of schizogenous origin lined with 
resin-secreting cells ( epithelial cells') and containing 
resin. 

reticulate cell wall thickening In tracheary ele¬ 
ments of the xylem; secondary cell wall deposited on 
the primary so as to form a net-like pattern, 
reticulate perforation plate In vessel element of 
the xylem; a type of multiperforate plate in which 
the bars delimiting the perforations form a net-like 
pattern. 

reticulate sieve plate A compound sieve plate with 
sieve areas arranged so as to form a net-like pattern, 
reticulate venation See netted venation. 

reticulum A net. 

retting Freeing fiber bundles from other tissues 
by utilizing the action of microorganisms causing, in a 
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suitable moist environment, the disintegration of the 
thin-walled cells surrounding the fibers, 
rhexigenous As applied to an intercellular space, 
originating by rupture of cells. 

rhizodermis Primary surface layer of the root. Use of 
the term implies that this layer is not homologous with 
the epidermis of the shoot. See also epiblem. 
rhytidome A technical term for the outer bark, which 
consists of periderm and tissues isolated by it, namely 
cortical and phloem tissues. 

rib An elongate protrusion, as those along the large 
veins on the underside of a leaf. 

rib meristem A meristematic tissue in which the cells 
divide perpendicular to the longitudinal axis of an organ 
and produce a complex of parallel, vertical hies (“ribs”) 
of cells. Particularly common in ground meristem of 
organs assuming a cylindrical form. Also called file 
meristem. 

ribosome A cell component composed of protein 
and RNA and concerned with protein synthesis. 
Occurs in the cytosol, nucleus, plastids, and 
mitochondria. 

ring bark A type of rhytidome resulting from the 
formation of successive periderms approximately con¬ 
centrically around the axis. 

ring-porous wood Secondary xylem in which the 
pores (vessels) of the earlywood are distinctly larger 
than those of the latewood and form a well-defined zone 
or ring in a transverse section of wood, 
rootcap A thimble-like mass of cells covering the 
apical meristem of the root. 

root hair A type of trichome on root epidermis that 
is a simple extension of an epidermal cell and is con¬ 
cerned with absorption of soil solution. 

S 

sapwood Outer part of the wood of stem or root con¬ 
taining living cells and reserves; it may or may not func¬ 
tion in the conduction of water. Generally lighter colored 
that the heartwood. 

scalariform cell wall thickening In tracheary ele¬ 
ments of the xylem; secondary wall deposited on the 
primary so as to form a ladder-like pattern. Similar to a 
helix of low pitch with the coils interconnected at 
intervals. 

scalariform perforation plate In vessel element of 
the xylem; a type of multiperforate plate in which elon¬ 
gated perforations are arranged parallel to one another 
so that the cell wall bars between them form a ladder¬ 
like pattern. 

scalariform pitting In tracheary elements of the 
xylem; elongated pits arranged parallel to one another 
so as to form a ladder-like pattern, 
scalariform-reticulate cell wall thickening In tra¬ 
cheary elements of the xylem; secondary thickening 
intermediate between scalariform and reticulate. 


scalariform sieve plate A compound sieve plate with 
elongated sieve areas arranged parallel to one another 
in a ladder-like pattern. 

scale bark A type of rhytidome in which the sequent 
periderms develop as restricted overlapping strata, each 
cutting out a scale-like mass of tissue, 
schizogenous As applied to an intercellular space, 
originating by separation of cell walls along the middle 
lamella. 

schizolysigenous As applied to an intercellular space, 
originating by a combination of two processes, separa¬ 
tion and degradation of cell walls. 

sclereid A sclerenchyma cell, varied in form, but typi¬ 
cally not much elongated, and having thick, lignified 
secondary walls with many pits. 

sclerenchyma A tissue composed of sclerenchyma 
cells. Also a collective term for sclerenchyma cells in 
the plant body or plant organ. Includes fibers , fiber- 
sclereids, and sclereids. 

sclerenchyma cell Cell variable in form and size and 
having more or less thick, often lignified, secondary 
walls. Belongs to the category of supporting cells and 
may or may not be devoid of protoplast at maturity, 
sclerlfication Act of becoming changed into scleren¬ 
chyma, that is, developing secondary walls, with or 
without subsequent lignification. 

sclerotic parenchyma cell A parenchyma cell that 
through deposition of a thick secondary wall becomes 
changed into a sclereid. 

scutellum (pi. scutella) Cotyledon in Poaceae embryo 
specialized for absorption of endosperm, 
secondary body Part of the plant body that is added 
to the primary body by the activity of the lateral meri- 
stems, vascular cambium and phellogen. Consists of 
secondary vascular tissues and periderm, 
secondary cell wall Version based on studies with 
the light microscope: cell wall deposited in some cells 
over the primary wall after the primary wall ceases to 
increase in surface. Version based on studies with the 
electron microscope: cell wall in which the cellulose 
microfibrils show a definite parallel orientation. The 
two versions do not necessarily coincide in delimiting 
secondary from primary wall. 

secondary growth In gymnosperms, most magnoli- 
ids and eudicots, and some monocots. A type of growth 
characterized by an increase in thickness of stem and 
root and resulting from formation of secondary vascular 
tissues by the vascular cambium. Commonly supple¬ 
mented by activity of the cork cambium (phellogen) 
forming periderm. 

secondary metabolites Molecules that are restricted 
in their distribution, both within the plant and among 
different plants; important for the survival and propaga¬ 
tion of the plants that produce them; there are three 
major classes—alkaloids, terpenoids, and phenolics. 
Also called secondary products. 
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secondary phloem Phloem tissue formed by the 
vascular cambium during secondary growth in a 
vascular plant. Differentiated into axial and ray 
systems. 

secondary phloem fiber A fiber located in the axial 

system of secondary phloem. 

secondary plant body See secondary body. 

secondary root See branch root. 

secondary thickening Used for both deposition of 

secondary cell wall material and secondary increase in 

thickness of stems and roots. 

secondary tissues Tissues produced by vascular 
cambium and phellogen during secondary growth, 
secondary vascular tissues Vascular tissues (both 
xylem and phloem) formed by the vascular cambium 
during secondary growth in a vascular plant. Differenti¬ 
ated into axial and ray systems, 
secondary wall See secondary cell wall. 
secondary xylem Xylem tissue formed by the vascu¬ 
lar cambium during secondary growth in a vascular 
plant. Differentiated into axial and ray systems, 
secretory cavity Commonly refers to a space lysige- 
nous in origin and containing secretion derived 
from the cells that broke down in the formation of the 
cavity. 

secretory cell A living cell specialized with regard to 
secretion or excretion of one or more, often organic, 
substances. 

secretory duct Commonly refers to a duct schizoge- 
nous in origin and containing a secretion derived from 
the cells (epithelial cells) lining the duct. See 
epithelium. 

secretory hair See glandular hair. 
secretory structure Any of a great variety of struc¬ 
tures, simple or complex, external or internal, that pro¬ 
duces a secretion. 

seed coat Outer coat of the seed derived from the 
integument or integuments. Also called testa. 
septate fiber A fiber with thin transverse walls 
(septa), which are formed after the cell develops a 
secondary wall thickening, 
septum (pi. septa) A partition. 

sheath A sheet-like structure enclosing or encircling 
another. Applied to tubular or enrolled part of an organ, 
such as a leaf sheath, and to a tissue layer surrounding 
a complex of another tissue, as a bundle sheath enclos¬ 
ing a vascular bundle. 

shell zone In axillary bud primordia; a zone of paral¬ 
lel curving layers of cells, the entire complex shell-like 
in form. A result of orderly cell division along the proxi¬ 
mal limits of the primordium. 

shoot Above-ground portions, such as the stem and 
leaves, of a vascular plant. 

sieve area A portion of the sieve-element wall con¬ 
taining clusters of pores through which the protoplasts 
of adjacent sieve elements are interconnected. 


sieve cell A type of sieve element that has relatively 
undifferentiated sieve areas (with narrow pores), rather 
uniform in structure on all walls; that is, there are no 
sieve plates; found in phloem of gymnosperms. 
sieve element Cell in the phloem tissue concerned 
with mainly longitudinal conduction of food materials. 
Classified into gymnospermous sieve cell and angiosper- 
rnous sieve-tube element. 

sieve field Old term for a relatively undifferentiated 
sieve area found on wall parts other than the sieve 
plates. 

sieve pitting An arrangement of small pits in sieve¬ 
like clusters. 

sieve plate Part of the wall of a sieve-tube element 
bearing one (simple sieve plate') or more (compound 
sieve plate) highly differentiated sieve areas, 
sieve tube A series of sieve-tube elements arranged 
end to end and interconnected through sieve plates, 
sieve-tube element One of the series of cellular com¬ 
ponents of a sieve tube. It shows a more or less pro¬ 
nounced differentiation between sieve plates (wide 
pores) and lateral sieve areas (narrow pores). Also sieve- 
tube member and the obsolete sieve-tube segment, 
sieve-tube member See sieve-tube element. 
silica cell Cell filled with silica, as in epidermis of 
grasses. 

simple laticifer Laticifer that is a single cell. A non- 
articulated laticifer. 

simple perforation plate In vessel element of the 
xylem; a perforation plate with a single perforation, 
simple pit A pit in which the cavity becomes wider, 
remains of constant width, or only gradually becomes 
narrower during the growth in thickness of the second¬ 
ary wall, that is, toward the lumen of the cell, 
simple pit-pair An intercellular pairing of two simple 
pits. 

simple sieve plate Sieve plate composed of one sieve 
area. 

simple tissue A tissue composed of a single cell type; 
parenchyma, collenchyma, and sclerenchyma are simple 
tissues. 

slime See P-protein. 

slime body An aggregation of P-protein. 

slime plug An accumulation of P-protein on a sieve 

area, usually with extensions into the sieve-area pores. 

softwood A name commonly applied to the wood of 

a conifer. 

solitary pore A pore (transverse section of a vessel 
in secondary xylem) surrounded by cells other than 
vessel elements. 

specialization Change in structure of a cell, a tissue, 
plant organ, or entire plant associated with a restriction 
of functions, potentialities, or adaptability to varying 
conditions. May result in greater efficiency with regard 
to certain specific functions. Some specializations are 
irreversible, others reversible. 
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specialized Refers to (1) organisms having special 
adaptations to a particular habitat or mode of life; (2) 
cells or tissues having a characteristic function distin¬ 
guishing them from other cells or tissues, more general¬ 
ized in their function. 

spindle fibers Bundles of microtubules, some of 
which extend from the kinetochores of the chromo¬ 
somes to the poles of the spindle, 
spiral cell wall thickening See helical cell wall 
thickening. 

spongy parenchyma Leaf mesophyll parenchyma 
with conspicuous intercellular spaces, 
spring wood See earlywood. 

square ray cell In secondary vascular tissues, a ray 
cell approximately square as seen in radial section. 
(Considered to be of the same morphological type as 
the upright ray cell.) 

starch An insoluble carbohydrate, the chief food 
storage substance of plants, composed of anhydrous 
glucose residues of the formula C 6 H 10 O 5 into which it 
easily breaks down. 

starch sheath Applied to the innermost region (one 
or more cell layers) of the cortex when this region is 
characterized by conspicuous and rather stable accumu¬ 
lation of starch. 

stele (column) Conceived by P. Van Tieghem as a 
morphologic unit of the plant body comprising the vas¬ 
cular system and the associated ground tissue (pericy- 
cle, interfascicular regions, and pith). The central 
cylinder of the axis (stem and root), 
stellate Star shaped. 

stereom (or stereome) Collective term for supporting 
tissue as contrasted with the conducting tissues hadrorn 
and leptom. 

stoma (pi. stomata) An opening in the epidermis of 
leaves and stems bordered by two guard cells and 
serving in gas exchange; also used to refer to the entire 
stomatal apparatus—the guard cells plus their included 
pore. 

stomatal complex Stoma and associated epidermal 
cells that may be ontogenetically and/or physiologically 
related to the guard cells. Also called stomatal 
apparatus. 

stomatal crypt A depression in the leaf, the epider¬ 
mis of which bears stomata, 
stone cell See brachysclereid. 

storied cambium Vascular cambium in which the 
fusiform initials are arranged in horizontal tiers on tan¬ 
gential surfaces; the rays may also be so arranged. Also 
called stratified cambium. 

storied cork Protective tissue found in the monocoty¬ 
ledons. The suberized cells occur in radial files, each 
consisting of several cells—all of which are derived 
from one cell. 

storied wood Wood in which the axial cells are 
arranged in horizontal tiers on tangential surfaces; the 


rays may also be so arranged. (Rays alone may be 
storied.) Also called stratified wood. 

Strasburger cell In gymnosperm phloem; certain ray 
and axial parenchyma cells spatially and functionally 
associated with the sieve cells, thus resembling the com¬ 
panion cells of angiosperms but not originating from 
the same precursory cells as the sieve cells. Also called 
albuminous cells. 

stratified cambium See storied cambium. 

stratified wood See storied wood. 

striate venation See parallel venation. 

stroma The ground substance of plastids. 

styloid An elongated crystal with pointed or square 

ends. 

subapical initial A cell beneath the protoderm at the 
apex of a leaf primordium that appears to function as 
an initial of the interior tissue of the leaf. Questionable 
concept. 

suberin Fatty substance in the cell wall of cork tissue 
and in the Casparian strip of the endodermis. 
suberization Impregnation of the cell wall with 
suberin or deposition of suberin lamellae on the wall, 
subsidiary cell An epidermal cell associated with a 
stoma and at least morphologically distinguishable from 
the epidermal cells composing the groundmass of the 
tissue. Also called accessory cell. 
summer wood See latewood. 

supernumerary cambium layer Vascular cambium 
originating in phloem or pericycle outside the regularly 
formed vascular cambium. Characteristic of some plants 
with anomalous type of secondary growth, 
supporting cell See supporting tissue. 
supporting tissue Refers to tissue composed of cells 
with more or less thickened walls, primary (collen- 
chyma) or secondary (sclerenchyma) that adds strength 
to the plant body. Also called mechanical tissue. 
suspensor An extension at the base of the embryo 
that anchors the embryo in the embryo sac. 
symplast Interconnected protoplasts and their 
plasmodesmata; the movement of substances in the 
symplast is called symplastic movement, or symplastic 
transport. 

symplastic growth See coordinated growth. 
syndetocheilic Stomatal type in gymnosperms; sub¬ 
sidiary cells (or their precursors) are derived from the 
same protodermal cell as the guard-cell mother cell. 

T 

tabular Having the form of a tablet or slab, 
tangential In the direction of the tangent; at right 
angles to the radius. May coincide with periclinal. 
tangential section A longitudinal section cut at right 
angles to a radius. Applicable to cylindrical structures 
such as stem or root, but used also for leaf blades when 
the section is made parallel with the expanded surface. 
Substitute term for leaf, paradermal. 
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tannin General term for a heterogeneous group of 
phenol derivatives. Amorphous, strongly astringent sub¬ 
stance widely distributed in plants, and used in tanning, 
dyeing, and preparation of ink. 

taproot First, or primary, root of a plant forming a 
direct continuation of the radicle of the embryo, 
taxon (pi. taxa) Any one of the categories (species, 
genus, family, etc.) into which living organisms are 
classified. 

teichode A linear space in the outer epidermal 
wall in which the fibrillar structure is more loose and 
open than elsewhere in the wall. Replaces the term 
ectodesma. 

tension wood Reaction wood in angiosperms, formed 
on the upper sides of branches and leaning or crooked 
stems and characterized by lack of lignification and 
often by high content of gelatinous fibers, 
terminal parenchyma See marginal bands. 
thylakoids Sac-like membranous structures (cister- 
nae) in a chloroplast combined into stacks (grana) and 
present singly in the stroma (stroma thylakoids) as inter¬ 
connections between grana. 

tissue Group of cells organized into a structural and 
functional unit. Component cells may be alike (simple 
tissue) or varied (complex tissue). 

tissue system A tissue or tissues in a plant or plant 
organ structurally and functionally organized into a 
unit. Commonly three tissue systems are recognized, 
dermal, vascular, and fundamental (ground tissue 
system). 

tonoplast A single cytoplasmic membrane bordering 
the vacuole. A kind of unit membrane. 
torus (pi. tori) Central thickened part of the pit mem¬ 
brane in a bordered pit consisting mainly of middle 
lamella and two primary walls. Typical of bordered pits 
in conifers and some other gymnosperms; also found in 
several species of eudicots. 

totipotent Potential of a plant cell to develop into an 
entire plant. 

trabecula (pi. trabeculae) A rod-like or spool-shaped 
part of a cell wall extending radially across the lumen 
of a cell. In initials and derivatives of vascular cambium 
in seed plants. 

trachea Old term for xylem vessel, implying a resem¬ 
blance to an animal trachea. 

tracheary element General term for a water¬ 
conducting cell, tracheid or vessel element, 
tracheid A tracheary element of the xylem that has 
no perforations, as contrasted with a vessel element. 
May occur in primary and in secondary xylem. May have 
any kind of secondary wall thickening found in trache¬ 
ary elements. 

transection See transverse section. 
transfer cell Parenchyma cell with wall ingrowths 
(or invaginations) that increase the surface of the plasma 
membrane. Appears to be specialized for short-distance 


transfer of solutes. Cells without wall ingrowths may 
also function as transfer cells. 

transition zone With reference to an apical meri- 
stem, a zone of orderly dividing cells disposed about the 
inner limit of the promeristem or, more specifically, of 
the group of central mother cells. Is transitional between 
the apical meristem and the subapical primary meriste- 
matic tissues. 

transverse division (of cell) With reference to cell, 
division perpendicular to the longitudinal axis of the 
cell. With reference to plant part, division of the cell 
perpendicular to the long axis of the plant part, 
transverse section A cross section. Section taken 
perpendicular to the longitudinal axis of an entity. Also 
called transection. 

traumatic resin duct A resin duct developing in 
response to injury. 

trichoblast Commonly used for a cell in root epider¬ 
mis that gives rise to a root hair. 

trichome An outgrowth from the epidermis. Tri- 
chomes vary in size and complexity and include hairs, 
scales, and other structures and may be glandular, 
trichosclereid A type of branched sclereid, usually 
with hair-like branches extending into intercellular 
spaces. 

tropism Refers to movement or growth in response 
to an external stimulus, the site of which determines 
the direction of the movement or growth, 
tunica Peripheral layer or layers in an apical meristem 
of a shoot with cells that divide in the anticlinal plane 
and thus contribute to the growth in surface of the 
meristem. Forms a mantle over the corpus, 
tunica-corpus concept A concept of the organiza¬ 
tion of apical meristem of shoot according to which 
this meristem is differentiated into two regions distin¬ 
guished by their method of growth: the peripheral, 
tunica, one or more layers of cells showing surface 
growth (anticlinal divisions); the interior, corpus, a 
mass of cells showing volume growth (divisions in 
various planes). 

tylose (pi. tyloses) In xylem, an outgrowth from a 
parenchyma cell (axial or one in a ray) through a pit 
cavity into a tracheary cell, partially or completely 
blocking the lumen of the latter. Growth typically is 
preceded by a deposition of a special wall layer on the 
side of the parenchyma cell that forms the wall of the 
tylose. 

tylosoid An outgrowth resembling a tylose. Examples 
are outgrowths of parenchyma cells into sieve elements 
in phloem and of epithelial cells into intercellular resin 
ducts. 

U 

undifferentiated In ontogeny, still in a meristematic 
state or resembling meristematic structures. In a mature 
state, relatively unspecialized. 
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uniseriate ray In secondary vascular tissues, ray one 
cell wide. 

unit membrane A historical concept of basic mem¬ 
brane structure visualizing two layers of protein enclos¬ 
ing an inner layer of lipid, the three layers forming a 
unit. The term continues to be useful for describing 
sectioned membranes (profiles), exhibiting two dark 
lines separated by a clear space, as seen with the elec¬ 
tron microscope. 

upright ray cell In secondary vascular tissues, ray 
cell oriented axially (vertically in the axis) with its 
longest dimension. 

V 

vacuolar membrane See tonoplast. 
vacuolation Ontogenetically, the development of vac¬ 
uoles in a cell; in mature state, the presence of vacuoles 
in a cell. 

vacuole Multifunctional organelles bounded by a 
single membrane, the tonoplast, or vacuolar mem¬ 
brane. Some vacuoles function primarily as storage 
organelles, others as lytic compartments. Involved in 
uptake of water during germination and growth and 
maintenance of water in the cell. 

vacuome Collective term for the total of all vacuoles 
in a cell, tissue, or plant. 

vascular Refers to plant tissue or region consisting of 
or giving rise to conducting tissue, xylern and/or 
phloem. 

vascular bundle A strand-like part of the vascular 
system composed of xylem and phloem, 
vascular cambium Lateral meristem that forms the 
secondary vascular tissues, secondary phloem and sec¬ 
ondary xylem, in stem and root. Is located between 
those two tissues and, by periclinal divisions, gives off 
cells toward both tissues. 

vascular cylinder Vascular region of the axis. Term 
used synonymously with stele or central cylinder or in 
a more restricted sense excluding the pith, 
vascular meristem General term applicable to pro¬ 
cambium and vascular cambium. 
vascular ray A ray in secondary xylem or secondary 
phloem. 

vascular system Total of the vascular tissues in their 
specific arrangement in a plant or plant organ, 
vascular tissue A general term referring to either or 
both vascular tissues, xylem and phloem, 
vasicentric paratracheal parenchyma Axial 
parenchyma in secondary xylem forming com¬ 
plete sheaths around vessels. See paratracheal 
parenchyma. 

vein A strand of vascular tissue in a flat organ, as a 
leaf. Hence, leaf venation. 

vein rib In a leaf, ridge of ground tissue occurring 
along a larger (major) vein, usually on the lower side of 
the leaf. 


velamen A multiple epidermis covering the aerial 
roots of some tropical epiphytic orchids and aroids. 
Occurs in some terrestrial roots also, 
venation Arrangement of veins in the leaf blade, 
vertical parenchyma See axial parenchyma. 
vertical system In secondary vascular tissues. See 
axial system. 

vessel A tube-like series of vessel elements, the 
common walls of which have perforations, 
vessel element One of the cellular components of a 
vessel. Also vessel member and the obsolete vessel 
segment. 

vessel member See vessel element. 

vestured pit Bordered pit with projections from the 

overhanging secondary wall on the side facing the 

cavity. 

W 

wall See cell wall. 

water vesicle A type of trichome. An enlarged, highly 
vacuolated epidermal cell. 

wood Usually secondary xylem of gymnosperms, 
magnoliids, and eudicots, but also applied to any other 
xylem. 

wound cork See wound periderm. 

wound gum Gum formed as a result of some injury. 

See gum. 

wound periderm Periderm formed in response to 
wounding or other injury. 

X 

xeromorphic Refers to structural features typical of 
xerophytes. 

xerophyte A plant adapted to a dry habitat, 
xylem Principal water-conducting tissue in vascular 
plants characterized by the presence of tracheary ele¬ 
ments. The xylem may also serve as a supporting tissue, 
especially the secondary xylem (wood), 
xylem elements Cells composing the xylem tissue, 
xylem fiber A fiber of the xylem tissue. Two types 
are recognized in the secondary xylem, flber-tracheid 
and libriform fiber. 

xylem initial A cambial cell on the xylem side of the 
cambial zone that is the source of one or more cells 
arising by periclinal divisions and differentiating into 
xylem elements either with or without additional divi¬ 
sions in various planes. Sometimes called xylem mother 
cell. 

xylem mother cell A cambial derivative that is the 
source of certain elements of the xylem, such as axial 
parenchyma cells forming a parenchyma strand. Used 
also in a wider sense synonymously with xylem 
initial. 

xylem ray That part of a vascular ray that is located 
in the secondary xylem. 
xylotomy Anatomy of xylem. 
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486 

Apoplast, 85 

Apoplastic phloem loading, 384 
mechanism of, 385 
Apoplastic transport, 85 
Apoptosis, 33, 112 

Apotracheal xylem parenchyma, 309, 

310 

Apple (see Mains and Malus domestica) 
Appositional wall growth, 83 
Aquaproteins to Aquaporins, 21 
Arabidopsis, as apoplastic loader, 385 
myrosin cells, 474, 475, 475 
Arabidopsis thaliana, auxin production 
in leaves, 121 

auxin transport in phloem, 121 
axillary bud origin, 150, 151 
cell plate formation and KNOLLE 
protein, 78 

cellulose synthesis, 80 

central zone of shoot apical meristem, 

145 

chromosome number, 23 
cortical microtubules, 81 
cuticle (wax production), 217 
embryogenesis, 7, 144 
fiber development, 206-207 
formation of shoot apical meristem, 
144 

frequency of plasmodesmata/root age, 
163 

genome, 117 
gravitropism, 122 
knockout mutants, 118 
leaf initiation, 145, 147, 149 
minor veins, 384, 385 
nectary development, 458 
nitric oxide repression of floral 
transition, 121 

oil bodies and protein bodies in 
cotyledon, 54 
peroxisomes, 33 
plasma membrane protein/ 
microtubules, 82 
plasmodesmata, 90, 163 
positional information, 119, 120 
primary cell walls, 72 
prolamellar bodies, 31 
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quiescent center, 151, 160 
role of AGPs, 69 

role of auxin in development, 122, 

149 

role of gibberellins in development, 
123 

root apex, 160-162, 161 
root epidermal patterning, 238-239, 
238 

root hairs, 234 
root tip, 161 
root transection, 239 
sclereid development, 207 
seedling root, 160 
sites of free-IAA production in leaf, 
122 

stomata (pore formation), 225 
stomatal complex, 225, 228 
stomatal density, 220 
stomatal patterning, 237 
trichome initiation/endoreduplication, 
113 

trichome patterning, 237, 238 
trichomes, 25, 230-237, 235, 236 
vegetative shoot apex, 143-145, 144, 
145 

width of shoot apex, 139 
Arabinogalactan proteins (AGPs), 69 
Araceae, latex, 486 

laticiferous monocots, 486 
osmophores, 461, 462 
raphide idioblasts, 58 
root epidermal patterning, 238, 238 
wound healing, 440 
Arachis hypogaea , seed oil, 54 
Araucaria , shoot apex, 141 
Araucariaceae, axial parenchyma in 
wood, 303 

Ginkgo biloba type secondary 
phloem, 412 
phi thickenings, 55 
ray parenchyma cells in wood, 304 
secondary phloem, distribution of 
cells in, 411 
stomatal plugs, 222 
tracheids, 302 
Archaea, cell, 16 

Ardisia , resinous material-secreting 
parenchyma cells, 478 
Arecaceae, lack of wound periderm, 

440 

Arecales, primary cell walls, 68 
Aristolochia, fibers, 194, 193 
nonconducting phloem, 423 
periderm, 433 

phellogen, origin of first, 433 


secondary phloem, 412 
Aristolochia brasiliensis, secondary 
xylem, elements of, 272 
Aristolochiaceae, osmophores, 461 
Armed (stellate) parenchyma cells, 177, 
181 

Aroideae, laticifers, 486 
tannins in latex, 486 
Aroids (see Araceae) 

Arrowroot (see Maranta arundinacea ) 
Arthrocnemum , sclereids, 200 
Articulated laticifers, 484, 485, 486, 
491-493 

anastomosing, 484, 485, 486, 491, 
492, 493 

arrangement in plant, 492 
differentiation, 487, 489 
growth, 491-493 

nonanastomosing, 485, 490, 492, 493 
Arundinoideae, root epidermal 
patterning, 238, 238 
Ascarina , companion cells of minor 
veins, 385 

Ascarina scandens, companion cells of 
minor veins, 385 

Asclepiadaceae, laticifers, 489, 490 
laticifers in xylem rays, 491 
osmophores, 461 

phloem, external and internal, 357 
rubber producers, 493 
secretory cavities, 479 
Asclepias, latex, 486 
Asclepias curassavica, lysosomal 
hydrolases in latex, 487 
Asclepias syriaca, laticifers, 489 
pectinase activity in latex, 487 
Asparagus , endosperm, 179 
epidermis of stem, 178 
Asparagus officinalis , chromosome 
number, 23 

Aspirated pit-pair, 261, 298 
Asplenium , root apex, 153 
Assimilatory starch, 52 
Asteraceae, collenchyma, 184 
floral nectaries, 453 
glandular trichome development, 464 
glandular trichomes, 462 
phloem, external and internal, 358 
roots with a dermatocalyptrogen, 155 
secretory cavities, 479, 481 
secretory ducts, 478 
storied wood among, 294 
sugars in latex, 486 
vascular tracheids, 270 
Astronium , tyloses, 298 
wood, 302 


Astrosclereid, 198, 199 
Asymmetric cell divisions, in 
development of stomatal 
complexes, 225-228, 227, 228 
Atrichoblast, 238 

Atriplex, salt glands (trichomes), 230, 
449, 449 

Atropa belladonna , collenchyma, 184 
A-type transfer cell, 383, 385 
Austrobaileya , compound sieve plates, 
416 

secondary phloem, 412 
Austrobaileya scandens , secondary 
phloem, nonstoried, 415 
secondary phloem sieve elements, 

393 

Austrobaileyales, vessels in, 268 
Autumn coloration, 36 
AUX1, auxin influx carrier, 121 
Auxin, 121, 122 

as hormonal signal involved in 
control of cambial activity and 
vascular development, 314, 315, 

346, 347, 348 

free auxin (IAA) production in 

developing Arabidopsis leaves, 121, 

122 

in development of fibers in secondary 
xylem, 206 

in development of reaction wood, 

302 

in primary phloem fiber development, 
206 

in regulation of phyllotaxis, 149 
in sclereid development, 207 
in tracheary element differentiation, 
280 

in transition from earlywood to 
latewood, 297 

polar and nonpolar transport of, 

121 

signals that coordinate developmental 
processes, 122 
Avaceae, root apex, 155 
Avena , bulliform cells, 241 
leaf blade, 241 

Avena sativa, amyloplasts in 
endosperm, 28 
stomatal density, 220 
stomatal development, 228 
vascular bundles, 395 
Avicennia, salt glands, 450 
Avocado (see Persea americand) 

Axial bundle (see Stem bundle') 

Axial phloem parenchyma, 391 
Axial system, 291, 292, 293 
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in conifer secondary phloem, 407, 
408, 409, 411, 412 
in conifer woods, 302, 303 
in vascular cambium, 324, 327 
Axial xylem parenchyma, 266 
in angiosperm woods, 309, 310 
in conifer woods, 303 
Axillary (lateral) bud, 11, 150 
absence of, 151 
Agropyron, 151 

determination by its leaf, 150, 151 
exogenous origin of, 11 
Hypericum , 150 

lack of developmental relation with 
subtending leaf in monocots, 150 
origin from detached meristems in 
seed plants, 150-152 

Azadirachta indica , vascular cambium/ 
intercellular spaces, 325 
Azolla, apical cell, 139, 153 

frequency of plasmodesmata/root age, 
163 

root apex, 153 

Azotobacter vinelandii , electron 
micrograph, 17 

Bacteria, cell, 16, 17, 17, 30, 31 
in laticifers, 487 
Bacterial chromosome, 16 
Bacterial leaf nodules, 461 
Balanophoraceae, stomata, lack of, 219 
Baloghia lucida , laticifers between 
epidermal cells of, 490 
Balsa (see Ochroma lagopus) 

Bamboo, fibers in mature culm, 195 
secondary wall deposition in relation 
to the period of cell expansion, 72 
“wood,” 302 

Bambusoideae, fibers, 196 

root epidermal patterning, 238, 238 
silica, 58 

Banana (see Musa ) 

Banded xylem parenchyma, 309, 310 
Bar of Sanio (crassula), 261, 302 
Bark, 409, 410, 427 
distribution of fibers in, 413-415 
inner and outer, 409, 427, 428, 432 
ring and scale, 435, 438 
scaling off of, 437, 438 
Barley (see Hordeum vulgare) 

Barrier cells, in secretory trichomes, 

449 

Basal cell, of proembryo, 7, 10 
of two-celled salt gland, 450 
Basellaceae, root epidermal patterning, 
238 , 238 


Basswood (see Tilia ) 

Bast fibers, 197 
Bean (see Phaseolus) 

Beech (see Fagus) 

Bees, euglossine, and osmophores, 461 
Beet (see Beta and Beta vulgaris) 
Begonia , collenchyma, 184 
Begonia semperflorens, stomatal 
clusters, 220 

Begoniaceae, epidermis, multiple, 212 
Berberidaceae, fibers, 194 
Berberidales, staminodes, 453 
Berberis , heartwood, 298 
periderm, initial, 436 
phellogen, origin of first, 433 
Bermuda grass (see Cynodon) 

Beta tubulin, 49 
Beta , collenchyma, 183, 184 
crystal sand, 57 
secondary phloem, 417 
Beta vulgaris, cuticle, 215 
dividing chloroplast, 30 
endoplasmic reticulum in leaf cell, 47 
minor vein, 382 
organelles in leaf cell, 34 
stomata, 219 

tracheary elements, differentiating, 
278, 279 

virus particles in plasmodesmata, 90 
Betalains, 36 

Betula , compound sieve plates, 415 
conducting phloem, 421 
cork, 438 
heartwood, 298 
hydraulic conductivity, 265 
lenticels, 442 
parenchyma, 177 
periderm, 429 

periderm, first superficial, 434 
Betula occidentals, tracheary element 
size in relation to location in plant, 
259 

Betula papyrifera, bark, 437 
periderm, 438 

phellem, growth increments, 431 
Betula populifolia, phellem, 430, 431 
Betula verrucosa, cambial reactivation, 
pattern of, 348 

Bicollateral vascular bundle, 358 
Binary fission, 25, 30 
Biophysical forces theory, 149 
Biovularia, suction traps, 465 
Birch (see Betula) 

Birefringence, of cell wall, 67 
of waxes, 215 
Biseriate ray, 304, 311 


Black cottonwood (see Populus 
trichocarpa ) 

Black locust (see Robinia 
pseudoacacia) 

Black oak (see Quercus velutina) 

Black walnut (see Juglans nigral 
Bladder cell, of salt bladder, 449 
Bladderwort (see Utricularia) 

Blind pit, 76 

Block meristem, 108 

Bloom on leaves and fruits, 215 

Body cells, 103 

Boehmeria, fibers, 194 

unicellular hair and cystolith of, 232 
Boehmeria nivea, fibers, growth of 204 
soft (bast) fibers, 197 
Bombacaceae, cork prickles, 438 
Boraginaceae, cystoliths, 242 

protein bodies, nuclear nondispersive, 
372 

root epidermal patterning, 238, 238 
Bordered pit, 74, 75, 76, 260, 261, 262 
of conifer tracheids, 261, 262 
vestured, 261, 262 
Bordered pit-pair, 75, 76, 260, 26l 
Boronia, sclereids, 200, 200 
Botrychium virginianum, sieve-area 
pore, 394 

Bougainvillea, color of flowers, 36 
Boundary layer, in wound, 439, 440 
Bowstring hemp (see Sansevieria ) 
Brachysclereid, 198 
Branch, origin of, 149-152 
Branch (lateral) root, 11 
Branching, dichotomous, 1, 149, 150 
monopodial, 150 
Brassica, seedlings, 36 
Brassica napus, floral nectaries, 459, 
460 

phyllochron, 147 
Brassica oleracea, chromosome 
number, 23 

Brassica rapa, floral nectaries, 459 
Brassicaceae, embryogenesis, 10 
myrosin cells, 474 
nectaries, 458 

root epidermal patterning 238, 238 
roots with a dermatocalyptrogen, 155 
secretory ducts, 478 
stomatal configuration, 228 
Brassinosteroids, 121 
Brazilian wax palm (see Copernicia 
ceriferd) 

Bread wheat (see Triticum vulgare') 
Broad bean (see Vida fabd) 

Bromeliads, epiphytic, trichomes, 230 
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Brosimum, phelloderm, 432 
Brosimum rubesens, heartwood, 298 
Brunellia, collenchyma, 184 
Brushlike colleter, 460, 461 
B-type transfer cell, 385 
Bud, accessory, 151 
adventitious, 152 
axillary, 150 
origin of, 150-152 
traces, 152 

Bulliform (motor) cell. 241, 242 
Bumblebees and nectaries, 453 
Bundle sheath, 381, 382, 383, 384, 385 
Bundle-sheath extension, 178, 225 
Burmanniaceae, osmophores, 461 
Butterwort (see Pinguicula) 
Buttonwood (see Platanus 
occidentalism 

Buxus microphylla, compression wood, 
299 

BY-2 (tobacco suspension-culture) cells, 
48, 78, 112 

Cabbage (see Brassica oleracea ) 

Cacao theobroma , chloroplasts in 
mesophyll cell, 25 
Cactaceae, mucilage cells, 476 
sclereids, 197, 204 
vascular tracheids, 270 
vegetative shoot apex, 143 
water-storing parenchyma, 178 
Calamus , rattan, 198 
Calcium carbonate crystals, 58 
Calcium oxalate, 56 

Callitriche platycarpa , role of ethylene 
in stem growth, 123 
Callose, 69, 359, 364 
definitive, 364, 366 
dormancy, 364 

during cell plate development, 69, 

78 

during microsporogenesis and 
megasporogenesis, 69 
during sieve-pore development, 364, 
365, 367 

in cotton fibers, 69, 232 
in developing pollen tubes, 69 
wound, 69, 364, 440 
Callose platelets, 364, 367 
Callus tissue, 115, 116 
Calotropis , laticifers, 494 
Calycanthaceae, oil cells, 475 
osmophores, 461 

Calycanthus , secondary phloem, 412 
Calycanthus occidentals, companion 
cells, 377 


sieve-tube elements in phloem rays, 
416 

Calyptrogen, 155, 157 
Calystegia silvatica, laticifer, 490 
CAM plants, malic acid in vacuole, 35 
Cambial cells, distribution and 

frequency of plasmodesmata in 
walls of, 338 

Cambial initials, 323-325, 326 
attempts to identify in vascular 
cambium, 327-330 
Cambial zone, 326, 327 
Cambium (see also Phellogen and 

Vascular cambium ), bud growth 
and cambial reactivation, 347, 348 
comparison with apical meristems, 
327 

domains, 335, 336 
initial function, 327 
seasonal activity of vascular 
cambium, 341-346 
Camellia, periderm, initial, 433 
phellogen, origin of first, 433 
sclereids, 191, 199, 200 
Camellia japonica, sclereid 
development, 207 
Campsis, secondary phloem, 4l4 
secondary phloem, fiber pattern, 413 
Canavalia, storied wood, 296 
Canna, aerenchyma, 177 

parenchyma cells of mesophyll, 181 
Cannabaceae, cystoliths, 242 
glandular trichomes, 462 
Cannabis, latex, 486 
laticifer primordia, 491 
phloem fibers, 391 
trichomes, 232 

Cannabis sativa , cannabinoids in latex, 
486 

cystoliths, 242 
length of phloem fibers, 204 
soft (bast) fibers, 197 
Cap cell of two-celled salt gland, 450 
Capitate glandular trichome, 463 
Capparaceae, myrosin cells, 473, 474 
root epidermal patterning, 238, 238 
CAPRICE (CPC) gene, in establishment 
of root epidermal pattern in 
Arabidopsis, 238 

Caprifoliaceae, extrafloral nectaries, 

454 

Capsella bursa-pastoris, chloroplasts, 
27 

embryogenesis, 10 
mature embryo, 11 
Capsicum , druses, 57 


globular and tubular chromoplasts in 
fruit, 27 

protein bodies, 54 
Capsicum annuum, nectar 
composition, 458 

Carica papaya, laticifer-inhabiting 
bacterium, 487 

papain and cellulase activities in 
latex, 487 

Carob tree (see Ceratonia siliqua ) 
Carotenoids, 25 
Carpel, 2 

Carpinus, aggregate rays, 311 
periderm, first superficial, 434 
wood, 302 

Carpodetus serratus , companion cells, 
sclerified, 379 

Carpodinus , rubber producer, 493 
Carrot (see Daucus ) 

Carya, heartwood, 298 
secondary phloem, 4l4 
secondary phloem, fiber pattern, 414 
wood, 302 

Carya ovata , bark, 437 
functional sieve elements present 
year-round, 421 
tyloses, 267 

Carya pecan, axial parenchyma, 
distribution in wood, 310 
xylem-to-phloem ratio, 343 
Caryophyllaceae, fibers, 194 
phellogen, origin of first, 433 
root epidermis patterning, 238, 238 
Caryophyllales, floral nectaries, 453 
Casparian strip, 6, 7 
Cassinoideae, layered cork, 431 
Castanea, secondary phloem, 4l4 
secondary phloem, fiber pattern, 414 
vasicentric tracheids, 309 
Castanea sativa , cambial reactivation, 
pattern of, 348 

Castor bean (see Ricinus communis') 
Casuarina, aggregate rays, 311 
Casuarina equisetifolia, calcium 
oxalate crystals in cuticle, 57 
Catalpa, fibers, 194 
tyloses, 298 

Cathaya, epithelial cells of resin ducts, 
306 

resin ducts, 304 

Cavitation within tracheary elements, 
264 

freezing and drought as factors 
responsible for, 264, 265 
Ceara rubber tree (see Manihot 
glaziovii) 
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Cecropiaceae, cystoliths, 242 
Cedrela fissilis , conducting phloem, 422 
phloem growth increments, 407 
Cednis libani , annual cycle of cambial 
activity, 346 

Cedrus , epithelial cells of resin ducts, 
303 

phellem, 431 
resin ducts, 304 
Ceiba, heartwood, 298 
Celastraceae, minor veins, type 1, with 
intermediary cells, 384 
Celastrales, floral nectaries, 454 
Celery (see Apium ) 

Cell, 8, 9, 15, 16 
accessory, 236 
animal, 66, 104 
apical, 134, 139, 140, 153, 154 
bulliform, 241, 242 
coenocytic, 477, 487 
collenchyma, 8, 183-187 
companion, 360, 361, 368, 370, 372, 
376-379, 385, 386 
contact, 228, 230, 267, 309, 312 
cork (phellem), 429, 430, 431 
epidermal, 214-218, 239-243 
eukaryotic, 16, 18 
intermediary, 381, 384, 385 
meristematic, 106, 107 
multinucleate, 203, 477, 487 
parenchyma, 175-183 
prokaryotic, 16, 17 
sclerenchyma, 191-209 
secretory, 447-449, 473-478 
silica, 218, 239, 240 
specialization, 103, 110, 111 
Strasburger (albuminous), 387, 390 
subsidiary, 214, 218, 219, 222, 223, 
228 

tanniniferous, 477, 478 
transfer, 179-181 
Cell cycle, 23-25 

Cell cycle-dependent mechanism, in 
leaf epidermis, 237 
Cell division, 76-80 

in highly vacuolated cell, 78, 79, 80 
in vascular cambium, 326, 327 
Cell lineage mechanism, in leaf 
epidermis, 237 
Cell packets in root tip, 162 
Cell plate, 76, 78, 79, 80 
development, 76-80 
Cell shape, 181 
Cell theory, 15, 16 
Cell types, 6, 7, 8, 9 
in phloem, 360 


in xylem, 256 

Cell wall, 65-101 
anisotropy, 67 
apposition, 83 

as integral part of plant cell, 65, 66 

cessation of expansion, 84 

classification of layers, 71-74 

collenchyma, 72, 82 

cork, 429, 430, 431 

elasticity, 83 

enzymes, 69 

epidermal, 214, 215 

expansion, 82, 83, 84 

extensibility, 83 

formation, 76, 77 

growth, 80-83 

helicoidal structure, 82, 83 

intussusception, 83 

laticifer, 483-495 

macromolecular components, 66-71 
origin of during cell division, 76-80 
parenchyma, 175-183 
plasticity, 83 
porosity, 68 

primary, 65, 71, 72, 73, 74 
properties, 83, 84 
proteins, 68, 69 
sclerenchyma, 191 
secondary, 72, 73, 74 
sieve element, 361-364, 387 
tensile strength, 66 
tertiary, 73 

Cellulose, 66, 67 

Cellulose synthase complexes (rosettes), 
80, 81, 82, 277 

Central mother cell zone in shoot apex, 

140 

Central mother cells, 136, 140, 141 

Central rod of desmotubule, 87, 88 

Central zone, in shoot apex, 136, 137, 
142, 143 

Centrifugal cell plate growth, 76 

Centripetal extension of middle lamella, 
78 

Cephalanthus , secondary phloem, fiber 
pattern, 413 

Cephalotaxaceae, ray parenchyma in 
wood, 304 

Cephalotaxus , tracheids, 302 

Cephalotaxus drupacea , shoot apex, 

141 

Ceratocystis polonica, bluestain fungus, 
409, 481 

Ceratonia siliqua, periderms, sequent, 
434, 436 
phellem, 431 


phellogen/vascular cambium, 
period(s), 436 
phi thickenings, 55 
stomata on roots, 219 
tannin cells, 478 

Cercidium torreyanum , epidermis, 212 
Cercis canadensis , druses, 56 
Ceropegia elegans , osmophores, 461 
Ceropegia stapeliaeformis, 
osmophores, 462 
CesA glycosyltransferaces, 80 
Chalcone synthase (CHS) involvement 
in heartwood formation, 298 
Chamaecyparis lawsoniana , phloem 
growth increments, 408 
Chamaecyparis obtusa, traumatic 
phloem resin canals, 483 
Chamaecyparis pisifera type secondary 
phloem, 412 

Chamaesyce thymifolia , laticifers, 489 
laticifers harboring bacteria and 
trypanosomatid flagellates, 487 
Checkpoints, cell cycle, 24, 25 
Cheiranthus cheiri , shoot apex, 137 
Chenopodiaceae, phellogen, origin of 
first, 433 

phloem, included (interxylary), 358 
salt glands, 449 

Chenopodiales, floral nectaries, 453 
Chenopodium, trichome, 231 
Chimeras, 117, 118 
Chlorenchyma, 177, 178 
Chloridoideae, root epidermal 
patterning, 238, 238 
Chlorophyll, 25 

Chloroplast granum, 26, 27, 28 
Chloroplast protein machinery, 26 
Chloroplast stroma, 26, 27 
Chloroplasts, 25, 26, 27, 28 
DNA of, 26 

evolution from free-living 
cyanobacteria, 25 
functions, 26 
movement, 26 

three-dimensional structure, 26 
Chromatin, 23 

Chromatolytic degeneration of sieve- 
element nucleus, 372, 374 
Chromoplast, 26, 27, 28, 29 
development, 28 
function, 28 
types of, 27, 28, 29 
Chromosome number in different 
organisms, 23 
Chromosomes, 23 

Chrysanthemum (see Dendranthema ) 
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Cichorieae, laticifer initials, 491 
laticifers in primary body, in 
secondary phloem, 492 
Cinnamomum , staminodes, 454 
Cinnamomum burmanni , oil cells, 

476 , 477 
Cisternae, 45, 46 

Citharexylum my riant bum, conducting 
phloem, 422 

phloem growth increments, 407 
Citrullus, stomatal configuration, 229 
Citrus, cuticle, 215 
globular chromoplasts in fruit, 27, 28 
gum ducts, traumatic, 481 
mode of increase in thickness of 
bark, 428 

secretory cavities (oil glands), 474, 

479 

Citrus Union, phelloderm, 433 
secretory cavity development, 480 
Citrus limonia, delimitation of primary 
from secondary phloem, 397 
Citrus sinensis, fusiform initials, length 
of, 324 

membranous chromoplasts in petals, 
27 

Cladrastis, heartwood, 298 
Clathrin, 22 

Clathrin-coated vesicles, 21 , 22, 49 
CLAVATA (CLV) gene (CLV1, CLV2, 
CLV3) expression in the 
Arabidopsis shoot apical meristem, 
144, 145 

Clematis, fibers, 194 
lack of lenticels, 440 
ring bark, 438 

Clethra barbinervis, minor veins, type 
1 lacking intermediary cells, 384 
Climacteric, 123 
Clitandra, rubber producer, 493 
Clivia miniata, cutin/cutan cuticle, 215 
Clonal analysis, 117, 124 
Closed organization of root apex, 153, 
154, 155 , 157 
Closing layers, 441, 442 
Cnidoscolus, laticifers, 486, 492 
Coarse wood texture, 316 
Coated pits, 21, 22 
Coated vesicles, 21 , 22 
Coccoloba, floral nectary, 454 
Cochlearia armoracia, collenchyma, 
184 

Cocoa (see Cacao theobromd) 

Coconut (see Cocos nucifera ) 

Cocos, sieve plate, 365 
Cocos nucifera, sclereids, 202 


Codiaeum variegatum, laticifers, 489 
laticifers between epidermal cells of, 
490, 491 

Coenocytic cell, 477, 487 
Coffea arabica, endosperm, 179 
Coleus, collenchyma, 184 

establishment of zonation in shoot 
apex, 143 

fiber development, 205-206 
phyllotaxis, 145 

Coleus blumei, companion cells of 
minor veins, 385 

Collapsed, noncollapsed phloem, 423 
Collecting cells of multicellular salt 
gland, 450, 451 

Collecting chamber of two-celled salt 
gland, 450 

Collenchyma cell, 183 
Collenchyma, 3, 6, 8, 183-187 

as supporting (mechanical), tissue, 3, 
8, 187 

cell contents, 183, 184 
comparison with sclerenchyma, 184, 
187 

development, 187 
location in plant body, 185, 186 
origin, 186 
types, 184, 185 
walls, 184, 185 
Colleters, 459, 460, 461 
Colocasia esculenta, raphide idioblasts, 
58 

Colocasioideae, laticifers, anastomosing, 
486 

Columella in rootcap, 154 , 156, 161 
Commelinaceae, root epidermal 
patterning, 238, 238 
root hairs, 234 

stomatal development, 229, 230 
Commelinales, primary cell walls, 68 
Commercial cork, 431 
Commercial fibers, 197, 198 
Companion cells, 9, 360, 361, 368 , 370 , 
372, 376-379 

A-type transfer cells, 383 , 385 
absence of in protophloem, 393 
as life-support system of sieve-tube 
element, 379 

cytoplasmic connections with sieve- 
tube elements, 377-379 
intermediary cells, 381 , 384, 385 
strands, 372, 376, 377 
walls, 379 
Competence, 110 

Complementary tissue, in lenticels, 441, 
442 


Compound laticifer, 483 
Compound middle lamella, 72 
Compound sieve plate, 361 , 364, 365, 
415 

Compression wood, 299, 300, 301 , 302 
Condensed tannins, 55 
Conducting phloem, 420-422 

dormancy and reactivation of sieve 
elements, 421 

proportion of bark, 421, 422 
Confluent paratracheal parenchyma, 

309, 310 

Coniferophyta, bordered pits, 26l 
Conifers, apical meristems of, 106, 145 
bordered pits in tracheids, 26l 
calcium oxalate crystals in cell wall 
and cuticle, 57 

cambial initials, identification of, 328 
cambial initials, survival of, 332, 334 
cambium, events in, 330 
cell wall/cuticle crystals, 57 
compression wood, 299, 300, 300, 

302 

fibers, 194, 195 

fusiform cambial cells, nuclei of, 338 
guard cells, 222, 225 
lateral bud development, 150 
lenticels, 442 
nonstoried wood, 294 
organization of shoot apex, 141 
origin of proplastids in zygote, 29 
origin of rays, 332 
periderms, initial and sequent, 434, 
436 

phelloderm, 431 

phloem, secondary, 407, 408, 409, 
411-412 

ray tracheids, 303 
rays, wood, 303, 304 
reaction (compression) wood, 299, 
300 

resin ducts, 304-306, 305, 478 
secondary wall deposition in 
tracheids, 72 

shapes of vegetative shoot apices, 138 
softwoods, 302 
stomatal complexes, 225 
tracheids, bordered pit-pairs of, 261, 
261, 262 

tracheids, distribution of 
microtubules in, 276 
tracheids, hydraulic conductance of, 
264, 265, 265 
vascular cambium, 408 
wood, 293, 293 , 294 , 296 , 302-306 
wood, axial system of, 302-303 
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Coniferyl, 69 

Contact cell, in stoma, 228, 230 
in xylem, 267, 309, 312 
Convolvulaceae, crypt nectaries, 453 
laticifers, 489, 490 
phloem, external and internal, 358 
Convolvulus arvensis, endodermis, 7 
Coordinated growth, 114, 203 
Copernicia cerifera, carnauba wax, 55 
cuticle (wax), 216 
Corchorus , floral nectary, 454 

secondary phloem, fiber pattern, 414 
Corchorus capsular is, soft (bast) fibers, 
197 

Corclyline, cork, storied, 438 
Cordyline terminalis , cork, storied, 439 
Cork, commercial (see Quercus suber ) 
Cork cambium (see Phellogen ) 

Cork cell, 218, 239, 240, 241 
Cork oak (see Quercus suber ) 

Cork prickles, 438 
Cork tissue (see also Phelleni), 8 
cell wall, 429, 430 
commercial, 431, 442 
storied, 438 
winged, 438 
Cork warts, 441 

Cornus florida, stomatal density, 220 
Cornus rasmosa, vascular cambium/ 
intercellular spaces, 325 
Cornus stolonifera, role of 
anthocyanins, 36 
vascular cambium/intercellular 
spaces, 325 

Corpus (see also Tunica-corpus 
concept ), 135, 142 
Cortex, in root, 4, 6 
in stem, 4, 5 
Cortical ER, 46, 47, 48 
Cortical fibers, 193, 194 
Cortical microtubules, in differentiating 
tracheary elements, 276, 277, 278, 
279, 280 

Cory/us, aggregate rays, 311 
Cotransporters, 21 
Cotton (see Gossypiuni) 

Cotton fiber, correlation between gating 
of fiber plasmodesmata and 
expression of sucrose and K + 
transporter and expansin genes, 
232, 233 

development of, 230, 231, 232, 233 
Cottonwood (see Pop ulus) 

Cotyledons, 2, 10, 11 
Coutarea hexandra, cork aerenchyma, 
429 


CRABS CLAW (CRC) gene, required for 
initiation of nectary development 
in Arabidopsis, 458 
Crassula, hydathodes of xerophytic 
species, 452 

Crassula argentea, hydathodes, 451 
Crassula/crassulae, 261, 302, 303, 304 
Crassulaceae, hydathodes, 451 
tannin idioblasts, 477 
Crataegus azarolus, annual cycle of 
cambial activity, 346 
Creep in expanding cell walls, 83 
Cress (see Lepidium sativum ) 

Cristae, in mitochondria, 31, 32 
Crossed polylamellate structure, 82 
Cross-field, 304 

Croton, laticifers in trichomes of, 490, 

491 

laticifers in vascular cambium and 
secondary xylem of, 490 
phyllotaxis, 145 

Croton conduplicatus, laticifers derived 
from ray initials, 490 
Crypt nectaries, 453 
Cryptocarya, storied wood, 294 
Cryptocarya rubra, sieve-tube element, 
361 

Cryptomaria japonica, tracheids, 
differentiating, 277 
Cryptostegia, laticifers in secondary 
phloem, 490 

Cryptostegia grandiflora, rubber 
producer, 493 
Crystal chamber, 56, 57 
Crystal idioblast, 56 
Crystal sand, 56 

Crystalliferous cells, 360 , 391, 407, 412 
Crystalline chromoplasts, 27, 29 
Crystallinity of cellulose, 67 
Crystalloids, protein, 54 
Crystals, calcium oxalate, 56-58 
in angiosperm phloem, 412 
in cell wall and cuticle, 57 
in conifer phloem, 409 
in phloem parenchyma, 391 
in xylem parenchyma, 266 
vacuole formation systems, 56, 57 
Cucumis melo, companion cells of 
minor veins, 385 
minor vein, 381 

Cucumis sativus, leaf primordium 
initiation, 146 

Cucurbita, callose at developing sieve 
pores, 69 

collenchyma, 184, 185 , 186 
companion cell plastids, 377 


fibers, 194 

lignification and phytolith formation 
in fruit, 58 

secondary phloem, 417 
sieve plates, lateral sieve areas, 365 
stem and vascular bundle, 358 
xylem, 314 

Cucurbita maxima, chromosome 
number, 23 
P-protein, 366 
sieve plate, 376 
sieve-tube elements, 376 
sieve-tube elements/sieve plate, 370 
sieve-tube sap proteins/ 
plasmodesmata, 90 
Cucurbita pepo, companion cells of 
minor veins, 385 
nectar composition, 458 
P-protein, 371 

protophloem sieve elements, 393 
veins, minor of leaf, 358 
Cucurbitaceae, lack of calcium oxalate, 
56 

minor veins, type 1, with 
intermediary cells, 384 
phloem, external and internal, 358 
Cupressaceae, Chamaecyparis pisifera 
type secondary phloem, 412 
parenchyma, axial in wood, 303 
phellogen, origin of first, 433 
phi thickenings, 55 
ray parenchyma in wood, 304 
ray tracheids, 303 
ring bark, 438 

secondary phloem, distribution of 
cells in, 409 
stomatal plugs, 222 
Cupressus, resin ducts, lack of, 304 
shoot apex, 141 

Cupressus sempervirens, phellogen/ 
vascular cambium, period(s) of 
activity, 436 

xylem-to-phloem ratio, 343 
Cupule of oil cell, 475, 476 
CUT1 gene, in wax production, 217 
Cutan, 215, 217 
Cuticle, 71, 215-218 
formation of, 216, 217 
proper, 215 

ultrastructural (lamellae and fibrillae) 
components of, 216 
Cuticular epithelium, 215 
Cuticular layers, 215, 216 
Cuticular membrane (see Cuticle ) 
Cuticular pegs, 216 
Cuticular (intracuticular) wax, 215 
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Cuticularization, 215 
Cutin, 71, 215, 217 
synthesis of, 217 
Cutinization, 216 
Cyanobacteria, cell, 16 
origin of plastids from, 25 
Cyathial nectary, 453, 455 
Cycadaceae, Ginkgo biloba type 
secondary phloem, 412 
Cycads, shape of vegetative shoot apex, 
138 

Cycas, secretory cavities, 480 
Cycas revoluta, width of shoot apex, 
139 

Cyclamen persicum, phyllochron, 147 
Cyclin-dependent protein kinases 
(CDKs), 25 

Cyclocytic (encyclocytic) stoma, 228, 
229 

Cyclosis, 19 

Cydonia , brachysclereids, 201 
Cynodon , salt glands, 450, 450 
Cyperaceae, origin of first, 202 

root epidermal patterning, 238, 238 
stomatal development, 229 
suberin in bundle sheath cell walls, 
71 

vessel length, 259 
Cystolith, 58, 212, 242, 243 
hairs, 242 

physiological significance of, 243 
Cytochimera, 117, 118 
Cytohistological zonation, in shoot 
apex, 136, 140, 141 
superimposed on tunica-corpus 
configuration, 141-143 
Cytokinesis, 23, 24, 76-80 
in vascular cambium, 338-341 
of fusiform cells, 337, 338-341 
Cytokinins, 122, 123 

in development of secondary xylem 
fibers, 206 

in differentiation of tracheary 
elements, 280, 281 
in vascular differentiation, 280 
Cytology, changes in cambium during 
seasonal cycle, 340 
of meristematic cells, 106, 107 
Cytoplasm, 17 

Cytoplasmic ground substance, 18 
Cytoplasmic male sterility, 33 
Cytoplasmic sleeve, 87, 88 
Cytoplasmic streaming (see Cyclosis ) 
Cytoskeleton, 17, 49-52 

in developing Arabidopsis leaf 
trichomes, 235, 236 


in growing root hairs, 234, 235 
Cytosol, 18 

Dahlia imperialis, sieve-tube elements 
in phloem rays, 416 
Dahlia pinnata , phloem anastomoses, 
358-359, 359 
Dalbergia , sapwood, 298 
Dalbergia melanoxylon , heartwood, 
298 

Dalbergia retusa , heartwood, 298 
Dandelion (see Taraxacum ) 
Darlingtonia , pitchers, 465 
Date palm (see Phoenix dactylifera ) 
Datura , periclinal cytochimeras, 118 
phloem parenchyma, 415 
Daucus, companion cells, 377 
crystalline chromoplasts, 27, 28 
tissue culture, 116 
Daucus carota , role of AGPs, 69 
Decaisnea insignis, latex-containing 
parenchyma cells, 484 
Decussate phyllotaxis, 145, 146 
Dedifferentiation, 110 
Deepwater rice, ethylene and stem 
growth, 123 

Dehnitive callose, 364, 366 
Delonix, times of initiation of xylem 
and phloem production, 344 
Dendranthema x grandiflorum, 
hydraulic conductivity, 264 
Dendritic (branched) trichomes, 230, 
231 

Dendrobium minax, osmophores , 461 
Dendrochronology, 297 
Dendroid colleter, 460, 461 
Dense vesicles, 49 
Deoxyribonucleic acid (DNA), 16 
in mitochondrion, 32 
Derivatives of initials, 103, 137, 140, 
141, 326 

of stoma neighboring cells, 228, 229, 

230 

Dermal tissue system, 3 
Dermatocalyptrogen, 155 
in Arabidopsis , 160, 161 
Dermatogen, 134, 153 
Desmotubule, 87, 88, 89 
Detached meristem, 150 
Determination, 110 
Diacytic stoma, 228, 229 
Dianthus , stomatal conhguration, 229 
Dianthus caryophyllus , perforation 
plate development, 279 
Diaphragms, 182 
Dichotomous branching, 1, 150 


Dictyosomes (see Golgi bodies ) 
Dieffenbachia maculata , raphide 
idioblasts, 58 
Differentiation, 110-115 
causal factors in, 115-120 
cellular changes in, 113-115 
gradients, 119 

intercellular adjustment, 114, 115 
of tissues, 113 

position and positional information, 
119, 120 

Diffuse apotracheal parenchyma, 309, 

310 

Diffuse sclereids, in leaves, 200 
Diffuse secondary growth, 12 
Diffuse-in-aggregate apotracheal 
parenchyma, 309, 310 
Diffuse-porous wood, 296, 307, 308 
Digestive glands, 465 
of Pinguicula, 465, 466 
Dihexyloxacarbocyanine iodide (DiOC), 
47 

Dilatation, growth 423, 424 
meristem, 423 

Dillenia indica , ray initial-fusiform 
initial ratio, 331 
Dillenia pulcherrima , axial 

parenchyma, distribution in wood, 

310 

Dionaea, snap traps, 465 
Diospyros, endosperm 179 
heartwood, 298 
plasmodesmata, 85 
storied wood, 294 
wood, 302 
Diploid, 23 

Diplotropis purpurea, phellem, 431 
Dipterocarpaceae, conducting phloem, 
421 

Dipterocarpus, tyloses, 298 
Disjunctive parenchyma cells, 314 
Disjunctive tracheids, 314 
Distichlis, salt glands, 450 
Distichous phyllotaxis, 145 
Dorsal wall of guard cell, 223 
Douglas hr (see Pseudotsuga 
menziesiT) 

Dracaena, cork, storied, 438 

calcium oxalate crystals in cell wall, 
57 

raphide crystal idioblasts, 57 
Dracaena sanderiana, crystal 

chambers in epidermal cells, 57 
Drimys, secondary phloem, 412 
shoot apex, 138 
vesselless angiosperm, 270 
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wood rays, 311 

Drimys winteri, secondary phloem, 4l4 
stomata, 222 
stomatal plugs, 222 
Drosera, adhesive traps, 465 
Druses, 56 

Dryopteris dilatata , width of shoot 
apex, 139 

Dumbcane (see Dieffenbachia 
maculata) 

Dutchman’s pipe (see Aristolochia ) 
Dye-coupling experiments, 89, 239 
Dynamic instability of microtubules, 50 

Early wood, 297 
Earlywood-latewood, factors 
determining change, 297 
Eccrine secretion, 449, 450, 455, 456, 
462 

Echeveria , tannin cells, 477 
Ectodesma (see also Teichode ), 214 
Ectophylactic periderm, 436, 437 
Elaioplast, 28 

Elais, crystals of fat in endosperm, 55 
Elasticity of cell wall, 83 
Elderberry (see Sambucus ) 

Elm (see Ulmus) 

Elodea , shape of vegetative shoot apex, 
138 

Embolism, recovery of hydraulic 
conductance following, 265 
within tracheary elements, 264 
Emboxing of daughter protoplasts, 328, 
329 

Embryo, 1, 7, 10, 11 

apical-basal pattern of, 7 
development, 7, 10, 11 
laticifers in, 485, 489, 490 
proper, 7 

radial pattern of, 7 
Shepherd’s purse, 10, 11 
vascularization, 11 

Embryogenesis (embryogeny), 7, 10, 11, 
103, 109 

establishment of body plan, 7 
in Shepherd’s purse, 10, 11 
Embryoid, 115 
Emergences, 229 
Endo-l,4-(3-glucanases, 80 
Endocycle, 113 
Endocytosis, 21, 22 

in maize rootcap cells, 21 
Endodermis, 5, 7, 163 
Endogenous ontogenetic origin of 
branch roots, 11 
of buds, 152 


Endomembrane system, 45-49 
Endoplasmic reticulum (ER), 17, 18, 
45-48 

and plasmodesmata, 47, 48, 86, 87, 89 
domains, 46 
in colleters, 460 

in differentiating tracheary elements, 
277, 278 
in nectaries, 454 
in osmophores, 462 
in secretory structures, 448 
in sieve cells, 386, 387, 388, 389 
in sieve-tube elements, 371, 372, 374, 
375 

in tannin synthesis, 55 
mobility of, 47, 48 
preprophase band, 79, 80 
Endopolyploidy (or endoploidy), 25, 113 
Endoreduplication (endoreplication), 25, 
113 

during Arabidopsis trichome 
development, 235, 236 
in differentiating tracheary element, 
276 

Envelope, nuclear, 18, 22, 23 
plastid, 25, 26 

Ephedra , perforation plate, 258 
root apical meristem, 156 
root epidermis, 156 
shoot apex, 136, 141 
sieve areas, 389 

Ephedra californica , secondary xylem, 
elements of, 273 
times of initiation of xylem and 
phloem production, 344 
Ephedra viridis , pore-plasmodesmata 
connections, 390 
Epiblem, 211 

Epicuticular wax, 215, 216, 217, 218 
Epidermal cell, cell walls, 214, 218 
contents, 214 
cuticle, 215-218 
ordinary, 213-218 
stomata, 218-229 
trichomes, 229-237 
Epidermal hairs (see Trichomes) 
Epidermis, 3, 211-253 

cell patterning in angiosperm roots, 
238 

cell patterning of stomata and 
trichomes in leaf, 237, 238 
composition, 213, 214 
duration of, 211, 212 
functions, 213 
in root, 155, 156, 157, 211 
meristematic potentials, 213 


multiple (multiseriate), 212, 213, 221 
origin, 211 

wall structure, 214-218 
Epifagus virginiana , metaphloem 
elements, 818 

Epistomatal chamber, 222, 223 
Epistomatic leaf, 220 
Epithelium, in trap of Utricularia, 465 
of oil glands, 481 
of resin duct, 306 
Epithem, 451, 452 
Equisetum , apical meristem and 
derivative regions in root, 154 
root apex, 153 

shoot apical meristem, 107, 139 
vessels, 268 

Equisetum hiemale , width of shoot 
apex, 139 

Equisetum hyemale , cell wall structure, 
81 

sieve-area pore, 394 
ER (see Endoplasmic reticulum) 
Ergastic substances, 52 
Erica, cuticle, 215 

Ericaceae, phellogen, origin of first, 433 
tannin idioblasts, 477 
Ericales, floral nectaries, 453 
Erythrina indica, sieve-tube elements 
in phloem rays, 416 
Esparto grass (see Stipa tenacissima) 
Essential oils, 55 
Ethylene, 123, 182 

in development of reaction wood, 

302 

Etioplast, 31 

Eucalyptus, bark, scaling off, 438 
companion cells, 377 
dilated rays, 424 
heartwood, 298 
kino veins, 482, 483 
lack of periderm, 428 
oil gland development, 480, 481 
phellem, 431 
rhytidome, 438 
sclereids in bark, 419 
secondary phloem fiber pattern, 414 
secretory cavities, 480 
vasicentric tracheids, 309 
Eucalyptus camaldulensis, annual 
cycle of cambial activity, 346 
xylem to phloem ratio, 343 
Eucalyptus globulus, secondary 
phloem, 423 

Eucalyptus pilularis, condensed 
tannins in root cell walls, 55 
Euchromatin, 23 
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Eucommia , laticifer primordia, 491 
Eudicots, bundle-sheath cells of, 384 
cork, winged, 438 
interxylary cork, 429 
leaf initiation, 147 
metaphloem, 395, 397 
minor veins, 384-386 
mucilage cells, 476-477 
origin of new rays, 332 
P-protein bodies, nondispersive, 372 
protophloem sieve elements, 393 
sieve-tube elements in phloem rays, 
416 

wound healing, 440 
Eudicotyledons (eudicots), bast (soft) 
fibers, 197 
embryogenesis, 7 
fibers, 192, 194, 196, 197 
floral nectaries, 453 
glandular trichomes, 462-464 
guard cells, 221 

hydathodes in fresh-water plants, 451 
number of tunica layers, 142 
origin of branches, 150 
paedomorphosis, 292 
pectins in primary cells walls of, 68 
primary vascular system, 6 
proteins in cell walls, 68-69 
root epidermal patterning, 238-239, 
238 

roots with a dermatocalyptrogen, 

155 

salt glands, multicellular, 450-451 
seed cell walls, 67 
septate fibers, 266 
shapes of vegetative shoot apices, 
138-139 
stem, 3, 5 
stem anatomy, 5 
stinging hairs, 448, 466 
stomata, 225 

stomatal complexes, 225, 228 
stomatal patterning, 237 
tannin, 55 
transfer cells, 180 

vessel length in woody species, 259 
vessels in, 268, 270 
vestured pits, 261, 262 
xyloglucans in primary cell walls of, 
67-68 

Eugenia , phellem, 431 
Eukaryotes, cell, 16-17 
Eukaryotic cell, 17, 18 
Eumeristem, 106, 107, 136 
Euonymus , stomata, 220 
Euonymus alatus, winged cork, 438 


Euonymus bungeanus, secondary 
phloem, 423 

Euonymus fortunei, companion cells of 
minor veins, 385 
Eupatorium , collenchyma, 184 
parenchyma cells, shape of, 181 
Euphorbia , cyathial nectaries, 453 
latex, 486 

laticifer initials, 489 
laticifers, 484-486, 485, 490 
Euphorbia abdelkuri , laticifers, 489 
Euphorbia esula , quiescent center, 

159 

Euphorbia heterophylla , laticifer starch 
grain, 487 

Euphorbia lactea, laticifer starch grain, 
487 

Euphorbia lathuris , laticifer starch 
grain, 487 

Euphorbia myrsinites laticifer starch 
grain, 487 

Euphorbia pinea, laticifers harboring 
trypanosome parasites, 487 
Euphorbia pseudocactus , laticifer 
starch grain, 487 

Euphorbia pulcherrima , extrafloral 
nectary, 455 

laticifer differentiation, 488 
laticifers, 489 

Euphorbiaceae, cork prickles, 438 
cyathial nectaries, 453 
laticifer initials, 491 
laticifers, 486, 489, 492 
laticifers in xylem rays, 491 
root epidermal patterning, 228, 238 
secretory cavities, 479 
starch in latex, 486, 487 
stinging hairs, 466 
Euphorbiales, floral nectaries, 454 
European ash (see Fraxinus excelsior ) 
Euyra , floral nectary, 454 
Even wood texture, 316 
Excretion, 447 
Exocytosis, 22, 49, 449 
Exodermis, 6 

Exogenous ontogenetic origin of buds, 
150, 151, 152 

Expanding (enlarging) four xylem cells, 
328, 329 

Expansin, 69, 83, 84 
Expansion cells, 241 
Extensibility of cell wall, 83 
Extensins, 68 

External secretory structures, 447-472 
Extracellular matrix, 65, 66 
Extractives, 298 


Extrafloral nectary, 453, 454 
Extraxylary fibers, 194, 195, 196 

Fabaceae, cork prickles, 438 
phellogen, origin of first, 433 
P-protein bodies, nondispersive, 

372 

storied wood, 294 
tannin, 55 

tannin idioblasts, 477 
secretory cavities, 479 
secretory ducts, 478 
Fagaceae, glandular trichomes, 462 
tannin, 55 

Fagonia , glandular trichome 
development, 463 
Fagus, conducting phloem, 421 
gelatinous fibers, 197, 301 
lenticels, 442 

periderm, first superficial, 434 
sapwood, 298 

sclerification of nonconducting 
phloem, 424 
simple sieve plates, 416 
Fagus crentata , fiber secondary walls, 
83 

Fagus gran difolia , lenticel, 441 
rays, wood, 311 
vessel element, 257 
Fagus sylvatica. cambial reactivation, 
pattern of, 348 

fiber-sclereids in secondary phloem, 
424 

hydraulic conductivity, 265 
periderm, original, 436 
tannin, 55 

transition between body and cap in 
root apex, 154 
False annual ring, 294 
Fascicular cambium, 106, 107 
Fenestrated plate-like structure, in cell 
plate formation, 77, 79 
Ferns, 255 

apical cell of shoot apices, 139, and of 
root apices, 153 

apical meristem of shoot, 139, and of 
root, 153 

origin of branches, 149, 150 
root apex, 153 

shoot apices, zonation in, 139 
sieve-area pores, 393, 394 
Fiber primordium, 204 
Fibers, 8, 191, 192-198 
bast, 197 

classification, 194-196 
commercial, 197, 198 




Subject Index | 579 


comparison with collenchyma cells, 
184, 187, 191 
cortical, 193, 194 

distribution in plant body, 192, 193, 194 
extraxylary, 194, 195, 196 
factors controlling development, 205, 
206, 207 
flax, 4 

gelatinous, 196, 197 
hard, 197 
leaf, 194, 197 
libriform, 196 

origin and development, 202-205 
pericyclic, 194 
perivascular, 194 

phloem, 193, 194, 195, 409, 411, 413, 
414, 415 

phylogenetic specialization of, in 
xylem, 269, 271 

primary (protophloem) phloem, 192, 
194, 194, 195 
septate, 196, 197 
soft, 197 
wood, 196 
xylary, 194, 196, 266 
Fiber-sclereid, 192 

in phloem, 407, 418, 419, 424 
Fiber-tracheid, 196 
Ficus, cystolith, 242 

epidermis, multiple, 212 
latex, 486 
phelloderm, 432 
proteins in latex, 486 
storied wood, 294 
Ficus callosa, latex, 486 
Ficus elastica, cystolith, 58, 213 
epidermis, multiple, 212, 213 
lithocysts, 473 
Figure, of wood, 316 
Filamentous actin (F actin) (see Actin 
filaments') 

File meristem (see Rib meristem) 
Filiform sclereid, 199, 202 
Filling tissue, in lenticel, 441, 442 
Fine grain, 316 
Fir (see Abies) 

First available space theory, 149 
First periderm, 433-436 
Flax (see Linum) 

Floral nectaries, 452, 453 
of Abutilon striatum, 456, 457 
of Lonicera japonica, 455 
of Vicia faba, 456, 458, 459 
Flower, 2 

Fluid-mosaic model of membrane 
structure, 20, 21 


Foraminate perforation plate, 258, 259 
Formative divisions in root tip, 162 
Fossil seed plants, tracheids in, 268 
Founder cells, 147 
Fragaria, polyderm, 439 
Frasera, floral nectaries, 453 
Fraxinus, axial parenchyma, 
distribution in wood, 310 
bark, fibrous, 438 
fibers, 193 

fusiform initials, length of, 324 
heartwood, 298 
lenticels, 441 
nonstoried wood, 294 
sapwood, 298 

simple pit-pairs in parenchyma cells, 
260 

simple sieve plate, 416 
wood rays, 311 

Fraxinus americana, conducting 
phloem, 421 
sieve element, 361 
vessel length, 259 

Fraxinus excelsior, cambial cell walls, 
plasmodesmatal frequency, 338 
fiber-sclereids in secondary phloem, 
424 

fusiform cambial cells, dividing, 341 
heartwood formation, 299 
vascular cambium, 325 
FtsZ protein, 31 

Functional phloem (see Conducting 
phloem) 

Fundamental tissue (see also Ground 
tissue), 3, 5 

Fundamental tissue system (see Ground 
tissue system) 

Funtumia elastica, rubber producer, 
493 

Fusiform cambial initial, 323, 324, 325, 

326 

anticlinal (pseudotransverse) 
divisions, 331 
cytokinesis of, 338-341 
seasonal variations of nuclei of, 338 
uninucleate condition of, 338 
Fusiform parenchyma cell, 266, 314 
Fusiform ray, 294, 304 
Fusion tubes, in cell plate formation, 77, 
79 

y-tubulin, 50 
G 0 phase, 25 
G, phase, 24, 25 
G 2 phase, 24 

Gaillardia, parenchyma, 177 


Gambel oak (see Quercus gambelii) 

Gap junctions, 85 

Garlic (see Allium satlvuni) 

Garrya elliptica, leaf initiation, 147 
Gating, by channel proteins, 21 
by plasmodesmata, 90 
Gelatinous fiber, 196, 197, 300, 301 
in nonleaning branches and stems, 
301 

in secondary phloem, 300, 301 
in tension wood, 300 
Gene regulation, 117, 118, 119 
Genetic engineering (gene 

technologies), 115, 116, 117, 118, 

119 

Genetic mosaics, 117, 119 
Genome, of mitochondrion, 32 
of nucleus, 22 
of plastid, 25, 26 
Genomics, 117 

Geometrical model for cellulose 
microfibril deposition, 81, 82 
Geraniaceae, glandular trichomes, 462 
Geraniales, floral nectaries, 454 
Geranium, fibers, 194 
Gibberellins (GAs), 132 

in development of reaction wood, 

302 

in fiber development, 206 
Ginkgo, compression wood, 299 
fusiform initials, length of, 324 
Ginkgo biloba type secondary 
phloem, 412, 413 
leaf initiation, 148 
phelloderm, 432 
secondary phloem, 413 
secretory cavities, 480 
shoot apex, 139, 140, 140 
Ginkgoaceae, phi thickenings, 55 
GLABRA1 (GL1) gene, in trichome 
development and patterning in 
Arabidopsis leaf, 237, 238 
GLABRA2 (GL2) gene, in establishment 
of root epidermal pattern in 
Arabidopsis, 238, 239 
Gladiolus, floral nectary, 454 
Glands, 447, 448 

Glandular structures of carnivorous 
plants, 465, 466 
Glandular trichomes, 448 
development, 463, 464 
secreting lipophilic substances, 462, 
463 

Gleditschia triancanthos, origin of first 
phellogen, 433 

Gleditsia triacantha, vestured pits, 262 
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Gliding (sliding) growth, 115 
Globular chromoplasts, 27, 29 
Glucomannans, 68 
Glucuronoarabinoxylans, 68 
Glycine , sclereids, 201 
Glycine max , amyloplast, 30 
leaf primordium initiation, 146 
palisade epidermal cells and 
hourglass cells of seed, coat, 68 
primary wall hydrolysis of 
protoxylem elements, 279 
Glycine-rich proteins (GRPs), 68 
Glycoproteins, 49 
Glyoxysomes, 33 

Gnetales, secondary xylem, elements of, 
273 

Gnetophyta, bordered pits, 261 
shoot apices, 141 
vessels in, 268, 359 
Gnetum , compression wood, 299 
laticifers, 484 

laticifers in conjunctive tissue, 491 
shoot apex, 136, 141 
tension wood, 299 

Gnetum gnemon , fibers and sclereids, 
193 

Golgi apparatus, 17, 45, 48, 49 
functions, 49, 53 
Golgi bodies (Golgi stacks, 
dictyosomes), 48 
in mucilage secretion, 448, 476 
in nectary, 454 
in root hair, 234 
in secretory structures, 448 
movement of, 49 

Golgi derived vesicles, in cell plate 
formation, 76, 77, 79 
in cell wall formation, 80, 81 
Golgi matrix, 48 
Gossypium, cuticle, 215 
embryogenesis, 7 

fiber development, 84, 230-233, 233 
fibers, 198 

glandular trichome, 448 
leaf initiation, 147 
secondary phloem, 417 
Gossypium hirsutum, fibers, 233 
pore-plasmodesmata connections, 

378 

sieve-plate development, 367 
Grafting, 176 
Grain, of wood, 315 
Gramineae (see Poaceae) 

Grana, in chloroplast, 26, 27, 28 
Granulocrine secretion, 448, 449, 455, 
456, 460, 462 


Grape/Grapevine (see Vitis) 
Graptopetalum, leaf initiation/cellulose 
microfibril orientation, 149 
Grasses (see Poaceae ) 

Green fluorescent protein (GFP), 16 
Grewia tiliaefolia, functional sieve 
elements present year-round, 421 
Ground meristem, 11, 106 
Growth, coordinated, 114, 203 
dilatation, 423, 424 
intercalary, 104, 105 
intrusive, 114, 203, 204, 205 
primary, 12 
secondary, 12 

Growth and development, control by 
plant hormones, 120-123 
Growth layer, in periderm, 430, 431 
in phloem, 407, 408 
in wood, 294, 296, 297 
Growth rings, 294 

factors responsible for periodicity of, 
297 

hormones implicated in earlywood 
and latewood formation, 297 
Guaiacum , wood, 302 
Guaiacyl lignins, 69 
Guaiacyl-syringyl lignins, 69 
(iuaiacyl-syringyl-/;-liydroxy phenyl 
lignins, 69 

Guard cells (see also Stomata ), 219, 

220, 221-225 
cell walls, 222-224 
conifers, 214, 222, 223 
eudicot, 220 , 226 
kidney-shaped, 219, 221, 223 
Poaceae, 221, 222, 223, 226 
Guard mother cell, 225 
Guard-cell mother cell (see Guard 
mother cell ) 

Guayule (see Parthenium argentatum ) 
Gum, 479, 482 
Gum duct, 479 
traumatic, 481 
Gummosis, 482 
Gum-resin duct, 479, 480 
Guttation, 451, 452 

Gymnosperms, compression wood, 299 
guard cells, 221 
laticifers, 484 
leaf initiation, 148 
lenticels, 441 
lignin, 70 
periderm, 427-428 
phelloderm, 432 
phi thickenings, 55 
phloem growth increments, 408 


phloem transport mechanism, 

390-391 

PP2-like gene, 366 
precursory phloem cells, 395 
proteins in cell walls, 69 
Pseudotsuga taxifolia and Tsuga 
canadensis subtype secondary 
phloem, 411 
root apex, 153 
root apical meristem, 156 
root epidermis, 156 
secondary cell walls, 68 
shoot apex, 136, 138, 140-141 
sieve cells, 359, 386-389, 392, 393 
secondary phloem, evolutionary trend 
in, 411, 412 
sporophyte, 12 
Strasburger cell, 390, 390 
tracheids, 268 
tracheophytes, 255 
vestures, 261 
warts, 261 

wound healing in stems 439-440 
Gynura angulosa, sieve-tube elements 
in phloem rays, 416 

Haemodoraceae, root epidermal 
patterning, 238, 238 
Hair cell, 238 

Hairs (see also Trichome ), glandular, 

447, 448, 462-464 
root, 230, 234, 235, 238, 239 
stinging, 448, 466 
Hakea , sclereids, 199, 200 
Hakea suaveolens , sclereids, 200 
Half-bordered pit-pair, 76 
Halophytes, 449 

Haloxylon , periderm, first superficial, 
434 

Haploid, 23 

Haplopappus gracilis , chromosome 
number, 23 
Hard fiber, 197 
hard rind (Hr), 58 
Hardwoods, 302 
Heartwood, 298 

moisture content of, 298 
Robinia- Type and Juglans-Type 
formation, 298 

Hectorella caespitosa, phyllotaxis, 145 
Hedera, stomata, 220 
Helianthus , oil, 54 
stem anatomy, 5 

Helianthus annuus , stomata on roots, 
219 

stomatal density, 220 
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Helical (spiral) secondary wall 
thickening, 273, 275, 276 
Helical sculptures (thickenings), 263 
possible function, 265 
Helicoidal cell wall structure, 82, 83 
Helleborus , floral nectaries, 455 
Helobiae, bulliform cells, lack of, 241 
Hemicelluloses, 67, 68, 72, 73 
Hemp (see Cannabis sativa ) 

Henequen (see Agave) 

Heracleum, axillary bud origin, 150 
Heterobaric leaves, 225 
Heterocellular ray, 303, 311 
Heterochromatin, 23 
Hevea , cellulase activity in latex, 487 
laticifers, 484, 486 
Hevea brasiliensis , laticifer 
arrangement in bark, 494 
laticifer development, 491 
laticiferous system, 492 
rubber, principal source of, 494-495 
Hibiscus , mucilage cells, 477 
phloem fibers, 391 
secretory cavities, 480 
Hibiscus lasiocarpus, fusiform initial 
conversion to ray initial(s), 332 
Hibiscus rosa-sinensis , floral nectaries, 
456 

Hilum, in starch grain, 52, 53 
Hippuris , shape of vegetative shoot 
apex, 138 

Histogen theory, 134, 135, 153 
Histogenesis, 110 
Histogens, 134, 153 
Histones, 16, 23 
Holocrine secretion, 449, 455 
Homocellular ray, 303, 311 
Hordeum vulgare, growth of root tip, 
163 

phyllochron, 147 

pore-plasmodesmata connections, 
378 

sieve tube, 364 
sieve tube walls, 361, 362 
vascular bundle, 363 
vascular cylinder, root, 397 
Hormones (see Plant hormones) 

Horse chestnut (see Aesculus 
hippocastanum) 

Horsetails, 255 
sieve-area pores, 393, 394 
Hoya, sclereids, 199 
Hoya carnosa, sclereids, 200 
Humulus , collenchyma, 186 
latex, 486 
trichomes, 232 


Hyaloplasm, 18 

Hydathodal water pores, 451, 452 
Hydathode-nectary intermediate, 459 
Hydathodes vs. salt glands, 449 
Hydathodes, 451, 452 
laminar, 451, 452 
trichome-, 452, 453 

Hydrangaceae, minor veins, type 1, with 
intermediary cells, 384 
Hydrangea paniculata , mucilage 
idioblast, 474 

Hydraulic conductivity, of vessels, 263, 
264 

recovery following embolism, 265 
Hydrocharis , root apex, 155 

root epidermal patterning, 238, 238 
Hydrocharitaceae, root apex, 155 
root epidermal patterning, 238, 238 
Hydrolysable tannins, 55 
Hydrophyllaceae, root epidermal 
patterning, 238, 238 
stinging hairs, 466 

Hydroxyproline-rich proteins (HRGPs), 
68 

Hygromorphic (hydromorphic) leaf, 220 
Hypericaceae, polyderm, 438 
secretory ducts, 478 
Hypericum , secretory cavities, 480 
Hypericum uralum , leaf initiation, 146 
origin of axillary bud, 150 
Hypersensitive response (HR), 112 
Hypocotyl, 2, 11 
Hypodermis, 212, 214 
Hypophysis (hypophyseal) cell, 144, 160 
Hypostomatic leaf, 220 

Idioblast, crystal, 56, 58 
laticifer, 484, 486 
mucilage-crystal, 474 
sclereid, 199, 489 
secretory, 473 
tannin, 477 

Ilex , mode of increase in thickness of 
bark, 428 

Impatiens, leaf initiation, 147 
seed cell walls, 67 
Impatiens balfourii , nectary to 
hydathode gradation, 459 
Imperforate tracheary elements, 271 
Included (interxylary) phloem, 358 
Indole-3-acetic acid (IAA) (see Auxin) 
Initial cell, 134 

Initial xylem parenchyma, 310 
Initials, 103 

in root apical meristem, 159, 160 
in shoot apical meristem, 137 


loss of from vascular cambium, 
332-335 

ray, 323, 324, 325, 326, 332 
Initiating cell, 103 
Inner aperture of pit, 76 
Inner bark, 409, 427, 428 
Insects and nectaries, 453 
Integral proteins, 20 
Intercalary growth, 104, 105 
Intercalary meristem, 104, 105 
Intercellular adjustment during tissue 
differentiation, 114, 115 
Intercellular spaces, 84, 85, 114, 181, 
182 

in vascular cambium, 325, 326 
lysigenous, 85, 182 
rhexigenous, 85 
schizogenous, 84, 182 
Intercellular substance (see Middle 
lamella) 

Interfascicular cambium, 106, 107 
INTERFASCICULAR FIBERLESSI (IFL1) 
gene, in fiber development, 206, 
207 

Interfascicular region (parenchyma), 5, 
106 

Intergrana thylakoids (see Stroma 
thylakoids) 

Interlocked grain, 315 
Intermediary cell, 381, 384, 385 
Intermediate filaments, 49 
Internal (intraxylary) phloem, 358 
Internal secretory structures, 473-501 
Internode, 1 
Interphase, 24 

Interpositional growth (see Intrusive 
growth) 

Intervascular pitting, 260 
Interxylary cork, 429 
Intraxylary (internal) phloem, 358 
Intrusive growth, 114, 203 
apical, 114, 203 

in laticifers, 486, 489, 490, 491, 492 
Intussusceptional wall growth, 83 
Ipomoea , crypt nectaries, 453 
laticifers, 492 

Ipomoea batatas, periderm, wound, 
440, 440 

Iridaceae, osmophores, 461 

stomatal development, 228, 229 
Isoetes, shoot apex, 139 
Isoetes muricata, sieve-area pores, 

394 

Isolation cells, 312 

Italian ryegrass primary cell walls, 72 
Ivy (see Hedera) 
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Jack pine (see Pinns banksiana) 
Japanese black pine (see Abies 
sachalinensis ) 

Japanese hemlock (see Tsuga sieboldii ) 
Jasmonates, 121 
Jatropha , floral nectary, 454 
idioblastic laticifers, 484 
laticifers, 486 

Jatropha dioica, laticifer initials, 484, 
489 

Jojoba (see Simmondia chinensis ) 
Juglandaceae, wood, 306 
Juglans, compound sieve plates, 415 
conducting phloem, 421 
division and growth of fusiform 
initials, 331 
fibers, 194 
heartwood, 298 
nonconducting phloem, 423 
nonstoried wood, 294 
Juglans hindsii , sieve element, 361 
Juglans nigra , reaction wood, 299 
tension wood, 299 
tyloses, 298 

Juglans- Type heartwood formation, 298 
Juncaceae, protective tissue, 438 
root epidermal patterning, 238, 238 
stomatal development, 229, 229 
suberin in bundle sheath cell walls, 

71 

Juncus , parenchyma cells of pith, 181 
Juniperus , resin ducts, lack of, 304 
shoot apex, 141 

Juniperus californica, functional sieve 
elements present year-round, 421 
times of initiation of xylem and 
phloem production, 344 
Juniperus communis, phloem growth 
increments, 408 

Jute (see Corchorus capsularis ) 

Kalanchoe, developing leaf primordia, 

148 

leaf initiation/cellulose microfibril 
orientation, 149 

Kalanchoe Jedtschenkoi, root hairs, 

234 

Kalopanax pictus , fusiform cambial 
cell nucleus, 338 
Karyokinesis (see Mitosis') 

Keteleeria, epithelial cells of resin 
ducts, 303 

ray tracheids, lack of, 303 
Kinematic method, 163 
Kino, 482 

Kino veins, 482, 483 


Klopstockia cerifera, cuticle (wax), 216 
Knema furfuracea, perforation plate, 

258 

Knockout mutants, 118 
KNOLLE protein, in cell plate 
formation, 78 

KNOTTED1 (KN1), down-regulation as 
an early molecular marker of leaf 
primordia initiation, 145 
involvement in maintaining shoot 
apical meristem and increasing size 
exclusion limit of plasmodesmata, 
90 

Korper-Kappe concept for root, 153, 

154, 156 

LI, L2, L3 layers, involvement in leaf 
primordium initiation, in eudicots 
and monocots, 147 
Labiatae, phyllotaxis, 145 
Laburnum, secondary phloem, fiber 
pattern, 415 

Lactuca, collenchyma, 185 
latex, 486 

Lactuca sativa, cell plate formation, 86 
cellulase and pectinase activity in 
latex, 487 

Lactuca scariola, laticifers, 484 
Lacuna, in protoxylem, 271, 272, 395 
Lacunar (lacunate) collenchyma, 184, 
185 

Lagunaria patersonii, lack of typical 
tension wood, 301 

Lamellar (plate) collenchyma, 184, 185 
Lamiaceae, glandular trichomes, 462- 
463, 463, 464 
minor veins, type 1, with 
intermediary cells, 384 
Lamiales, floral nectaries, 453 
staminodes, 453 

Landolphia, rubber producer, 493 
Lannea, stomatal configuration, 229 
Lannea coromandelica, secretory 
ducts, 479 

Larix, conducting phloem, 421 
epithelial cells of resin ducts, 303, 
306 

phellem, 431 

phellogen, origin of first, 433 
resin ducts, 304 

Larix decidua, stomatal density, 220 
Lateral inhibition mechanism, in leaf 
epidermis, 237 
Lateral meristem, 104, 323 
Lateral (branch) root, 11 
Latewood, 297 


Latex, 483 

composition of, 486, 487 
Laticifers, 7, 483-495 

active uptake of sugar by, 494 
arrangement in plant, 489, 490, 492 
articulated and nonarticulated, 484, 
485, 486 

bacteria and trypanosomatid 
flagellates in, 487 
differentiation, 487-489 
function, 495 
growth, 489-493 
simple and compound, 483 
systematic comparative studies, 486 
walls, 489 

Lauraceae, mucilage cells, 476 
oil cells, 475, 476 
Laurales, floral nectary, 454 
oil and mucilage cells, 477 
Lauras, mode of increase in thickness 
of bark, 428 

secondary phloem, fiber pattern, 

413 

Lauras nobilis, oil cell, 476 
Lavandula vera, glandular trichomes, 
448 
Leaf, 1, 5 

amphistomatic, 220 
angiosperm, 382, 383 
epistomatic, 220 
grass type, 386 

histological events associated with 
initiation of, 145 

hygromorphic (hydromorphic), 220 
hypostomatic, 220 
initiation from specific fields of 
cellulose reinforcement, 148 
mesomorphic 220 
ontogenetic origin of, 147-149 
source, 379 
vascular system, 5 
veins, 5, 381, 382-386 
xeromorphic, 220 

Leaf arrangement (see also Phyllotaxis ), 
145 

Leaf buttress, 145, 146 
Leaf fiber, 193, 194, 197 
Leaf primordia, 145, 146, 147-149 
association with procambial strands 
(leaf traces), 147, 148 
expansin gene expression at site of 
initiation, 149 
in gymnosperms, 148 
initiation in angiosperms, 147 
initiation in the absence of cell 
division, 148 
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origin correlated with phyllotaxis of 
shoot, 149 

relation with apical meristem, 147 
sites correlated with phyllotaxis, 149 
Leaf trace, 5, 6, 147 
Leaf trace gap, 5, 6 
Ledges of guard cells, 219, 220, 221 
Leek (see Allium porruni) 

Legumes, storage proteins (globulins), 
53 

Lemrta , root apex, 155 
Lemna minor, calcium oxalate 
formation, 57 
sieve elements, 360 
sieve-pore development, 365 
Lemnaceae, root apex, 155 
Lemon/lemon tree (see Citrus limonia ) 
Lenticels, 183, 440-442 
in deeper periderms, 442 
origin of first, in relation to stomata, 
442 

structural types, 441, 442 
Leonotis leonurus , glandular trichome, 
463, 463, 464 

glandular trichome development, 464 
Leonurus, axillary bud origin, 150 
Lepidium sativum, cell plate formation, 
77 

protophloem sieve elements, 393 
Lettuce (see Lactuca sativa ) 

Leucoplast, 28, 30 
Leucosceptrum cannum, sieve-tube 
elements in phloem rays, 416 
Lianas, tracheary element size in 

relation to location in plant, 260 
Libriform fiber, 196 
Licania, nonconducting phloem, 424 
Light microscope, resolution of, 16 
Lignification, 70 

of tracheary element secondary wall, 
277 

Lignin, 69-71 

classification, 69, 70 
function, 70, 71 
main monomeric units of, 69 
Liliaceae, intrusive growth in secondary 
tracheids, 114 

stomatal development, 228, 228 
Liliales, floral nectaries, 454 
lack of calcium oxalate in some 
families, 56 
wound healing, 440 
Lilium longiflorum, role of AGPs, 69 
Lily (see Lilium ) 

Limited-growth hypothesis, on porosity 
of wood, 308 


Limnanthaceae, root epidermal 
patterning, 238, 238 
Linden (see Tilia platyphyllos) 

Linum, fibers, 194, 195 
floral nectary, 454 
phloem fibers, 391 
Linum perenne, fibers, 195, 203 
Linum usitatissimum, fibers, 194, 194 
inflorescence and flower, 2 
leaf initiation, 147 
organization, 4 
seed oil, 54 

seedling development, 2 
shoot and root tips, 104 
soft (bast) fibers, 197 
Lipid bilayer of membrane, 19, 20 
Lipid, storage, 54, 55 
Lipids, in plasma membrane, 19, 30 
Liquid crystalline self-assembly 
hypothesis, 81 

Liquidambar formosana, times of 
initiation of xylem and phloem 
production, 344 

Liquidambar struraciflua, minor veins, 
type 1 lacking intermediary cells, 
384 

Liriodendron, cambial initials, survival 
rate, 332 

compound sieve plates, 416 
fusiform initials, division and growth 
of, 331 

half-bordered pit pairs, 260 
lenticels, 441 

nonconducting phloem, 423 
oil cells, 474 
opposite pitting, 260 
secondary phloem fiber pattern, 414 
Liriodendron tulipifera, bark, 410 
fibers, 194 

growth rings of wood, 296 
lack of typical tension wood, 301 
minor veins, type 1 lacking 
intermediary cells, 384 
secondary phloem and vascular 
cambium, 408, 410 
secondary phloem, nonstoried, 415, 
416 

sieve element, 361 
vascular cambium and secondary 
xylem, 292 
vessel element, 257 
Lithocyst, 58, 212, 213, 242, 243 
Lithocyst-cystolith development in 
Pilea, 242, 243 
Loasaceae, cystoliths, 242 
stinging hairs, 466 


Loblolly pine (see Pinus taeda ) 
Lobuiaria, trichomes, 231 
Lomasomes, 22 

Long cells, in leaf epidermal system of 
Poaceae, 239, 240 
Lonicera, fibers, 194 
periderm, 440 
phyllotaxis, 145 
ring bark, 438 

Lonicera japonica, floral nectaries, 454, 
455, 455 

Lonicera nitida, duration of 
plastochrons, 146 

Lonicera tatarica, bark, scaling off, 438 
periderm and rhytidome, 436 
Lotus corniculatus, stem, 107 
Lupinus, planes of cell division at 
margins of leaflets, 109 
Lupinus Cruckshanksii, osmophores, 
461 

Lutoids, in laticifers, 487, 494 
Lycopersicon esculentum (see also 
Solarium lycopersicum), sieve 
elements, clamplike structures in, 
372 

Lycopodiophyta (seedless vascular 
plants), 255 

Lycopodium, origin of branches, 149 
shoot apex, 139 
lycopods, sieve area pores, 393 
Lysigenous cavities and ducts, 478 
Lysigenous intercellular space, 85 
Lysimachia, resinous material-secreting 
parenchyma cells, 478 

M phase, 24 
Madura, tyloses, 298 
Macrofibrils, 66 

Macromolecular components of cell 
wall, 66-71 
Macrosclereid, 198 
in seed, 201, 202 
Magnolia, fibers, 194 
lenticels, 441 
scalariform pitting, 260 
secondary phloem, fiber pattern, 414 
Magnolia kobus, dormancy callose, 421 
sieve tubes, nacreous wall, 363 
Magnolia thamnodes, sclereid 
development, 207 
Magnoliaceae, minor veins, 384 
mucilage cells, 476 
oil cells, 475 

Magnoliales, oil and mucilage cells, 477 
Magnoliids, mucilage cells, 476-477 
oil cells, 475 
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vessels in, 268 
Maize (see Zea mays ) 

Major veins, 383 
Mains, lenticels, 441 

phellogen, origin of first, 433 
russeting of fruit, 429 
sclereids, 199, 201 
Mains domestica, fiber-sclereids in 
secondary phloem, 204, 424 
lenticels on fruit, 441 
nonstoried cambium, 326 
pairs of cells on phloem side of 
vascular cambium, 329 
phi thickenings, 55 
phloem growth increments, 407 
ray initials, rate of periclinal division 
of, 344 

secondary phloem, 419 
secondary phloem, differentiation of, 
417 

sieve element, 361 
sieve-tube elements in phloem rays, 
417 

times of initiation of xylem and 
phloem production, 344 
vascular cambium/intercellular 
spaces, 745 

vascular tissues and dormant 
cambium, 325 
Mains primula, cuticle, 215 
Malvaceae, collenchyma, 184 
floral nectaries, 456 
mucilage cells, 476 
secretory cavities, 479 
Malvales, 477 

Mammillaria, latex-containing canals, 
484 

Mangifera, nonstoried wood, 294 
Mangifera indica, resin ducts, 
development of, 479 
Mangrove (see Avicennia) 

Manihot, laticifers, 486, 492 
Manihot esculenta, tapioca starch, 53 
Manihot glaziovii, rubber producer, 
493 

Manila hemp (see Musa textilis ) 
Manilkara, nonstoried wood, 294 
wood, 302 

Manilkara zapota, secondary phloem 
ray laticifers, 492 
Mansonia, storied wood, 294 
Mantle and core, in shoot apex, 135 
Maranta arundinacea, arrowroot 
starch, 53 

Marginal xylem parenchyma bands, 
296, 297, 310 


Margo, 261, 262 

Marigold (see Tagetes patula) 

Marijuana (see Cannabis sativa ) 
Marsilea, apical cell, 139 
root apex, 153 
Mass meristem, 108 
Mastixia, floral nectary, 454 
Matrix, in mitochondria, 32 
Matteuccia struthiopteris, shoot apex, 
139 

Mature, cell, 110 
plant, 12 

Maule test for lignin, 71 
Maxillaria coccinea, collenchymatous 
nectary secretory cells, 455 
Maximal-area phase, in shoot apex, 147, 

148 

Mechanical tissue (see Supporting 
tissue) 

Median cavity, 86, 87 
Medicago sativa, stem, 107 
stem vascular bundle, 274 
Medicago truncatula, 235 
Medulla (pith), 4, 5 
Meiosis, 23 

Melaleuca, periderms, sequent, 436 
phellem, 430 

Melastomataceae, nectar secretion and 
composition, 457-458 
Meliaceae, phloem growth increments, 
407 

Membrane systems, 17, 45 
Membranes, 17, 19-22 
electrical potential, 17 
fluid-mosaic model, 20 , 21 
Membranous chromoplasts, 27, 29 
Menispermum, mode of increase in 
thickness, of bark, 428 
Mentha, collenchyma, 186 
Mentha piperita, glandular trichomes, 

463 

Mentha spicata, glandular trichomes, 
463 

Mericlinal chimera, 117 
Meristematic and plant growth, 106-110 
Meristematic cells (see also Initials), 
characteristics of, 106, 107 
Meristematic tissues, primary, 11 
Meristeme d’attente, 136, 137 
Meristeme medullaire, 136, 137 
Meristems (see also Apical meristem), 
103-110 
apical, 11, 104 
classification, 104-106 
concept of, 103, 104 
detached, 150 


dilatation, 423 

growth patterns in, 107, 108 

intercalary, 104, 105 

lateral, 104, 323 

mass, 108 

plate, 108 

primary, 11, 105, 106 
rib (or file), 108 
secondary, 106 
Merocrine secretion, 449 
Merophytes, 134, 139, 153, 154 
Mesembryanthemum, parenchyma 
(water-storage tissue), 178 
Mesogenous stomatal ontogeny, 226, 

228 

Mesoperigenous stomatal ontogeny, 226 
Mesophyll, 4, 5 
Metacutization, 164 
Metameristem, 134 
Metaphloem, 393, 395, 397 

delimitation from secondary phloem, 
397 

Metasequoia glyptostroboides, 

transport velocity of assimilates, 
390 

vascular cambium/intercellular 
spaces, 325 

Metaxylem, 271, 272, 274, 275, 276 
Metroxylon sagu, sago starch, 53 
Micelles, 66, 67 

Michelia fuscata, leaf initiation, 147 
Microberlinia brazzavillensis, axial 
parenchyma, distribution in wood, 

310 

Microbodies (see Peroxisomes) 
Microfibrils, 66, 72, 73 
Microfilaments (see Actin filaments) 
Microhairs (two-celled salt glands), 450 
Microtubular organizing center (MTOC) 
(nucleating site), 50 
Microtubules, 17, 19, 49, 50 
arrays, 50, 51 
cortical, 50, 51, 80, 81 
functions, 50 

in developing cotton fibers, 231, 232 
in developing root hairs, 235 
in developing trichomes of 
Arabidopsis leaf, 236 
mitotic spindle, 50, 51 
phragmoplast, 50, 51 
phragmosome, 79 
preprophase band, 50, 51, 79, 80 
Middle lamella, 71, 74, 75, 77 
compound, 72 

Mimosa pudica, nucleus, 22 
tannin in leaf cell. 35 
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Mimosaceae, cork aerenchyma, 429 
Mimulus cardinalis, companion cells of 
minor veins, 385 

Mimusops, times of xylem and phloem 
production, 344 
xylem-to-phloem ratio, 343 
Minimal construction center of root, 

147 

Minimal-area phase, in shoot apex, 147, 

148 

Minor veins, 383 

collection of photoassimilate by, 
383-386 

in “dicotyledonous” leaves, 384-386 
of Poaceae, 386 
type 1, 381 , 384, 385 
type l-2a, 384 
type 2, 384, 385 
type 2a, 382 , 384, 385 
type 2b, 383 , 384, 385 
with more than one kind of 
companion cell, 385, 386 
Mint family (see Lamiaceae) 
Mitochondria, 17, 18 , 31-33 
DNA of, 32 

evolution from free-living 
a-proteobacteria, 32 
movement, 32 
role in apoptosis, 33 
three-dimensional structure of, 32 
Mitochondrial genome, 32 
Mitosis (karyokinesis) (see also Cell 
division ), 23, 76 

Mixed-linked primary cell walls, 68 
Modified stomata, of nectary, 454 
Monocarpy, 111 

Monocotyledoneae, epidermis, multiple, 
212 

guard cells, 221 

Monocotyledons (monocots), apical 
meristems, 156 
bulliform cells, 239, 241, 241 
cork, storied, 438 
embryogenesis, 7 
fibers in stems, 192, 194 
guard cells, 221 
hard (leaf) fibers, 197 
hydathodes in fresh-water plants, 451 
intercalary meristems, 104, 105 
leaf, 197, 198 
leaf initiation, 147 
metaphloem, 397, 395 
number of tunica layers, 142 
origin of lateral buds, 150 
pectins in primary cell walls of, 68 
periderm, 428 


primary cell walls of commelinoid 
line, 68 

protective tissue, 428, 438, 439 
proteins in cell walls, 69 
root epidermal patterning, 238-239, 
238 

roots with a calyptrogen, 155 
secondary growth, 12 
septal nectaries, 453 
shapes of vegetative shoot apices, 138 
sieve-tube elements, trends in 
specialization of, 392 
silica bodies (phytoliths), 240 
sporophyte, 12 
stem, 3, 5 
stem anatomy, 5 
stomata, 225 

stomatal complexes, 226, 228-229, 
230 

stomatal development, 230 
stomatal patterning, 237 
transfer cells, 180 
vascular system, 386 
velamen, 212 
vessels in, 268 
vestures, 261 
wound healing, 440 
xyloglucans in primary cell walls of, 
67-68 

Monopodial branching, 150 
Monotropa , stomata, lack of, 219 
Monstera , sclereids, 191 

sclereids, development of, 204 
Monstera deliciosa , trichosclereids, 200 
Moraceae, cystoliths, 242 
epidermis, multiple, 212 
hydathodes, 451 
laticifer initials, 489 
laticifers, 489 

laticifers in xylem rays, 491 
Moringa oleifera, gum ducts, traumatic, 
481 

Moringaceae, gum ducts, traumatic, 481 
Morning glory (see Convolvulus') 
Morphogenesis, 110 
Morns , collenchyma, angular, 184 
heartwood, 298 
latex, 486 
sapwood, 298 
tyloses, 298 

Morns alba , phyllotaxis, 145 
Moms nigra , laticifer initials, 489 
secondary laticiferous system, 491 
Motor cell, 241 
Motor protein, 19 
Mouriria , sclereids, 200 


Mouriria huberi, sclereids, 
development of, 204 
Movement proteins, 89 
Mucilage cell, 476, 477 
Mucilage duct, 474 
Mucilage glands, 465 
Mucilage-crystal idioblast, 474, 477 
Multicellular salt glands, of eudicots, 
450, 451 

secretory and collecting cells of, 450, 
451 

transfusion zones of, 450, 451 
Multinet growth hypothesis, 82 
Multiple annual ring, 294 
Multiple (multiseriate) epidermis, 212, 
213, 221 

Multiple perforation plate, 257, 258 , 259 
Multiplicative divisions, in vascular 
cambium, 331, 334 
Multiseriate epidermis (see Multiple 
epidermis) 

Multiseriate ray, 311 
Multivesicular bodies, 22 
Munch pressure-flow hypothesis, 379 
Musa, laticifers, 492 

origin of lateral buds, 150 
protein bodies, 54 
stomata, 220 
tannins in latex, 486 
tylose formation, 268 
Musa textilis, cellulase activity in latex, 
487 

fibers (leaf), 197 

Myoporum, secretory cavities, 480 
Myosin, 19, 32, 33, 52 
Myrcia amazonia, phelloderm, 432 
Myristica, fusiform initials, length of, 
324 

Myristicaceae, protein bodies, nuclear 
nondispersive, 372 
tanniniferous tubes, 484 
Myrosin cells, 474, 475 
Myrosinase, 473, 474, 475 
Myrsinaceae, bacterial leaf nodules, 461 
Myrsine, resinous material-secreting 
parenchyma cells, 478 
Myrsine australis, phellogen, origin of 
first, 433 

Myrtaceae, nectar composition, 458 
phloem, external and internal, 358 
polyderm, 438 

secretory (oil) cavities, 479, 480 
tannin idioblasts, 477 

Nacreous cell wall, 361, 362, 363 
Narcissus, floral nectaries, 454 
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membranous chromoplasts, 27 
Narcissus jonquilla, osmophores, 461 
Narcissus pseudonarcissus, 

membranous chromoplast, 29 
Nasturtium (see Tropaeolum) 

Neck constrictions of plasmodesmata, 
87 

Necrophylactic periderm, 436 
Nectar, 452 

sugars in, 456, 457, 458 
Nectaries, 452-459 
crypt, 453 
cyathial, 453, 455 
extrafloral, 453, 454 
floral, 452, 453, 454, 455, 456 
genes involved with, in Arabidopsis, 
458 

secretory mechanisms of, 455 
septal, 453, 454 
Nectariferous tissue, 453 
Nectary-hydathode intermediates, 459 
Neighboring cells, of stomata, 218, 

228 

Nelumbo nucifera , laticifers, 489 
P-protein, 371 

Nemesia strumosa , companion cells of 
minor veins, 385 
Neottia, stomata, lack of, 219 
Nepenthes , pitchers, 465 
Nepeta cataria , glandular trichomes, 
463 

Nepeta racemosa, glandular trichomes, 
463 

Nerium, fibers, 194 
Nerium oleander, latex, 486 
pectinase activity in latex, 487 
laticifer development, 490 
laticifer initials, 489 
laticifers, 489 
leaf, 221 

phellogen, origin of first, 433 
phyllotaxis, 145 

Netted (reticulate) venation, 225, 383 
Nettle (see Urtica) 

New Zealand hemp (see Phormium 
tenax) 

Nicotiana, fibers, 194 

interpretation of root apex, 156 
pits in xylem parenchyma cell, 75 
root apical meristem, 156 
secondary phloem, 417 
secondary phloem, fiber pattern, 413 
stomatal development, 227 
trichomes, 232 

Nicotiana clevelandii , plasmodesmata, 
88, 89 


Nicotiana tabacum, as apoplastic 
loader, 385 
chloroplast, 27 

clones in subepidermal layer of leaf, 

118 

early cytokinesis, 78 
endoplasmic reticulum, 47 
Golgi bodies in leaf cell, 48 
initiation of leaves, 147 
intercellular adjustments during tissue 
differentiation, 114 
KN1 protein, 90 
mitochondria, 32, 32 
movement of mitochondria, 32 
organelles in leaf cell, 34 
parenchyma cell, 35 
plasmodesmata, 88, 90 
polyribosome (polysome), 37 
P-protein, 371 
protophloem elements, 360 
protophloem sieve-tube element, 374, 
375 

root apical meristem, 157 
root hair, tip of, 235 
root tip, 18, 158 

sieve-tube element and companion 
cell, 368 

stomatal density, 220 
tracheary elements differentiating, 

282 

vascular cambium, cytokinesis in, 

341 

Nitric oxide (NO), 121 
Noble fir (see Abies procera ) 

Node, 1 

Nonarticulated laticifers, 484, 485, 486, 
487, 488, 489, 490, 491 
arrangement in plant, 489 
branched, 485, 486, 488, 490, 491 
differentiation, 487, 488, 489 
growth, 480, 481, 489 
unbranched, 485 
Noncollapsed phloem, 422, 423 
Nonconducting phloem, 422-424 
crystal accumulation, 423 
sclerification of, 423 
structural differences from 
conducting phloem, 422, 423 
Nonfunctional phloem (see 
Nonconducting phloem ) 

Non-hair (hairless) cell, 238 
Nonstoried tissue, cambium, 325, 326, 
331 

phloem, 407, 409, 415 
wood, 294, 295 
Nonvascular tissues, 3 


Norway spruce (see Picea abies ) 
Nuclear envelope, 16, 18, 22 
Nuclear pore complexes, 22 
Nuclear pores, 22 
Nucleic acids, 16 
Nucleoids, 16, 25, 32 
Nucleolar organizer regions, 23 
Nucleoli, 23 
Nucleoplasm, 22 
Nucleus, 16, 18, 22, 22, 23 
interphase, 23 

Nuphar, calcium oxalate crystals in cell 
wall, 57 

trichosclereids, 200 

Nuphar iutea , width of shoot apex, 139 
Nyctaginaceae, phloem, included 
(interxylary), 358 

Nymphaea, calcium oxalate crystals in 
cell wall, 57 
trichosclereids, 200 
Nymphaea odorata, sclereid, 198 
Nymphaea tetragona, crystal-forming 
sclereids, 57 

Nymphaeaceae, root epidermal 
patterning, 238, 238 
Nymphoides peltata, role of ethylene in 
stem growth, 123 

Oak (see Quercus) 

Oat (see Arena sativd) 

Obliteration of phloem cells 391, 392, 
393, 395, 396 
of xylem cells, 271 
Ochroma, heartwood, 298 
Ochroma lagopus, wood, 302 
Ocimum basilicum, glandular trichome 
development, 463 
Ocotea, nonstoried wood, 294 
Oil bodies, 18, 54, 55 
in seeds, 54 

Oil cavity, development in Eucalyptus, 
480 

development in Psoralea, 480, 481, 

482 

of oil cell, 475 
Oil cells, 415, 474, 475, 476 
Olea, sclereids, 200 
trichomes, 231 

Olea europaea, filiform sclereids, 199, 
200 , 200 

Oleaceae, minor veins, type 1, with 
intermediary cells, 384 
sclereid development in leaf, 206 
Oleander (see Nerium oleander) 
Oleosins, 54, 55 
Oleosomes (see Oil bodies) 
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Oligosaccharides, 20 
Olive (see Olea europaea) 

Onagraceae, polyderm, 438 

root epidermal patterning, 238, 238 
Onion (see Allium cepa) 

Onoclea sensibilis , polarity, 119 
Ontogeny, 109 

Open organization of root apex, 153, 
154, 155, 158 
Opposite phyllotaxis, 147 
Opposite pitting, 260 
Orchid, multiple epidermis (velamen), 
212 

root, 212, 212 
Orchidaceae, nectaries, 455 
osmophores, 461 
Organelles, 19 
Organismal theory, 15 
Organogenesis, 110 
Organs, phylogenetic origin of, 1 
vegetative, 1 

Origanum, glandular trichome 
development, 464 

Origanum x intercedens, glandular 
trichome development, 464 
Ornithopus sativus , stomata on roots, 
219 

Oryza sativa , aerenchyma in roots, 182, 

182 

amyloplasts in endosperm, 28 
expansin gene expression/leaf 
initiation, 149 
genome, 117 
guard cells, 222 
hydathodes, 451 
protein bodies, 49, 53 
role of polar auxin transport in 
vascular patterning, 122 
silica bodies (phytoliths), 240 
storage protein, 53 
Osmanthus, sclereids, 200, 204 
Osmanthus fragrans , sclereid 
development, 206 
Osmophores, 461, 462 
Osmotically generated pressure-flow 
mechanism, 379-382 
sources and sinks, 379 
Osmunda, shoot apex, 139 
Osmunda cinnamomea, shoot apex, 
139 

Osteosclereid, 198 
in seed, 201, 202 
Ostrya, wood, 302 
Outer aperture of pit, 76 
Outer bark, 409, 427, 428, 432 
Ozoroa paniculosa , sclereids, 201 


Paedomorphosis, 276, 292, 311 
Paiisota barteri, tubular chromoplast 
in fruit, 29 
Palmae, fibers, 196 

multiple epidermis, 212 
root apical meristem, 156 
roots with a calyptrogen, 155 
stomatal development, 229, 229 
Palms, cork, storied, 438 
metaphloem, tylosoids, 392 
sieve elements, 360 
sieve-tube longevity, 392 
stomatal development, 230 
Pandanaceae, wound healing, 440 
Panicoideae, root epidermal patterning, 
238, 238 

Papaver somniferum, alkaloids in 
latex, 486 
laticifers, 492 
Papaveraceae, latex, 486 
laticifer initials, 491 
Paper birch (see Betula papyrifera) 
Papillae, 230 

Paracytic stoma, 228, 229 
Parallel (striate) venation, 225, 386 
Paratracheal xylem parenchyma, 309, 

310 

Parenchyma, 3, 8, 175-183 
axial, 266, 391 
collenchymatous, 183, 187 
crystal-containing in wood, 266, 267 
disjunctive, 314 
distribution in plant body, 176 
fusiform, 266, 314 
ontogenetic origin, 176 
ray, 266, 391 
sclerified, 176, 179 
storage, 177, 178, 266, 391 
Parenchyma cell, 3, 8, 175 

chambered crystalliferous, 360, 391, 
412 

disjunctive, 314 
fusiform, 266 

Parenchyma strand, 266, 314 
Parenchyma wall, 177, 178, 179 
Parkia pendula, cork aerenchyma, 429 
Parthenium argentatum, epithelial 
cell, 495 

resin ducts, 478, 479 
rubber producer, 494, 495 
Partitioning membranes, of two-celled 
salt gland, 450 

Pastinaca, collenchyma, 186 
stomata, 220 

Patterning in epidermis of angiosperm 
roots, 238, 239 


Patterning of stomata in Tradescantia 
leaves, 237 
/j-coumaryl, 69 
Pea (see Pisum) 

Peach (see Primus) 

Peanut (see Arachis hypogaea) 

Pear (see Pyrus and Pyrus communis') 
Pearl gland, 448 

Pectin layer, of epidermis, 215, 216 
Pectins, 68 

Pedilanthus tithymaloides, laticifer 
starch grain, 487 
Pelargonium, fibers, 194 
glandular trichome, 448 
perforation plate, 258 
Pelargonium hortorum, phi 
thickenings, 55 

Peltate glandular trichome, 462, 463 
Peltate trichomes (scales), 230, 232 
Peltogyne, heartwood, 298 
Peltogyne confertifolora, axial 

parenchyma, distribution in wood, 
310 

Peperomia, epidermis, multiple, 178, 
178, 212, 213 
leaf blade, 178 

Peperomia metallia, chloroplasts in 
mesophyll cell, 25 
water-storing parenchyma, 178 
Peppermint (see Mentha piperita) 
Pereskia, sclereids, septate, 197, 204 
Perforated ray cell, 312, 313 
Perforation plates in vessel elements, 
257, 258, 259 

development, 278, 279, 280, 282 
Periblem, 134, 153 
Periclinal chimera, 117 
Periclinal division, 108, 109 
Pericycle, 5, 7, 154, 155, 161, 163, 164 
Pericyclic fibers, 194 
Periderm, 3, 427-445 
components, 429-433 
development of, 433-437 
ectophylactic, 436, 437 
in monocotyledons, 438, 439 
in root, 434 

in wound healing, 428, 429, 438, 439, 
440 

longevity of first periderm, 434, 436 
morphology, 437, 438 
necrophylactic, 436 
time of appearance of first and 
sequent periderms, 434, 436 
wound, 428, 438, 439, 440 
Perigenous stomatal ontogeny, 226, 228 
Perinuclear space, 22 
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Peripheral meristem (peripheral zone), 
in shoot apex, 136, 140, 141, 142 
Peripheral proteins, 20 
Peripheral reticulum, 27 
Perivascular fibers, 194 
Peroxisomes, 33, 34 
functions, 33 
movement, 33 

Perrottetia , floral nectary, 454 
Persea , lenticels, 441 
Persea americana , lenticels, 441 
oil cells, 475 

Persimmon (see Diospyros) 

Pestalotia , rust fungus, 453 
Petals, 2, 3 

Petunia hybrida , growth patterns in 
root apex, 162 
quiescent center, 159 
Phaseolus , embryo, 113 
fibers, 193 
sclereid, 201, 202 
sieve-tube plastids, 369 
Phaseolus vulgaris , cell plate 
formation, 78 

immature perforation plate, 282 
phloem, 398 

primary wall hydrolysis of 
protoxylem element, 279 
sieve-tube starch, 366 
tracheary element, differentiating, 

279 

Phellem (cork tissue), 4, 427, 429-431 
aerenchymatous, 182, 183, 429, 431 
cell walls, 429, 430, 431 
growth increments (layers), 430, 431 
in lenticel, 441 

layered appearance of, 429-431 
Phelloderm, 427, 431-433 
depth of, 432 
in lenticel, 441, 442 

Phellogen (cork cambium), 12, 106, 427, 
429 

cells involved with origin, 434 
in lenticel, 440, 444 
origin in roots, 434 
origin of sequent phellogens in stems, 
434 

period (s) of activity, 436 
sites of origin, 433, 434 
Phelloids, 430 

Phenylalanine ammonia lyase (PAL) 
involvement in heartwood 
formation, 298 
Phi thickenings, 55 
Phillyrea latifolia , osteosclereids, 201 
Philodendron , secretory cavities, 480 


Phloem (see also Secondary phloem ), 

3, 9, 357-405, 407-425 
anastomoses, 356, 358 
cell types of, 9, 359, 360 
collection, 381 

early markers in differentiation of, 

330 

external, 357 
fibers, 194, 195 

in nectaries, 454, 457, 458, 459, 460 
included (interxylary), 358 
internal (intraxylary), 358 
loading, 381, 384 

position in relation to xylem, 357, 358 
primary, 255, 357, 393, 395-398 
release, 381 
role of, 357 

secondary, 256, 357, 407-425 
transport mechanism in angiosperms, 
379-382 

transport mechanism in 
gymnosperms, 390, 391 
unloading, 381 
Phloem cells, 9, 359, 360 
obliteration of, 391, 392, 393, 395, 

396 

Phloem parenchyma, 360, 391, 409, 412 
Phloem, fibers, 194, 195, 391, 409 
sclereids, 391, 409, 420 
Phoenix canariensis, width of shoot 
apex, 139 

Phoenix dactylifera , endosperm, 179 
Phormium tenax, fibers, 197 
Phospholipase D, 82 
Phospholipids, 20 
Photorespiration, 33 
Phragmoplast, 76, 77, 78, 80 

in fusiform cambial cells, 339, 340, 
341 

Phragmoplastin, in cell plate formation, 
78 

Phragmosome, 78, 79, 80 

in fusiform cambial cells, 339, 340, 
341 

Phyllochron, 147 
Phyllotaxis (phyllotaxy), 145, 149 
auxin in regulation of, 149 
correlation with architecture of 
vascular system, 149 
types of, 145 

Physcomitrella patens, PP2-like genes, 
366 

Physiological field theory, 149 
Phytic acid, 54 
Phytoalexins, 65 
Phytoferritin, 26 


Phytoliths (silica bodies), 58, 240 
Phytomeres, 138 

Phytomonas, trypanosomatid flagellates 
in laticifers, 487 

Phytomonas staheli , laticifer-inhabiting 
trypanosomatid flagellate, 487 
Phytophthora citrophthora, brown-rot 
fungus, 481-482 
Phytoplasma and laticifers, 487 
Picea , apical meristem and derivative 
regions in root, 154 
conducting phloem, 421 
epithelial cells of resin ducts, 303, 

306 

heartwood, 298 
phellem, 431 
resin ducts, 304 
Picea abies, cuticle, 215 
latewood formation, 297 
leaf initiation, 145 
lenticels, 442 

phloem axial parenchyma cells, 409 
resin ducts, 306 
resin ducts, traumatic, 481 
vascular cambium/intercellular 
spaces, 325 

Picea glauca, phellem, growth 
increments, 431 

tracheids, annual production of, 344 
Picea mariana , shoot apex, 141 
Picea sitchensis , phyllochron, 147 
stomatal plugs, 222 
Picea taeda , epithelial cells of resin 
duct, 306 

PP2-like genes, 366 

Pigment bodies (carotene crystals), 27, 
28, 29 

Pigweed (see Amaranthus retroflexus ) 
Pilea cadierei , cystolith, 242, 242, 243 
PIN, auxin efflux carrier, 121 
Pinaceae, crystalliferous parenchyma, 
phloem, 409 

parenchyma, axial in wood, 303 
phloem growth increments, 407 
Pseudotsuga taxifolia type and 
Tsuga canadensis subtype 
secondary phloem, 411 
ray tracheids, 303 
secondary phloem, distribution of 
cells in, 409, 410-412 
sieve cell walls, 387 
stomata, 222 
tracheids, 302 

Pine, southern, outer bark of, 432 
Pineapple (see Ananas comosus) 
Pinguicula , adhesive traps, 465-466 
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PINHEAD (PNH) as early marker of leaf 
formation, 147, 149 
Pinus, bark, nonfibrous, 438 
bark, scale, 438 
bordered pits in tracheids, 26l 
cork, 438 

epithelial cells of resin ducts, 303 
guard cells, 223 
heartwood formation, 299 
nonconducting phloem, 423 
phellem, 429, 431 
phellogen, origin of first, 433 
pit development, 277 
reaction wood, 299 
resin ducts, 304, 306 
root apical meristem, 156 
root epidermis, 156 
secondary phloem, 411 
secondary xylem, elements of, 304 
sieve areas, 389 
sieve cell differentiation, 389 
stomata, 214, 223 
vascular tissues and cambium in 
stem, 327 

Pinus banksiana , condensed tannins in 
root cell walls, 55 

Pinus brutia, “ER preprophase band,” 
79, 80 

Pinus contorta, fusiform cambial cells, 
dividing, 340 
Pinus elliotii, wood, 302 
Pinus haiepensis , epithelial cells of 
resin ducts, 306 
resin duct system, 306 
resin ducts, 481 
phellogen/vascular cambium, 
period (s) of activity, 436 
Pinus lambertiana, earlywood 
tracheid, 257 
shoot apex, 141 

Pinus longaeva, longevity of sieve cells, 
392 

Pinus merkusii, stomata, 223 
Pinus mugo, width of shoot apex, 139 
Pinus pinaster, resin ducts, 478 
Pinus pinea , bordered pit development, 
cytoskeletal proteins during, 280 
fusiform cambial cell phragmoplast, 
340 

phellogen/vascular cambium, 
period (s) of activity, 436 
sieve element, 361 
vascular cambium/intercellular 
spaces, 325 

Pinus ponderosa, fusiform cambial 
cells, dividing, 340 


shoot apex, 141 

Pinus pungens, bordered pit, 262 
Pinus radiata , cambial initials, 
identification of, 330 
latewood formation, 297 
Pinus resinosa, epidermis, 214 
leaf, 214 

sieve cells, 388, 389 
Strasburger cell-sieve cell 
connections, 387 
Pinus strobus , branched 
plasmodesmata, 87 
fusiform initials, length of, 324 
growth rings of wood, 296 
secondary phloem, 411 
shoot tip, 136 
stomatal density, 220 
wood, 293, 294 
wood ray, 305 

Pinus sylvestris, auxin and vascular 
development, 315 

cambial initials, identification of, 328 
cambial reactivation, 348 
fusiform initials, 324 
latewood formation, 297 
periderm, first, 436 
reaction wood formation, 302 
Pinus taeda, epithelial cells of resin 
ducts, 306 

extensin-like protein in secondary 
cell wall, 69 
resin duct system, 306 
Pinus thunbergii, primary cell wall, 74 
S 2 wall layer of tracheids, 70 
Piperaceae, epidermis, multiple, 212 
Piptadeniastrum africanum , axial 

parenchyma, distribution in wood, 
310 

Piriqueta, colleters, 460 
Pistacia lentiscus, annual cycle of 
cambial activity, 346 
phellogen/vascular cambium, 
period(s) of activity, 436 
Pistacia palaestina, annual cycle of 
cambial activity, 346 
Pistia , root apex, 155 
Pistia stratiotes, raphide idioblasts, 57 
Pisum , epicuticular wax, 216 
sclereids, 201, 202 
shoot apex, 135 

Pisum arvense, stomata on roots, 219 
Pisum sativum , fiber development, 205 
floral nectary, 456 
growth of root tip, 163 
microtubule alignment, 83 
root apex, 153 


root development, 164 
stem cell walls, 72 
stomata on roots, 219 
transfer cells, wall-membrane 
apparatus of, 180 
Pit membrane, 74, 75 

importance to safety of water 
transport, 264 

Pitchers, of carnivorous plants, 465 
Pit-field, primary, 74, 75 
Pith, in eudicot stems, 4, 5 
in roots, 153 

Pith meristem (see Rib meristem') 
Pit-pairs (see also Pits'), 74 
aspirated, 26l 
bordered, 75, 76, 260, 261 
half-bordered, 76 
simple, 75, 76 

Pits (see also Pit-pairs), 74-76 
aperture, 76 
blind, 76 

bordered, 74, 75, 76 
canal, 76 
chamber, 76 

in tracheary elements, 260, 261, 262 
inner aperture, 76 
outer aperture, 76 
pit development, 277, 278, 280 
primary, 74 
ramiform, 76 
simple, 74 
vestured, 261, 262 
Pitting, types, 74, 76, 260, 26l 
Pittosporaceae, epidermis, multiple, 212 
Plant body, as a supracellular organism, 
89 

internal organization, 3-6 
plan, 7 

structure and development, 1-13 
Plant cell components, 18, 19 
Plant hairs (see Trichomes) 

Plant hormones (phytohormones), 
120-123 

Plantago minor, as apoplastic loader, 
385 

Plasma membrane (plasmalemma), 16, 
17, 19-22 

composition, 19-21 
functions of, 19 

Plasmodesmata, 15, 16, 74, 85-91 
architecture, 87, 88 
branching of, 86, 87 
cell-to-cell communication, 88 
complex secondary, 86 
frequency of in growing Azolla root, 
163, and Arabidopsis root, 163, 239 
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functions of, 88-90 
gating by, 90 

in Abutilon nectaries, 456, 457 
in multicellular salt glands of 
eudicots, 450, 451 
in salt bladders, 449 
in secondary phloem of Hevea , 494 
in the spread of plant viruses, 89, 90 
in the trafficking of endogenous 
proteins, 89, 90 
in two-celled salt glands, 450 
pathway for transport, 89 
primary and secondary, 85 
role in development, 90 
size exclusion limits of, 89 
Plasticity, in plant development, 104 
of cell wall, 83, 84 
Plastid-dividing rings, 30, 31 
Plastids, 25-31 

development cycle, 31 
division, 30, 31 
genome, 25 

P-type and S-type, 365, 366, 369, 376, 
388, 389 

Plastochron, 145, 146, 147 
length of, 146, 147 

PLASTOCHRON 1 (PLA1) control of leaf 
production, 147 

Plastochronic changes, in shoot apex, 
145, 146, 147, 148 
Plastoglobuli, 26, 27 
Platanthera bilfolia , osmophores, 461 
Platanus , bark, scale/ring intermediate, 
438 

trichome, 231 

Platanus occidentalism bark, 437 
Plate meristem, 108, 109 
Plectranthus ornatus, glandular 
trichomes, 463 
Plerome, 134, 153 
Ploidy level and cell size, 113 
Plum (see Primus domestica ) 
Plumbaginaceae, glandular trichomes, 
462 

root epidermal patterning, 238, 238 
Plumule, 11 
Pluripotency, 104 
Poaceae, fibers, origin of, 202 
guard cells, 221, 222, 223 
hydathodes, 451 
leaf epidermal system of, 239 
metaphloem sieve tubes, 386, 386 
minor veins, 386 
origin of branches, 150 
PP2-like genes, 366 
protective tissue, 438 


root epidermal patterning, 238, 238 
roots with calyptrogen, 155 
salt glands, two-celled, 449-450 
sieve-tube elements, 360, 376 
silica, 58 

stomatal development, 229, 230 
suberin in bundle sheath cell walls, 

71 

wound healing, 440 
Poales, lack of calcium oxalate in some 
families, 56 
primary cell walls, 68 
Podocarpaceae, axial parenchyma in 
wood, 303 

Chamaecyparis pisifera type 
secondary phloem, 412 
Ginkgo biloba type secondary 
phloem, 412 

ray parenchyma in wood, 304 
secondary phloem, distribution of 
cells in, 409 
stomatal plugs, 222 
Podocarpus, sclereids, 200 
Podocarpus amara, ray parenchyma in 
wood, 304 

Poinsettia, extrafloral nectary, 455 
nonarticulated laticifers, 
differentiation of, 488 
P-protein, 371 

Polarity, establishment of during 
embryogeny, 7 
gradients, 119 
in differentiation, 119 
Polarized cytokinesis, 80 
Polarized light, 53, 67, 74, 148, 149 
Polemoniales, floral nectaries, 453 
Pollinators and extrafloral nectaries, 453 
Polyalthia longifolia , periods of 
phloem production, 344 
xylem-to-phloem ratio, 343 
Polyamines, 121 
Polyderm, 438, 439 
Polygalacturonic acid, 68 
Polygonaceae, oil cavities, 481 

root epidermal patterning, 238, 238 
Polygonales, floral nectaries, 453, 454 
Polygonum , fibers, 194 
oil cavities, 481 
Polygonatum canaliculatum , 

metaphloem sieve-tube elements, 
longevity of, 392 

Polymer trap mechanism of phloem 
loading, 384 

Polyphenolic and polyaliphatic suberin 
domains, 71 

Polyphenolic substances, 55 


Polyploid, 23 

Polypompholyx , suction traps, 465 
Polysaccharide synthesis, 49 
Polysaccharides, in starch grains, 52 
Polysomes (polyribosomes), 36, 37 
Polyteny, 113 

Pome fruits (see Malus domestica and 
Pyrus communis') 

Pontederiaceae, root epidermal 
patterning, 238, 238 
Poppy, opium (see Papaver 
somniferuni) 

Populus, compound sieve plates, 415 
conducting phloem, 421 
fiber development, 206 
fusiform initials, length of, 324 
gelatinous fibers, 301 
heartwood, 298 
lenticels, 441 

nonconducting phloem, 423 
nonstoried wood, 294 
perforation plate development, 279 
pit development, 277 
plasma membrane H + -ATPase in 
cambial zone, 347 
vascular cambium, 330 
vessel network, 309 
Populus balsamifera , hydathodes, 452 
Populus deltoides , expanding four, 329 
hydathodes, 452, 459 
leaf initiation, 147 
minor veins, collection of 
photoassimilate by, 385 
pore-plasmodesmata connections, 
378 

Populus euphratica , annual rings, 308 
Populus euroamericana , gelatinous 
fibers in phloem, 301 
wood, tension and normal, 301 
Populus italica , perforation plate 
development, 279 
Populus tremula x P. tremuloides , 
auxin and vascular development, 
315 

fusiform cambial cell phragmoplast, 
340 

Populus tremula , reaction wood 
formation, 302 

Populus tremuloides , cambial 
reactivation, 348 
phelloderm, 433 

xylem and phloem increments, 343 
xylem to phloem ratio, 343 
Populus trichocarpa, cambial cells 
during reactivation, 336 
fusiform cambial cells, dividing, 341 
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vessel element, 257 
Pore cluster, 309 
Pore multiple, 309 

Pore zone of ring-porous woods, 308 
Pores, in sieve-element walls, 359 
Portulaca , trichome, 231 
Portulacaceae, root epidermal 
patterning, 238, 238 
Post-phloem (post-sieve-tube) transport, 
381 

Potassium iodide (I 2 KI), 53 
Potato (see Solatium tuberosum') 
P-protein, 360, 366 
PP1 and PP2, 366, 372 
P-protein bodies, dispersive, 366, 370, 
371 

nondispersive, 372, 373 
Precocious procambial strands, 147, 148 
Precursory phloem cells, 395 
Preprophase band, 50, 51, 79, 80 
in dividing ray cells, 340 
in fusiform cambial cells, 340, 341 
Presequences, 33 
Primary cell wall, 65, 72, 74 
helicoidal structure, 82, 83 
lamellation, 72 

models of architecture of growing 
cell wall, 72, 73 

Type I, mixed-linked, Type II, 67, 68 
Primary growth, 12 
Primary meristem, 11, 106 
Primary phloem, 255, 357, 393, 394-398 
Primary phloem fibers, 192, 193, 194 
origin in eudicot protophloem, 194, 
195 

Primary pit (see Primary pit-field) 
Primary pit-field, 74, 75 
Primary plant body, 12 
Primary root, 11 
determinate, 162 
embryonic origin of, 160 
Primary tissues, 12 
Primary vascular system, in stem of 
elm, 6 

Primary wall-loosening agents, 84 
Primary xylem, 271, 272, 273, 274-276 
distinction from secondary, 276, 291, 
292 

tyloses in, 267 

Primordial pit (see Primary pit-field) 
Primulaceae, fibers, 194 
Prismatic crystals, 56 
Procambial strand hypothesis, 149 
Procambium, 11, 105, 255 
in embryo, 10, 11 
in root, 152, 153 


precocious strands (leaf traces), 147, 
148 

Procumbent ray cell, 310, 311 
Procuticle, 216, 217 
Programmed cell death, 25, 111, 112 
examples of, 112 
hormonal signals in, 112 
of tracheary element, 279, 281 
Prokaryotes, cell, 16, 17 
Prokaryotic cell, 16, 17 
Prolamellar body, 31 
Proliferative divisions in root tip, 162 
Proline-rich proteins (PRPs), 68 
Promeristem, 105, 134 
in Arabidopsis shoot apex, 144, 145 
in fern shoot apices, 139 
in gymnosperm shoot apices, 140 
in root apex, 152, 153, 162 
synonymous with central zone, 143 
Prophylls, 152 
Proplastid, 28, 29, 31 
Prosopis , gelatinous fibers, 301 
Protective layer, of contact cell wall, 
267, 268 

Protective tissue, in monocotyledons, 
428, 438, 439 
Protein body, 49, 53, 54 
Protein glycosylation, 49 
Protein storage vacuoles, as lysosomal 
compartments, 53 
Proteinoplasts, 28 

Proteins, in cell plate formation, 77, 78 
in cell wall, 68, 69 
in cytosol, 54 
in seed, 53 
storage kind, 53 
Protoderm, 10, 11, 105, 135 
in embryo, 10, 11, 144 
in root, 153 
Protofilaments, 50 
Protomeristem (see Promeristem) 
Proton pump, 21 
Protophloem, 393 

delimitation from metaphloem, 397 
fibers, 194, 395, 398 
poles, 393, 397 
Protoplasm, 16 
Protoplast, 16 

Protoxylem, 271, 272, 273, 274-276 
in root, 271 
lacuna, 271, 272, 395 
obliteration, 271 

Proustia cuneifolia , annual rhythm of 
cambial activity, 346 
Provascular tissue (see also 
Procambium), 105 


Prunus, delimitation of primary from 
secondary phloem, 397 
floral nectary, 454 
lenticels, 442 
periderm, 434 

secondary phloem fiber pattern, 415 
secretory cavities, 480 
stomata, 220 

Primus domestica, lenticels on fruit, 
441 

Pruuus padus, fiber-sclereids in 
secondary phloem, 424 
Pseudolarix, ray tracheids, lack of, 303 
resin ducts, 304 

Pseudotransverse division of cambial 
initials, 331 

Pseudotsuga, epithelial cells of resin 
ducts, 303, 306 
phellem, 431 
resin ducts, 304 
root apical meristem, 156 
root epidermis, 156 
sclereids, 200 
tracheids, 302 
vessel network, 740 
Pseudotsuga menziesii, leaf initiation, 
148 

phellem, growth increments, 431 
times of initiation of xylem and 
phloem production, 344 
xylem-to-phloem ratio, 343 
Pseudotsuga taxifolia, leaf initiation, 
148 

resin ducts, 306 
sclereids, 200 

type secondary phloem, 411, 412 
sieve cells-ray cells, symplastic 
connections, 412 

Pseudowinter a, vesselless angiosperm, 
270 

Psilotum, origin of branches, 149 
shoot apex, 139 

Psilotum nudum, sieve-area pores, 393, 
394 

vessels in, 268 

Psoralea bituminosa, oil cavity 
development, 480 
Psoralea macrostachya, oil cavity 
development, 480, 482 
Psychotria, raphides, 57 
Pteridium, apical cell of rhizome apex, 
134, 139 

Pteridophyta (pteridophytes), 
composition of, 255 
protective secretory tissues, 473 
Pterocarpus, heartwood, 298 
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P-type sieve tube plastid, 366, 369 , 376 
Pumpkin (see Cucurbita pepo) 

Puncia, periderm, initial, 436 
phellogen, origin of first, 433 
Pycnotic degeneration of sieve-element 
nucleus, 372, 388, 389 
Pyrus, bark, scale, 438 

brachysclereids (stone cells), 199, 201 
fruit, 201 

fusiform initials, length of, 324 
lenticels, 441 
nonstoried wood, 294 
phellogen, origin of first, 433 
secondary phloem, fiber pattern, 415 
Pyrus communis , average lengths of 
first- and last-formed phloem 
companion cells, 377 
developmental changes in cambium, 
333 

fiber-sclereids, 204 
fiber-sclereids in secondary phloem, 
424 

fusiform initial survival rate, 332 
helicoidal cell wall, 82 
lenticels on fruit, 441 
phloem growth layers, 407 
phloem increment, 343 
russeting of fruit, 429 
secondary phloem, seasonal growth 
of, 421 

stone cells, 82, 198, 199 
times of initiation of xylem and 
phloem production, 344 
vascular cambium, developmental 
changes, 335 

vascular cambium/intercellular 
spaces, 325 

Pyrus malus (see Mains domestica) 

Quackgrass (see Agropyron repens) 
Quercus , aggregate rays, 311 
bark, scale, 438 
bordered pit-pairs, 260 
compound sieve plates, 415 
conducting phloem, 421 
cork, 438 
fibers, 194 

gelatinous fibers, 301 
heartwood, 298 
lenticels, 441 
nonstoried wood, 294 
periderm, first superficial, 434 
phyllotaxis, 145 
trichome, 231 
tyloses, 298 

vasicentric tracheids, 309 


wood, 302, 306 
wood, cell types of, 307 
wood rays, 311 

Quercus alba, functional sieve elements 
present year-round, 421 
periderm and rhytidome, 436 
P-protein body, nondispersive, 373 
spiral grain, 316 
vascular cambium/intercellular 
spaces, 325 

xylem and phloem increments, 343 
xylem to phloem ratio, 343 
Quercus boissiere, annual cycle of 
cambial activity, 346 
phellogen/vascular cambium, 
period (s) of activity, 436 
Quercus calliprinos , annual cycle of 
cambial activity, 346 
radial fibers, 312 
Quercus gambelii , hydraulic 
conductivity, 265 

Quercus ithaburensis , annual cycle of 
cambial activity, 346 
phellogen/vascular cambium, 
period (s) of activity, 436 
wood, growth rings, 308 
Quercus lentiscus , annual cycle of 
cambial activity, 346 
Quercus phellos , sapwood, 298 
Quercus robur, cambial reactivation, 
pattern of, 348 
cuticle, 215 
Quercus rubra, 196 

growth rings of wood, 296 
Sanio’s four, 329 
vessel, 259 
vessel length, 259 
wood, 295 

Quercus suber, cork, 431 
lenticels, 442 

phellogen, origin of first, 433 
Quercus velutina, bark, 437 
stomatal density, 220 
Quiescent center, 136, 137, 157, 159, 160 
ability to renew activity, 159 
causes of appearance, 160 
in Arabidopsis primary root, 160, 162 
location of initials in, 159, 160 
similarity to central zone of the 
shoot, 160 

time of origin, 157, 159 
Quillwort (see Isoetes) 

Quince (see Cydonia) 

Radial division, 108 
Radial fibers, 312 


Radial micellation of guard-cell walls, 
223, 224 

Radial pore multiple, 309 
Radial section, 293, 295, 305 
Radial seriation of cells, 272, 294, 313, 
326 

Radial (ray) system, in cambium, 323, 
324, 327 
in phloem, 407 

in xylem, 291, 303, 304, 310, 311, 312 
Radicle, 11 

Radish (see Raphanus sativus) 

Raffla (see Raphia) 

Ramie (see Boebmeria nivea) 

Ramiform (branched) pit, 76, 198 
Ranunculaceae, metaphloem, 397 
Ranunculales, staminodes, 453 
Ranunculus repens, globular 
chromoplasts in petals, 27 
Ranunculus sceleratus, role of ethylene 
in stem growth, 123 
Raphanus, apical meristem and 
derivative regions in root, 154 
Raphanus sativus, chloroplasts in 
mesophyll cell, 25 
Raphia, “fibers,” 198 
Raphide cells, 56 
Raphide idioblasts, 57 
Raphides, 56 

Ray cell, perforated, 312, 313 
procumbent, 310, 311 
radial fibers, 312 
square, 311 
upright, 310 

Ray combinations, phylogenetic 
significance of, 311 
Ray initials, 323, 325, 326 
formation of new ray initials, 332-335 
rate of periclinal division, 344 
ratio to fusiform initials, 331, 332 
Ray parenchyma, 266, 303, 304, 305, 
310, 311 

Ray tracheid, 303, 304, 305, 312 
Ray, aggregate, 311 
biseriate, 304, 311 
dilated, 416, 423 
fusiform, 304 
heterocellular, 303, 311 
homocellular, 303, 311 
multiseriate, 311 
ontogenetic splitting, 332 
uniseriate, 304, 311 
Rays, in angiosperm wood, 310-312 
in gymnosperm wood, 303, 304 
in phloem, 407, 409, 412, 423 
Reaction fiber, 197 
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Reaction wood, 299-302 

factors implicated with formation of, 
302 

Reactivation of vascular cambium, 
341-343 
of phloem, 421 
Red oak (see Quercus rubra) 
Redifferentiation, 110 
Red-osier dogwood (see Cornus 
stolonifera) 

Reduced standard colleter, 460, 461 
Refractive spherules, 393, 394 
Regeneration, 176 
Regnellidium , laticifers, 484 
Relative density of wood, 302 
Relative meristem height in root apex, 
163 

Reproductive shoot apex, 12 
Resedaceae, myrosin cells, 474 

root epidermal patterning, 238, 238 
Resin, organelles involved in synthesis, 
479 

Resin duct (canal), development in 
Anacardiaceae, 479 
in conifer phloem, 409 
in conifer wood, 304, 305, 306 
in eudicots, 478 

in secondary phloem, 481, 482, 483 
traumatic, in conifer wood, 304, 305 
Resin tree (see Ozoroa, paniculosa ) 
Resorcin blue as diachrome, 69 
Restianaceae, root epidermal patterning, 
238 , 238 

Reticulate perforation plate, 258, 259 
Reticulate secondary wall thickening, 
273, 275 

Reticulate venation (see Netted 
venation') 

Retting, in fiber extraction, 192 
Reverse fountain streaming, 235 
REVOLUTA (REV) gene in fiber 
development, 266 
Rhamnogalacturonan, 68 
Rheo, root hairs, 234 
Rheum, collenchyma, 184 
fibers, 194 

Rheum rhabarbarum, collenchyma, 

184 

Rhexigenous intercellular spaces, 85 
Rhinanthus minor , trichome- 
hydathodes, 453 
Rhizodermis, 211 
Rhodochiton atrosanguineum, 

companion cells of minor veins, 

385 

Rhododendron, perforation plate, 258 


Rhododendron maximum, phloem, 
430 

Rhubarb (see Rheum rhabarbarum) 
Rhus glabra, gum-resin ducts, 
development of, 479 
P-protein body, nondispersive, 343 
secretory ducts, 479, 479, 480 
vascular cambium/intercellular 
spaces, 325 

Rhus toxicodendron, secretory ducts, 
479 

Rhus typhina, phellem, growth 
increments, 430, 431 
secondary phloem, 412 
secretory ducts, 474 
Rhynia, 1 
Rhytidome, 427 
morphology of, 437, 438 
Rib meristem (rib zone) in shoot apex, 
108, 136, 140, 142 
Rib, in leaf, 186, 192 
Ribes, leaf initiation/cellulose 
microfibril orientation, 149 
periderm, initial, 436 
Ribonucleic acid (RNA), 16 
Ribosomes, 16, 36, 37 
bacterial, 17, 25 
mitochondrial, 32, 34 
plastid, 25 

Rice (see Oryza sativa) 

Ricinus, collenchyma, 184 
primary xylem, structure and 
development of, 275 
Ricinus communis, auxin transport in 
phloem, 121 
endosperm, 46 

tracheary elements of protoxylem, 
276 

Ring bark, 435, 438 
Ring-porous wood, 295, 296, 307, 308 
evolutionary origin of, 308 
specialized nature of, 308 
Robinia, bark, 438 

conducting phloem, 419 
fibers, 194 

fusiform initials, length of, 324 
heartwood formation, 298, 299 
lenticels, 442 

nonconducting phloem, 419, 423 
sapwood, 298 

secondary phloem fiber pattern, 

414 

simple sieve plates, 416 
tyloses, 298 

Robinia pseudoacacia, 461 
active cambium, 342 


cambial cell walls, plasmodesmatal 
frequency, 338 
cambial cells, dormant, 336 
dormant cambium, 338 
fusiform cambial cells, dividing, 340, 
341, 342 

fusiform cells, 339 
phellem, 431 

phellogen, origin of first, 433 
phellogen/vascular cambium, 
period(s) of activity, 436 
phloem growth increments, 408 
P-protein body, nondispersive, 373 
secondary phloem, 416, 419 
secondary phloem cell types, 360 
storied cambium, 326 
vascular cambium in relation to 
derivative tissues, 325 
vascular cambium/intercellular 
spaces, 325 

Robinia- Type heartwood formation, 298 
Root, 2, 4, 5, 6, 7 
adventitious, 176 

central cylinder, 152, 153, 154, 157, 
158, 163 

dormancy, 163, 164 
endodermis, 6, 7 

endogenous origin of branch root, 11 
epidermis, 154, 155, 156 
exodermis, 6 

genes implicated in epidermal 

patterning in Arabidopsis, 238, 239 
growth of root tip, 162-164 
origin during embryogenesis, 11, 144, 
160 

origin of branch (lateral) roots, 11 
pericycle, 4, 5, 7, 154, 155, 158, 161, 
163 

periderm, 211 
primary, 11, 160 
primary state, 4 
secondary, 11 
secondary state, 4 
vascular system, 5 
Root apex, 4, 133, 152-160 
apical cell, 153, 154 
Arabidopsis, 160-162 
body-cap concept, 153, 154, 156 
in gymnosperm roots, 156 
location of initials, 160 
open and closed organization, 153 
origin of epidermis, 155, 156 
quiescent center, 157, 159, 160 
transition zone, 163 
transversal (transverse) meristem, 156 
Root hairs, 230, 234, 235, 238, 239 
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development, 234, 235 
patterning, 238, 239 
Root pole, 11 

Root pressure, role in refilling 

embolized xylem conduits, 265 
Root tip, growth of, 162-164 
Rootcap, 152, 154, 155, 157 
columella 154, 156, 161 
in embryo, 160 
Rosaceae, floral nectaries, 453 
polyderm, 438 

roots with a dermatocalyptrogen, 155 
tannin idioblasts, 477 
Rosales, floral nectaries, 454 
Rosettes (see Cellulose synthase 
complexes') 

Rough ER, 45, 46, 47 
Roystonea , periderm, 438 
Rubber, 486, 492, 493, 494, 495 
principle source of commercial 
rubber, 493-495 
tapping for, 494 

Rubber plant (see Ficus elastica') 
Rubiaceae, bacterial leaf nodules, 461 
colleters, 460 
cork aerenchyma, 429 
Rubus , bark, 441 

Rubus allegheniensis, functional sieve 
elements present year-round, 421 
Russeting, 429 

Russian dandelion (see Taraxacum 
kok-saghyz) 

Rutaceae, cork prickles, 438 
secretory cavities, 479 
Rye (see Secale) 

S phase, 24 

S 1; S 2 , S 3 secondary wall layers, 73, 74 
Saccharum , epidermis, 240 
fibers, 192 
leaf blade, 241 
shoot apex, 142 

Saccharum officinarum , bulliform 
cells, 241 

etiolated chloroplast, 31 
fibers (leaf), 197 
minor vein sieve tubes, 386 
plasmodesmata, 88, 88 
prolamellar body, 31 
sieve tube walls, 361 
Sago (see Metroxylon saga) 

Salicaceae, root epidermal patterning, 
238, 238 

Salicylic acid, 121 
Salix , conducting phloem, 421 
cork, 438 


gelatinous fibers, 301 
heartwood, 298 
lenticels, 441 
nonstoried wood, 294 
Salix babylonica , minor veins, 

collection of photoassimilate by, 

385 

Salix dasyclados, times of initiation of 
xylem and phloem production, 344 
Salix fragilis, times of initiation of 

xylem and phloem production, 344 
Salix nigra , vascular cambium/ 
intercellular spaces, 325 
Salix viminalis, cambial reactivation, 
pattern of, 348 

times of initiation of xylem and 
phloem production, 344 
Salt bladders, 449 
Salt glands, 449-451 
multicellular of eudicots, 450, 451 
salt bladders, 449 
two-celled of Poaceae, 449, 450 
Salt glands vs. hydathodes, 449 
Saltbush (see Atriplex) 

Salt-soluble globulins, 53 
Salvadoraceae, phloem, included 
(interxylary), 358 
Salvia , collenchyma, 184 
Salvinia , apical cell, 139 
Sambucus, collenchyma, 185, 186 
fibers, 194 
lenticels, 441 
tannin cells, 474 
tannin tubes, 477 

Sambucus canadensis , lenticel, 441 
Sambucus nigar, collenchyma, 184 
extrafloral nectaries, 454 
Sambucus racemosa, tannin tubes, 477, 
478 

Sanguisorba , collenchyma, 184 
Sanio’s four, 328, 329 
Sansevieria, fibers (leaf), 197 
water-storing parenchyma, 178 
Sapotaceae, laticifer development, 492 
secondary phloem ray laticifers, 492 
Sapwood, 298 

Sapwood/heartwood, proportion of, 

298, 299 

Sarracenia, pitchers, 465 
Susa veitchii , silica, 58 
Sauromatum guttatum , osmophores, 
462 

Saxifraga lingulata, hydathode, 451 
Saxifraga sarmentosa , stomatal cluster, 
220 

Saxifragaceae, fibers, 194 


osmophores, 461 

Scalariform perforation plate, 257, 258 
resistance to water flow, 265, 266 
Scalariform pitting, 260 
Scalariform secondary wall thickening, 
273, 275 

Scalariform-reticulate secondary wall, 
273, 275 

Scale bark, 437, 438 

Scales (peltate trichomes), 230, 231 

Scanty paratracheal parenchyma, 309, 

310 

S-cells (glucosinolate-containing cells, 
highly enriched in sulfur), 474, 475 
Schinopsis , stomatal configuration, 229 
Schizogenous duct (canal), 474, 478, 

479 

Schizogenous intercellular spaces, 84 
Schizolysigenous cavities or ducts, 474, 
478 

Sclereids, 8, 191, 198-202 
classification, 198, 199 
factors controlling development, 207 
idioblasts, 199, 200 
in fruits, 199 , 201 
in leaves, 200, 201 
in phloem, 409, 418, 419, 420, 424 
in seeds, 201, 202 
in stems, 199 , 200 
origin and development, 202, 203, 
204, 205, 206 
septate, 196, 197 

Sclerenchyma (see also Fibers and 
Sclereids ), 3, 8, 191-209 
classification, 191, 194, 196, 197, 198, 
199 

Sclerenchyma cell, 3, 8, 191 
Scleria, vessel length, 259 
Sclerified parenchyma, 176, 179, 191, 

424 

Scorzonera , laticifer development, 492 
Scrophulariaceae, companion cells of 
minor veins, 385 
glandular trichomes, 462 
minor veins, type 1, with 
intermediary cells, 384 
roots with a dermatocalyptrogen, 155 
Seagrasses, epidermis, 213, 214 
Secale , distribution of growth regions in 
culm, 105 

Secondary cell wall, 70, 71, 72, 73, 74 
helicoidal structure, 82 
layers in thick-walled wood cells, 73, 
74 

Secondary growth, 12, 323, 409 
diffuse, 12 
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Secondary meristems, 106 
Secondary metabolites, 55 
Secondary phloem fibers, 194 
Secondary phloem, 256, 357, 407-425 
annual growth increments, 407, 408 
axial parenchyma cells in conifers, 
409 

axial system in conifers, 409 
conducting phloem, 420-422 
differentiation, 417, 418 
dilatation growth, 423, 424 
distribution of cells in conifers, 409, 
411, 412 

distribution of fibers in angiosperms, 
413-415 

early markers of differentiation in, 
330 

fibers, 414, 418 
fiber-sclereids, 419 
growth increments, width of, 421, 
422 

in angiosperms, 412, 413, 414-417 
in conifers, 409, 411, 412 
in herbaceous eudicots, 416 
in storage organs, 417 
initials, 327 
mother cells, 327 
nonconducting phloem, 422-424 
production, 342, 343, 344, 345, 346, 
347 

rays, 409, 412 
reactivation of, 421 
sclereids, 409, 419, 420, 424 
types of in conifers, 411, 412, 412 
variation in form and distribution of 
sieve-tube elements, 415-417 
Secondary plant body, 12 
Secondary root, 11 
Secondary tissues, 12 
Secondary vascular tissues (see also 
Xylem and Phloem'), 12 
Secondary xylem (see also Wood and 
Xylem), 256, 291-322 
axial and radial systems, 291 
development, 312-315 
distinction from primary xylem, 276, 
291, 292 

early markers of differentiation in, 
330 

hormonal (IAA) signal during 
development, 314, 315 
production, 342, 343, 344, 345, 346, 
347 

rays, 303, 304, 310-312 
size of increment, 343, 344 
Secretion, 447, 448, 449 


eccrine, granulocrine, holocrine, and 
merocrine, 448, 449 
Secretory cavities, 474, 478 

development of, 478, 479, 480, 481 
Secretory ducts (canals), 474, 478, 479, 
480 

Secretory sacs, 473 
Secretory structures, 7 
external, 447-472 
internal, 473-501 
Secretory tubes, 473 
Secretory vesicles, 45, 48 
Sections of wood, 293, 294, 295 
Sectorial chimera, 117 
Sedges, epidermal cell walls, 214 
Sedum, stomatal configuration, 229 
Seed coat, 201, 202 
Seed plants, apical meristem 107, 134, 
138 

axillary bud origin, 150 
monopodial branching, 150 
Seedless vascular plants (vascular 
cryptogams tracheophytes) 

255 

apical cell, 134, 139 
apical cell theory, 134 
origin of branches, 149, 150 
shoot apices, 139-140 
sieve-area pores, 394 
sieve elements, 359, 393 
sporophyte, 12 

that lack quiescent centers, 159 
vessels in, 268 
Seedling, 2, 11 

Selaginella, origin of branches, 149 
shoot apex, 139 
vessels in, 268 

Selective autophagy of sieve-element 
protoplast, 360 

Selective gene expression, 118 
Semecarpus anacardium, secretory 
ducts, development of, 479 
Semi-diffuse porous wood, 308 
Semi-ring porous wood, 308 
Sempervivum tectorum, tannin cells, 
477 

Senecio, fibers, 194 
Senescence, 111, 112 
in leaves, 112 

Sensitive plant (see Mimosa pudica) 
Sensitivity, 120 
Sepals, 2, 3 
Septae, 196 

Septal nectary, 453, 454 
Septate fiber, 196, 197 
Septate sclereid, 196, 197 


Sequoia, cork, 438 
fibers, 194 
ray tracheids, 303 
secretory cavities, 480 
stomata, 223 

Sequoia sempervirens, fusiform initials, 
length of, 324 
leaf initiation, 148 
tracheary element size in relation to 
location in plants, 259 
Sesame (see Sesamum indicurn) 
Sesamum indicurn , seed oil, 54 
Shagbark hickory (see Carya ovata) 
Sheath cells, bordering resin duct, 306 
Shell zone, in axillary bud, 152 
Shepherd’s purse (see Capsella 
bursa-pastoris) 

Shoot, 1, 5 

Shoot apex (see also Apical meristem), 
4, 133 
Abies, 141 
angiosperm, 141-143 
Arabidopsis, 143-145 
central zone, 136, 137, 142, 143 
Ginkgo, 140 
gymnosperm, 140, 141 
Hypericum, 146 
maximal-area phase, 147 
minimal-area phase, 147 
mother cells, 140, 141 
peripheral meristem (zone), 136, 140, 
141, 142 

plastochronic changes, 145, 146, 147, 
148 

rib meristem (zone), 108, 136, 140, 

142 

seedless vascular plants, 139, 140 
shape and size, 138, 139 
transitional zone, 140 
tunica-corpus organization, 135, 
141-143 

vegetative, 138-145 
SHOOTMERISTEMLESS (STM) gene 
expression in establishment of the 
Arabidopsis shoot apical meristem, 
144, 145 

Shorea, cambial activity, 344, 345 
vasicentric tracheids, 306 
Short cells, in leaf epidermal system of 
Poaceae, 239, 240 
Sida, trichomes, 231 
Sieve areas, 359, 361, 365 
Sieve cells, 9, 359, 386-389 
differentiation, 388, 389 
endoplasmic reticulum of, 387, 388, 
389 
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enucleate state, 389 
of conifers, 409 
plastids of, 388, 389 
sieve-pore development in, 387, 388 
walls of, 387, 388 
Sieve elements, 359 
collapsed, 422, 423 
longevity of, 391, 392 
obliterated, 391, 392, 393, 395 , 396 
of seedless vascular plants, 393, 394 
protoplast at maturity, 360 
selective autophagy of, 360 
Sieve plate, 360, 364, 416 
compound, 361 , 364, 365, 415 
differentiation, 364, 365, 367 
simple, 361 , 364, 416 
Sieve tube, 9, 359, 380 
thin-walled and thick-walled in minor 
veins of Poaceae, 386 
Sieve tube-companion cell complex, 

361 

Sieve-tube elements, 9, 359 

endoplasmic reticulum, 372, 374 , 375 
mature protoplast of, 372 
nuclear degeneration in, 372 
phylogenetic specialization of, 392, 
393 

P-protein, 360, 366, 371, 372 
walls of, 361, 362, 363 
Sieve-tube plastids, 365, 366, 369 
Silica, 58 

in epidermal cell walls, 239-241 
Silica bodies (phytoliths), 58, 239, 240 
Silica cell, 218 , 239, 240 
Silica-cork cell pairs, 218 , 239, 240 
Silicified idioblasts, 242 
Simaroubaceae, gum-resin ducts, 
traumatic, 481 
oil cells, 475 
secretory ducts, 478 
Simira (Sickingia), heartwood, 298 
Simmondia chinensis, wax, 55 
Simple laticifer, 483 
Simple perforation plate, 257, 258 
Simple pit, 74, 75, 76 
Simple pit-pair, 75 , 76 
Simple sieve plate, 361 , 364, 416 
Simple (unbranched) trichome, 230, 

232 

Sinapsis alba , protophloem sieve 
elements, 393 
Sinapyl alcohols, 69 

Sinks (net importers of assimilates), 379 
Sisal (see Agave) 

Size exclusion limits of plasmodesmata, 
89 


Slash pine (see Pinus elliotii ) 

Slime (see P-protein') 

Slime plug, 366, 370 
Slipping of the bark, 342 
Smilax hispida, metaphloem sieve-tube 
elements, longevity of, 392 
Smilax latifolia , metaphloem sieve-tube 
elements, longevity of, 392 
Smilax rotundifolia , tylosoids, 392 
Smooth ER, 46, 47 
Smooth-surfaced vesicles, 49 
Snap traps, 465 

Socket cells, of Arabidopsis trichomes, 
236 

Soft fiber, 197 
Softwoods, 302 

Solanaceae, glandular trichomes, 462 
nectar composition, 458 
osmophores, 461 

phloem, external and internal, 358 
roots with a dermatocalyptrogen, 155 
Solanales, floral nectaries, 453 
Solatium , companion cell plastids, 377 
stomata, 220 

Solatium lycopersicum, as apoplastic 
loader, 385 

bundles of actin filaments, 51 
chloroplast, 28 

crystalline chromoplasts, 27, 29 
cuticle, 215 

expansin gene expression/leaf 
initiation, 149 
parenchyma, 176 
plasmodesmata, 90 
Solatium tuberosum , amyloplasts in 
tuber, 28 
collenchyma, 184 
first ten leaves of plant, 120 
hydathodes, 451, 452 
origin of axillary buds, 152 
shoot apices, 142 
starch grains, 53, 53 
stomata, 226 

suberin lamellae in cork cell walls, 71 
tuber, storage of water in, 178 
wound healing in tuber, 439-440 
Solidago, latex-containing parenchyma 
cells, 484 

Solidago canadensis, secretory spaces, 
foliar, 481 
Solitary vessel, 309 
Sonchus deraceus, transfer cells, 179 
Sorbus, secondary phloem, fiber 
pattern, 415 

Sorbus aucuparia, fiber-sclereids in 
secondary phloem, 424 


Sorghum (see Sorghum vulgare) 
Sorghum , cork cells, 240, 218 
fibers, 192 
fibrous sheath, 193 
root hairs, 234 

Sorghum bicolor , cork cells, 217 
epidermal wax filaments, 216, 217, 
218 

Sorghum vulgare, protein bodies, 49 
starch grains, 52 
storage protein, 53 

Sources (net exporters of assimilates), 
379 

Sow thistle (see Sonchus deraceus) 
Soyauxia, heartwood, 298 
Soybean (see Glycine max) 

Sparganium emersion, hydathodes, 

451 

Sparmannia, fibers, growth of, 203, 
204, 205 

Sparse apotracheal parenchyma, 309 
Spartina, salt glands, 450 
Spartium junceum, osmophores, 461 
Spearmint (see Mentha spicata) 
Specialization of cells, in differentiation, 
103, 110, 111 

Spherosomes (see Oil bodies) 

Spinach (see Spinacia oleracea) 
Spinacia, sieve-tube plastids, 369 
Spinacia oleracea, mitochondrion, 32 
Spiral grain, 315, 316 
Spiral phyllotaxis, 145 
Spiral (helical) secondary wall 
thickening, 273, 275 , 276 
Splitting of ray, 332 
Sporobolus, salt glands, 450 
Spruce (see Picea) 

Spurges, laticifers, 484 

Square ray cell, 311 

Squash (see Cucurbita maxima) 

Stalk cells of salt bladders, 449 
Stamens, 2, 3 
Staminode, 453, 454 
Standard-type colleter, 459, 461 
Stanhopeinae, osmophores, 461 
Starch, 52, 53 
assimilatory, 52 
in storage, 52 
Starch grains, 52 

Stellaria media, axillary buds, 151 
Stellate trichome, 230, 231 
Stem anatomy, types of, 5 
Stem bundle (axial bundle), 5 
Stem cell, 104, 143 
Stenocephalus agilis, vector for 
trypanosome parasites, 487 
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Sterculia urens , gum ducts, traumatic, 
481 

Sterculiaceae, gum ducts, traumatic, 

481 

Stinging hair, 448, 466 
Stipa , apical meristem and derivative 
region in root, 154 
Stipa tenacissima , fibers (leaf), 197 
Stoma mother cell (see Guard mother 
cell) 

Stomata, 218-229 

categories of stomatal ontogeny, 
225-228 

classification of complexes, 228, 229 
development, 225-228 
in hydathode, 451, 452 
in nectary, 453, 454, 456, 458, 460 
in osmophores, 462 
relation to lenticel, 442 
spatial distribution, 237 
Stomatal complexes, 228, 229 
Stomatal crypt, 221 
Stomatal density, 220, 237 
STOMATAL DENSITY AND 

DISTRIBUTION 1 (SDD1) gene, 
involvement in stomatal 
development, 237 
Stomatal meristemoid, 225 
Stomatal movement, 222, 223, 224 
microtubule dynamics in, 223, 224 
role of blue light and abscisic acid in, 
224 

role of cell wall in 222, 223, 224 
Stomatal patchiness, 225 
Stomatal plug, 222 
Stone cell, 198, 199 
Storage parenchyma, 177, 178, 181 
Storage proteins, 49, 53, 54 
Stored compounds, 52-58 
Storied cork, 438, 439 
Storied tissue, cambium, 325, 326 
cork, 438, 439 
phloem, 407, 4l6 
wood, 294, 296 
Straight grain, 315 

Strasburger (albuminous) cells, 387, 390 
cytoplasmic connections with sieve 
cells, 387, 390 
role of, 390 

Stratiotes , root apex, 155 
Strawberry (see Fragaria ) 

Streaming cytoplasm (cyclosis), 18, 19 
Strelitzia reginae , nectar secretion, 458 
Striped pattern in angiosperm root 
epidermis, 238 
Stroma, 25, 26, 27 


Stroma thylakoids (intergrana lamellae), 
26, 27 

Stromules, 25 

Strychnos nux-vomica , sieve-tube 
elements in phloem rays, 416 
Stryphnodendron microstachyum , 
extrafloral nectaries, 453 
Styloids, 56 

S-type sieve-tube plastid, 366, 369 
Styrax camporium , perforated ray cells 
in root wood, 313 
Suberin, 71 
Suberization, 71 

Subsidiary cells of stomata, 214, 218, 

219, 222, 223, 228 
Substomatal chamber, 215 
SUC2 sucrose transporter, 385 
Sucrose, role in cambial metabolism, 

347 

Sucrose transporters, 385 
Suction traps, 465 

Sugar beet (see Beta and Beta vulgaris ) 
Sugar pine (see Pinus lambertiana) 
Sugarcane (see Saccharum 
offlcinarum) 

Sunflower (see Helianthus) 

Supporting (mechanical) tissue (see also 
Collenchyma and Sclerenchyma ), 

3, 8 

Supracellular organisms, plants as, 89 
Suspensor, 7, 10 
SUT1 sucrose transporter, 385 
Sweet potato (see Ipomoea) 

Sivietenia, storied wood, 294 
Symphonia globulifera , growth rings, 
297 

Symphyomyrtus , kino veins, 482, 483, 

483 

Symplast, 85 

Symplastic domains, 90, 91 
Symplastic growth (see Coordinated 
growth) 

Symplastic phloem loading, 384 
polymer trap mechanism of, 384 
Symplastic transport, 85 
Sympodium, in vascular system, 6 
Symporter, 21 

Synthesis of polypeptides (proteins), 

37 

Systemic acquired resistance, 121 
Systemin, 121 

T divisions, 153, 154, 156 
Tabebuia, storied wood, 294 
Tabebuia cassinoides, growth rings, 

297 


Tabebuia umbel lata, growth rings, 297 
Tagetes, globular chromoplasts, 29 
Tagetes patula , minor vein, 383 
Tails, in vessel elements, 313 
Talauma , periderm and rhytidome, 436 
Talauma villosa, sclereid development, 
207 

Tamaricaceae, salt glands, 450 
Tamarindus indica , vascular cambium/ 
intercellular spaces, 325 
Tamarisk (see Tamarix aphylla) 
Tamarix aphylla , salt glands, 449-450, 
451 

Tangential division, 108 
Tangential section, 293, 294, 295 
Tannin cells, tube-like, 474, 477, 478 
Tannin idioblast, 55, 477 
Tannin zone of roots, 55 
Tanniniferous cell, 477 
Tannins, 35, 55 
functions, 55 
in cell wall, 55 
in vacuole, 35 

Tapioca (see Manihot esculenta) 
Taraxacum , laticifer development, 492 
Taraxacum kok-saghyz, articulated 
anastomosing laticifers, 493 
rubber producer, 493 
Taro (see Colocasia esculenta) 
Taxaceae, Chamaecyparis pisifera type 
secondary phloem, 412 
Ginkgo biloba type secondary 
phloem, 412 

parenchyma, axial in wood, 303 
phi thickenings, 55 
ray parenchyma in wood, 304 
secondary phloem, distribution of 
cells in, 409 

Taxales, compression wood, 299 
Taxodiaceae, Chamaecyparis pisifera 
type secondary phloem, 412 
parenchyma, axial in wood, 303 
ray parenchyma cells in wood, 304 
secondary phloem, distribution of 
cells in, 409 
tracheids, 302 

Taxodium distichum , secondary 
phloem, 413 
Taxus , fibers, 194 
pit development, 277 
sapwood, 298 
tracheids, 302 

Taxus baccata , width of shoot apex, 

139 

Tecoma, bark, 440 

secondary phloem, fiber pattern, 413 
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Tectona grand is, conducting phloem, 
421 

fusiform cambial cells, nuclear 
behavior, 338 

sieve-tube elements in phloem rays, 

416 

vascular cambium/intercellular 
spaces, 325 
Teichode, 215 

Template incorporation mechanism, 81 
Tensile strength of cell wall, 66 
Tension wood, 299, 300, 301, 302 
Terminal sclereids, in leaves, 200 
Terminal xylem parenchyma, 310 
Tertiary wall, 73 
Tetracentraceae, wood, 306 
Tetracentron, vesselless angiosperm, 
270 

Tetracytic stoma, 228, 230 
Texture, of wood, 316 
Thea , floral nectary, 454 
Theales, floral nectaries, 453, 454 
Thevetia peruviana , starch grains in 
latex, 486 

Thickened primary wall, 72, 85 
Thigmomorphogenesis, 115 
Thioglucosides, 474 
Thryptomene calycina , nectar 
composition, 458 
Thuja , fibers, 194 

Thuja occidentalis, cambial initials, 
identification of, 330 
cambial initials, polar elongation of, 
334 

cambium and secondary xylem, 303 
fusiform initial survival rate, 332 
phloem growth increments, 408 
phloem increment, 344 
secondary phloem, 408, 418 
secondary phloem, differentiation of, 

417 

times of initiation of xylem and 
phloem production, 344 
vascular cambium, 334 
xylem-to-phloem ratio, 343 
Thujopsis, shoot apex, 141 
Thunbergia erect a, stomatal 
development, 228 
Thylakoids, 25 
Tilia , bark, fibrous, 438 
bark, scale, 438 
collenchyma, 185 
compound sieve plates, 415 
druses, 56 
fibers, 193, 194 
lenticels, 441 


mucilage ducts, 474 
nonconducting phloem, 423 
phelloderm, 432 
phloem rays, dilated, 416 
secondary phloem fiber pattern, 414 
stem and root transverse sections, 
324 

storied wood, 294 
Tilia americana , bark, 428 
cambia, dormant and active, 337 
cambial reactivation, 348 
companion cells, 377 
companion cells, sclerified, 379 
dilatation meristem, 423 
fibers, 192 

functional sieve elements present 
year-round, 421 

fusiform cambial cells, dividing, 340 
phloem growth increments, 408 
P-protein body, nondispersive, 373 
secondary sieve-tube longevity, 392 
stomatal density, 220 
times of initiation of xylem and 
phloem production, 344 
vascular tissues and dormant 
cambium, 328 

vascular cambium/intercellular 
spaces, 325 

Tilia cordata , cambial initials, 
identification of, 329 
expanding four, 329 
functional sieve elements present 
year-round, 421 
gelatinous fibers, lack of, 301 
pairs of cells on phloem side of 
cambium, 329 
Sanio’s four, 329 

secondary sieve-tube longevity, 392 
tension wood, lack of, 301 
Tilia platyphyllos , pits and helical 
thickenings in vessel, 263 
Tiliaceae, fibers, growth of, 203, 204, 
205 

mucilage cells, 476 
secretory cavities, 479 
Tiliales, floral nectaries, 453, 454 
Tissue culture, 115-117 
Tissue system, 3 
Tissue, classification, 3-7, 8, 9 
definition, 3 

primary meristematic, 11 
provascular, 105 

supporting (mechanical), 3, 8, 183- 
187, 191-207 

vascular, 3, 5, 8, 9, 256, 357 
water storage, 178 


Tissues, primary and secondary, 12 
Tmesipteris obliqua, vessels in, 268 
Tobacco (see Nicotiana tabacum) 
Tobacco BY-2 cells, 48, 78, 112 
Todo fir (see Abies sachalinensis ) 
Tomato (see Solanum lycopersicum) 
Tonoplast (vacuolar membrane), 17, 27, 
34 

Tonoplast integral (intrinsic) proteins 
(TIPs), 34 

Torreya, tracheids, 302 
Torrubia cuspidata , phellem, 431 
Torus, 261, 262 

Torus-margo pit membrane of conifers, 
261 , 262 

Totipotency, 104, 176 
Trabecula, 302, 303 
Tracheary elements, 256, 266 

cavitation and embolism within, 264 
differentiation, 276-280 
imperforate, 271 

phylogenetic specialization, 268-271 
plant hormones involved in 
differentiation, 280, 281 
secondary wall thickenings in 
primary xylem, 273-276 
size from leaves to roots, 259, 260 
Tracheid, 256, 257, 26l 
disjunctive, 314 

efficiency, as water conduit, 263 
ray, 303, 304, 305, 312 
vascular, 270 

Tracheophytes, characteristics of, 255 
Tradescantia, cortical microtubule 
turnover, 83 

origin of lateral buds, 150 
root hairs, 234 
stomatal patterning, 237 
Tragopogon , laticifer development, 

492 

Transdifferentiation, 110 

of Zinnia mesophyll cells into 
tracheary elements, 281, 282, 283 
Transfer cells, 179-181 

A-type, B-type in minor vein phloem, 
385 

flange type, 179, 180 
in epidermis of leaves, 214 
in hydathode, 451 
in nectaries, 454, 455 
in salt-secreting gland of Tamarix , 
450, 451 

in Sonchus deraceus leaf vein, 179 
in Vida faba root nodule, 180 
locations, 180 
reticulate type, 179, 180 
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wall-membrane apparatus, 179, 180, 
181 

Transfusion zones, in multicellular salt 
glands of eudicots, 450, 451 
trans -Golgi network (TGN), 46, 48, 49 
Transit peptide, 26 
Transition vesicles, 45 
Transition zone between sapwood and 
heartwood, 298 

Transitional zone, in apical meristem, 
140 

Translation (synthesis of protein), 37 
Transmembrane proteins, 19, 20 
carrier, 21 
channel, 21 

Transmission electron microscope, 
resolution of, 16 

TRANSPARENT TESTA GLABRA 1 

(TTG1), in trichome development 
and patterning in Arabidopsis leaf, 
237 

in establishment of root epidermal 
pattern in Arabidopsis, 238 
Transport proteins, 20 
Transverse division, 108 
Transverse (cross) section, 293, 295, 

296 

Traumatic gum duct (canal), 481, 482 
Traumatic resin duct (canal), 304, 305, 
481, 483 

Tree-of-heaven (see Ailanthus 
altissima) 

Trembling aspen (see Populus 
tremuloides) 

Triacylglycerol molecules, 54 
Trichoblast, 238 

Trichomes (see also Hairs'), 229-273 
functions, 229, 230 
glandular, 230, 462-464 
in carnivorous plants, 465 
morphological categories, 230, 231, 
232 

spatial distribution in leaves, 237, 238 
Trichosclereid, 198, 199 
Trifolium pratense, floral nectary, 456 
Trifolium repens, root apex, 156 
Triplochiton, storied wood, 296 
Triticum, fibers, 193 
Triticum aestivum, hydathodes, 451 
initiation of leaves, 147 
phyllochron, 147 
sieve tube wall, 361 
transfer cells, 180 

Triticum vulgare, chromosome number, 
23 

leaf senescence, 112 


protein storage vacuoles, 49, 53 
Trochodendraceae, stomatal plugs, 

222 

wood, 306 

Trocbodendron, astrosclereid, 199 
diffuse sclereids, 200 
vesselless angiosperm, 270 
Tropaeolum, seed cell walls, 67 
tubular chromoplasts, 27 
Trypanosomatid flagellates in laticifers, 
487 

Tsuga, bordered pits in tracheids, 26l 
resin ducts, 304 

Tsuga canadensis, bordered pits and 
resistance to water flow, 263 
ray parenchyma in wood, 304 
sieve cells-ray cells, symplastic 
connections, 412 

subtype secondary phloem, 411, 412 
Tsuga heterophylla, shoot apex, 141 
Tsuga sieboldii, resin ducts, traumatic, 

305 

Tube-like tannin cells, 474, ATT, 478 
Tubular chromoplasts, 27, 29 
Tubular network, in cell plate 
formation, 77, 79 

Tubulo-vesicular network, in cell plate 
formation, 77, 79 
Tulip tree (see Liriodendron and 
Liriodendron tulipifera) 

Tulipa, globular chromoplasts, 27 
Tunica, definition of, 135 
Tunica layers, number of in angiosperm 
shoot apices, 142 

Tunica-corpus, organization, 135, 142, 
143 

pattern of growth in some conifers 
and Gnetophyta, 141 
Tunica-corpus theory, 135 
Turneraceae, colleters, 460 
7110 MANY MOUTHS (TMM), in 
epidermal development, 237 
Two- to five-armed trichomes, 230 
Two-celled salt glands of Poaceae, 449, 
450 

Tyloses, 267, 268 
Tylosoids, in resin ducts, 306 
in sieve elements, 392 
Type I, Type II primary cell walls, 67, 

68 

Typha, raphide crystal idioblasts, 57 
Typha latifolia, aerenchyma, 182 
metaphloem sieve-tube elements, 
longevity of, 392 

Typhaceae, protective tissue, 438 
root epidermal patterning, 238, 238 


UDP-glucose, 80 
Ulmaceae, cystoliths, 242 
Ulmus, conducting phloem, 421 
cork, winged, 438 
heartwood, 298 

primary vascular system in stem, 6 
simple sieve plates, 416 
Ulmus americana, cork in flooded 
stems, 429, 431 

functional sieve elements present 
year-round, 421 

fusiform cambial cells, dividing, 340 
phloem growth increments, 407 
sieve-tube elements, nonfunctional, 
366 

vascular cambium/intercellular 
spaces, 325 

Ulmus scabra, fiber-sclereids in 
secondary phloem, 424 
Umbellales, floral nectaries, 453, 454 
Uneven wood texture, 316 
Unilateral compound pitting, 76 
Uniporters, 21 
Uniseriate ray, 304, 311 
Unit membrane, 17, 19 
Upright ray cells, 310, 311 
Ursiniopsis, secondary phloem, fiber 
pattern, 414 

Urtica, stinging hairs, 466 
Urtica urens, stinging hair, 448 
Urticaceae, cystoliths, 242 
hydathodes, 451 

root epidermal patterning, 238, 238 
stinging hairs, 466 
Utricularia, suction traps, 465, 465 

Vaccinium corymbosum, phellem, 

430 

Vacuolar membrane (see Tonoplast) 
Vacuolar system of guard cell, 221 
Vacuoles, 17, 18, 27, 34-36 

as site of pigment deposition, 36 
role in cell enlargement and tissue 
rigidity, 35 

role in sequestering toxic secondary 
metabolites, 35, 36 
storage, 35, 53, 54 
types, 34 

Vanilla, raphide crystal idioblasts, 57 
Vascular bundle, 2, 4, 5, 6 
bicollateral, 358 

Vascular cambium (see also Cambium), 
12, 256, 323-355 
active, 336, 337, 338, 339, 342 
additive divisions, 326 
attempts to identify initials, 327-330 
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bud growth and cambial activity, 347, 
348 

causal relations in activity, 346-348 
cell division, 326-330 
cytokinesis, 338-341 
developmental changes, 330-336 
domains, 335, 336 
dormant, 336, 337, 338 
fascicular and interfascicular, 106, 

107 

formation of secondary xylem and 
secondary phloem, 326, 327 
initials, 323, 324, 325, 326, 331, 332 
intrusive growth, 331, 332, 334 
loss of initials, 332-335 
multiplicative divisions, 331, 334 
organization, 323-326 
production of secondary xylem and 
secondary phloem, 342, 343, 344, 
345, 346, 347 

reactivation of, 336, 337, 341, 342, 
347, 348 

seasonal activity in temperate 
regions, 341-344, in tropical 
regions, 344, 345, 346 
seasonal changes in cell 

ultrastructure, 336, 337, 338, 339, 
340 

storied and nonstoried, 325, 326, 331, 
334, 335 

Vascular cryptogams (see Seedless 
vascular plants') 

VASCULAR HIGHWAY1 (VH1) 

expression, vein pattern formation, 
121 

Vascular plants, 255 
Vascular ray, 409 
Vascular tissue system, 3 
in leaf, 4, 5, 382, 383, 386 
in root, 4, 5, 6 
in stem, 3, 4, 5, 6 
Vascular tissues (see also Vascular 
system, Xylem, and Phloem), 3, 

255 

Vascular tracheid, 270 
Vasicentric paratracheal parenchyma, 
309, 310 

Vasicentric tracheids, 309 
Vegetative organs, 1 

phylogenetic origin of 1 
Vegetative shoot apex, 138-143 
of Arabidopsis thaliana, 143-145 
zonation establishment in, 143 
Veins in leaf, major, 383 
minor, 384-386 
Velamen, 212 


Venation, netted (reticulate), 225, 383 
parallel (striate), 225, 386 
Ventral wall of guard cell, 223 
Verbascum chaixi, companion cells of 
minor veins, 385 

Verbenaceae, minor veins, type 1, with 
intermediary cells, 384 
phloem growth increments, 407 
Veronicastrum virginicum, phyllotaxis, 
145 

Vesicle-mediated transport, 21 
Vessel element (vessel member), 8, 
256-259 

deviations in evolution of, 270, 271 
differentiation, 276-280 
phylogenetic specialization, 268-270 
Vessel member (see Vessel element) 
Vessels, 8, 259 

cavitation and embolism within, 264 
distribution in wood, 307-309 
efficiency, as water conduit, 263, 264 
length, 259 
Vestured pit, 261, 262 
Vestures, 261, 263 
Vetch (see Vida sativa) 

Viburnum lantana, phellogen, origin 
of first, 433 

Vida faba, chromosome number 23 
floral nectaries, 456, 458, 459 
growth of root tip, 163 
plasmodesmata, 89 
sieve elements, clamplike structures 
in, 372 

stomata, 223-224 
transfer cells, 179, 180 
Vida sativa, root hair development, 

234 

Vigna, stomatal configuration, 229 
Vinca, laticifer primordia, 491 
leaf initiation/cellulose microfibril 
orientation, 149 

Viscum, mode of increase in thickness 
of bark, 428 

Vitaceae, tannin idioblasts, 477 
Vitis mustangensis, raphides, 56 
Vitis riparia, times of initiation of 

xylem and phloem production, 344 
Vitis vinifera, collenchyma, 184, 183 
companion cells, 377 
druses, 57 

functional sieve elements present 
year-round, 421 
hydathodes, 452 
nonconducting phloem, 423 
pearl gland, 448 
periderm formation, 435 


phellogen, origin of first, 433 
phloem fibers, 194 
pits in xylem parenchyma cell, 75 
primary phloem, 396 
raphide bundle and druses from fruit, 
57 

raphide crystal chambers, 57 
raphides in leaf, 56 
ring bark, 438, 440 
secondary phloem, 417 
secondary phloem fiber pattern, 414 
secondary phloem, seasonal growth 
of, 422 

septate fiber, 197 

sieve-tube elements in phloem rays, 
416 

tyloses, 267, 298 
tylosoids, 392 

Vitis vulpina, crystal chambers, 57 
Voodoo lily (see Sauromatum 
guttatum) 

Wall (see Cell wall) 

Washingtonia, shoot apex, 138 
Washingtonia fllifera, width of shoot 
apex, 139 

Water lily (see Nymphaea) 

Water pores, of hydathode, 451, 452 
Water vesicle, 230 
Water-soluble globulins, 49 
Water-storage tissue, 177, 178 
Wax palm (see Klopstockia cerifera) 
Wax plant (see Hoya) 

Waxes, 55, 71, 215 

cuticular and epicuticular, 215, 216, 
218 

synthesis of, 217 
Welwitschia, shoot apex, 141 
Welwitschia mirabilis, periderm 
formation in leaves, 429 
Wheat (see Triticum vulgare) 

Whisk ferns (see Psilotum) 

White cedar (see Thuja occidentalis) 
White oak (see Quercus alba) 

White pine (see Pinus strobus) 
Whorled phyllotaxis, 145 
Wiesner test for lignin, 71 
Willow (see Salix) 

Winged cork, 438 
Winteraceae, oil cells, 475 
rays, 311 
sieve areas, 416 
stomatal plugs, 222 
vesselless condition, 271 
wood, 306 

Wisteria, sieve element, 361 
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Wood (see also Xylem), 302-312 
angiosperm, 306-312 
color, 315 

compression, 299, 300, 301, 302 
conifer, 302-306 
diffuse-porous, 296, 307, 308 
early and late, 297 
figure, 316 
grain, 315 

growth increments (growth rings), 
294 

hardwoods, 302 
heartwood, 298 
identification of, 315, 316 
juvenile, 315 
mature, 315 

patterns of vessel distribution, 309 
reaction, 299-302 
ring-porous, 295, 296, 307, 308 
sapwood, 298 
semi-diffuse porous, 308 
semi-ring porous, 308 
softwoods, 302 

storied (stratified) and nonstoried 
(nonstratified), 294, 296 
strength, 302 
tension, 299, 300, 301 
texture, 316 
Wood fiber, 196 
Wound callose, 69, 364 
Wound gum, 482 
Wound periderm, 438, 439, 440 
WUSCHEL (WUS) gene expression in 
establishment of the Arabidopsis 
shoot apical meristem, 144, 145 

Xanthium chinense, leaf initiation, 
147 

Xanthium pennsylvanicum , leaf 
initiation, 147 


Xeromorphic leaf, 220, 229, 230 
Xylans, 68 

Xylary fiber, 194, 196 
Xylem (see also Wood), 3, 8, 255-290, 
291-322 

axial system, 302, 303, 306, 307, 
308-310 

early markers of differentiation, 330 
primary, 271, 272, 273, 274-276 
radial (ray) system, 291, 303, 304, 
310, 311, 312 
secondary, 256, 291-322 
Xylem elements, 8 
Xylem (xylary) fiber, 194, 196, 266 
evolution, 269, 271 
Xylem parenchyma cells, 266, 267 
functions, 311, 312 
Xylem rays, 293, 294, 409 
in angiosperms, 310, 311 
in conifers, 303, 304 
Xyloglucans, 67, 68 

as principal storage carbohydrate in 
some seed cell walls, 67 

Yellow pond lily (see Nuphar) 

Yucca, cork, storied, 430 
raphide crystal idioblasts, 57 

Zea mays, actin filament bundles in 
root tips, 52 

bundle of actin filaments, 51 

endocytosis, 21 

fibers, 192, 194 

fibers (leaf), 197 

interpretation of root apex, 156 

KN1 protein, 90 

leaf epidermis, 226 

leaf initiation, 145, 147 

leaf, transverse section of, 212 


length of plastochrons, 146 
metaphloem sieve tubes of minor 
veins, 386, 386 

minor veins (small vascular bundles), 

386 , 386 

plasmodesmata, 88, 89, 90 
protein bodies, 49, 53 
quiescent center, 159, 160 
ribosomes, 37 

root apical meristem, 156, 157 
root tip, 158 
shoot apex, 143 
sieve plate, 376 
sieve-tube elements, 376 
starch grains, 52 
stem anatomy, 5 
stomata, 222, 226 
stomatal density, 220 
storage protein, 53 
width of shoot apex, 139 
Zebrina, leucoplasts, 30 
Zingiberaceae, protein bodies, nuclear 
nondispersive, 372 
root epidermal patterning, 238, 238 
roots with calyptrogen, 155 
Zingiberales, primary cell walls, 68 
wound healing, 440 
Zinnia, gene expression in 

differentiating xylem cells, 114 
mesophyll cells in culture, 115 
programmed cell death, 115 
tracheary element differentiation, 
from cultured mesophyll cells, 281, 
282, 283, 283 

Zinnia elegans, rosettes, 81 
Zomicarpa, laticifers, anastomosing, 
486 

Zygophyllaceae, glandular trichomes, 
462, 463 
Zygote, 7 




